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ABSTRACT

Glycogen phosphorylase catalyzes the reversible phosphorolysis of glycogen. The
enzyme contains a molecule of pyridoxal phosphate (PLP), of which the phosphate moiety
is essential for catalysis. To investigate the role of the cofactor phosphate moiety two
phosphonate analogues of PLP, 5'-deoxypyridoxal-5'-methylenephosphonic acid (9) and
5'-deoxypyridoxal-5'-difluoromethylene phosphonic acid (13), were prepared and
reconstituted into apoglycogen phosphorylase b. Both such reconstituted enzymes had
activities of approximately 25% - 30% of the native enzyme, and moreover, despite the
considerable difference in cofactor pK a , the pH-dependences of V max , K m and V max/Km
for the two enzyme systems were quite similar. These results suggest that PLP does not
function as an essential acid catalyst in glycogen phosphorylase; rather they suggest that the
cofactor phosphate remains dianionic throughout catalysis. Evidence concerning the
protonation state of the PLP phosphate moiety within the R- and T-state enzyme
conformations was obtained from solid-state magic angle spinning 31 P NMR experiments
of the native enzyme. The cofactor phosphate moiety, in both allosteric forms of the
enzyme, exhibited axially symmetric shielding parameters. These results suggest that the
PLP phosphate moiety exists as a dianion in both enzyme conformations, and therefore,
that a change in protonation state does not accompany the allosteric transition.
The compound, 1-nitro-D-glucal, was found to irreversibly inactivate both the Rand T-state forms of glycogen phosphorylase, behaving as an active site-directed affinity
label. The pH-dependence of the inactivation was consistent with 1-nitro-D-glucal
undergoing a conjugate addition reaction at the C-2 position with an active site nucleophile,
possibly Tyr-573. X-ray structural studies of the inactivated T-state enzyme identified Tyr573 as a likely candidate for the inactivation, and further, identified a surface amino acid
(His-73) covalently bonded to the C-2 position of a second molecule of the affinity label,
the product of a conjugate addition reaction.

The cofactor-substrate analogues, pyridoxa1-5'-pyrophospho-1-a-D-glucose
(PLPP-Glu) (21) and pyridoxa1-5'-pyrophospho-1-(2-deoxy-2-fluoro)-a-D-glucose
(PLPP-2FG1u) (23), were prepared and reconstituted into apoglycogen phosphorylase b.
Results from kinetic, 19F NMR and cofactor abstraction studies demonstrated that PLPP2FG1u, unlike PLPP-Glu, is completely resistant to decomposition at the enzyme active
site, and furthermore, does not transfer its glucosyl moiety to glycogen. Glycogen
phosphorylase reconstituted with PLPP-2FG1u has allowed crystallization and initial
structural analysis of the activated enzyme / substrate complex.
The solution binding interaction between glycogen and phosphorylase has been
probed by 19F NMR using a glycogen analogue in which all the non-reducing terminal
glucosyl residues have been replaced by 4-deoxy-4-fluoro-glucosyl moieties (4-Fglycogen). Results from titrating the fluorinated glycogen analogue with phosphorylase
suggest that 60 phosphorylase dimers bind per glycogen particle. 4-F-glycogen has also
been investigated as an "incompetent" substrate analogue in an attempt to provide evidence
for a glucosyl-enzyme intermediate in phosphorylase. Results from kinetic and
radiolabelling studies demonstrated that the fluorinated glycogen analogue used was not
completely inert to glucosyl transfer, but rather, that it possessed approximately 1% of the
activity observed with normal glycogen, most likely due to incomplete derivatization of the
glycogen.
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CHAPTER 1
Glycogen Phosphorylase
Introduction

1

1. General Introduction
1.1. Function and Role
Glycogen phosphorylase (a-1,4-glucan-orthophosphate glucosyl transferase, EC
2.4.1.1) is a well characterized enzyme, found widely distributed in nature. The primary
function of phosphorylase is to meet cellular demands to convert glycogen and
orthophosphate (Pi) to a-D-glucopyranosyl phosphate (aG1P).
0
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HO
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O HO
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Scheme 1 1. The reaction catalyzed by glycogen phosphorylase.
-

The equilibrium constant for the phosphorolysis of glycogen is 0.28 at pH 6.8 (Cori and
Cori, 1940) and therefore lies slightly in favor of glycogen synthesis. However, in vivo,
-

where the concentration of phosphate is considerably greater 100 fold) than aG1P, the
reaction is driven in the direction of glycogen degradation (Lanier et al., 1960), thus
providing the cell with a regulated supply of phosphorylated glucose units.

2

1.2. Allostery
Glycogen phosphorylase is a complex allosteric enzyme which makes use of a
variety of allosteric mechanisms for control of its activity. The enzyme assumes at least
two conformations, one of which is active. Equilibrium among these conformations is
regulated by "effector" molecules which interact at specific sites on the protein and promote
a catalytically active R-conformation or alternatively, an inactive T-conformation. The
enzyme, first purified from rabbit skeletal muscle and termed phosphorylase b, was found
to be dependent on adenosine-5'-monophosphate (AMP) for activity (Cori and Cori,
1936), but could also be inhibited by several negative effectors such as ATP, ADP,
glucose-6-phosphate and glucose. Thus, phosphorylase b normally exists in the inactive
T-state unless activated by AMP. In 1941 a second form of phosphorylase was isolated
and found to be active in the absence of AMP (Green et al., 1942). This form of the
enzyme, termed phosphorylase a, is predominantly found in the active R-state and is
activated by the phosphorylation of phosphorylase b at the hydroxyl group of a serine
residue at position 14 on the protein (Fischer and Krebs, 1955; Fischer et al., 1959). The
phosphorylation reaction that converts phosphorylase b into active phosphorylase a is
effected by a specific protein kinase (Fischer and Krebs, 1955), which itself is subject to

hormonal and nervous control mechanisms (Madsen and Withers, 1986).

1.3. Structural Information
The phosphorylase monomer consists of 842 amino acids with a molecular weight
of 97,444 (Johnson, 1992). In solution, phosphorylase can exist as a dimer or tetramer
composed of identical subunits (Madsen and Cori, 1956). The equilibrium between the
two forms of the enzyme is dependent on the extent of enzymic activation (Madsen and
Cori, 1957). In vitro, in the absence of glycogen and any other effectors, the covalently
activated phosphorylase a molecule is present as a tetramer, while phosphorylase b is
present as an inactive dimer (Dombradi et al., 1981) (Figure 1-1).

3
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Figure 1-1. A schematic ribbon diagram of the T-state glycogen phosphorylase b dimer.
Johnson et al., 1990.
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Once activated by AMP, however, the phosphorylase b dimers associate into tetramers, an
association which can be reversed by negative allosteric effectors such as glucose and
caffeine (Withers et al., 1979). Each tetrameric species, phosphorylase a or b, once in the
presence of glycogen dissociates into the fully active R-state dimers found in vivo (Wang
-

and Graves, 1964; Wang et al., 1965).
X-ray crystallographic studies have been carried out on both phosphorylase a and

b, providing extensive structural information. The two structures have been solved to a
resolution of 2.1 A for phosphorylase a (Sprang et al., 1979; Sprang et al., 1982) and 1.9

A for phosphorylase b (Johnson et al., 1987; Acharya et al., 1991). Each monomer is
composed of two domains, the N- (1-489) and C- (490-842) terminal domains, both
consisting of a-helical segments (45%), and 0-sheet regions (25%). Arguably the most
valuable benefit of the past crystallographic studies was the identification of the primary
ligand binding sites located throughout the enzyme (Figure 1-1). Thus, the AMP binding
site was located in the N-terminal domain, in close proximity to the serine-14-phosphate
residue where covalent activation occurs. Also found in the N-terminal domain was the
glycogen "storage" site where oligosaccharides such as maltoheptaose are found to bind in
the crystal structure (Kasvinsky et al., 1978). Kinetic studies have shown that glycogen
binds to the storage site with higher affinity than does its individual oligosaccharide chains
to the active site (Kasvinsky et al., 1978). Thus, the storage site is thought to serve as an
anchor point which firmly binds the enzyme to the glycogen particle thereby providing a
high local concentration of oligosaccharide chains in the region of the active site. The
remainder of the ligand binding sites are located at the juncture of the N- and C-terminal
domains. An inhibitor site, or I site, located at the entrance to the active site binds aromatic
molecules such as caffeine, thus blocking catalysis. The exact physiological role of the I
site is not yet fully understood. The catalytic site binds both glucose (a negative effector)
and the glucose portion of the substrate (aG1P) in the same high specificity pocket, with
the phosphate portion of aG1P binding to a subsite directly adjacent. The remainder of the

5

catalytic site is occupied by an essential cofactor molecule, pyridoxal phosphate (PLP),
covalently bound to the enzyme through a Schiff base to lysine-680 (Lys-680). The
pyridoxal ring of PLP is located in a hydrophobic pocket, in contrast the phosphate moiety
interacts with the solvent and with several basic residues and is oriented directly toward the
substrates phosphate binding site (Madsen and Withers, 1986).
Initially, all structural information originating from X-ray crystallographic studies
came from crystal forms in the inactive T-state conformation since the active R-state forms
were not easily crystallized. T-State phosphorylase a was crystallized in the presence of
glucose, which stabilizes the inactive conformation, whereas phosphorylase b crystals were
grown using a very weak activator of the enzyme, inosine-5'-monophosphate, and these
crystals were also considered to be predominantly T-state. It was hoped that comparison of
the two T-state structures would identify the conformational changes that result from the
phosphorylation at serine-14 in phosphorylase a. Unfortunately, any unique
conformational changes communicated to the active sites of these two protein structures
were considerably restricted due to the crystal lattice packing forces (Sprang et al., 1988).
In fact, diffusing substrate (an R-state effector) into the active site of T-state phosphorylase

a crystals results in crystal cracking and disintegration of the crystal lattice (Sprang et al.,
1982), an indication of gross conformational changes which accompany activation of the
enzyme.
Recently however, under very different conditions, two partially activated R-state
forms of phosphorylase have been crystallized and the structures for both crystal forms
have been solved (Barford and Johnson, 1989; Barford et al., 1990; Sprang et al., 1991).
The first of these R-state crystals, solved to 2.9 A, was grown in the presence of 1.0 - 1.2
M ammonium sulphate. Sulphate acts as a mimic of phosphate (an R state effector) and
binds at the AMP site and the serine-14 phosphate site, resulting in the T- to R-state
transition. It had been shown previously that tetrameric crystals of phosphorylase a or b
could be obtained in the presence of ammonium sulphate, however, the crystal structure,

6

until recently, had not been solved. The second R-state crystal form, solved to 3

A

resolution, was crystallized through the use of a cofactor analogue, pyridoxa1-5'pyrophosphate (PLPP), and requires AMP to induce the active R-state conformation
(Sprang et al., 1991). In this case, the second phosphate of the cofactor analogue mimics
the substrate phosphate and binds in its absence. Even though both sets of crystals were
grown under entirely different conditions, in general, the quaternary structure and AMP
binding interactions for the two R-state crystal forms are quite similar (Johnson, 1992).
Unfortunately, because both R-state crystals contain tetrameric enzyme, oligosaccharide is
occluded from binding to the active site, and therefore, it is unlikely that they represent the
fully active R-state dimers found in vivo. Thus, a fully activated form of phosphorylase,
-

wherein oligosaccharide is bound at the active site of the enzyme has yet to be observed in
the crystalline state.

2. The Catalytic Mechanism
2.1. General Information
The catalytic mechanism for glycogen phosphorylase in the direction of glycogen
synthesis, consists of a glucosyl transfer from phosphate to the non-reducing terminal
sugar of glycogen. The reaction is thought to involve a double displacement, possibly
employing a covalent enzyme intermediate, thereby accounting for the observed retention of
configuration at the anomeric center and cleavage of the anomeric carbon-oxygen bond.
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Scheme 1-2. A general mechanism for glycogen phosphorylase.

The main features of the catalytic mechanism are thought to include general acid catalysis to
labilize the glycosidic linkage, stabilization of the incipient glucosyl cation by covalent or
electrostatic means, base catalysis to assist the incoming nucleophile, and finally bond
formation between the glucosyl anomeric center and the oligosaccharide 4-hydroxyl group
(or phosphate oxygen in the reverse direction).
The kinetic mechanism for glycogen phosphorylase has been derived from initial
velocity measurements, inhibition studies, and equilibrium isotopic exchange reactions
(Engers et al., 1969, 1970a, 1970b). The enzyme can best be described as having a rapid
equilibrium random bi-bi kinetic mechanism whereby isomerization of the enzyme ternary
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complex is slow compared to dissociation of the enzyme substrate complex (Scheme 1-3).
When one of the substrates is present at saturating concentrations (e.g. glycogen) the model
simplifies to that of a single substrate system.

E-Gn^E-Gn+1
\N / \
/ \
---='',- E-G n+i P^E
E^E-GnGP —.E-GP/^\

E -13 /

Scheme 1-3. The kinetic mechanism for glycogen phosphorylase.
E-GP is the enzyme-aG1P complex, E-G, is the enzyme glycogen complex, E-P is the enzyme phosphate
complex, and E-G nGP and E-G n+ iP are the ternary enzyme substrate complexes.

From the above kinetic scheme it can be seen that glycogen phosphorylase requires an
active ternary complex, wherein all substrates (aG1P or Pi, and glycogen) are present at
the active site, before product formation can occur (Engers et al., 1969). Indeed, early
experiments (Cohn and Cori, 1948) have shown that no isotopic exchange between aG1P
and 32P-[Pi] occurs in the absence of the second substrate (e.g. glycogen), thus supporting
the proposal that no bond making or breaking can occur in phosphorylase catalysis until an
active ternary complex is formed.
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2.2. Evidence for Oxocarbonium ion-like Transition States
Oxocarbonium ion-like transition states are thought to precede and follow the
formation of a glucosyl enzyme intermediate (or stabilized ion pair) in the phosphorylase
mechanism. Good evidence for the involvement of a charged transition state comes from
the work of Street et al., (1989) where a series of deoxy- and deoxyfluoro-aG 1P
analogues were synthesized and tested as substrates in the phosphorylase reaction. All
substrates were found to be utilized by the enzyme, however, at considerably reduced rates
as a consequence of electronic and binding effects at the transition state for the rate limiting
step. The substituent effects on the enzymic reaction were compared with those same
effects on the model non-enzymic reaction, namely acid catalyzed hydrolysis of the same
series of compounds. A logarithmic plot of the rate constants for the enzymic reaction
versus those for acid catalyzed hydrolysis yielded a linear free energy relationship with a
correlation coefficient p = 0.90, indicating considerable similarities in the electronic nature
of these two transition states. Since the acid catalyzed hydrolysis of aG1P is thought to
proceed via a mechanism involving an oxocarbonium ion intermediate or at least a transition
state with substantial oxocarbonium ion character (Bunton and Humeres, 1969), this linear
free energy relationship suggests that the phosphorylase reaction proceeds through a similar
oxocarbonium ion-like transition state.
Another line of evidence often used to detect oxocarbonium ion-like transition states
is the study of kinetic isotope effects (KIE). Two such studies with phosphorylase,
investigating the a-secondary KIE with modified substrates have shown contrasting
results. Tu et al., (1971) separately measured the phosphorylase reaction rate for C-1
protio and C-1 deuterio aG1P and observed an a-secondary deuterium KLE of 1.10
(kH/kD = 1.10). This result is consistent with a mechanism involving considerable sp 2
character on forming the transition state at the rate limiting step. Later, however, Firsov et
al., (1974) improved on the experimental procedure by synthesizing doubly labelled aG1P
substrates. This allowed the kinetic experiments to be performed on a single solution
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where a direct competition between substrates could be established. Firsov et al., (1974)
were able to demonstrate that the deuterium and tritium KIE, for both the forward and
reverse reaction was zero (kH/kD = kH/kT = 1.0). This finding was more in keeping with
an SN2-like transition state, and the methodology employed circumvents the problem of
phosphorylase being sensitive to numerous inhibitors. However, the results obtained from
KIE studies with phosphorylase are only valid if the rate limiting step in catalysis is
formation or breakdown of the putative glucosyl-enzyme intermediate (or stabilized ion
pair).
The use of tight binding transition state analogues which mimic the transition state
for the natural substrate have also been used to obtain support for an oxocarbonium ion-like
transition state in phosphorylase. Since these studies measure only binding, the problem of
determining which catalytic step is rate limiting is avoided. D-Glucono-(1,5)-lactone
(Figure 1-2) possesses a half chair conformation with possibly some positive character on
the endocyclic oxygen and negative character on the exocyclic oxygen, similar to that
proposed for the intermediate oxocarbonium ion in the acid catalyzed hydrolysis of aG1P.
Thus, D-glucono-(1,5)-lactone may act as a transition state analogue for the substrate
portion of the phosphorylase reaction if indeed phosphorylase proceeds through a similar
transition state. D-Glucono-(1,5)-lactone was found to bind to the enzyme-glycogen
complex, in direct competition for the glucose binding site of aG1P (Tu et al.,1971).
However, the binding was found to be quite weak for a transition state analogue (K1= 1
mM), when compared to the dissociation constant for glucose (K1= 2 mM). A short time
later it was found (Gold et al., 1971), that D-glucono-(1,5)-lactone bound much more
tightly to the enzyme-glycogen-Pi complex (Ki = 0.025 mM), an affinity two orders of
magnitude greater than the substrate (K m = 2 - 3 mM), and more in line with that expected
for a transition state analogue. Thus it would seem that to truly mimic the transition state
for the phosphorylase reaction, phosphate must be present to bind at the aG1P phosphate
binding site such that the enzyme can fully adopt an activated conformation. More recently,
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another transition state analogue locked in the half chair conformation, norjirimycin
tetrazole (Figure 1-2), has been shown to bind the enzyme-glycogen-Pi complex with high
affinity (Ki = 0.014 mM) (Withers and Vasella, Unpublished results). That these glucosyl
analogues bind phosphorylase with such high affinity in the presence of phosphate
provides further support for the enzyme passing through transition states with substantial
oxocarbonium ion character.
OH

/

,OH^

OH

HO^8+^HOHON'N
/
0
=N
HO^N
HO^ HO
8 _ OR
HO^ HO^ HO
^
Glucono-(1,5)-lactone^Nojirimycin tetrazole
Oxocarbonium ion-like
transition state
Figure 1-2. Inhibition of phosphorylase by transition state analogues.

2.3. Evidence for Acid-Base Catalysis
Glycosylic substrates, such as glucal or hepenitol, have been shown previously to
be efficient substrates for phosphorylase provided the necessary co-substrates (Pi and
oligosaccharide) are present (Klein et al., 1982; Klein et al., 1986). The common catalytic
feature between these substrates is the reactive enolic double bond which can be protonated
by general acid catalysis and subsequently react with phosphate, probably in a concerted
fashion (Scheme 1-4).
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Glucal + phosphate
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Scheme 1-4. Utilization of glucal and heptenitol in phosphorylase.

Klein et al., (1982) were able to demonstrate that the products formed from incubating
phosphorylase with D-glucal, Pi and oligosaccharide were 2-deoxyglucosylatedpolysaccharide and 2-deoxy-aG1P, the latter likely being derived from the enzymic
degradation of the modified oligosaccharide. NMR studies employing deuterium
incorporation from D20 were used to show that, indeed, D-glucal was protonated
stereospecifically into the equatorial position of C-2, thus from below the C-2 position of
the pyranose ring.
The other glycosylic substrate, hepenitol, possesses a reactive exocyclic double
bond. In the presence of phosphate and heptenitol, phosphorylase catalyzes the formation
of heptulose-2-phosphate, a potent inhibitor of phosphorylase (Klein et al., 1986). In this
case, deuterium incorporation studies showed that deuterium uptake in the enzyme
catalyzed reaction occurred at the methylene position, producing a deuteromethyl (CH2D)
group. Heptenitol is a unique substrate in that it is the first known substrate for
phosphorylase which does not require a primer (oligosaccharide) (Klein et al., 1986),
suggesting that heptenitol is used exclusively in the degradative pathway where it competes
with oligosaccharide substrates. That both glucal and heptenitol are utilized by
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phosphorylase is considered supportive evidence for general acid-base catalysis in the
normal phosphorylase reaction (Klein et al., 1984).

2.4. The Active Site; Covalent Enzyme Intermediate or Stabilized Ion Pair?
Catalysis by glycogen phosphorylase proceeds with overall retention of
configuration at the anomeric center, the C-0 bond being the scissile bond. One key
question has always been whether the anomeric center is involved in a double
displacement, with the production of a stable enzyme intermediate, as seen with sucrose
phosphorylase (Voet and Abeles, 1970), or if the leaving group departs in a more SN1-like
fashion whereby a stabilized ion pair is formed and then broken down by an incoming
nucleophile. In some cases, a fully concerted (SNi) mechanism excluding any intermediate
has been proposed whereby direct front-side attack of the nucleophile occurs as the leaving
group departs (Kokesh and Kakuda, 1977; Palm et al., 1990).
In the case of sucrose phosphorylase, the involvement of an intermediate has been
clearly demonstrated with the exchange of phosphate groups between aG1P and inorganic
phosphate in the absence of an acceptor molecule (Doudoroff et al., 1947). Moreover,
Voet and Abeles, (1970) were able to capture the glucosyl-enzyme intermediate. The
kinetic mechanism for sucrose phosphorylase can be described as 'ping-pong', whereby
aG1P can bind to the active site of the enzyme and transfer the glucosyl moiety to a
suitable enzymic nucleophile before the acceptor molecule (fructose for example) binds to
the enzyme and completes the glucosyl transfer reaction. Similar evidence has not been
obtained with potato or rabbit muscle phosphorylase since the kinetic mechanism for these
enzymes (as discussed earlier) requires that all substrates be bound at the active site before
any reaction can occur. Consequently, any enzyme intermediate formed in these enzymes
would never accumulate due to rapid turnover. Thus, in order to use similar methodology
on potato or rabbit muscle phosphorylase, experiments must be developed which allow the
formation of the enzyme ternary complex but prevent enzymic turnover of any enzyme
14

intermediate formed. This has been demonstrated in potato phosphorylase through the use
of a-cyclodextrin, a cyclic oligosaccharide of glucose which can mimic the binding of
starch and therefore activate potato phosphorylase, but which can not act as a glucosyl
acceptor since it lacks the necessary free 4-hydroxyl group (Kokesh and Kakuda, 1977).
Kokesh and Kakuda (1977) were thus able to provide the first evidence consistent with a
glucosyl-enzyme intermediate in potato phosphorylase when they demonstrated that the
enzyme could catalyze the positional isotope exchange of bridging phosphate oxygens in
180-labelled aG1P provided a-cyclodextrin was present.
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Scheme 1-5. Positional isotope exchange between bridging and non-bridgimg oxygens via
an enzyme intermediate.

15

Support for this work was later found when Klein et al., (1981) incubated potato
phosphorylase with radioactive glucal, a-cyclodextrin and arsenate (an analogue of
phosphate) and observed incorporation of up to 1 mol of radioactive glucal per mol of
enzyme subunit. Unfortunately however, since that time, Klein and coworkers have
questioned these results and no longer consider that a glucosyl-enzyme intermediate is part
of the potato or rabbit muscle phosphorylase mechanism (Helmreich, 1992).
The amino acid sequence of potato phosphorylase is highly homologous to the
rabbit muscle enzyme, showing 51% identity of amino acid residues. Further, the highly
conserved regions are found at the active site suggesting that the catalytic machinery and
possibly the reaction mechanisms for the two enzymes are very similar. Indeed, Withers
and Rupitz, (1990) have used a series of deoxy- and deoxyfluoro-aG1P substrates in a
linear free energy study to demonstrate that the electronic structure of the transition state
and the hydrogen bonding interactions between the enzyme and substrate at the transition
state for the two enzymic reactions are extremely similar. Thus, it might be expected that
rabbit muscle glycogen phosphorylase proceeds through the same putative enzymic
intermediate as potato phosphorylase.

3. Pyridoxal Phosphate: The Essential Cofactor
3.1. General Role and Use of Cofactor Analogues
In 1957 glycogen phosphorylase was first found to contain one molecule of
pyridoxal phosphate (PLP) per enzyme subunit (Baranowski et al., 1957). A short time
later the apoenzyme (PLP removed) was shown to be inactive, but could regain activity
upon reconstitution with PLP (Illingworth et al., 1958). The PLP coenzyme is covalently
linked to phosphorylase via a neutral tautomer of the Schiff base to Lys-680, where it acts
in a structural role maintaining quaternary structure (i.e. subunit interactions), and a
catalytic role, through its catalytically essential phosphate moiety. In fact, the role of PLP
in phosphorylase is unique amoung PLP-containing enzymes in that the imine linkage
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which covalently bonds the enzyme and cofactor can be reduced, with the enzyme retaining
most of its catalytic activity (Fischer et al., 1958). The stuctural and catalytic role of the
cofactor was first delineated with the observation that pyridoxal (PL) or 5'-deoxypyridoxal,
both of which are lacking the 5'-phosphate moiety, could be used to reconstitute the
apoenzyme, restoring quaternary structure and allosteric properties but no catalytic activity
(Kastenschmidt et al., 1968). Later, it was demonstrated that monomers of the enzyme
reconstitued with PLP analogues that did not restore activity, such as pyridoxal, could be
hybridized with monomers of the native enzyme to form active phosphorylase dimers
having 50% of the normal specific activity (Feldman et al., 1976). Since monomers of the
native enzyme are inactive under normal conditions, this study suggested that the
"incompetent" monomers were able to confer the correct conformation on to the
"competent" monomers. Thus, the structural role of the cofactor is effected through its
ability to bind at Lys-680, whereas the catalytic function resides in the phosphate moiety.
Over the years, in an effort to test every part of the PLP molecule for its role in the
phosphorylase mechanism, several derivatives have been synthesized and tested for their
ability to bind to (i.e. restore quaternary structure) and reactivate the apoenzyme. A
selection of these analogues is presented in Table 1-1. The reconstitution studies shown in
Table 1-1 demonstrate that portions of the PLP molecule are clearly not required for
catalytic activity. The activity of the 3-0-methyl derivative effectively excludes the 3-OH
group in any catalytic role. In addition, the nitrogen of the pyridine ring is unlikely to be
involved in catalysis since 6-fluoro-PLP is active, yet the fluorine reduces the pyridine pKa
by over 6 units. Conversely, the essential regions of the cofactor include the 4-position
which must possess an aldehyde functionality for cofactor binding, and also the 5'-position
which, in order to restore catalytic activity, must contain a phosphate derivative capable of
forming a dianion.
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Table 1-1 . Reconstitution of apophosphorylase b with analogues of PLP
CHO

CHT-OP032-

Pyridoxal Analogue
None
Pyridoxal 5'-phosphate
N-methyl PLP
N-Oxide PLP
2-Nor PLP
3-0-methyl PLP
3-0-methyl N-oxide PLP
Pyridoxamine 5'-phosphate
4-deoxypyridoxine phosphate
Lys-679 linkage reduced
4-vinyl PLP
Pyridoxal
Pyridoxal + Phosphite
Pyridoxal + Fluorophosphate
Deoxypyridoxalyl methane
phosphonic acid
Pyridoxal 5'-sulphate
Pyridoxal 5'-fluorophosphate
Pyridoxal methyl ester
6-Methyl PLP
6-Fluoro PLP

Modified
Position
—
—
1
1
2
3
3& 1
4
4
4
4
5
5
5
5
5
5
5
6
6

Modification

Evidence
%
Reactivation for
Binding
—
0
—
+
—
100
-CH3
0
+
—N-0
25*
—H
+
65
+
—OCH3
25
+
-OCH3 & N-0
0
0
-CH2NH2
—CH3
0
-CH2—NH2
60
+
7
-C=CH2
0
+
—CH2OH
+
HPO3
24
HFPO3
12
+
—CH2PO3
+
25
-CH2OSO2
-CH2OPFO2
-CH2PO3OMe
-CH3
—F

0

+

0
0
8
28

+
+
+
+

Table from Madsen and Withers (1986). * Some of the bound derivative reverts to the natural coenzyme.
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Thus the methyl ester of PLP and pyridoxal-5'-fluorophosphate are both inactive
derivatives. However the phosphonic acid derivative, which is able to form a dianion,
restores the apoenzyme to 25% of the native activity. Furthermore, if apophosphorylase is
reconstituted with pyridoxal (PL-phosphorylase), the enzyme can be reactivated by the
addition of phosphate, phosphite or fluorophosphate. It is thought that phosphate and its
analogues activate the enzyme by binding at the vacant cofactor phosphate binding site
adjacent to the pyridoxal ring, acting in its absence. Indeed, this proposal has been
supported by crystallographic evidence which suggests that phosphite binds to PLphosphorylase in a site that is only 1 A removed from the normal PLP phosphate binding
site (Oikonomakos et al., 1987). Studies such as these have served to focus attention on
the coenzyme phosphate as the principal component involved in catalysis. For reviews of
this work see (Madsen and Withers 1986; Parrish et al., 1977; Graves and Wang, 1972).

3.2. The "Interacting Phosphates" Hypothesis
The PLP replacement studies described above suggest that the coenzyme phosphate
has an essential catalytic role at the active site of glycogen phosphorylase. There is further
evidence from X-ray crystallographic and solution studies indicating that the cofactor
phosphate and substrate phosphate interact directly in some way. Using X-ray
crystallography, Withers et al., (1982c) were able to show an inter-phosphate separation of
some 6.8 A between the cofactor phosphate in phosphorylase a and the bound substrate
analogue glucose-1,2-cyclic phosphate. This distance was reduced to approximately 4.8 A

in both the phosphorylase b-heptulose-2-phosphate complex (McLaughlin et al., 1984) and
the nojirimycin tetrazole-phosphate complex (E. Mitchell, personal communication),
wherein both analogues are thought to mimic the transition state for the glucosyl transfer
reaction. Moreover, as these crystal structures are those of predominantly inactive T-state
forms, it cannot be ruled out that the inter-phosphate distance between the cofactor and
substrate is further reduced on going to the fully active R-state enzyme.
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Several solution studies have substantiated the hypothesis that the cofactor and
substrate phosphates are indeed located in adjacent binding sites, close enough to possibly
interact. Parrish et al., (1977) were able to demonstrate that pyrophosphate could
competitively inhibit the binding of both substrate (aG1P) and activator (phosphite) to PLphosphorylase (remembering that phosphite binds at the position normally occupied by the
cofactor phosphate). In addition, it was shown that one pyrophosphate molecule bound
per enzyme monomer, suggesting that pyrophosphate could simultaneously bind at both
phosphate sites and that the two sites were directly adjacent. This approach was later
extended by Withers et al., (1982a) who demonstrated that phosphite activation of PLphosphorylase b could be inhibited by a series (methylene, ethylene and propylene) of
alkane diphosphonate analogues, the most efficient inhibitor being the methylene analogue
which possesses an inter-phosphorus distance of only 3A.
Substrate-cofactor analogues possessing a pyrophosphate linkage have also
provided insight. Glucose- 1-pyrophosphate can be utilized as a substrate in PLphosphorylase as it can transfer its glucosyl unit to glycogen with concomitant production
of pyrophosphate (Klein et al., 1984). This result suggests that the pyrophosphate moiety
binds at both the substrate and cofactor phosphate binding sites, the latter of which must be
bound for enzymic activation. In addition, it has been shown by Withers et al., (1982b)
that glycogen phosphorylase b reconstituted with pyridoxal-5'-pyrophosphate (PLPPphosphorylase), although unreactive, exists locked in the activated R-state conformation
since the enzyme possesses high affinity for R-state effectors such as AMP, and low
affinity for T-state effectors like glucose and caffeine. That PLPP-phosphorylase is locked
in an activated conformation in the presence of AMP was later confirmed by X-ray
crystallographic analysis (Sprang et al., 1991).
The cofactor-substrate analogue pyridoxal-5'-pyrophospho-a-D-glucose (PLPPGlu) is composed of the PLP cofactor and the aG1P substrate covalently linked through a
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pyrophosphate linkage, and can be efficiently reconstituted into the apoenzyme (Takagi et
al., 1982; Tagaya and Fukui, 1984; Withers et al., 1981a).

Scheme 1-6. The reaction catalyzed by PLPP-Glu phosphorylase.

In the presence of an oligosaccharide acceptor (e.g. glycogen) the glucosyl moiety of
PLPP-Glu-phosphorylase is rapidly transferred, forming a new a-1,4-glucosidic linkage,
along with production of the catalytically inactive PLPP-enzyme (Scheme 1-6). Thus,
phosphorylase reconstituted with PLPP-Glu is capable of catalyzing only a single glucosyl
transfer, yet this is accomplished with the correct stereochemistry and is thought to very
closely mimic the normal catalytic reaction (Tagaya and Fukui, 1984). There is little doubt
that phosphorylase positions its cofactor phosphate directly adjacent to the substrate
phosphate, however the nature of the interaction between the phosphates is a topic of
continuing controversy.
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3.3. 31 P NMR Studies
It has been shown that glycogen phosphorylase is only active if the coenzyme
phosphate is capable of forming a dianion and that the cofactor phosphate is in
juxtaposition with the substrate phosphate. It would seem, therefore, that 31 P NMR would
be an ideal technique for further investigation of the role of the coenzyme phosphate since
31 P NMR chemical shifts of phosphates are known to be sensitive to both ionization state

and environment. Indeed, direct observation of the 31 P NMR resonance of the cofactor in
the enzyme in the presence of various substrates and effectors has provided further
information, though rather inconclusive, concerning the mechanistic role of PLP. Early
31 P NMR experiments with phosphorylase were difficult to interpret as the resonances due

to PLP, AMP, and any other substrates and effectors such as aG1P all resonate at similar
frequencies (Feldmann and Helmreich, 1976). A short time later, however, Feldmann and
Hull, (1977) showed that thiophosphate analogues, which resonate approximately 40 ppm
downfield of the phosphate region, could be used to resolve the PLP resonance. Thus,
phosphorylase could be activated by adenosine-5'-thiomonophosphate (AMPS) (Murray
and Atkinson, 1968) and the 31 P NMR spectrum before and after AMPS addition was
easily interpreted. In the absence of AMPS the coenzyme phosphate resonates at a shift (8
0.5 ppm) equivalent to that of a mono-protonated phosphomonoester, termed 'form 1'.
Upon addition of AMPS, the NMR spectrum shows a downfield (8 40 ppm) exchangeaveraged signal representing free and bound AMPS. In addition, two signals representing
PLP were observed approximately 3 ppm apart, the upfield peak (8 0.5 ppm) being form
1 and a new downfield peak (8 --- 3.5 ppm), termed 'form 3', which was thought to be the
cofactor phosphate in its deprotonated form. Upon addition of arsenate, an analogue of
phosphate which activates the enzyme and tightens AMPS binding, the 31 P NMR spectrum
was seen to change once again. The AMPS signal was observed as two distinct
resonances, representing free and bound AMPS. Further, the PLP resonance was
completely converted to form 3, thought to represent the deprotonated form of the cofactor.
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Thus, activation of the enzyme appeared to be accompanied by deprotonation of the
cofactor. It was soon shown (Withers et al., 1979) that T-state effectors such as glucose
and caffeine could force the PLP phosphate resonance upfield from form 3 to form 1,
possibly through a protonation event. Further, the resonances representing the free and
bound AMPS species are observed to collapse into a single exchange-averaged signal under
these T-state conditions, consistent with the expected weakening of nucleotide binding
(Withers et al., 1979).
The results from previous 31 P NMR studies have been interpreted in terms of a
PLP deprotonation which accompanies the T- to R-state allosteric transition, and indeed,
have contributed to the proposal that PLP acts as an acid-base catalyst in the phosphorylase
mechanism (Klein et al., 1981; Palm et al., 1990; Helmreich, 1992). It should be realized,
however, that in any interpretation of 31 P NMR studies the understanding of factors which
determine chemical shifts of phosphate moieties is very limited. The problem becomes
particularly apparent when one considers the following evidence. As was discussed
earlier, addition of glucose to nucleotide activated phosphorylase b results in an upfield
shift of the PLP resonance, interpreted as a protonation. If the same experiment is
performed with phosphorylase a reconstituted with the phosphonate analogue of PLP, 5'deoxypyridoxa1-5'-methylenephosphonic acid, the result is a similar upfield shift (Hoerl et
al., 1979). However, the 31 P NMR response to titration of this phosphonate analogue free
in solution is known to be opposite to that of PLP (Schnackerz and Feldmann, 1980), the
resonance shifting downfield upon protonation. The same reversal of effects is observed
with phosphorylase b reconstituted with the phosphonic acid analogue, since addition of
AMPS to the unliganded T-state enzyme results in a downfield shift in the 31 P NMR
signal, the same response observed for PLP. It was suggested (Klein et al., 1984) that
these reversed effects indicated that the ionization states are inverted in the reconstituted
enzyme. It seems unlikely, however, that the apparent inversion of ionization states for the
phosphonic acid analogue of PLP is simply due to the small change in cofactor pKa pKa
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1.2 units). In addition, if PLP were involved in some catalytically essential proton
transfer and the ionization state of the cofactor in the active R-state enzyme was important,
it seems unlikely that the enzyme would tolerate such a reversal of ionization states with a
PLP analogue that confers one of the highest apoenzyme reactivations to date. These
observations, therefore, cast doubt on the previous interpretation of the 31 P NMR chemical
shifts used to describe the allosteric transition in phosphorylase (Madsen and Withers,
1986).
One alternative explanation for the observed chemical shifts involves the cofactor
phosphate undergoing a distortion of O-P-O bond angle due to the changing conformation
of nearby positively charged amino acids known to interact with the cofactor and substrate
phosphate moieties. Gorenstein (1975) has demonstrated that the 31 P NMR chemical shift
of phosphate esters correlates well with the smallest O-P-O bond angle. For example, the
first ionization of an acyclic phosphate monoester produces no change in O-P-O bond angle
and very little change in 31 P chemical shift (Gorenstein, 1975). Removal of the second
proton results in a change in chemical shift of 3 - 4 ppm downfield and a corresponding
reduction in O-P-O bond angle from 104°) to 102° (Gorenstein, 1975). There is support
for the proposal that changes in O-P-O bond angle, or phosphate conformation could be
responsible in some way for the shifts observed in the 31 P NMR spectra of glycogen
phosphorylase. Schinzel and coworkers (Schinzel et al, 1992) have recently used PLP as a
31 P NMR reporter nucleus for the functional changes which occur at the active site of E.

coli maltodextrin phosphorylase with various active site mutations. Mutations made in the
active site region resulted in unusual dependences of PLP 31 P NMR chemical shifts on
solution pH, changes which could not solely be explained by simply invoking changes in
ionization state. Thus, the effects of the mutations on the PLP environment were discussed
in terms of changes in the O-P-O bond angle. This explanation has also been used to
rationalize the 31 P NMR chemical shifts in aspartate amino transferase, another enzyme
which carries an essential PLP cofactor and produces 31 P NMR data not easily interpreted
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on the basis of ionizations alone (Schnackerz et al., 1989). Without a more precise
understanding of the factors affecting isotropic solution state 31 P NMR chemical shifts, the
information deduced from such experiments will remain rather speculative.
31 P NMR studies of phosphorylase have not solely focussed on the allosteric

transition between T- and R-state enzyme conformations, but also on the catalytic role of
the cofactor phosphate when a fully activated ternary enzyme complex is formed. To this
end, glucose-1,2-cyclic phosphate (Withers et al., 1981b; Klein et al., 1984) and
heptulose-2-phosphate (Klein et al., 1984) were used as appropriate aG1P analogues since
both molecules are effective R-state inhibitors of the enzyme (Hu and Gold, 1978; Klein et
al., 1984), and possess 31 P NMR chemical shifts which are considerably displaced from
that of PLP. Addition of glucose-1,2-cyclic phosphate to AMPS-activated phosphorylase b
causes an upfield shift of the PLP resonance from the normal R-state shift (form 3) to a
new position slightly upfield of form 1. Extensive line-broadening of the PLP resonance
was also observed. Two possible interpretations of these results were given (Withers et
al., 1981b), the first being that the PLP phosphate could become involved in a proton
exchange, shifting to a more protonated state upon binding of the aG1P analogue. The
second interpretation requires that the PLP phosphate, be it a monoanion or distorted
dianion, becomes tightly coordinated by enzymic groups, the large linewidth then resulting
from a reduction in mobility. The suggestion that the PLP phosphate could be a distorted
dianion in the activated form of phosphorylase has led to the proposal that PLP could be
acting as a Lewis acid or electrophile in the catalytic mechanism rather than a BrOnsted acid
(Withers et al., 1981b; Madsen and Withers, 1986).
Similarly, when 31 P NMR was used to monitor heptulose-2-phosphate binding to
potato phosphorylase, the PLP resonance was observed to undergo a significant upfield
shift with considerable line-broadening (Klein et al., 1984). In addition, the 31 P resonance
for heptulose-2-phosphate undergoes considerable broadening. It was suggested (Klein et
al., 1984) that the change in linewidth could represent a protonation-deprotonation
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equilibrium between the two phosphate moieties, an event which is unlikely to occur with
bound glucose-1,2-cyclic phosphate due to its low pKa (Withers et al., 1981b; Klein et al.,
1984).

3.4. The Role of PLP in Catalysis?
The most popular mechanism used to describe the role of PLP in the
phosphorylase reaction involves the cofactor as a BrOnsted acid catalyst (Klein et al., 1982;
Klein et al., 1984). Alternatively, it has been proposed that the cofactor phosphate remains
dianionic throughout the reaction, possibly acting in an electrophilic role (Withers et al.,
1982a; Takagi et al., 1982) or as an essential dianionic phosphate anchor which functions
as an indispensable structural element (Chang et al., 1987).
Largely on the basis of 31 P NMR data coupled with evidence from the "interacting
phosphates" hypothesis, and studies with glycosylic substrates, it has been suggested that
the PLP phosphate group within glycogen phosphorylase functions as a proton donoracceptor shuttle in a general acid-base catalyzed reaction (Helmreich, 1992; Palm et al.,
1990; Klein et al., 1982; 1984). The postulate involves a direct proton transfer between the
coenzyme phosphate and that of the substrate as shown in Scheme 1-7. Thus, in the
direction of glycogen synthesis, the cofactor phosphate protonates aG1P, labilizing the
glucosidic bond and effecting acid catalysis. In the direction of glycogen degradation the
cofactor phosphate protonates the bound phosphate substrate which then protonates the
glucosidic linkage at the terminal glucosyl residues of the oligosaccharide chain. The
glucosyl bond is broken and the incoming nucleophile (oligosaccharide or phosphate)
attacks in a general base catalyzed process. The most recent version of this mechanism
involves an oxocarbonium ion-intermediate stabilized by the substrate phosphate, and is
reviewed by Helmreich, (1992).
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Scheme 1-7. The acid catalyzed mechanism proposed by Palm et al, 1990.

Arguably the strongest evidence for the involvement of the cofactor phosphate as an
acid-base catalyst comes from the work with glycosylic substrates, such as glucal, where it
has been shown that proton uptake occurs from below the plane of the sugar ring. The
utilization of glucal does indeed suggest that a proton source below the plane of the
substrate, possibly phosphate, is available for activation of the glucal double bond.
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However, this does not rule out the possibility that other protein functional groups could
function as the acid-base catalyst in the normal phosphorylase reaction.
The proposed Br6nsted mechanism requires that a proton be relayed between the
coenzyme phosphate and the substrate phosphate. Experiments designed to probe this
proton transfer have centered on the use of PLP analogues. For example, reconstitution of
apophosphorylase b with pyridoxal-5'-fluorophosphate was found to result in an inactive
enzyme (Klein et al., 1982; Withers et al.,1982a). Since this PLP analogue does not
possess a second phosphate ionization capable of acting in a proton transfer, and also
cannot act as an essential dianion, this outcome is consistent with each of the proposals
descibed earlier. Evidence against the involvement of PLY as a BrOnsted catalyst has come
from studies with phosphorylase reconstituted with pyridoxal (PL-phosphorylase), an
enzyme which is only active in the presence of activator anions which bind in place of the
missing coenzyme phosphate moiety (Parrish et al., 1977; Withers et al., 1982c).
Originally, Parrish et al., (1977) were able to demonstrate that both
fluorophosphate (pK2 = 4.8) and phosphite (pK2 = 6.6) were equally good activators of
PL-phosphorylase. The relatively low second pKa value for fluorophosphate essentially
ensures that the activator is in a dianionic state, likely excluding this phosphate analogue
from participation in a proton shuttle mechanism. Indeed, Chang et al., (1983) have
provided 19 F NMR evidence suggesting that fluorophosphate binds to the PLP phosphate
site as a dianion and remains dianionic throughout catalysis. Further, a pH-activity profile
was perfomed for both the fluorophosphate- and phosphite-activated PL-enzyme
derivatives (Withers et al., 1982c). If these phosphate analogues were involved in an
essential proton transfer then one might expect large differences in the observed pHprofiles, reflecting the different pK a values. However, no significant differences between
the enzyme systems were observed. These results are thought to suggest that the
phosphate analogues which activate PL-phosphorylase, and therefore the native PLP
cofactor, bind as dianions and are unlikely to be involved in an essential catalytic step

28

involving a proton transfer (Withers et al., 1982c). Still, doubts remain as to how well the
PL-phosphorylase system, activated by non-covalently bound phosphate analogues,
reflects the behaviour of the native PLP cofactor which possesses a covalent bond between
pyridoxal and the 5'-phosphate moiety. Klein et al., (1984) have argued that slight
differences in binding due to the lack of the PL-P covalent bond make it unlikely that any
activating anion, regardless of its pK a , can replace the 5'-phosphate of the cofactor as a
proton donor-acceptor group. Alternatively, and without justification, Klein and
coworkers suggest that these phosphate mimics force PL-phosphorylase to follow a
slightly different mechanism using alternate amino acid side chains as general acid-base
catalysts (Klein et al., 1984).
31 P NMR results have not really provided satisfactory answers concerning the role

of the cofactor phosphate. However, Withers et al., (1985) have used 31 P NMR T1 and T2
relaxation measurements to provide evidence suggesting that the cofactor phosphate in the
R-state enzyme is indeed a more tightly constrained, possibly dianionic, species than that in
the T-state enzyme. On this basis, in addition to the earlier evidence from fluorophosphate
activation studies with pyridoxal phosphorylase, and reconstitution studies with the
cofactor-substrate analogue PLPP-Glu, the PLP cofactor in phosphorylase has been
postulated to act in an electrophilic role (Madsen and Withers, 1986; 1984). It was
proposed that the coenzyme phosphate in the active ternary complex is constrained by
positive charges towards a trigonal bipyramiclal conformation with an empty apical position
oriented towards the substrate phosphate (Scheme 1-8). In this way, it was thought that
PLP could act as an electrophile interacting with the substrate phosphate and labilizing the
glycosidic bond with the abortive formation of a quasi-pyrophosphate linkage. This
mechanism is somewhat analogous to the normal phosphoryl-transfer reactions catalyzed
by kinase and phosphatase enzymes. Interestingly, uridine diphosphoglucose, the natural
substrate for glycogen synthase in the synthesis of glycogen is also very similar to the
active site complex proposed for the electrophilic mechanism, perhaps suggesting a
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common structural requirement in the catalysis of glucosyl transfer to and from phosphates
(Madsen and Withers, 1986).
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In an attempt to probe the possible distortion of the coenzyme phosphate during
catalysis, various oxyanions of the early transition metals (molybdate, tungstate and
vanadate) have been tested with PL-phosphorylase as potential transition state analogues
(Chang et al., 1983; Madsen and Withers, 1984). Since these analogues can adopt a
trigonal bipyramidal configuration, it was thought that if a distorted phosphate is indeed
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formed in the phosphorylase reaction then these metals may efficiently inhibit PLphosphorylase activity by competing for the cofactor phosphate binding site. In one such
study, molybdate was found to bind pyridoxal phosphorylase some 13 times more tightly
than phosphate itself. Binding of this magnitude is considered good, but cannot be
considered as conclusive evidence that molybdate binds as a transition state analogue in
support of the electrophilic mechanism. Unfortunately, it is difficult to test the electrophilic
mechanism directly, and the exact role of the PLP phosphate moiety in phosphorylase
catalysis remains uncertain.

4. The Aims of This Study
While there is currently little disagreement as to the general features of the catalytic
mechanism of glycogen phosphorylase, the exact role of the cofactor phosphate and the
identity of the acid-base catalytic group(s), in addition to the source of the stabilization of
the intermediate glucosyl moiety remain unclear.
Two approaches are proposed to answer the question of the role of the PLP
cofactor in catalysis. One involves the synthesis of two phosphonate analogues of PLP
which differ considerably in their phosphonic acid pK a values, thus in their ability to effect
proton transfer reactions. Kinetic and NMR studies of glycogen phosphorylase
reconstitued with such analogues should provide valuable insights. The second involves
use of magic-angle spinning 31 P NMR to investigate the ionization state of the native
cofactor phosphate moiety in both the R- and T-state conformations through determination
of the shielding tensor components describing the phosphorus nucleus in each case.
A second aim concerns the identity of active site amino acid residues, and three
approaches are proposed. The first will involve the development and testing of novel
covalent inhibitors of glycogen phosphorylase. This will include kinetic and
crystallographic analysis of a novel sugar analogue, 1-nitro-D-glucal, which may act as an
effective enzyme inactivator, functioning through a conjugate addition reaction. The
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second approach involves the synthesis of a stable derivative of PLPP-Glu, in which the
hydroxyl group at the C-2 position of the glucose ring is replaced by a fluorine atom
(PLPP-2FG1u). Once prepared and reconstituted into apophosphorylase b, kinetic, 19F
NMR, and cofactor abstraction studies will be completed to characterize the PLPP-2FG1uenzyme derivative. Such an analogue should not decompose once bound to the active site
of phosphorylase, and further, should not transfer its glucosyl moiety to acceptor
oligosaccharide. PLPP-2FG1u should, therefore, allow crystallization and structural
analysis of the activated enzyme / substrate complex. The third approach involves the
testing of a glycogen analogue in which all of the non-reducing terminal glucosyl residues
have been replaced with 4-deoxy-4-fluoro-glucosyl moieties (4-F-glycogen). 4-FGlycogen will be investigated as an "incompetent" substrate analogue in an attempt to trap
or provide evidence for a glucosyl-enzyme intermediate in phosphorylase catalysis.
Finally, since 4-F-glycogen possesses an NMR active nucleus ( 19 F), 19 F NMR
studies will also be used to probe the solution binding interaction between glycogen and
phosphorylase. Such studies should provide insight into the mode of binding between
phosphorylase and glycogen, and also may allow an estimate of the stoichiometry of
binding.
For clarity, the aims relevant to each chapter are reviewed in a brief Introduction at
the beginning of Chapters 3, 4, and 5.
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CHAPTER 2
The Role of Pyridoxal Phosphate in Glycogen Phosphorylase
Results and Discussion
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Results
1. Synthesis

The synthesis of two PLP analogues and a derivative of pyridoxal was largely
carried out according to general procedures established by Korytnyk and Ikawa, (1970),
and Hullar, (1969) as described below. For a review of the synthesis of Vitamin B6 (PLP)
and its analogues, refer to Korytnyk, (1986).
1.1. PLP Phosphonate Analogues

The synthesis of both 5'-deoxypyridoxal-5'-methylenephosphonic acid (5CH2PLP) (9) and 5'-deoxypyridoxal-5'-difluoromethylenephosphonic acid (5-CF2PLP)

(13) utilized the same basic strategy, as shown in Scheme 2-1. In each case, the
isopropylidene derivative of 5'-deoxy-5'-chloropyridoxol (4) was first prepared from
pyridoxol hydrochloride (Korytnyk and Ikawa, 1970) in high yield (80 - 90%). The
following step required carbon-carbon bond formation between (4) and the protected
phosphonate moiety. While inefficient, the coupling could be achieved by reacting (4) with
the lithio anions of dimethyl methylphosphonate (Corey and Volante, 1976) and diethyl
1,1-difluoromethylphosphonate (Obayashi et al., 1982; Bigge et al., 1989) in a reaction
that proceeded with very low yield (< 15%) in both cases. The highly unstable nature of
the lithio difluoromethylphosphonate carbanion has been reported previously (Yang and
Burton, 1991; Blackburn et al., 1987), yet all attempts to react [(diethoxyphosphoryl)
difluoromethyl] zinc bromide (Burton et al., 1982; 1989), a stable alternate reagent, with
(4) were unsuccessful. Once the fully protected phosphonate analogues were obtained,

however, the subsequent deprotections and oxidation proceeded with the expected
moderate to very good yields, as reported for the previous synthesis of 5-CH2PLP (Hullar,
1969).
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Scheme 2-1. The synthetic route for preparation of 5-CH2PLP and 5-CF2PLP.
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1.2. 5'-Deoxy-5'-difluoromethylpyridoxal

The synthesis of 5'-deoxy-5'-difluoromethylpyridoxal (PL-CF2H) (17) was
carried out predominantly according to well established procedures for pyridoxal chemistry
(Korytnyk, 1986). Thus, the isopropylidene derivative of isopyridoxal (14) was prepared
from pyridoxol hydrochloride with good overall yield (78%). The aldehyde functionality
was fluorinated with diethylaminosulfur trifluoride (DAST) according to Middleton, (1975)
to produce the protected 5'-difluoromethyl analogue of pyridoxol in good yield (72%).
The subsequent deprotection and oxidation steps proceeded with good yield (64 and 79%,
respectively) to afford PL-CF2H, as shown in Scheme 2-2.
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Scheme 2-2. The synthetic route for the preparation of PL-CF2H.
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2. Kinetic Studies with Reconstituted Glycogen Phosphorylase b
2.1. Kinetic Constants for 5-CH2PLP- and 5-CF2PLP-Phosphorylase b
Glycogen phosphorylase b was reconstituted with 5-CH2PLP and 5-CF2PLP by
incubating apoenzyme with a 5 - 25 fold excess of each cofactor analogue as described in
the Materials and Methods section. The reconstituted enzymes were assayed for catalytic
activity in the direction of glycogen synthesis by measuring the initial reaction rates using
the standard Fiske-Subbarow phosphate analysis, as described in Engers et al., (1970a, b).
The kinetic parameters (V max and K m ) describing substrate (aG1P) utilization, for each
reconstituted enzyme, were determined by fitting the initial rate data to the non-linear form
of the Michaelis-Menten equation. The initial rate data for each reconstituted enzyme,
presented in Lineweaver-Burk form, are shown in Figure 2-1, whereas the calculated
values of V max and K m are presented in Table 2-1 along with that of the native enzyme.
0.15

-1.5

1

-0.5^0

0.5

1/[G1 P] (1/mM)
Figure 2-1. Determination of the kinetic parameters for 5-CH2PLP-phosphorylase b (0)
and 5-CF2PLP-phosphorylase b (0).
Reaction conditions are given in Table 2-1. The following substrate concentrations were used (m/4): 1.28,
1.92, 2.56, 3.84, 5.12, 19.20.
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Table 2-1. Kinetic parameters for glycogen phosphorylase b reconstituted with 5-CH2PLP
and 5-CF2PLP.a

Enzyme

Km (mM)

Vmax (pmolimiiilmg) % Reactivation

Native

2.0 ± 0.1

62.4 ± 1.3

100

5-CH2PLP-enzyme

0.70 ± 0.03

16.4 ± 0.1

26

5-CF2PLP-enzyme

2.1 ± 0.2

20.0 ± 0.5
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a Reaction conducted at pH 6.8 and 30° C in 100 mM KC1, 50 mM triethanolamine hydrochloride, 1 mM
EDTA, 1 mM DTT. The reaction mixtures each contained 1 mM AMP, 1% glycogen, and reaction times
were 5 minutes. Enzyme concentrations were 1.94, 8.02 and 6.24 ug mL -1 for the native, 5-CH2PLP-, and
5-CF2PLP-phosphorylase enzymes, respectively. Apoenzyme activity was 0.5 1..unol min -1 mg -1 .

Kinetic studies with reconstituted glycogen phosphorylase b revealed that V max
values for 5-CH2PLP-phosphorylase are approximately 26% of that observed in the native
enzyme, and futhermore, 5-CH2PLP-phosphorylase was found to bind its substrate
(aG1P) with an affinity slightly higher than that of the native enzyme. These results are in
good agreement with that reported previously for the same enzyme derivative (Vidgoff et
al., 1974). Reconstitution of apophosphorylase b with 5-CF2PLP reactivated the
apoenzyme to a level consistently higher than 5-CH2PLP, exhibiting approximately 32% of
the activity measured with the native enzyme. Moreover, 5-CF2PLP-phosphorylase was
observed to bind aG1P with an affinity about equal to that of the native enzyme.
Interestingly, since apophosphorylase b is reactivated to similar levels with both
phosphonate analogues, these results suggest that differences in ionization behaviour
between the two phosphonic acid cofactors, once bound at the active site of the enzyme,
may not be important in catalysis. Indeed, since the 5-CF2PLP cofactor is expected to
remain dianionic at this pH (6.8), these results bring into question the postulated role of the

38

cofactor phosphate (phosphonate in this case) as an essential proton shuttle in the catalytic
mechanism.
2.2. Phosphonic Acid Ionizations and pH/Rate Profiles

To further investigate the potential involvement of the cofactor analogues in an
essential proton transfer, a study of the effects of pH on the kinetics of 5-CH2PLP- and 5CF2PLP-phosphorylase b was undertaken. The pK2 values for both 5-CH2PLP and 5CF2PLP, free in solution, were first determined by 31 P NMR. This was followed by a
complete determination of the pH-dependence of V max , K m and V max/K m for each
reconstituted enzyme. By directly comparing the pH-dependences of the two reconstituted
enzymes, in parallel studies, many of the difficulties inherent in the interpretations of
pH/rate profiles, as previously discussed by Knowles, (1976) should be eliminated. A
discussion of the interpretation of pH-profiles, necessarily based on a number of
assumptions about the enzyme-substrate system, is included in Appendix A.
2.2.1. Phosphonate pK2 Values for 5-CH2PLP and 5-CF2PLP

The catalytically relevant second pK a value for each phosphonic acid analogue, free
in solution, was determined in an effort to estimate the difference in pKa values between the
two cofactor analogues once bound at the active site of the enzyme. Thus, the free
phosphonate analogues of PLP were dissolved in a solution of 50% D20 and 100 mM KC1
to final concentrations of 28 mM (5-CH2PLP) and 23 mM (5-CF2PLP), and were titrated
over a wide range of pH by the sequential addition of small volumes of concentrated acid or
base. The titrations were followed by 31 P NMR spectroscopy as previously reported for
the pK2 determination of the phosphate moiety within PLP and several of its derivatives
(Schnackerz, 1986; Schnackerz and Feldmann, 1980). The titration curves obtained in this
manner are shown below in Figure 2-2.
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0^2^4^6^8
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b)

8^10

pH
Figure 2-2. 31 P NMR titration of phosphonate cofactor analogues. (a) 5-CH2PLP (s); (b)
S-CF2PLP (0).
The titration was carried out in a 50% 1)20 solution in 100 mM KC1. The concentrations of PLP
analogues were 28 mM (5-CH2PLP) and 23 mM (5-CF2PLP). Adjustments in pH were made by the
addition of small volumes of 2 N NaOH or 2 N HCI.
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Interestingly, the response of chemical shift to pH was in opposite directions in the
two cases. For the titration of 5-CH2PLP, two ionizations were observed; pKi = 1.3 ±
0.1 and pK2 = 7.2 ± 0.1, the second phosphonate ionization of which is in good agreement
with that determined previously (pK a = 7.3) for 5-CH2PLP (Schnakerz and Feldmann,
1980; Vidgoff et al., 1974). Two ionizations were also observed for the titration of 5CF2PLP; pKi = 4.2 ± 0.1 and pK2 = 8.2 ± 0.2. However in this case, since the first pK a
value for difluoromethylenephosphonic acids is known to be below the limit of this pH
titration, the observed pK a of 4.2 is assigned as the pK2 value for the phosphonic acid
moiety of 5-CF2PLP, in agreement with earlier studies of similar phosphonic acids
possessing the same difluoromethylene functionality (Blackburn et al., 1987; Bigge et al.,
1989). Thus, as expected, the pK2 value for the fluorinated phosphonate is well below
(ApK2 .----. 3 units) that of the non-fluorinated analogue. Interestingly, the second ionization
observed for 5-CF2PLP (pK a = 8.2 ± 0.2), which produced only a small change in the 31 P
NMR chemical shift, closely matches the expected pK a for the pyridoxal phenolic moiety
when the ring nitrogen is deprotonated (Schnackerz, 1986; Kallen et al., 1985; Vidgoff et
a1.,1974). Thus, it appears that the phosphonate moiety is sensitive to the ionization of the
phenolic group on the pyridoxal ring, possibly through some preferred solution
conformation which places the two in juxtaposition, but only became visible in the 5CF2PLP titration because of the significantly lower phosphonic acid pK a values.
2.2.2. pH-Dependence of Phosphorylase b Reconstituted with 5-CH2P L P
and 5-CF2PLP

With a significant difference in pK2 values (ApK2 ...-- 3 units), between the free
cofactor phosphonate analogues, a parallel study of the pH-dependence of glycogen
phosphorylase reconstituted with 5-CH2PLP and 5-CF2PLP could provide valuable
information concerning the role of the cofactor phosphate (or phosphonate in this case) in
any essential catalytic steps. Thus, one might expect large differences in the pH-profiles
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for the two enzyme systems, reflecting the expected differences in cofactor pK a values at
the active site of the enzyme, if indeed the cofactor analogues were involved in a
catalytically essential proton transfer. To this end, the pH-dependence of the kinetic
parameters (V max , K m and V max/K m ) for glycogen phosphorylase b reconstituted with 5CH2PLP and 5-CF2PLP was determined by calculating the V max and K m values from a
plot of initial reaction velocity versus aG1P concentration, at every pH studied. Reactions
were assayed in the direction of glycogen synthesis at 30 °C using the triethanolamine
buffer system previously described by Withers et al., (1982c). The range of pH values at
which each enzyme is stable was investigated by incubating the reconstituted enzymes at
varying pH and subsequently measuring the activity at pH 6.8. The final reaction pH was
measured with all substrates, effectors and enzyme present. The pH-dependence of the
kinetic parameters for each enzyme system, obtained in this way, is presented in Figure 2-3
as the logarithm of the kinetic parameter versus pH. Apparent pK a values were calculated
with the aid of the GraFit computer program (Leatherbarrow, 1990).
The pH-profiles shown in Figure 2-3 are extremely similar for the two enzyme
systems and certainly do not reflect the large change in cofactor pK a measured in solution.
The pH-dependence of log V max /K m for both enzyme systems was found to be nearly
superimposable. Indeed, the apparent pK a values for the acidic limbs (5-CH2PLP = 6.5;
5-CF2PLP = 6.3) and the basic limbs (5-CH2PLP = 7.1; 5-CF2PLP = 6.9) are the same
within experimental error. The pH-dependence of V max/K m represents the ionizations of
the free enzyme and/or free substrate (Knowles, 1976), and thus it would seem that the
ionizations monitored here are quite possibly those of identical residues, for the most part
unaffected by the differing cofactor pK a values. The plots describing the pH-dependence
of pK m for the two enzyme systems were also found to be very similar, the apparent pK a
values for the acidic limbs (5-CH2PLP = 6.2; 5-CF2PLP = 6.2) and basic limbs (5CH2PLP = 7.0; 5-CF2PLP = 7.1) also being the same within experimental error.
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Figure 2-3. The pH-dependence of Vmax , Km and Vmax/Km for 5-CH2P LP phosphorylase b (0) and 5-CF2PLP-phosphorylase b (0).
At each pH value the initial reaction velocity was measured at six different aG1P concentrations ranging
from 1.5 mM to 22 mM. All re-actions were carried out over 5 minutes at 30 °C and the indicated pH in
buffer containing 50 mM triethanolamine hydrochloride, 100 mM KC1, 1 mM EDTA, 1 mM DTT, in the
presence of 1 mM AMP and 1% glycogen. The enzyme concentration in each reaction mix was 9.15 and
7.01 ug m1.7 1 for the 5-CH2PLP- and 5-CF2PLP-phosphorylase enzymes, respectively. Apparent P}Ca
values were calculated from the V max , K m , and V max /K m versus pH data, with the aid of the GraFit
computer program. The error associated with the calculated pK values was low (5 ± 0.3 pK units) unless
otherwise noted. The curves shown in the logarithmic plots in Figure 2-3 are not meant to represent any
specific pH function and are for presentation purposes only.
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The pH-dependence of K m monitors ionizations within the free enzyme, free substrate and
enzyme-substrate complex which are essential for binding. It would seem that the
ionizations monitored here, as with the log V max/K m plot, are unaffected by the different
cofactor pK a values. Furthermore, it was found that the pH-dependences of log V max for
the two enzyme systems show very similar apparent pK a values for the basic limb region of
the plot, those being 7.9 and 7.6 for the 5-CH2PLP- and 5-CF2PLP-phosphorylase
enzymes, respectively. However, the calculated pK a of 7.9 for the 5-CH2PLP-enzyme is
quite approximate since the pH-optimum (pH 7.0), and the limited pH-range in which
phosphorylase is active, restricts data collection in the basic limb region for this enzyme
derivative. Still, the pH-profile observed for 5-CH2PLP-phosphorylase is in good
agreement with that reported previously by Vidgoff et al., (1974). The acidic limb region
of the log V max plot is the only one in which significant differences are observed between
pH-profiles for the two reconstituted enzyme species. Thus, the apparent pK a values for
the two enzyme systems differ by approximately 0.8 pH units, the pK a for 5-CH2PLPphosphorylase being 6.4, the pK a for 5-CF2PLP-phosphorylase being 5.6. This
difference in pK a is also reflected in a difference in pH-optima (ApH-opt. .-- 0.5 units)
between the two enzyme systems, an optimal pH of 7.0 and 6.5 being observed for the 5CH2PLP- and 5-CF2PLP-enzymes, respectively. Thus, it would appear that 5-CF2PLPphosphorylase is most active at slightly lower pH, and furthermore, since the pHdependence of V max monitors the ionizations of the enzyme-substrate complex immediately
preceeding the rate-determining step (Knowles, 1976), it would seem that the enzymesubstrate ternary complex in 5-CF2PLP-phosphorylase exhibits a slightly lower pK a than
the same complex in 5-CH2PLP-phosphorylase.
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3. NMR Experiments of Phosphorylase b Reconstituted with 5-CF2pLP
3.1. 31 P NMR Experiments
31 P NMR spectra of glycogen phosphorylase b reconstituted with 5-CF2PLP were

recorded at 28 °C, in a 10 mm NMR tube at high enzyme concentration (0.9 - 1.0 mM).
Adenosine-5'-thiomonophosphate (AMPS) was used as a nucleotide activator, in place of
AMP, since its resonance is well downfield of the region expected for the cofactor
phosphonate. The 31 P NMR spectra of 5-CF2PLP-phosphorylase b in the presence of
AMPS and (1-deoxy-a-D-glucopyranosyl) methylphosphonate (aG 1 CP), a substrate
analogue (Figure 2-4), are shown in Figure 2-5 in addition to a 31 P NMR spectrum of
native glycogen phosphorylase b recorded under similar AMPS activating conditions.

HO

HO

0
II
CH2----P-OH
0-

Figure 2-4. The structure of aG1CP.
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60^40^30^20^10^0
ppm

Figure 2-5. 31 P NMR spectra of glycogen phosphorylase b reconstituted with 5-CF2PLP
and in its native form.
NMR samples contained 50-60% D20, 50 mM triethanolamine hydrochloride, 100 mM KC1, 1 mM
EDTA, 1 mM DTT, pH 6.8, and spectra were recorded at ZS °C. a) Signal averaged over 33675 transients,
reaction mixture contained 5-CF2PLP-phosphorylase b (0.92 mM), AMPS (1.8 mM). b) Signal averaged
over 21600 transients, reaction mixture contained 5-CF2PLP-phosphorylase b (0.90 mM), AMPS (1.7
mM), aG1CP (3.4 mM). c) Signal averaged over 4760 transients, reaction mixture contained native
glycogen phosphorylase b (1.0 mM) , AMPS (2.4 mM).
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The 31 P NMR spectrum of glycogen phosphorylase b reconstituted with 5CF2PLP, in the presence of activating AMPS, is shown in Figure 2-5a. The large
resonance observed at 43.8 ppm is that of free AMPS and is present as an exchangebroadened signal (A1)1/2 = 99 Hz) with enzyme-bound AMPS, appearing as a small broad
shoulder peak located at 8 ---. 41.1 ppm. Extensive line-broadening is also seen in the signal
representing the cofactor phosphonate, which is centered at 8 --- 2.2 ppm with a linewidth
of 380 Hz. A portion of the cofactor broadening undoubtedly arises as a result of the
AMPS exchange process, however, significant line-broadening is also expected as a result
of the scalar coupling from the difluoromethylene functionality directly adjacent to the
phosphorus nucleus. Free in solution, the 31 P NMR spectra of 5-CF2PLP shows a triplet
at 5.5 ppm with a Jp_F coupling on the order of 100 Hz. Immobilized at the active site of
the protein, in a chiral environment, the two fluorine nuclei will be inequivalent, each
coupling to the phosphorus nucleus separately, the result being considerable signalbroadening. The sharp resonance observed at 1.9 ppm is assigned as contaminating
phosphate, derived from contaminated AMPS or possibly released from the protein itself
(Withers et al., 1979).
On addition of aG1CP, an inactive substrate analogue, to the nucleotide-activated
enzyme (Figure 2-5b), the free AMPS resonance is observed to shift slightly downfield to
44.0 ppm with a significant reduction in linewidth (Apia = 84 Hz). Correspondingly, the
bound AMPS signal has shifted upfield slightly, to 40.9 ppm, providing slightly better
resolution of the free and bound forms of the nucleotide, and together these changes
suggest that a decrease in the AMPS exchange rate has accompanied aG1CP binding.
Further, the cofactor resonance for 5-CF2PLP-phosphorylase b has shifted slightly
downfield to 2.4 ppm and also undergone a reduction in linewidth (O14/2 = 365 Hz). This
result is consistent with that seen previously for the native enzyme (Feldmann and Hull,
1977; Hoerl et al., 1979; Withers et al., 1981b) and for 5-CH2PLP-phosphorylase b (Klein
et al., 1984). The resonance for contaminating phosphate has shifted slightly upfield to 1.8
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ppm, with an increase in signal intensity and a considerable reduction in linewidth, as
estimated by re-Fourier transforming the data using a 10 Hz line-broadening factor. The
effects on contaminating phosphate are consistent with its initial involvement in an
exchange process at the active site of the enzyme, binding to the vacant phosphate site
normally occupied by aG1P, but then being displaced from the active site upon aG1CP
addition. The resonance due to aG1CP is observed as a single exchange-averaged signal,
in which both the chemical shift (21.4 ppm) and the linewidth (Avii2 = 40 Hz) represent a
weighted average of the free and enzyme-bound species. Thus, in the presence of aG1CP,
5-CF2PLP-phosphorylase b appears to shift to a more activated state, reflected in the
resonances for both AMPS and the phosphonate cofactor.
The 31 P NMR spectrum of native glycogen phosphorylase, collected under similar
conditions of AMPS activation, is shown in Figure 2-5c. The signal from free AMPS is
observed at 43.9 ppm with a linewidth of 63 Hz, whereas the enzyme-bound AMPS signal
is clearly resolved at 41.1 ppm (.6:01/2 = 143 Hz), illustrating a considerable difference in
the AMPS exchange rate between the native enzyme and 5-CF2PLP-phosphorylase b. The
resonance from the PLP cofactor is also well defined at 8 4 ppm, with a small resonance
at 0.8 ppm, representing the two forms of the enzyme, previously defined in the
Introduction. The sharp resonance at 3.6 ppm is commonly observed in spectra of the
native enzyme (Withers et al., 1979), and assigned as AMP. Thus, it seems that native
glycogen phosphorylase b exists in a more activated R-state than the 5-CF2PLP-enzyme, as
judged from the variation in AMPS exchange rates and thus the apparent AMPS affinity for
the two enzyme species.
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3.2. 19 F NMR Experiments
19F NMR spectra of glycogen phosphorylase b reconstituted with 5-CF2PLP were

recorded at room temperature in a 5 mm NMR tube at high enzyme concentration. The 19F
NMR spectra of 5-CF2PLP-phosphorylase b, obtained in this way, in the absence and
presence of activating AMP are shown in Figure 2-6.
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Figure 2-6. 19F NMR spectra of glycogen phosphorylase b reconstituted with 5-CF2PLP.
The NMR sample contained 50% D20, 50 mM triethanolamine hydrochloride, 100 mM KC1, 1 mM
EDTA, 1mM DTT, pH 6.8. a) Signal averaged over 55824 scans, sample contained 5-CF2PLPphosphorylase (0.84 mM). b) Signal averaged over 54399 scans, sample contained 5-CF2PLPphosphorylase (0.80 mM), AMP (1.8 mM). Chemical shifts are referenced to TFA.

In the absence of activating nucleotide (Figure 2-6a) the 19F NMR spectrum for 5CF2PLP-phosphorylase b shows an extremely broad resonance (AD1/2 710 Hz) centered
at approximately -32 ppm. That the observed chemical shift for the enzyme-bound cofactor
is shifted slightly downfield (AS ---- 3 ppm) from that observed for the cofactor free in
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solution is consistent with shifts observed in other systems (Gerig, 1989; Percival and
Withers, 1992), and thought to reflect a change to a relatively hydrophobic environment
(Sykes and Hull, 1978). The observed line-broadening could result from chemical shift
heterogeneity, or alternatively, from two broad overlapping 19F signals possessing slightly
different chemical shifts. Indeed, immobilized at the active site of the enzyme, each
fluorine nucleus within 5-CF2PLP would be distinct, geminally coupled to both fluorine
and phosphorus. Similar large linewidths have been observed in previous 19 F NMR
studies of phosphorylase reconstituted with 6-fluoropyridoxal phosphate (Chang et al.,
1986), a system with a single fluorine bonded to the cofactor, and lacking any large Jcoupling. Upon addition of AMP to the sample of 5-CF2PLP-phosphorylase b (Figure 26b), the 19 F signal appeared as two broad components together shifted slightly upfield to 5
-34 ppm, with a considerable reduction in total linewidth (M)112 610 Hz). The
reduction in linewidth upon nucleotide activation might be due to an increase in the
homogeneity of the population of enzyme species, or alternatively, a change in mobility for
the two distinct fluorine nuclei.
Extensive 19 F signal-broadening was also observed for the difluoromethylene
functionality in preliminary studies with glycogen phosphorylase b reconstituted with 5'deoxy-5'-difluoromethylpyridoxal (PL-CF2H) (Scheme 2-2). PL-CF2H is an analogue of
pyridoxal that was originally designed to probe possible fluorine-phosphorus interactions at
the active site of glycogen phosphorylase, previously reported with phosphoglucomutase
(Percival and Withers, 1992). While PL-CF2H was found to reconstitute and reactivate
glycogen phosphorylase b to a similar extent to that reported previously for other 5'-deoxy
analogues of pyridoxal (Chang et al., 1987), the 19 F NMR signal observed for PL-CF2H
reconstituted phosphorylase b was essentially broadened completely into the baseline.
While it is possible that the extreme broadening in this case may be due, in part, to protein
precipitation resulting from the instability of PL-CF2H reconstituted phosphorylase, thus
limiting data acquisition, it seems that other factors associated with the difluoromethylene
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moiety contribute to the extensive signal-broadening observed. One potential source of
additional signal-broadening for the PL-CF2H analogue is exchange between magnetic
environments in the active site. This is reasonable since PL-CF2H lacks the 5'-phosphate
group which would be expected to aid PLP positioning.

4. 31 P MASNMR Spectroscopy of R and T State Glycogen Phosphorylase
-

-

The previous studies of glycogen phosphorylase b reconstituted with 5-CH2PLP
and 5-CF2PLP have focussed on the role of PLP in the native enzyme. In particular, the
studies have tried to answer the specific question of whether or not the cofactor phosphate
(or phosphonate in this case) is involved in an essential proton transfer step during
catalysis. The answer to this question may or may not be directly related to the ionization
state of PLP in the T- and R-state allosteric forms of glycogen phosphorylase. However,
in an attempt to address the question of possible changes in cofactor ionization state that
occur upon enzymic activation, many solution 31 P NMR studies (Feldmann and Hull,
1977; Withers et al., 1981b, 1985; Hoerl et al., 1979; Klein et al., 1984) have been
performed and the results have suggested that changes in the isotropic chemical shift of the
cofactor phosphate upon activation (AS 3 ppm) may reflect a cofactor deprotonation
event. However, it is also possible that geometrical changes occurring as a result of the
allosteric transition influence 31 P chemical shift.
In an effort to more clearly define the ionization state of the cofactor phosphate in
the R- and T-state allosteric forms of glycogen phosphorylase, high resolution 31 P magicangle spinning NMR (MASNMR) spectroscopy was employed in a collaboration with Dr.
Robin Challoner and Professor C. A. McDowell. 31 P MASNMR was used to obtain the
shielding tensor components for the phosphate moiety of free (solid) PLP in various stages
of ionization as well as the shielding tensor components for the PLP phosphate moiety
within the R- and T-state forms of crystalline native glycogen phosphorylase b.
Knowledge of the shielding tensor components (a11, 622, and a33) describing the
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shielding tensor interaction allow a comparison of the symmetry of the electron density
distribution at the cofactor phosphate nucleus of the model compounds with that in both the
R- and T-state forms of the enzyme (Challoner et al., 1992). The MASNMR technique
yields a centerband at the isotropic frequency in addition to a spinning sideband manifold,
which after analysis provides information concerning the anisotropy of the chemical shift.
Since dianionic phosphorus nuclei of phosphate monoesters possess three equivalent
oxygen nuclei and one P-0(R) bond, the principal shielding components will exhibit axially
symmetric shielding in which the least shielded component (033) of the shielding tensor is
parallel to the unique P-0(R) bond and 022 and 011 will be equivalent in magnitude and lie
in a perpendicular plane with no preferred orientation. In the case of the monoanionic
forms of phosphate monoesters, the phosphorus nucleus is not axially symmetric and will
possess shielding tensor components of lower symmetry than in the dianionic case
(Challoner et al., 1992). Thus, if the cofactor phosphate moiety in glycogen
phosphorylase undergoes a change in protonation state upon activation, this will be
reflected in the principal shielding components, whereas if the allosteric transition does not
involve a protonation event, then the symmetry of the principal shielding components may
remain relatively unperturbed (Challoner et al., 1992). Indeed, the recent study of Un and
Klein, (1989) in which O-P-O bond angles and P-0 bond lengths were related to principal
shielding tensor elements suggests that very small changes in such parameters could
account for a 3 ppm shift in isotropic resonance.
The 31 P MASNMR spectra for the model compounds of PLP, and for the R- and
T-state forms of glycogen phosphorylase b were collected and analyzed by Dr. R.
Challoner, and are shown in Figure 2-7. The shielding tensor components for various
ionizations of PLP and for the cofactor phosphate in the R- and T-state conformations of
glycogen phosphorylase are shown in Table 2-2.
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Figure 2 7. Figure legend on following page.
-
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Figure 2-7. 31 P MASNMR spectra of free PLP and the R- and T-state forms of glycogen
phosphorylase b.
Spectra arising from the application of single-pulse 31 P MASNMR experiments to the model PLP
compounds and to glycogen phosphorylase b. (a) PLP-disodium salt; (b) PLP-monosodium salt. The
microcrystalline samples of glycogen phosphorylase were prepared as outlined in the Materials and Methods
section. (c) R-state glycogen phosphorylase b (contains AMPS), 29,128 transients; (d) T-state glycogen
phosphorylase b, 11,548 transients. The isotropic resonances are indicated (*) on the spectra of enzyme.
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Table 2-2. Principal components of the 31 P shielding tensors for free PLP and for the
cofactor phosphate in R- and T-state glycogen phosphorylase b.a

Compound

633

022

an

aaniso

0

PLP-disodium salt

79.5

-14.6

-43.6

108.6

7.1

PLP-monosodium salt

68.1

9.5

-73.0

99.9

1.5

PLP-free acid

67.2

5.5

-78.7

103.8

-2.0

R-state phosphorylase b

70.8

-30.0

-30.0

100.8

3.6

T-state phosphorylase b * 66.4

-33.9

-33.9

100.3

--0.5, 2.5 0.6

6soln

3.8

a Table was taken from Challoner et al., (1992). All chemical shift values are quoted in ppm. The shifts
were referenced to 85% H3PO4 with signals occurring downfield being positive. The anisotropy is defined
as 033 - 1/2(022 + ail), and the shift (a) is equal to 1/3 (a33 + 0 22 + all).
* The shielding tensor components correspond to the peak at -0.5 ppm. Note, however, that a somewhat
greater error is introduced into the measured components for this species with respect to the others listed in
the table, given the assumptions made when deconvoluting the centerband.

The shift in isotropic resonance for the model compounds, as a function of
protonation state, is in agreement with that observed in solution. Further, although the
dianionic form of PLP deviates somewhat from axial symmetry (Challoner et al., 1992),
the principal shielding tensor components describing the phosphorus environment in each
of the ionization states for the model compounds have shifted in the expected directions
relative to one another, and are in good agreement with values reported previously (R.
Challoner, personal communication; Un and Klein, 1989). The free acid is included in
Table 2-2 but is not considered to be a likely form of the PLP cofactor located at the active
site of glycogen phosphorylase.
The isotropic shifts observed for the PLP phosphate moiety in the R- and T-state
crystalline forms of glycogen phosphorylase b were also in good agreement with those
observed previously in solution studies (Feldmann and Hull, 1977; Withers et al., 1981b;
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Hoerl et al., 1979; Klein et al., 1984), wherein a downfield shift was observed upon
AMPS activation. Further, for the R-state enzyme, considerable shielding anisotropy, and
therefore good sideband intensities, was observed for the PLP phosphate moiety and for
the thiophosphate moiety of AMPS. Direct simulation of the spectra for the R-state enzyme
reveals axially symmetric shielding parameters, typical of those previously determined for
dianionic phosphate monoesters (Challoner et al., 1992). Motional influences on the PLP
phosphate moiety, which in a different ionization state could lead to the observed axial
symmetry, are considered unlikely (Challoner et al., 1992). For the T-state form of the
enzyme, two resonances were observed in the 31 P MASNMR spectrum, suggesting
heterogeneity in the enzyme sample. The major signal (8 --= -0.5 ppm) has a spinning
sideband manifold similar to that observed for the R-state allosteric form of phosphorylase,
but with the isotropic peak shifted slightly upfield. Direct simulation of such a sideband
manifold leads to axially symmetric parameters with a nearly identical shielding to that
observed in the R-state enzyme, therefore suggesting that the cofactor phosphate present
within the inactive T-state enzyme is also dianionic. In this case, however, greater error is
introduced by the overlap of the spectral intensity of several components in addition to the
uncertainty in the isotropic shift as a result of the uncertainty in the phasing of the
overlapping centerbands (Challoner et al., 1992). The symmetry of the shielding tensor for
the minor (downfield) signal in the T-state spectrum could not be evaluated due to its low
intensity, and it is thought that this component of the T-state spectrum could correspond to
a more mobile phosphate moiety. It is clear, however, that the shielding tensor symmetry
for the major component in the T-state spectrum is very similar to the corresponding
phosphate moiety in the R-state spectrum.
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5. Discussion
PLP and Catalysis
Early studies with glycogen phosphorylase identified separate structural and
catalytic roles for PLP, since cofactor analogues such as pyridoxal, pyridoxal-5'-phosphate
monomethylester, and pyridoxal-5'-fluorophosphate were all found to reconstitute a
holoprotein with intact quaternary structure and allosteric properties, but with no catalytic
activity (Kastenschmidt et al., 1968; Pfeuffer et al., 1972; Feldmann et al., 1976; Klein et
al., 1982; Sprang et al., 1982). Not until the cofactor contains a phosphate derivative
capable of forming a dianion will enzyme activity be restored, as illustrated with native
PLP, phosphonic acid derivatives of PLP, or even pyridoxal-phosphorylase in the presence
of phosphite or fluorophosphate. This in hand, two catalytic roles for PLP have been
proposed, both consistent with the need for a cofactor phosphate capable of forming a
dianion. The first involves the PLP phosphate moiety as an essential acid catalyst (Klein et
al., 1982), the second as a distorted dianion capable of acting as an electrophilic catalyst
(Withers et al., 1982a; Takagi et al., 1982).
In this study, two phosphonic acid analogues of PLP were reconstituted into
glycogen phosphorylase b in an effort to address the specific question of whether or not
PLP acts as an essential acid catalyst. For a review of the proposed mechanism involving
PLP as an essential acid catalyst please refer to the Introduction, section 3.4. The
deoxymethylene (5-CH2PLP) and deoxydifluoromethylene (5-CF2PLP) analogues of PLP
were synthesized since a large difference in phosphonic acid pK a (ipK2 ,--- 3) could be
obtained with only minimal steric considerations. Measurement of 31 P and 19 F NMR
spectra, in addition to the pH-dependence of activity for glycogen phosphorylase
reconstituted with each analogue should provide insights into the cofactor ionization state.
Undoubtedly, once the two cofactors are bound to the enzyme, the active site environment
could well perturb the individual in-situ pKa values, however, what is important for this
study is the intrinsic difference in cofactor pK a , and the fact that the reconstituted enzyme
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systems, otherwise, are internally consistent. Sterically, the two cofactors are very similar,
the C-F bond length (1.39 A) and van der Waals radius (1.35 A) being only slightly greater
than that of the C-H bond (1.09

A and 1.20 A, respectively) (Withers et al., 1988). Thus,

large differences in enzymic activation between the two cofactors is unlikely to arise as a
result of these small steric considerations. However, unlike hydrogen, fluorine can form
weak hydrogen bonds, possibly mimicking the phosphate ester oxygen in the native PLP
cofactor. Thus, it is possible that favourable interactions between the fluorinated cofactor
and residues at the active site of the enzyme may, in part, be responsible for small
differences in catalytic efficiency between the reconstituted enzyme derivatives.
Reconstitution of glycogen phosphorylase b with 5-CH2PLP (Table 2-1) was
found to reactivate the apoenzyme to approximately 26% of the activity found with the
native enzyme. Further, this reconstituted enzyme was found to bind its substrate (aG1P)
with slightly higher affinity than the native enzyme in complete agreement with previous
studies (Vidgoff et al., 1974). Interestingly, however, 5-CF2PLP-phosphorylase b also
significantly reactivated the apoenzyme (32%), indeed, to a level slightly greater than that
of 5-CH2PLP-phosphorylase. The higher activity with 5-CF2PLP might be due to
fortuitous interactions between the cofactors polar difluoromethylene group and active site
residues, resulting in slightly better placement of the cofactor phosphonate for catalysis.
Indeed, 19 F NMR experiments of 5-CF2PLP-phosphorylase suggest that significant
changes in the environment surrounding the difluoromethylene functionality occur upon
nucleotide activation of the enzyme. Substrate (aG1P) was found to bind to 5-CF2PLPphosphorylase b with an affinity (2.0 mM) only slightly less than that for the 5-CH2PLPenzyme (0.70 mM). Indeed, the K m values calculated for the two enzymes are within the
range commonly observed for the native enzyme from one enzyme preparation to the next.
Given the similiarity in apoenzyme reactivation for the two cofactor analogues, and the
tendency for 5-CF2PLP to remain dianionic at pH 6.8, it seems likely that both analogues
bind to the enzyme as dianions.
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In an effort to fully investigate the possibility that the cofactor analogues could be
acting as essential acid catalysts, a complete determination of the pH-dependence of the
kinetic parameters (V max , K m and V max/K m ) for glycogen phosphorylase b reconstituted
with 5-CH2PLP and 5-CF2PLP was completed. Although enzymic pH-profiles invariably
suffer from an uncertainty of approximately 0.3 pH units (Kasvinsky and Meyer, 1977)
and are often over-interpreted (Knowles, 1976), it seems likely that given the extreme
differences in solution pK2 (ApK2 --. 3) for the two cofactors, if the phosphonic acids were
indeed involved in a catalytically essential proton transfer, then the large differences in
cofactor pK2 would necessarily be reflected in the pH-profiles for the two enzymic species.
In this study, it was found that the ionizations of the free enzyme and free substrate
derived from the pH-dependence of log V max/K m and pK m , are extremely similar for both
reconstituted enzyme species. In fact, the apparent pK a values for each reconstituted
enzyme, in both plots, were approximately 6.3 and 7.0 for the acidic and basic limbs,
respectively. These ionizations are very similar to the pK a values observed in previous pHstudies with the native enzyme (Withers et al., 1982c; Kasvinsky and Meyer, 1977). It is
unlikely, therefore, that changes in ionization state of the phosphonate cofactor are being
reflected in these plots. Similarly, the alkaline limbs in the plot describing the pHdependence of log V max for 5-CH2PLP- and 5-CF2PLP-phosphorylase b are quite similar
with pK a values of 7.9 and 7.6, respectively. If the cofactor phosphonate analogues were
involved as essential acid catalysts then this alkaline limb should be quite different for the
two reconstituted enzymes, showing a much lower pKa value for the 5-CF2PLP-enzyme
derivative. However, no such differences were observed, thus it seems highly unlikely
that the phosphonic acid analogues of PLP could be functioning as essential acid catalysts
in glycogen phosphorylase. Rather, the results suggest that the cofactor phosphonates are
bound to the enzyme as dianions, and possibly remain as such throughout catalysis.
The only significant difference observed in any of the pH-profiles for the two
reconstituted enzyme derivatives was in the acidic limb of the log V max plot, where
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apparent pK a values of 6.4 and 5.6 were observed for the 5-CH2PLP- and 5-CF2PLPenzymes, respectively. The acidic limb of the log V max plot reflects an ionization of a
group within the enzyme-substrate complex which must remain deprotonated for effective
catalysis. Since this difference in pK a values was not observed in the free enzyme (log
V m /Km plot), it must arise from ionizations which are perturbed upon substrate binding
and formation of the ternary enzyme complex. This difference would seem to be too small
to arise from the cofactors themselves, and therefore may have its origin in the way the two
cofactors interact with residues located at the active site, resulting in a small change in the
pKa of the ionizing group normally responsible for the acidic limb of the log Vmax profile.
That cofactor analogues with significantly different pK2 values can reactivate
phosphorylase b and show similar pH-dependent profiles has been reported previously
with studies of pyridoxal (PL) reconstituted phosphorylase (Parrish et al., 1977; Chang et
al., 1983; Withers et al., 1982c). In these studies it was shown that PL-phosphorylase
could be reactivated to very similar levels with phosphite (pK2 = 6.6) and fluorophosphate
(pK2 = 4.8) activator anions which bind to the vacant cofactor phosphate site and act in its
absence. It has been argued (Klein et al., 1984), but with little justification, that studies
with PL-phosphorylase and activating anions do not reflect the reaction with the natural
cofactor, and further that PL-phosphorylase follows a different mechanism employing a
different acid catalyst. The kinetic studies shown here, with 5-CH2PLP and 5-CF2PLP
reconstituted phosphorylase b, do not suffer from the same difficulties, and therefore,
serve to fully support earlier suggestions (Withers et al., 1982c) that PLP is not the
essential acid catalyst in glycogen phosphorylase.
PLP and the Allosteric Transition

While previous studies have focussed on the catalytic role of PLP as a potential acid
catalyst, much effort has also centered on the allosteric transition from the inactive T-state
to the active R-state. Of particular interest is the mechanism by which the enzyme achieves
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activation and is regulated in vivo. Activation of glycogen phosphorylase b, through
nucleotide (AMP) binding or covalent activation by phosphorylation, is known to be
accompanied by many structural changes throughout the enzyme molecule, several of
which are localized at the active site (Johnson, 1992). Solution state 31 P NMR
spectroscopy has often been used to observe these changes in the PLP environment. Early
31 P NMR studies demonstrated that the resonance for the PLP cofactor phosphate shifted

approximately 3 ppm downfield upon activation with AMPS (Feldmann and Hull, 1977),
analogous to the shift which accompanies the deprotonation of a free phosphate monoester.
Thus, activation of the enzyme has often been thought to involve deprotonation of the
cofactor phosphate (Klein et al., 1981; Helmreich 1992) (Figure 2-8).
Results from high resolution solid state 31 P MASNMR experiments with the R- and
T-state forms of the enzyme, however, cast doubts on the interpretation of the isotropic
chemical shifts observed in solution, and suggest that the cofactor phosphate is a dianionic
species in both forms of the enzyme. The isotropic chemical shifts observed for the R- and
T-state crystalline samples of phosphorylase b (Table 2-2) are in good agreement with
those observed in solution. However, the spinning side-band manifolds for the two forms
of the enzyme suggest that axially symmetric shielding parameters describe the phosphorus
environment in each case (Challoner et al., 1992), therefore characterizing it as being
dianionic in both cases.
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Figure 2-8. An earlier assignment of the changes in cofactor ionization state thought to
accompany the allosteric transition in glycogen phosphorylase.
Feldmann and Hull, (1977); Helmreich, (1992)

Thus, it would seem that differences arising between the isotropic shifts of

the PLP

phosphate moiety in the R and T-state forms of phosphorylase are not a consequence of
-

differences in protonation state (Challoner et al., 1992). Rather, given the structural
changes known to occur throughout the enzyme upon activation, the observed change in
chemical shift (= 3 ppm) for the PLP phosphate moiety probably occurs as a result of
changes in phosphate geometry. Differences in O-P-O bond angle have been shown
previously to correlate with the varying 31 P chemical shifts of phosphate monoesters
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(Gorenstein, 1975). Furthermore, changing phosphate geometry has been suggested as the
source of the different shifts in the phosphorus resonance for PLP bound at the active site
of a series of mutant E.coli maltodextrin phosphorylases (Schinzel et al., 1992). The
suggestion that the PLP phosphate moiety is present as a dianion in both the T- and R-state
conformations contrasts with earlier proposals concerning its ionization state. However, it
is quite consistent with X-ray crystallographic studies which show that the amino acid
contacts between phosphorylase and the cofactor phosphate are essentially unchanged in
the R- and T-state forms of the enzyme (Oikonomakos, 1991). Furthermore, kinetic
studies with 5-CH2PLP- and 5-CF2PLP-phosphorylase b also support the proposal that the
cofactor analogues are bound as dianionic species, and in fact suggest that the cofactor
phosphate may remain dianionic throughout catalysis. Thus, the PLP phosphate, once
bound to the active site of the enzyme, may indeed, exist exclusively as a fully ionized
species, with no changes in ionization state.
While evidence gathered from 31 P MASNMR points to the PLP phosphate as a
dianion in both the R- and T-state conformations of native glycogen phosphorylase b, the
role of the cofactor in the allosteric transition is still unclear. Allostery in phosphorylase
has been described in terms of conformational changes which serve to either
electrostatically create or destroy phosphate recognition sites within the enzyme (aG1P,
AMP, Serine-P), and in doing so affect subunit-subunit contacts (Oikonomakos, et al.,
1991). It has been suggested, on the basis of kinetic and 19 F NMR studies, that the
cofactor phosphate may have a structural role in the positioning of catalytic groups in the
correct orientation for catalysis (Chang et al., 1987), thus it is tempting to also assign a
similar allosteric role. Indeed, 31 P NMR relaxation studies have provided evidence that the
cofactor phosphate becomes more rigidly fixed upon enzymic activation (Withers et al.,
1985), perhaps suggesting that the strengths of the interactions between the enzyme and the
cofactor phosphate change with activation. It is therefore somewhat surprising that
phosphorylase reconstituted with pyridoxal, possessing no phosphate moiety whatsoever,
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is known to possess allosteric properties, and indeed, this enzyme derivative exists in a
significantly more R-state conformation than the native enzyme (Kastenschmidt et al.,
1968; Withers et al., 1982b). Thus, the presence of a dianionic cofactor phosphate reduces
the extent of enzymic activation. Consistent with this observation, is the suggestion, based
on 31 P NMR studies of 5-CH2PLP-phosphorylase b (Klein et al., 1984) and 5-CF2PLPphosphorylase b, that when phosphorylase is reconstituted with phosphonic acid analogues
the enzyme exists in an activated state similar to, or indeed less activated than, the native
enzyme. While it is still quite unclear as to why the PLP phosphate moiety would reduce
enzymic activation, it must be remembered that phosphorylase is a highly regulated enzyme
which uses a variety of allosteric mechanisms to meet the changing needs of the host
organism. Thus, it seems possible that the role of the cofactor phosphate in enzymic
activation may be somewhat regulatory, the dianionic phosphate moiety acting to downregulate or dampen activation such that the enzyme can always be maximally responsive to
changes in the concentration of the various allosteric affectors.
A Mechanistic Alternative

Enzymes are capable catalysts because they are able to reduce activation energy,
either by stabilization of the transition state or by destabilization of the ground state, or
both. Glycogen phosphorylase is known to contain an essential molecule of PLP whose
phosphate moiety must be capable of forming a dianion if the enzyme is to be active. In
this study, all evidence points to a cofactor phosphate which binds to the enzyme as a
dianion in both the R- and T-state conformations, with no role as an essential acid catalyst.
Thus, alternatives for the role of the cofactor phosphate moiety in catalysis must be
considered. While the results from this study contradict earlier proposals suggesting that
the cofactor phosphate moiety behaves as an essential BrOnsted acid catalyst (Helmreich,
1992; Klein et al., 1982; 1984), they are in agreement with proposals suggesting that the
cofactor phosphate possibly acts in an electrophilic role (Withers et al., 1982a; Takagi et
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al., 1982), or as a phosphate anchor that functions to orient active site catalytic residues
(Chang et al., 1987). Indeed, the dianionic cofactor phosphate may function to coordinate
the orientation of different domains within the protein, thereby mediating the structural
changes which are essential to catalysis and the allosteric transition. Alternatively, a
dianionic cofactor phosphate could also function to destabilize the ground state enzymesubstrate complex through electrostatic interactions. From an evolutionary viewpoint,
phosphate would be a unique candidate for just such a role. Of the 20 common amino
acids none are capable of forming a dianion, yet like amino acids, the phosphate moiety
(covalently bound to PLP) can be held in juxtaposition to reacting groups within the active
site complex.
While enzymes utilize ground state binding interactions to stabilize the enzymesubstrate complex, some of this energy can be used to destabilize reacting groups in the
ground state relative to the transition state (Jencks, 1987). Thus, in order to be catalytic the
destabilization must be relieved on reaching the transition state. For example (Figure 2-9),
if the binding interactions between component groups of the substrate and the active site of
an enzyme provide a favorable standard free energy change for substrate binding, LG'ES,
in the absence of any ground state destabilization or transition state stabilization, the
activation energy for the bound substrate, AG4Es, will be the same as that for the free
substrate (AGt). However, if the enzyme can make use of binding interactions to force the
substrate into a structural or electrostatic interaction that destabilizes its ground state by an
amount AGD, but has no effect on the transition state, then the activation energy for the
bound substrate will be reduced by AGD.
Ground state destabilization has been suggested previously to contribute to the
catalytic effectiveness of the bound metal ion (Zn+ 2 ) of carboxypeptidase A (Lipscomb et
al., 1969), an enzyme that cleaves the carboxy-terminal amino acid from polypeptide
substrates. The replacement of solvating water by the substrate was postulated to reduce
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the dielectric constant surrounding the metal atom and thereby increase its activity in
polarizing the acyl group for nucleophilic attack.
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Figure 2-9. Ground state destabilization

Similarly, pyruvate decarboxylase is thought to utilize ground state destabilization as a
means of rate enhancement (Crosby et al., 1970). Decarboxylation of pyruvate is thought
to occur through a zwitterionic intermediate formed from pyruvate and thiamine
pyrophosphate. Analogues of the pyruvate adduct (Scheme 2-3) undergo decarboxylation
104 - 10 5 times more rapidly in ethanol than water and still faster in aprotic solvents. The
rate increase in this non-catalyzed reaction is thought to occur because of a decrease in
charge localization at the transition state, thus in a poorly ion-solvating environment the
ground state is destabilized relative to the transition state. It becomes apparent then, that if
the enzyme forces the carboxylate of pyruvate and the cationic nitrogen of thiamine
pyrophosphate into an environment which is less polar than water, a large rate enhancement
may be expected. The favorable binding interactions between substrates and the enzyme
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provide the binding energy to initially hold the charged portions of the substrates in an
unfavorable environment.
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Scheme 2-3. A model for the decarboxylation reaction catalyzed by pyruvate
decarboxylase.

A somewhat different role for ground state destabilization of the substrate (aG1P)
in phosphorylase catalysis, has been suggested previously on the basis of recent X-ray
crystallographic studies of phosphorylase b in the presence of various aG1P derivatives
(Martin et al., 1990, Johnson et al., 1990). These studies show that the bound substrate
phosphate occupies a position under the C-2 hydroxyl group of the sugar ring distinct from
the more stable rotamer in which the phosphate group is oriented away from the sugar ring,
trans to C-2 (O'Connor et al., 1979). Steric restrictions imposed on the conformational
freedom of the glucosyl phosphate, in addition to the formation of an internal hydrogen
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bond between phosphate and the hydroxyl group at C-2, are both thought to be somewhat
responsible for the positioning of the glucosyl phosphate moiety (Martin et al., 1990).
Mechanistically, it was suggested (Martin et al, 1990) that the 'under the ring'
conformation prevents exo-anomeric stabilization of the sugar-phosphate bond, and thereby
induces a ground state destabilization of the aG1P substrate (Figure 2-10).
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HO
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0

H,-, 0
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O
Figure 2-10. The 'under the ring' conformation for aG1P.

Since the 'under the ring' conformation places the substrate phosphate in juxtaposition to
the PLP phosphate, it was proposed that the PLP phosphate moiety is better able to act as
an essential acid catalyst (Martin et al., 1990). However, results from the present study
preclude the PLP phosphate moiety as an essential acid catalyst, and therefore, while the
'under the ring' conformation may serve to destabilize the ground state substrate complex it
must serve to preferentially orient the substrate and cofactor phosphates for some reason
other than one of essential proton transfer. Indeed, this preferred substrate conformation is
consistent with the electrophilic mechanism previously described (Withers et al., 1982a;
Takagi et al., 1982), or alternatively a ground state electrostatic destabilization.
Thus, mechanistically, glycogen phosphorylase may proceed via an initial binding
step which provides the necessary binding energy to bring the substrate phosphate into
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close contact with the PLP phosphate and provide the proposed electrostatic destabilization,
possibly employing the 'under the ring' conformation (Scheme 2-4).
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Scheme 2-4. A possible catalytic role for PLP in glycogen phosphorylase

To assist in bond cleavage, acid catalysis from an active site amino acid (not PLP) likely
protonates the phosphate leaving group. Destabilization of the ground state enzyme-
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substrate complex could be somewhat relieved at the transition state by any movement of
the phosphate leaving group away from the cofactor phosphate. Indeed, very recent X-ray
structural studies have found a second substrate phosphate binding site directly adjacent to
that which binds the phosphate within aG1P (Sprang et al., 1992). The formation of a
glucosyl-enzyme covalent intermediate or a stabilized ion pair is thought to be the initial
product of aG1P bond cleavage. The enzyme intermediate or ion pair can then be attacked
by the 4-hydroxyl group of the oligosaccharide acceptor molecule, in a general base
catalyzed process such that the anomeric configuration is retained.
While the results from the present study suggest that the PLP phosphate moiety
bound at the active site of glycogen phosphorylase is not involved in an essential proton
transfer process, and may indeed remain a fully ionized species throughout the allosteric
transition, the exact catalytic role of the cofactor phosphate is not known and will
undoubtedly remain a topic of continuing controversy for years to come. However, this
new role in ground state destabilization is another alternative, consistent with all the
evidence, which has not been considered previously.
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CHAPTER 3
Inactivation of Glycogen Phosphorylase by a Novel Affinity Label
Results and Discussion
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Introduction

The mechanistic details behind the action of glycogen phosphorylase have eluded
investigators for decades predominantly because the enzyme is extremely substrate specific,
providing catalysis to only a select few substrate analogues. While X-ray crystallographic
studies can be immensely useful to mechanistic investigations, it may prove very difficult
(as with glycogen phosphorylase) to prepare crystalline samples of the enzyme in a
conformation which presents the active site residues in catalytically relevant positions.
Previous studies have addressed this issue with reagents that inactivate glycogen
phosphorylase through the chemical modification of amino acids essential to the catalytic
mechanism (Avramovic-Zikic et al., 1974; Battell et al., 1968; Takagi et al., 1989; Dreyfus
et al., 1980). While these studies have provided valuable clues regarding which amino
acids might be essential to catalysis, or to the allosteric transition, they can suffer from a
lack of specificity since the reagents employed do not utilize active site binding interactions
designed specifically for the substrate.
Results
1. Inactivation of Glycogen Phosphorylase b with Nitroglucal
1.1. Background and Synthesis

Previous experiments in this laboratory have shown that 1-nitro-D-glucal
(nitroglucal) (Scheme 3-1) irreversibly inactivates the enzyme p- g lucosidase in a timedependent fashion, likely behaving as an affinity label via a conjugate addition reaction at
the activated C-2 position. Since glycogen phosphorylase is known to bind D-glucal, albeit
weakly (KD = 80 mM) (Sprang et al.,1982), nitroglucal, in addition to 1-carboxylic acidD-glucal and 1-carboxylic acid methyl ester-D-glucal were tested as potential inactivators of
glycogen phosphorylase b. Nitroglucal was a generous gift from Dr. A. Vasella (Beer et
al., 1986), whereas the acid and methyl ester derivatives of D-glucal were prepared from
glucal, and were available from previous synthetic work (Scheme 3-1). The synthesis of
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the acid and ester analogues of glucal involves a C-1 vinylic deprotonation of protected Dglucal (Boeckman and Bruza, 1981; Lesimple et al., 1986), the lithio anion of which can
then be reacted with carbon dioxide to afford the carboxylic acid derivative. However, it
should be noted that complications in this reaction can arise from the use of tertbutyldimethylsilyl hydroxyl protecting groups, due to the formation of a-silyl carbanions
(Friesen et al., 1991), and hence, the use of tert-butyldiphenylsilyl protecting groups is
advised. The methyl ester derivative is simply prepared from the carboxylic acid analogue
by treatment with diazomethane. The silylated acid and methyl ester analogues of D-glucal
were deprotected using fluoride ion, and subsequently purified using ion-exchange and
silica-gel chromatography, respectively.

R = NO 2 , C00 , or COOMe
-

Scheme 3-1. Analogues of D-glucal.

1.2. Preliminary Inactivation Studies

Since both the T- and R-state conformations of phosphorylase bind glucosyl
analogues and are important for the allosteric transition, all three derivatives of glucal (1nitro, acid, and methyl ester) were tested as potential inactivators of glycogen
phosphorylase b under conditions promoting both the T-state (Figure 3-1a) and R-state
(Figure 3-lb) enzyme conformation.
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Figure 3-1. Inactivation of glycogen phosphorylase b with glucal analogues
The inactivations were conducted at pH 6.8 and 30 °C in 100 mM KC1, 50 mM triethanolamine
hydrochloride, 1 mM EDTA and 1 mM DTT. Activity measurements were carried out in the same buffer
containing 16 mM aGIP, 1 mM AMP and 1% glycogen. a) Inactivation of the T-state enzyme (no R-state
effectors present): (II) Nitroglucal (40.6 mM), k o b s = 2.76 x 10 -2 min -1 ; (0) 1-Carboxylic acid-glucal
(38.4 mM), kobs = 3.88 x 10 -4 min -1 ; (A) 1-Carboxylic acid methyl ester-glucal (31.0 mM), k ob s = 1.12
x 10 -4 min -1 ; T-state enzyme control (0). b) Inactivation of the R-state enzyme (1 mM AMP and 1%
glycogen present): (•) Nitroglucal (26.6 mM), k o b s = 4.61x 10 -3 min -1 ; (0) 1-Carboxylic acid-glucal
(38.4 mM), kob s = 1.15 x 10 -4 min -1 ; (A) 1-Carboxylic acid methyl ester-glucal (31.0 mM), kobs = 1.80
x 10 -5 min -1 ; R-state enzyme control (0).
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As can be seen in Figure 3-1, at the concentrations employed, the methyl ester and
carboxylic acid derivatives of glucal had no significant effect as time-dependent
inactivators. Activity loss was not significantly greater than that in controls containing no
inactivator. Conversely, when either allosteric conformer of glycogen phosphorylase b
was incubated with nitroglucal, enzyme activity was clearly observed to decrease in a timedependent fashion. The inactivation was shown to be irreversible since the enzyme activity
could not be restored after excess nitroglucal was removed by dialysis. The timedependent decrease in enzyme activity (V/V0) was approximately first order in both cases.
1.3. Inactivation Kinetics For R- and T-state Glycogen Phosphorylase b

To further characterize the inactivation due to nitroglucal, the constants, ki and
for the reaction of nitroglucal with both the R- and T-state forms of glycogen
phosphorylase b were determined. Residual activity was assayed at time intervals using the
continuous phosphoglucomutase / glucose-6-phosphate dehydrogenase coupled assay since
this assay was far more convenient over the course of long inactivation times than the
stopped phosphate analysis previously employed. Reducing agents such as
mercaptoethanol and dithiothreitol were omitted from the incubation mixtures since separate
experiments confirmed that these reagents underwent a conjugate addition reaction with
nitroglucal. While the enzyme possesses slightly less activity under non-reducing
conditions the loss of activity is fully reversible. The first order rate constant (kobs)
obtained at each concentration of nitroglucal was fitted to the non-linear form of the
Michaelis-Menten equation and the results obtained in this way are presented in
Lineweaver-Burk form in Figure 3-2 and Figure 3-3.
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Figure 3-2. Nitroglucal inactivation kinetics for T-state glycogen phosphorylase b
a) A semilogarithmic plot of residual activity versus time for the inactivation of T-state glycogen
phosphorylase at 30 °C and pH 6.8 in buffer containing 10 mM MES, 10 mM HEPES, 10 mM
triethanolamine hydrochloride, and 100 mM NaCl. The following nitroglucal concentrations were used and

the kobs values obtained are listed in parentheses: 5.04, 10.1, 20.2, 57.3 mM; (4.35 ± 0.31, 8.34 ± 0.78,
12.4 ± 0.5, 16.2 ± 0.7) x 10-3^b) A double reciprocal plot of the k o b s values obtained at their
respective nitroglucal concentrations. Activity measurements were performed using the coupled assay
described previously by Engers et al., (1969).
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Figure 3-3. Nitroglucal inactivation kinetics for R-state glycogen phosphorylase b.
a) A semilogarithmic plot of residual activity versus time for the inactivation of R-state glycogen

phosphorylase at 30 °C and pH 6.8 in buffer containing 10 mM MES, 10 mM HEPES, 10 mM
triethanolamine hydrochloride, 100 mM NaCI, and 1 mM AMP. The following nitroglucal concentrations
were used and the ko b s values obtained are listed in parentheses: 6.14, 12.3, 24.6, 36.8, 49.1 mM; (3.66 ±
0.23, 4.44 ± 0.31, 4.69 ± 0.31, 5.70 ± 0.35, 5.49 ± 0.33) x 10 -3 min - I. For clarity, only three of the
five lines are shown. b) A double reciprocal plot of the k o b s values obtained at their respective nitroglucal
concentrations. Activity measurements were performed using the coupled assay described previously by
Engers et al., (1969).
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As observed in Figures 3-2a and 3-3a, the inactivation data for the R-state enzyme,
unlike that for the T-state enzyme, appears to deviate somewhat from first order behaviour,
possibly due to labelling of an alternate amino acid which can also affect enzyme activity.
However, reasonable fits of the earlier time points could be obtained allowing estimates of
the inactivation rate and binding constant (ki and Ki) to be made. The rate constant for
inactivation (ki) of glycogen phosphorylase b was found to be almost four fold greater in
the T-state enzyme ((2.1 ± 0.2) x 10 -2 min -1 ) than in the R-state conformation ((0.60 ±
0.03) x 10 -2 min -1 ). If the mechanism of inactivation is the same for both allosteric forms
of the enzyme, it seems reasonable that the active site residue responsible for the
inactivation could be slightly better positioned in one conformation than in the other.
Interestingly, the binding constant for nitroglucal in the R-state enzyme (4.1 ± 1.2 mM)
suggests a four fold greater affinity than that observed in the T-state enzyme (15.9 ± 2.9
mM). The second order inactivation constant ki/Ki is however approximately the same in
the two cases.

1.4. Active Site Directed Inactivation
-

To test for the active site-directed nature of the nitroglucal inactivation, glycogen
phosphorylase b was incubated with nitroglucal in the presence of competitive ligands
which are known to reversibly bind to, or block, the enzyme active site. Two suitable
ligands for glycogen phosphorylase include glucose and caffeine. Glucose binds to
phosphorylase (KD ti 2 - 4 mM) utilizing the same active site interactions which bind the
substrate, while alternatively, caffeine binds to the enzyme (KD 0.1 - 0.2 mM) at an
inhibitor site approximately 10

A from the active site, and once bound, effectively blocks

access to the active site pocket. Thus, glycogen phosphorylase b was incubated with
nitroglucal in the presence of glucose and / or caffeine at 30 °C and pH 6.8 and residual
activity was assayed at time intervals using the continuous phosphoglucomutase / glucose6-phosphate dehydrogenase coupled assay as previously described. The time course for
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nitroglucal inactivation, obtained in this way, in the presence of competitive ligands is
presented in Figure 3-4.
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Figure 3-4. Protection against nitroglucal inactivation by a competitive ligand.
Inactivation of glycogen phosphorylase b at 30 °C and pH 6.8 in buffer containing 10 mM MES, 10 mM
HEPES, 10 mM triethanolamine hydrochloride, and 100 mM NaCl. The inactivation was performed at a
constant concentration of nitroglucal (24.6 mM) with the following competitive ligands: ■ No additional
ligands (kobs = (7.98 ± 0.18) x 10 -3 min -1 ); 0 glucose (7.5 mM) (kobs = (6.46 ± 0.22) x 10 -3 min -1 ); •
caffeine (0.75 mM) (kobs = (3.78 ± 0.41) x 10 -3 min -1 ); 0 glucose (7.5 mM) and caffeine (0.75 mM)
(kobs = (2.88 ± 0.26) x 10 -3 min -1 ). Activity measurements were performed using the coupled assay
described previously by Engers et al., (1969).

Results from the protection experiment show that glucose and caffeine both afford
protection against inactivation by nitroglucal. In particular, at the concentrations employed,
glucose (= 2 x KD) provided approximately 20% protection, and caffeine (= 5 x KD)
reduced by more than half the rate of inactivation observed in the absence of competitive
ligands. Together, acting as non-exclusive competitive inhibitors, glucose and caffeine
provided the expected level of protection against inactivation. That protection against
nitroglucal inactivation was afforded by these competitive ligands is in full agreement with
the proposal that the inactivation observed with glycogen phosphorylase b is an active site
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event. However, this is not to suggest that nitroglucal cannot react at other sites on the
protein, only that reaction at the active site is responsible for the observed enzyme
inactivation. A simple kinetic model for the proposed inactivation is shown below in
Scheme 3-2.

K1^ki
I + E^EI --> E-I
Scheme 3-2. A kinetic model for the irreversible inactivation of glycogen phosphorylase
by nitroglucal.

In this model, nitroglucal (I = inactivator) is involved in an initial binding step (Ki) and an
irreversible, rate limiting bond forming step (k 1 ). If the concentration of I is much larger
than [E] o , such that [I] - [E] o [I], then the concentration of I is essentially constant over
the course of the reaction and the kinetics are pseudo first order with respect to enzyme
concentration. The Michaelis-Menten equation for this inactivation can be written as
follows:

vi = ki[E]o[I] ^(1)
Ki + [I]

where k i is the rate constant for inactivation and Ki is the dissociation constant for the
inactivator. Since [I] is assumed to be constant, Equation 1 can be rewritten as:
^
(2)
vi = kob s[ E ]t

where

^

kobs = ki [I]^(3)
K 1 + [I]
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The value of kobs at each inactivator concentration can be determined by fitting the velocity
data to a standard first order decay function. The values of ki and Ki are determined by
fitting the observed rate constants (kobs) to Equation 3.
1.5. pH-Dependence of the Inactivation Kinetic Constants (ki and KO

The pH-dependence of the kinetic constants (ki and Ki) for the inactivation of Tstate glycogen phosphorylase b was investigated in an effort to monitor changes in the
inactivation process with varying pH values. The inactivation was carried out in a single
buffer system at 30 °C over a range of pH. Residual enzyme activity was measured in the
direction of glycogen degradation using the phosphoglucomutase / glucose-6-phosphate
dehydrogenase coupled assay, described previously by Engers et al., (1969). The first
order rate constants (kobs) obtained for the various concentrations of nitroglucal were fitted
to the non-linear form of the Michaelis-Menten equation to provide the inactivation
constants (ki and Ki) at each pH studied (Figure 3-5). The pH-dependences of the kinetic
parameters (ki, Ki and ki/Ki) for the inactivation of T-state glycogen phosphorylase b
obtained in this way are shown in Figure 3-6. Apparent pK a values were calculated with
the aid of the GraFit computer program (Leatherbarrow, 1990).
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Figure 3 5. Nitroglucal inactivation kinetics over a range of pH.
-

Double reciprocal plots of k o b s versus nitroglucal concentration, determined over a range of pH.
Inactivation reactions were carried out at 30 °C in a buffer containing 10 mM MES, 10 mM HEPES, 10
mM triethanolamine hydrochloride, and 100 mM NaCI at the pH values listed. Residual activity
measurements were performed using the coupled assay described previously by Engers et al., (1969).
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Figure 3 6. The pH dependence of nitroglucal inactivation.
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a) A plot of log ki versus pH. The following values of ki were obtained at the pH values indicated in
parentheses: 0.064 (5.90), 0.021 (6.80), 0.010 (7.20), 0.019 (7.90), 0.032 (8.47), and 0.060 min -1 (9.00).
b) A plot of pKi versus pH. The following values of Ki were obtained at the pH indicated in parentheses:
32.7 (5.90), 15.9 (6.80), 5.6 (7.20), 4.3 (7.90), 1.1 (8.47), and 0.4 mM (9.00). c) A plot of log ki/Ki
versus pH. Apparent pK a values were calculated with the aid of the GraFit computer program. The curves
in these plots are not intended to represent any pH function and are for presentation purposes only.
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The pH-profiles shown in Figure 3-6 demonstrate a considerable variation for both
the inactivation rate constant (k,) and the nitroglucal binding constant (Ki), over the range
of pH studied. The pH-dependence of log which reflects ionizations in the EI complex
just prior to the rate limiting bond formation step, (Figure 3-6a) shows an increase at low
and high pH, the apparent pK a values for the acidic and basic limbs being 6.1 ± 0.1 and
8.8 ± 0.1, respectively. Since there is good evidence that the inactivation is active sitedirected, and furthermore because nitroglucal is not expected to change ionization state in
the pH-range studied, the observed increase in k, at low and high pH must arise from
changes in protonation originating from active site residues in the EI complex. The
observed pH-dependence of lc, is consistent with an inactivation reaction that is enhanced
by acid and base catalysis, however, it cannot be ruled out that changes in the active site
conformation (i.e. positioning of potential active site nucleophiles) also contribute to the
observed variation in k1.
The nitroglucal binding constant (KO (Figure 3-6b) was observed to decrease
significantly with increasing pH, the apparent pK a for the variation being 6.5 ± 0.1. The
pH-dependence of K, depends on the ionizations of the free and bound enzyme in addition
to the ionizations of the free inhibitor (Knowles, 1976). In this case only the enzyme is
expected to change ionization state over the pH-range studied, and thus it appears that the
ground state interactions between the enzyme and nitroglucal considerably increase with the
deprotonation of active site amino acid residues.
The pH-dependence of WK,, the second order rate constant for inactivation, which
reflects ionizations in the free enzyme and free inhibitor which affect the bond formation
process, is shown in Figure 3-6c. This describes an ionization of pK a = 9.7 ± 0.3 and can
likely be assigned to the deprotonation of the putative nucleophile in the free enzyme.
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1.6. Structural Analysis of the Nitroglucal-Glycogen Phosphorylase b
Complex
To further investigate the interactions between nitroglucal and glycogen
phosphorylase b, X-ray crystallographic studies of nitroglucal bound to the T-state form of
the enzyme were carried out in collaboration with E. P. Mitchell and Professor L. N.
Johnson in the Laboratory of Molecular Biophysics at Oxford University. Glycogen
phosphorylase b was crystallized in the presence of IMP (a weak allosteric activator) and
then soaked (Martin et al., 1990) with nitroglucal for an extended period of time (-.... 2 days)
before acquiring a difference Fourier electron density map of the enzyme in the presence of
inactivator. Results from the structural analysis revealed that nitroglucal was bound at two
sites within the enzyme, the active site and also a secondary site near the surface of the
enzyme (Figure 3-7). At the active site, nitroglucal was observed bound to the enzyme in
the same high specificity pocket used to bind the glucosyl portion of the substrate (aG1P)
and also the allosteric effector glucose, although no covalent bonds to the enzyme were
observed. While disappointing, this is quite reasonable since it is possible that, in the
crystalline lattice, motional flexibility is considerably restricted, thereby preventing covalent
bond formation at the active site. Nonetheless, all hydrogen bonding interactions normally
observed at the active site of glycogen phosphorylase b were in place with nitroglucal,
excluding of course those hydrogen bonds normally made to the C-2 hydroxy group.
Those amino acids which normally hydrogen bond to the C-2 hydroxyl group include Tyr573, Glu-672 and Asn-284. However, in the nitroglucal structure Asn-284 is observed to
donate a hydrogen bond to the nearest oxygen atom within the nitro group. Residues in
close proximity to the activated C-2 position of nitroglucal include Tyr 573 (4.5 A) and Glu
672 (3.4 A). Attempts at longer soaking periods with nitroglucal (.,--. 2 weeks) resulted in
crystals that no longer diffracted (E. Mitchell, personal communication).
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Figure 3-7. X-ray crystallographic analysis of T-state glycogen phosphorylase b in the
presence of nitroglucal.
a) Nitroglucal bound at the active site, shown with the Fourier difference map in blue. b) Nitroglucal
bound at the active site with the five closest amino acids to C-2 shown. c) Nitroglucal covalently bound to
His-73, shown with the Fourier difference map in blue.
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While no covalent bonds between the inactivator and enzyme were observed at the
active site of the enzyme, a covalent bond was found between His-73 and the sugar moiety
of a second molecule of what was nitroglucal (Figure 3-7). The difference Fourier electron
density map clearly shows the sugar moiety in the chair conformation with a covalent bond
extending axially from the C-2 position of the sugar to the E-2 nitrogen (NE2) atom of the
histidine moiety. Not surprisingly, since no binding site for nitroglucal exists at the surface
of glycogen phosphorylase, the nitroglucal moiety once bound to His-73 does not make
any strong binding interactions to nearby amino acids. In fact there is only one hydrogen
bond formed between the protein and the nitroglucal-His-73 adduct, and that is between the
C-6 hydroxyl and the OH of Tyr-74. Interestingly, His-73 is located in close proximity to
the AMP binding site, possibly suggesting a secondary labelling site which might be
important to the R-state inactivation process observed in solution. X-ray crystallographic
studies of nitroglucal bound to the R-state form of glycogen phosphorylase are currently in
progress at Oxford University.
1.7. Mass Spectral Analysis of Nitroglucal Inactivated Glycogen
Phosphorylase b

The results from kinetic and X-ray crystallographic studies appear to confirm the
role of nitroglucal as an active site-directed affinity label which, not surprisingly, is also
able to covalently bond to residues beyond those at the active site. Preliminary data from
ion-spray mass spectral studies of the inactivated enzyme support the suggestion that
multiple labelling indeed occurs. In collaboration with Dr. J. Gebler and Dr. R. Aebersold,
mass spectral data on the native enzyme and the inactivated enzyme were collected and
compared. Mass spectral analysis of the native protein, untreated with inactivator,
produced a molecular weight of 97,221 ± 10 Da. The monomer molecular weight of
glycogen phosphorylase is reported to be 97,444 Da (Johnson, 1992), however, the PLP
cofactor is extracted under the conditions employed for mass spectral analysis, and
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therefore the target mass is reduced to 97,213 Da, thus corresponding well with the
observed mass. Mass spectral analysis of the inactivated enzyme (> 90% inactivated)
suggests that the sample was composed of many species of various molecular weights.
Indeed, the results suggested that glycogen phosphorylase was labelled with several (up to
10) nitroglucal moieties, and that accurate molecular weights of these adducts could not be
calculated from the mass spectral data due to the heterogeneity of the protein sample.
Furthermore, based on low molecular weight species also present within the protein
sample, these results suggest that glycogen phosphorylase may have undergone some
degradation under the conditions of extensive labelling. This latter result suggests that the
fully labelled form of the enzyme may be less stable than the native enzyme, and that the
conditions used for mass spectral analysis may enhance peptide cleavage reactions. Protein
precipitation observed at high concentrations of the inactivated enzyme further suggests that
extensive labelling of glycogen phosphorylase may, in addition, affect enzyme solubility
properties.

2. Discussion
Over the years considerable effort has been extended to the study of various affinity
labels for glycogen phosphorylase (Avramovic-Zikic et al., 1974; Battell et al., 1968;
Takagi et al., 1989; Dreyfus et al., 1980). The focus behind the effort is to identify amino
acid residues essential to catalysis and / or the enzyme allosteric transition. One prominent
example of an active site amino acid studied by chemical modification is Arg-569, which
can be modified by butanedione, but only in the activated R-state conformation.
Subsequent X-ray crystallographic studies revealed that upon enzyme activation, Arg-569
swings into the active site, displacing Asp-283, and creates the phosphate binding site to
which substrate can bind. This is clearly consistent with the butanedione labelling studies.
While chemical modification studies can be extremely useful, especially when they are
coupled to X-ray structure analysis, they often lack specificity since the reagents used do
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not utilize active site interactions, thus they are not placed in juxtaposition to important
catalytic residues.
Preliminary studies with nitroglucal suggested that both the R- and T-state
conformations of glycogen phosphorylase b were inactivated by the nitro derivative, and
futhermore, that the carboxylic acid and methyl ester analogues of glucal were essentially
unreactive. Since the a, 0-unsaturated methyl ester is expected to be considerably less
activated than the nitro analogue (Shenhav et al., 1970), and further, since the carboxylic
acid derivative should be essentially unreactive unless it is protonated upon binding to the
enzyme, these results are therefore consistent with an inactivation involving a conjugate
addition reaction. Nitroglucal inactivation of glycogen phosphorylase b was shown to be
active site-directed since protection against inactivation could be afforded by ligands which
are competitive for, or sterically block the active site. This is not unreasonable given that
nitroglucal is structurally similar to D-glucal, an analogue that is known to bind to, and in
the presence of phosphate, undergo phosphorylation at the active site of glycogen
phosphorylase (Klein et al., 1982). These results strongly support the proposal that
nitroglucal indeed binds to the active site of glycogen phosphorylase utilizing active site
binding interactions, and inactivates the enzyme through derivatization of an active site
amino acid.
The nitroglucal bound at the active site was positioned with the activated glucosyl
C-2 position in close proximity to the side chain residues of both Tyr-573 (4.5 A) and Glu672 (3.4 A). While either of these amino acid side chains might be expected to act in a
conjugate addition reaction, no covalent bonds to nitroglucal were observed at the active
site. However, additional evidence supporting a nucleophilic role for Tyr-573 in the
inactivation was obtained from the pH-dependences of ki/Ki and ki, wherein, apparent pK a
values calculated for the basic limb of the plots were 9.7 and 8.8 respectively, certainly
within range of a tyrosine residue located at the active site of the free enzyme (ki/Ki) and
enzyme-inhibitor (ki) complex. Indeed, based on the pH-dependence (pK a = 8.3) of the in
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situ degradation of a cofactor-substrate analogue, previous studies (Horinishi et al., 1988)
have implicated Tyr-573 in a catalytic role, possibly functioning as a base to deprotonate
the C-2 hydroxyl moiety and thereby catalyze the degradation process. Thus, the
nitroglucal inactivation of glycogen phosphorylase b might well involve derivatization of an
active site residue such as Tyr-573. Unfortunately since a covalent bond was not observed
at the active site of the T-state enzyme, the involvement of either Tyr-573 or Glu-672
remains rather speculative. X-ray structural studies of the R-state enzyme, in the presence
of nitroglucal, are currently in progress and thus a structural comparison of the two
inactivated enzymes will be possible.
Structural differences between the R- and T-state enzyme conformations are likely
to be responsible for the differences observed in nitroglucal affinity, the R-state enzyme
binding nitroglucal with approximately four fold greater affinity than the T-state enzyme.
While this difference in affinity between the two enzyme conformations is not large it might
still be rationalized on the basis of the half chair conformation adopted by nitroglucal, or
alternatively, by differing interactions localized to the nitro group. Catalysis by glycogen
phosphorylase is thought to proceed through oxocarbonium ion-like transition states (Street
et al., 1989), and thus, half chair analogues mimicking the transition state such as
gluconolactone or norjirimycin tetrazole tend to bind phosphorylase with increased affinity
(Tu et al., 1971; Withers, Unpublished results). Some of the same R-state interactions that
provide increased affinity for these analogues might also be somewhat responsible for the
moderate increase in nitroglucal affinity observed here in the R-state enzyme. It is also
known that one of the main changes accompanying the T- to R-state allosteric transition is
the creation of a positively charged active site pocket which can electrostatically stabilize
negatively charged substrates. It seems possible that the increase in nitroglucal affinity for
the R-state enzyme could arise from favorable interactions localized to the nitro
functionality, interactions which are less available in the T-state enzyme. X-ray structure
analysis of the T-state enzyme suggests that Asn-284 is the only amino acid to interact with
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the polar nitro group. Asn-284 normally donates a hydrogen bond to the C-2 hydroxyl
group in glucose and since nitroglucal lacks this hydroxyl moiety, Asn-284 donates its
hydrogen bond to the nearest oxygen atom within the nitro group. Once completed, the
structural analysis of nitroglucal bound to the R-state enzyme will aid in understanding the
observed difference in affinity for the two enzyme conformations.
Further information related to the binding interactions between nitroglucal and the
T-state enzyme conformation comes from the pH-dependence of Ki. The binding constant
(Ki) for nitroglucal was observed to decrease by approximately 80 fold (an increase in
affinity) as the pH was increased from 5.8 to 9.0, the apparent pK a for the variation being
6.5. Previous studies on the hydrogen bonding interactions around the glucose ring have
indicated that the most important interactions between glucose and the enzyme are those at
the 3, 4, and 6 hydroxyl positions (Street et al., 1986). Since these are the only hydroxyls
available in nitroglucal, any change in the network of hydrogen bonding interactions near
these positions could significantly affect the nitroglucal affinity for the T-state enzyme.
Thus, while the source of the increased affinity at higher pH is not fully understood, it is
possible that the hydrogen bonds at the 3, 4 or 6 positions become better oriented upon
deprotonation of a nearby amino acid residue. Alternatively, the creation of one or more
favorable interactions between the nitro group and the enzyme could also be responsible for
the observed increase in affinity with increasing pH. Previous studies with glycogen
phosphorylase (Street et al., 1986) have indeed shown that deletion of a charge-neutral
hydrogen bond at the active site of the enzyme can easily result in a similar decrease in
affinity, thus it is not unreasonable to suggest that the formation of one or more favorable
interactions between nitroglucal and the enzyme as the pH increases could be responsible
for the increase in affinity observed here.
While nitroglucal was observed to inactivate the T-state enzyme according to a first
order process, the inactivation kinetics for the R-state enzyme appear to deviate somewhat
from first order. The most likely explanation for this result involves a slowly reacting
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secondary labelling site which serves to complicate the inactivation process for the R-state
enzyme, but which is less likely to affect the more rapidly inactivating T-state enzyme. Xray structural analysis of the T-state enzyme, previously soaked with nitroglucal, reveals
one such secondary binding site located near the surface of the enzyme in close proximity
to the AMP binding site. Thus, a covalent bond was observed between the C-2 position of
nitroglucal and the E-2 nitrogen atom (NE2) of His-73, indicating that conjugate addition
had occured from the top face of the nitroglucal ring, and furthermore, that protonation at
Cl had occurred from below, the source of the proton probably being solvent water. One
of the predominant interactions involved in the binding of AMP to glycogen phosphorylase
b is a hydrogen bond between the hydroxyl group of Tyr-75 and the phosphate moiety of

AMP (Oikonomakos et al., 1991). If covalent bond formation at His-73 interferes in any
way with the interactions that stabilize AMP binding, this secondary labelling site could
certainly contribute to the deviation from first order inactivation kinetics observed with the
R-state enzyme. Of course, secondary labelling at His-73 could also be occurring
throughout the T-state inactivation process, however, since the T-state kinetics do not
deviate significantly from first order decay it seems unlikely that derivatization of His-73
occurs at a comparable rate. Further, since structural differences exist between the R- and
T-state conformations at the AMP binding site (Oikonomakos et al., 1991), the relative
accessibility of His-73 in solution, and therefore the rate of labelling in the two conformers,
could be quite different.
While covalent bond formation was not observed at the active site of the enzyme in
the structural analysis, it seems highly likely that a conjugate addition reaction is
responsible for the inactivation observed in the R- and T-state conformations of glycogen
phosphorylase b. The tendency for a, 13-unsaturated nitro compounds to undergo
conjugate addition reactions with a wide variety of nucleophiles is well known (Sidgwick,
1966). Moreover, given the clear evidence that His-73 reacts at the C-2' position of
nitroglucal in the same way, the proposal that a similar conjugate addition reaction at the
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active site of glycogen phosphorylase is responsible for inactivation of the enzyme is not
unreasonable. Indeed, the pH-dependence of ki also supports this proposal since the rate
constant for inactivation was observed to considerably increase at low and high pH,
consistent with general acid and base catalytic involvement in the conjugate addition
reaction. Conjugate addition reactions are normally carried out under base catalyzed
conditions (Bergmann et al., 1959), the base of which deprotonates the nucleophile for
addition to the activated double bond. General acid catalysis might also be envisioned to
participate in the conjugate addition reaction, if indeed, at the active site of the enzyme, the
nitro group receives some degree of proton donation from a neighboring amino acid side
chain, or alternatively, if a low pH-induced conformational change places the nucleophile
closer to the C-2 position.

Conclusion
The results obtained for the inactivation of glycogen phosphorylase b with
nitroglucal suggest that the inactivation process is active site-directed and that derivatization
of nitroglucal occurs through a conjugate addition reaction. Further, the results suggest
that one active site residue is predominantly responsible for the inactivation, however, they
do not rule out the possibility of secondary labelling sites. Indeed, X-ray crystallographic
studies confirm at least one other derivatization site, His-73, which is available in the
crystalline T-state conformation. Crystal lattice packing constraints likely preclude the
accessibilty of many other potential derivatization sites on the surface of the enzyme. That
several secondary labelling sites could well be derivatized in solution was supported in a
mass spectral study of the fully inactivated enzyme. This was not unexpected given the
large number of potential nucleophiles available on the surface of glycogen phosphorylase.
Structural studies designed to locate nitroglucal bound to the R-state enzyme are currently
in progress. Once completed, future studies with radiolabelled nitroglucal might serve to
identify or confirm the active site residues within the T- and R-state enzyme labelled by the
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inactivator. Finally, since nitroglucal possesses no anomeric configuration, and indeed,
has now been shown to inactivate an a-glucosyl transferase (glycogen phosphorylase) as
well as a 1i -glucosyl transferase (Ellen Lai, personal communication), it may be possible to
extend the use of nitroglucal or similar affinity labels to other more general glucosyl
binding proteins.

95

CHAPTER 4
A Novel Cofactor-Substrate Analogue for Glycogen Phosphorylase
Results and Discussion
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Introduction

Apophosphorylase b can be efficiently reconstituted with pyridoxa1-5'pyrophospho-a-D-glucose (PLPP-Glu), a cofactor-substrate analogue in which PLP and
aG 1P are covalently linked through a pyrophosphate bond (Takagi et al., 1982; Withers et
al., 1981a; Tagaya and Fukui, 1984). In the presence of glycogen, PLPP-Gluphosphorylase quickly transfers the glucosyl moiety to the acceptor oligosaccharide, thus
forming a new a-1,4-glucosidic linkage along with the production of the catalytically
inactive cofactor, pyridoxa1-5s-pyrophosphate (PLPP), which remains bound at the enzyme
active site (Scheme 4-la). Previous studies have clearly demonstrated the mechanistic
similarities of this glucosyl transfer reaction with that catalyzed by the native enzyme
(Tagaya and Fukui, 1984). Cofactor-substrate analogues of this type, wherein the
substrate is covalently linked to the PLP cofactor, are an attractive means of getting a full
equivalent of aG1P to the active site of the enzyme for mechanistic or structural studies
without having to present the enzyme with a saturating concentration of substrate.
However, it is well known that PLPP-Glu-phosphorylase b, in the absence of the second
substrate (glycogen), spontaneously breaks down to form native PLP-enzyme and glucose1,2-cyclic phosphate (Scheme 4-1b), a process thought to involve deprotonation of the
hydroxyl group at the C-2 position by a nearby active site amino acid residue (Withers et
al., 1981a; Horinishi et al., 1988). The hydroxyl group at C-2, once deprotonated, is
thought to break the pyrophosphate linkage by attacking the glucosyl phosphate moiety
(Horinishi et al., 1988). Horinishi and co-workers (1988), have implicated Tyr-573 as a
possible candidate for the deprotonation event at C-2, a suggestion based on X-ray
structural data in addition to the pH-dependence of reactivation. To date, this reactivation
process has precluded X-ray crystallographic investigation of PLPP-Glu-phosphorylase
since the sample decomposes before crystallization and data collection.
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a) Normal Reaction in the Presence of Glycogen

b) Reactivation in the Absence of Glycogen

Scheme 4-1. Two alternate reactions for PLPP-Glu-phosphorylase b.
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The aim of this study was to synthesize an analogue of PLPP-Glu which will not
undergo the reactivation and which will also not undergo the glucosyl transfer reaction at a
significant rate. To this end, the 2-deoxy-2-fluoro analogue of PLPP-Glu was
synthesized, reconstituted into glycogen phosphorylase, and tested for both glucosyl
transfer and reactivation in a series of kinetic,

19F

NMR, and cofactor abstraction studies.

Future X-ray structural studies of the reconstituted enzyme derivative should provide
valuable information about the R-state enzyme conformation, and in addition, may identify
an active site nucleophile for the proposed double displacement enzyme mechanism.
Results
1. Synthesis

The synthesis of PLPP-Glu and pyridoxa1-5'-pyrophospho-1-(2-deoxy-2-fluoro)a-D-glucose (PLPP-2FG1u) was carried out using the same basic strategy as outlined for
the previous synthesis of PLPP-Glu (Shimomura and Fukui, 1978; Takagi et al., 1982)
(Scheme 4-2). In each case, PLP was converted to PLP-diphenyl pyrophosphate with
diphenyl phosphochloridate under basic conditions. This was then reacted with the
appropriate phosphorylated glucose moiety. Purification of the pyrophosphate products
was achieved using ion-exchange chromatography (AG-1X8, Cl - form), to yield PLPPGlu and PLPP-2FG1u in an overall yield of
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Scheme 4-2. The synthetic route for the preparation of PLPP-Glu and PLPP-2FG1u.
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2. Rates of Reactivation of Glycogen Phosphorylase b Reconstituted with

FLPP-Glu and PLPP-2FGlu

Glycogen phosphorylase b was reconstituted with PLPP-Glu and PLPP-2FG1u in
place of the native cofactor (PLP) by incubating separate samples of the apoenzyme with
approximately one equivalent of each cofactor-substrate analogue. Evidence for the
successful reconstitution of the enzyme with each cofactor analogue came from routine
U.V. / Vis. studies which identify the formation of the imine linkage between the cofactor
and Lys-679 (for details refer to the Materials and Methods section). The reconstituted
enzymes were then incubated at room temperature, at the indicated pH, in the presence or
absence of glycogen and reactivation was monitored over a period of five days by
measuring the increase in enzymic activity due to the formation of native PLP-enzyme. The
activity was measured in the direction of glycogen synthesis, under standard assay
conditions (Engers et al., 1970a, b). The time courses for reactivation of the two
reconstitued enzymes under various conditions of pH and effector concentration are shown
in Figure 4-1.
As shown in Figure 4-1, all reconstituted enzyme derivatives initially showed very
low levels of enzyme activity, this activity presumably being due to trace amounts of PLP
present in the PLPP-Glu and PLPP-2FGlu preparations. However, when PLPP-Gluphosphorylase was incubated at pH 6.8 in the absence of glycogen, the enzyme activity
increased significantly with an observed first older rate constant of approximately 0.02 ±
0.01 hr 1 (Figure 4-la). Furthermore, the reactivation process could be accelerated at pH
7.9 (kobs = 0.04 ± 0.02 hr 1 ) (Figure 4-1b), in full agreement with earlier reactivation
studies on the same enzyme derivative (Withers et al., 1981a; Horinishi et al., 1988).
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Figure 4-1. Time course for reactivation of PLPP-Glu- and PLPP-2FG1u-phosphorylase b.
Activity measurements were conducted at pH 6.8 and 30 °C in 100 mM KC1, 50 mM triethanolamine
hydrochloride, 1 mM EDTA and 1 mM DTT. The reaction mixtures each contained 18 mM aG1P, 1mM
AMP, 1% glycogen, enzyme (30 gg m1.7 1 ), and reaction times were 5 minutes. a) Reactivation time
courses at pH 6.8. b) Reactivation time courses at pH 7.9. Samples contained: (0) PLPP-Glu-enzyme;
(A) PLPP-Glu-enzyme plus glycogen; (U) PLPP-2FG1u-enzyme; (A) PLPP-2FG1u-enzyme plus glycogen.
The enzyme and glycogen concentrations in each incubated sample were 15.2 gM and 0.24%, respectively.
Apoenzyme activity was 0.5 p.mol min -1 mg -1 . The activity of control samples of reconstituted PLPenzyme remained essentially unchanged over the span of the experiment (= 50 gmol min -1 mg -1 ).
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In the presence of glycogen, enzyme activity from the PLPP-Glu samples, regardless of
pH, remained essentially unchanged throughout the experiment. This is the expected result
if, in the presence of glycogen, the rate of glucosyl transfer to polysaccharide greatly
exceeds the rate of the reactivation reaction since the resultant PLPP-enzyme cannot
reactivate. Glycogen phosphorylase reconstituted with PLPP-2FGlu, however, remained
essentially inactive regardless of the solution pH or the presence or absence of glycogen.
This was expected since the fluorine at the glucosyl C-2 position cannot engage in an
intramolecular attack on the phosphate moiety releasing PLP. Thus, glycogen
phosphorylase b reconstituted with PLPP-2FGlu should be sufficiently stable for
crystallization studies.
3.

19 F

NMR and Cofactor Abstraction Studies of Glycogen Phosphorylase

b reconstituted with PLPP-2FG1u
3.1.

19 F

NMR Experiments

19 F NMR studies of glycogen phosphorylase b

reconstituted with PLPP-2FG1u

were carried out in an effort to prove the presence of the cofactor, to monitor possible
changes in the fluorine environment upon activation of the enzyme and possibly to detect
whether glycosyl transfer occurs in the presence of glycogen. The latter point could also be
confirmed by removal of the cofactor and subsequent identification. 19F NMR spectra of
glycogen phosphorylase b reconstituted with PLPP-2FG1u were recorded at room
temperature, in a 5 mm NMR tube at high enzyme concentration (0.7 - 1.0 mM). The 19F
NMR spectra of PLPP-2FG1u-phosphorylase in the presence of various effectors and
substrates are shown below in Figure 4-2.
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Figure 4-2. 19F NMR spectra of glycogen phosphorylase b reconstituted with PLPP2FG1u.
The NMR sample contained 55 - 60% D20, 50 mM triethanolamine hydrochloride, 100 mM KC1, 1 mM
EDTA, 1 mM DTT, pH 6.8. a) Signal averaged over 20954 scans, sample contained PLPP-2FG1uphosphorylase b (1.03 mM). b) Signal averaged over 23000 scans, sample contained PLPP-2FG1uphosphorylase b (0.8 mM), AMP (2.4 mM). c) Signal averaged over 37200 scans, sample contained
PLPP-2FG1u-phosphorylase b (0.73 mM), AMP (2.2 mM), glycogen (0.75%). Chemical shifts are
referenced to TFA, and 2-fluoro-glucal (-92.2 ppm) was used as an internal standard (0.3 - 0.8 mM) in each
experiment

The 19F NMR spectrum of glycogen phosphorylase b reconstituted with PLPP-

2FGIu (Figure 4-2a) shows a broad resonance (tIv1/2 = 480 Hz) located at -121.8 ppm, in
good agreement with the chemical shift observed for the cofactor free in solution. Further,
the linewidth observed for the fluorine nucleus within PLPP-2FGIu-phosphorylase is
consistent with that observed previously for fluorinated analogues of PLP immobilized at
the active site of the enzyme (Chang et al., 1986). Upon addition of activating AMP
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(Figure 4-2b), the 19 F resonance for PLPP-2FG1u shifts slightly downfield (8 = -121.2
ppm) with a moderate reduction in linewidth (AD112 = 450 Hz). The source of the
narrowing for the nucleotide activated signal is not fully understood, although it could be
due to a change in the local mobility at the C-2 position of the sugar moiety upon AMP
addition. Further, it cannot be ruled out that the population of PLPP-2FG1u-enzyme
species becomes increasingly homogeneous with AMP activation. With the addition of the
second substrate, glycogen (Figure 4-2c), the 19F signal shifted upfield to approximately 122.0 ppm with a significant increase in linewidth (AD112 = 510 Hz). The signalbroadening observed upon glycogen addition is not unexpected given the expected increase
in correlation time for the enzyme-glycogen complex, in addition to any exchangebroadening between the free and bound forms of the enzyme.
The absence of any large chemical shift changes suggests that only small structural
changes occur at the C-2 position of the glucose binding site upon nucleotide activation and
glycogen addition. This is consistent with earlier studies (Street et al., 1989) which
suggest that the glucose binding pocket in the T-state enzyme remains essentially intact
during the T- to R-state transition. The 19 F NMR results also suggest that no glucosyl
transfer occurs from phosphorylase upon glycogen addition since such turnover would
very likely result in considerable narrowing of the 19F signal upon transfer of the 2-fluoroglucosyl moiety from its immobilized position at the active site of the enzyme, to glycogen,
where the local mobility of the sugar residue would likely be greater. However, in order to
confirm the suggestion that turnover in PLPP-2FG1u-phosphorylase is considerably
retarded, the pyridoxal cofactor was removed from the sample of PLPP-2FGluphosphorylase b used in the NMR experiment and identified as described below.
3.2. Cofactor Abstraction Study

The analysis of the pyridoxal compounds bound to PLPP-2FGlu-phosphorylase b
was carried out essentially according to Takagi et al., (1982) and Tagaya and Fukui,
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(1984). Thus, the NMR sample of PLPP-2FG1u-phosphorylase (see above, sample (c)),
in the presence of AMP and glycogen was treated with trichloroacetic acid (TCA) to
precipitate the protein and release all protein bound cofactors. The pyridoxal compounds
were then identified using ion-exchange chromatography, and the elution profiles are
presented in Figure 4-3.

Figure 4-3. Analysis of pyridoxal compounds from PLPP-2FG1u-phosphorylase b.
The elution profiles represent two standard runs in addition to that for the pyridoxal compounds extracted
from the NMR sample of PLPP-2FGlu-enzyme. PLP was added as an internal standard in each case. (A)
PLPP-2FG1u standard solution; (^) PLPP-2FG1u plus PLPP standard solution; (•) PLPP-2FG1uphosphorylase b.

PLP was included as an internal standard in each of the samples examined. As can
be seen in the elution profiles shown in Figure 4-3, PLP elutes early in the profile and is
centered about fraction 15. Three peaks are seen in the profile for a standard solution
containing PLP, PLPP-2FG1u and PLPP (0). PLP eluted early and the two diphospho
cofactors eluted late, between tubes 50 and 68. Earlier studies with PLPP-Glu and PLPP
have demonstrated that PLPP elutes at a higher salt concentration than does PLPP-Glu
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(Takagi et al., 1982), as expected since PLPP possesses one extra ionizable oxygen atom.
This order of elution was confirmed in the present study with a standard solution of PLPP2FG1u (♦ ), which was observed to elute between fractions 50 and 60. However, as
evidenced from the small shoulder peak observed in the elution profile for the standard
sample of PLPP-2FG1u, this sample also appears to contain a small amount of PLPP,
probably derived from the hydrolysis of the parent molecule during the TCA work-up of
the sample. The elution profile for the cofactors extracted from PLPP-2FG1uphosphorylase b (II) shows that the major pyridoxal compound bound to the enzyme, even
after several weeks at 4 °C, is PLPP-2FG1u. Again, small quantities of the PLPP cofactor
may also be present in the sample, the most likely origin being hydrolysis during sample
preparation, though some enzymic turnover cannot be ruled out. Nonetheless, these results
indeed show that PLPP-2FG1u-phosphorylase b is quite resistant to turnover, unlike
PLPP-Glu-phosphorylase which quickly Ow --=, 10 sec.) transfers its glucosyl moiety to
glycogen (Tagaya and Fukui, 1984).
4. Structural Analysis of PLPP 2FG1u Phosphorylase b
-

-

In collaboration with Dr. N. B. Madsen (University of Alberta) and Dr. S. R.
Sprang (University of Texas), X-ray structural studies of crystalline PLPP-2FGluphosphorylase b have been possible and are currently ongoing. At the University of
Alberta, crystals of PLPP-2FG1u-phosphorylase b of sufficient size and diffraction quality
were grown from Zeppezauer tubes by vapor diffusion using polyethylene glycol as
described elsewhere (Sprang et al., 1991). X-ray crystallographic analysis of the
reconstituted enzyme is presently being carried out at the University of Texas. Initial
structural studies of the enzyme grown in the presence of oligosaccharide have indicated
that after several weeks at ambient temperature, only PLPP-phosphorylase b, the product
of turnover, is observed (S. R. Sprang, personal communication). Apparently, after an
extended period of time, crystalline PLPP-2FG1u-phosphorylase b grown in the presence
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of oligosaccharide acceptor, indeed transfers the 2-deoxy-2-fluoro-glucosyl moiety to the
oligosaccharide acceptor.

5. Discussion
While earlier studies have clearly shown that glycogen phosphorylase b
reconstituted with PLPP-Glu transfers the enzyme bound glucosyl moiety to glycogen
forming a new a-1,4-glucosidic linkage, unfortunately the reactivation process has limited
its use in X-ray crystallographic studies. In this study, PLPP-2FG1u was synthesized and
reconstituted into glycogen phosphorylase b, producing an enzyme derivative completely
resistant to reactivation, even at elevated pH. These results are in full agreement with the
proposed mechanism for PLPP-Glu reactivation (Horinishi et al., 1988). By substituting
the glucosyl C-2 hydroxyl group for a fluorine nucleus the reactivation process is prevented
since there is no longer a nucleophile at C-2 to cleave the pyrophosphate bond linking the
cofactor and substrate moiety. Similar supportive evidence for the reactivation mechanism
has been reported previously in a study that separately reconstituted glycogen
phosphorylase b with PLPP-Glu and pyridoxal-5'-pyrophospho-a-D-mannose, an isomer
of PLPP-Glu in which the C-2 hydroxyl moiety is axial rather than equatorial thus cannot
undergo the reactivation process (Horinishi et al., 1988). This study compared the
reactivation rate for the two enzyme species and found that enzyme reconstituted with the
mannose derivative, just like PLPP-2FG1u-phosphorylase, was indeed completely resistant
to reactivation.
In the presence of an acceptor oligosaccharide (e.g. glycogen), PLPP-Gluphosphorylase b transfers its glucosyl moiety to the acceptor, PLPP-2FG1u-enzyme was
however shown to be essentially inactive under these conditions. 19F NMR studies with
PLPP-2FG1u-phosphorylase b suggest that the 2-fluoro glucosyl moiety remains
immobilized at the active site of the enzyme throughout the addition of AMP and glycogen.
Any turnover would transfer the 2-fluoro glucosyl moiety to glycogen, most likely
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resulting in a considerable increase in local mobility, which would be reflected in a
narrowing of the signal linewidth and possibly a change in chemical shift. Since only a
small variation in the 19F signal was observed throughout the study, the cofactor-substrate
analogue is thought to remain intact, even in the presence of glycogen. This was later
confirmed in a cofactor extraction study, in which it was shown that PLPP-2FG1u was the
only cofactor bound to the enzyme after incubation with AMP and glycogen. The fact that
only moderate changes to the 19F signal were observed upon AMP and glycogen addition
also supports recent kinetic and structural studies suggesting that the glucosyl binding site
remains essentially intact throughout the allosteric transition (Street et al., 1989).
It is not unreasonable that glycogen phosphorylase b reconstituted with PLPP2FG1u is essentially inactive, given what is known to occur upon substitution of the C-2
hydroxyl group for a fluorine atom in aG1P. The substrate analogue 2-deoxy-2-fluoroaG1P has a V max value in the normal catalytic reaction about five orders of magnitude
lower than that of the parent substrate (aG1P) (Street et al., 1989). The large rate
reduction is thought to arise from a combination of electronic and binding effects which
serve to destabilize an already electron-deficient oxocarbonium ion-like transition state
(Street et al., 1989). Since PLPP-Glu is thought to mimic the native enzyme reaction
(Tagaya and Fukui, 1984; Withers et al., 1981a), it is not unreasonable to suggest that
these same electronic and binding effects would considerably reduce the turnover rate of
PLPP-2FGlu-phosphorylase b.
Preliminary structural studies have been carried out on glycogen phosphorylase b
reconstituted with PLPP-2FG1u, in collaboration with Professor N. B. Madsen at the
University of Alberta and Professor S. R. Sprang at the University of Texas. Initial results
suggest that protein crystals of sufficient size and diffraction quality can be prepared under
standard conditions (N. B. Madsen, personal communication). Furthermore, initial
stuctural results suggest that the enzyme crystallizes as an R-state tetramer without
oligosaccharide bound at the enzyme active site. Interestingly however, in the crystalline
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state, it appears that PLPP-2FGlu-phosphorylase b is somewhat active since pyridoxa1-5'pyrophosphate (PLPP) was the only cofactor observed at the active site of the enzyme after
several weeks of standing at ambient temperature. Since the results from solution studies
suggest that PLPP-2FG1u-phosphorylase is essentially inactive, or at least extremely slow
to turnover, while the early structural studies suggest that turnover in the crystalline state
indeed occurs, it might be possible to acquire X-ray crystallographic data before, during
and after glucosyl transfer, thereby gathering structural information throughout the transfer
process. Presently, structural studies are ongoing with crystals of PLPP-2FG1uphosphorylase b grown in the absence of oligosaccharide, such that structural information
with the cofactor intact can be obtained. It should also be feasible to investigate crystals
which have noi been stored for any significant period of time.
In the presence of AMP, native glycogen phosphorylase b exists as tetramers.
However, upon addition of glycogen the tetramers dissociate into the fully activated R-state
dimers found in vivo . As yet, only the tetrameric form of the crystalline R-state enzyme
has been prepared (Barford and Johnson, 1989; Sprang et al., 1991), thus structural
information concerning the fully active dimer conformation with oligosaccharide bound at
the active site is highly desirable. Initial structural analysis of PLPP-2FG1u-phosphorylase

b suggests that this enzyme crystallizes as the R-state tetramer and not the fully active
dimer. Future structural studies, however, may well provide new information concerning
the interactions between the R-state enzyme and the aG1P portion of the cofactor-substrate
analogue. This may allow identification of an active site nucleophile.
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CHAPTER 5
Binding Interactions and Substrate Activity of 4-Fluoro-Glycogen
Results and Discussion
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Introduction

"Incompetent" substrate analogues have proved valuable in studying enzyme
mechanisms, and this is especially true with glycogen phosphorylase since this enzyme
requires a ternary complex, wherein all substrates are bound, before the enzyme can
assume a catalytically active conformation. Previous kinetic and NMR studies with
"incompetent" analogues of aG1P, such as aG1CP (Withers and Street, Unpublished
results) and glucose-1,2-cyclic phosphate (Withers et al., 1981b) have provided useful
information concerning the activated conformation since these analogues can bind to
glycogen phosphorylase and produce a ternary enzyme complex, yet are unable to react.
While cyclodextrin, a cyclic oligosaccharide, has been shown to mimic oligosaccharide
binding in potato phosphorylase, and indeed, has been used to provide evidence for a
glucosyl-enzyme intermediate in that enzyme (Kokesh and Kakuda, 1977), no good
analogues of glycogen have been available for testing with glycogen phosphorylase. An
analogue such as 4-deoxy-4-fluoro-glycogen (4-F-glycogen), in which all terminal sugars
possess a fluorine at the 4-position, would be a useful analogue since it should bind to
glycogen phosphorylase, allow the formation of a ternary complex, yet be unable to act as a
glucosyl acceptor since the hydroxyl group at the 4-position (the nucleophile in the normal
reaction) has been replaced by a fluorine (Scheme 5-1). Thus, 4-F-glycogen should be a
valuable analogue in the search for the putative glucosyl-enzyme intermediate in glycogen
phosphorylase since it would promote the initial bond breaking and bond making catalytic
steps, yet be inert as a substrate in the direction of glycogen synthesis. In addition, since
4-F-glycogen possesses an NMR active nucleus ( 19F), 19 F NMR studies could provide
useful insight into the binding interaction between glycogen and phosphorylase.
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Scheme 5-1. 4-F-Glycogen as an "incompetent" substrate analogue.

4-Deoxy-4-fluoro-glycogen has been enzymatically synthesized previously using
glycogen phosphorylase and the substrate analogue 4-deoxy-4-fluoro-aG1P (Withers,
1990). To synthesize 4-F-glycogen the phosphorylase reaction is run in the direction of
glycogen synthesis and the "capped" 4-deoxy-4-fluoro-glucosyl residues are transferred
from phosphate to the 4-hydroxyl moiety of normal glycogen, just as in the normal
reaction. However, once transferred to the glycogen termini, 4-deoxy-4-fluoro-glucosyl
residues are no longer capable of accepting another glucosyl residue since the fluorine at the
4-position cannot act as a nucleophile. While the equilibrium constant for glycogen
formation is only 3.5, the reaction can be brought essentially to completion by repeated
removal of the product phosphate by dialysis and subsequent re-addition of the 4-deoxy-4fluoro-aG1P substrate.
Interestingly, 4-F-glycogen binds to phosphorylase some 100 fold more tightly
than does normal glycogen (Withers, 1990) though the basis of this improved binding is
not yet understood. In addition, 4-F-glycogen has been shown (Withers, 1990) to be
essentially inactive as a substrate for glycogen phosphorylase in the direction of glycogen
synthesis (i.e. in the presence of aG1P) (Withers, 1990), as expected. In this study, the
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binding interaction between 4-F-glycogen and phosphorylase was investigated by 19F
NMR spectroscopy and an estimate of the stoichiometry of binding was determined. In
addition, 4-F-glycogen was tested as an "incompetent" dead-end substrate analogue in
experiments designed to trap or provide evidence for a glucosyl-enzyme intermediate in
glycogen phosphorylase.

Results
1. 4-F-Glycogen Binding Study
1.1. Titration of 4-F-Glycogen with Glycogen Phosphorylase b

The presence of an NMR active nucleus ( 19 F) in 4-F-glycogen has been used to
monitor the binding interaction between 4-F-glycogen and glycogen phosphorylase b, thus
allowing estimates to be made of the stoichiometry of binding and providing insights into
the mode of binding. 4-F-Glycogen was enzymatically synthesized according to Withers,
(1990) by incubating glycogen phosphorylase b with normal glycogen and 4-deoxy-4fluoro-aG1P. The titration of 4-F-glycogen with glycogen phosphorylase b was achieved
by sequential addition of aliquots of enzyme to a sample of the modified glycogen in a 5
mm NMR tube and acquisition of 19F NMR spectra after each addition. The experiment
was performed in the presence of AMP such that 4-F-glycogen bound to activated R-state
enzyme. However it is important to note that the enzyme does not catalyze any reaction
under these conditions since the second substrate (aG1P or phosphate) is not present.
This titration was performed at two different constant concentrations of 4-F-glycogen
(0.6% and 1.2%) and representative spectra from one such titration are shown in Figure 51.
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Figure 5-1. 19F NMR titration of 4-F-glycogen with glycogen phosphorylase b.
The NMR sample contained 75% D20, 50 mM triethanolamine hydrochloride, 100 mM KC1, 1 mM
EDTA, 1 mM DTI', 1.2 % 4-F-glycogen, 2.1 mM AMP (initially), 2.3 mM 2-fluoro-D-glucal (initially),
pH 6.8. Only 5 of the original 10 spectra are shown and these contained the following concentrations of
glycogen phosphorylase; a) 0 mM; b) 0.054 mM; c) 0.10 mM; d) 0.15 mM; and e) 0.22 mM. 2-Fluoro-Dglucal was used as an internal standard in all experiments.
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As shown in Figure 5-1, no significant change in the chemical shift (8 = -121.6
ppm) was observed as the enzyme concentration was increased, nor did any new
resonances appear. Further, the total peak area, as determined by integration, remained
approximately constant throughout the series. There was, however, a progressive decrease
in the peak height with increasing enzyme concentration up to a limiting point beyond
which no further decrease was observed. Some broadening of the line was also observed
as the enzyme concentration increased, linewidths changing from Av1/2 = 88 Hz in the
absence of enzyme to Av12 = 135 Hz in the presence of saturating concentrations. These
observations are consistent with progressive binding of the enzyme to 4-F-glycogen
particles until the surface of the particles is completely covered, when no further binding
can occur.
Since the increase in linewidth upon enzyme binding would appear to indicate that
the spin-spin relaxation time (T2) for this resonance was decreased by the binding of
phosphorylase (though this could also be due to chemical shift heterogeneity), the spinlattice relaxation time (T1) of the resonance observed in the presence of saturating enzyme
was also determined in order to assess possible changes in mobility of the fluorosugars
giving rise to this resonance. A value of T1 = 0.24 s was measured for this signal from a
sample of 4-F-glycogen (1.2%) containing sufficient phosphorylase (0.22 mM) to
completely coat the glycogen particle. This value is slightly smaller than that previously
observed for free 4-F-glycogen (T1 = 0.36 s) (Withers, 1990).
As noted previously, the peak heights of the 19F resonance for 4-F-glycogen were
observed to decrease progressively with increasing concentration of glycogen
phosphorylase up to a point beyond which no further decrease was observed. Figure 5-2a
shows a plot of peak height versus enzyme concentration (expressed as monomers of
molecular weight 97,400) using a 4-F-glycogen concentration of 1.2%. Peak height
clearly decreases monotonically down to a phosphorylase concentration of 0.15 mM with
no further decrease beyond that point. Such behaviour is suggestive of very tight binding
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of 4-F-glycogen to phosphorylase (KD for 4-F-glycogen binding to phosphorylase
«1.2%) , a result which is consistent with the tight binding observed in previous kinetic
studies (Withers, 1990). A similar set of NMR spectra was accumulated using a 4-Fglycogen concentration of 0.6%, and the peak heights for these 19F signals are shown in
Figure 5-2b. In this case the peak height decreased to a limiting phosphorylase
concentration of approximately 0.07 mM, with no further change beyond that point.
90
80
70
60
50
40
0.05^0.1^0.15^0.2

[Glycogen Phosphorylase) mM

60

SO.
40—
.
30—
20 ^ 1^1^1^1^1^1^1^1^1^1^1 1^1^1^1^1
0^0.05^0.1^0.15

[Glycogen Phosphorylase] mM

Figure 5-2. Plot of peak heights of 19F NMR signals versus enzyme concentration.
Conditions for the NMR experiments are described in Figure 5-1 and also in the Experimental section. a)
1.2% 4-F-glycogen, 2.1 mM AMP. b) 0.6% 4-F-glycogen, 2.1 mM AMP.
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The results presented here provide insight into the solution binding interaction
between glycogen phosphorylase and 4-F-glycogen (as will be discussed later). Moreover,
the 19F NMR titration of 4-F-glycogen with phosphorylase has provided a direct method
for estimating the number of enzyme molecules bound to one glycogen particle.

2. 4-F-Glycogen as an "Incompetent" Dead-End Substrate Analogue?
2.1. 31 P NMR of PLPP-Glu-Phosphorylase b in the Presence of 4-FGlycogen
As previously outlined, glycogen phosphorylase requires a ternary complex before
catalytic steps of bond making and bond breaking can occur. Thus, any attempt to
accumulate and trap an enzyme intermediate in glycogen phosphorylase requires an
"incompetent" glycogen analogue which activates the enzyme, yet prevents turnover. An
ideal enzyme system to observe catalytic steps of bond cleavage within the enzyme ternary
complex might be glycogen phosphorylase reconstituted with pyridoxa1-5'-diphospho-aD-glucose (PLPP-Glu). It is well known that PLPP-Glu-phosphorylase mimics the native
enzyme reaction by catalyzing the glucosyl transfer from the enzyme-bound PLPP-Glu
cofactor to glycogen with retention of anomeric configuration (Takagi et al., 1982; Tagaya
and Fukui, 1984) (for a review please refer to Chapter 4 Introduction). However, unlike
the reaction with aG1P, the glucosyl-transfer from PLPP-Glu-phosphorylase can be
conveniently followed by 31 P NMR spectroscopy since the PLPP-enzyme (the product of
glucosyl transfer from PLPP-Glu) has a significantly different spectrum from that of
PLPP-Glu-phosphorylase (Withers et al., 1981a). Since 4-F-glycogen is expected to
activate the enzyme and promote the initial steps of bond cleavage, yet be inert to glucosyl
transfer, PLPP-Glu-phosphorylase should serve as a good system in which to test the
ability of 4-F-glycogen to activate the enzyme and promote PLPP-Glu bond cleavage,
possibly forming the putative glucosyl-enzyme intermediate.
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Thus, glycogen phosphorylase b was reconstituted with PLPP-Glu and the 31 P
NMR spectra of this enzyme derivative in the absence and presence of 4-F-glycogen were
recorded at 30 °C in a 10 mm NMR tube at high enzyme concentration (0.8 - 0.9 mM).
Adenosine-5'-thiomonophosphate (AMPS) was used as a nucleotide activator in place of
AMP since its resonance is located well downfield of the signals of interest. The 31 P NMR
spectra of PLPP-Glu-phosphorylase b obtained in this way are presented in Figure 5-3.
The 31 P NMR spectrum for PLPP-Glu-phosphorylase b in the presence of
activating AMPS (Figure 5-3a) was completely consistent with that observed previously for
the same enzyme system (Withers et al. 1981a). The resonance observed at 44.5 ppm is
that of free AMPS and is present as an exchange-averaged signal (Au in = 38 Hz) with
enzyme-bound AMPS, appearing at 41.0 ppm (O1)1/2 = 110 Hz). The well resolved
signals representing free and bound AMPS reflect an exchange process occurring in the
slow exchange regime. The broad signal centered at 8 - 11 ppm (Av in = 210 Hz)
represents the pyrophosphate moiety within PLPP-Glu bound at the active site of the
enzyme. In solution the PLPP-Glu phosphate moieties proximal to pyridoxal and glucose
are observed at -11.0 and -12.6 ppm respectively, whereas bound at the active site of the
enzyme the two signals merge to form an asymmetric broad resonance as observed here.
As shown in Figure 5-3b, after one hour of incubating 4-F-glycogen with PLPPGlu-phosphorylase the 31 P NMR spectrum had considerably changed to that of PLPPphosphorylase b. A new resonance was observed at -5.0 ppm (6,1)112 = 125 Hz) which, on
the basis of previous studies with PLPP-phosphorylase (Withers et al., 1981a), can be
assigned to the terminal phosphate moiety of the PLPP-enzyme. The other upfield signal,
now located at -10.5 ppm (O1)1/2 = 210 Hz), has shifted slightly downfield from its
original position as a result of the glucosyl transfer.

119

a

b

SO^

40^s0^so^10^0^-10
PPm

Figure 5-3. 31 P NMR spectra of glycogen phosphorylase b reconstituted with PLPP-Glu.
NMR samples contained 60% D20, 50 mM triethanolarnine hydrochloride, 100 mM KCI, 1 mM EDTA, 1
mM DTT, pH 6.8, and spectra were recorded at 30 °C. a) Signal averaged over 8400 transients, reaction
mixture contained PLPP-Glu-phosphorylase b (0.89 mM), AMPS (1.9 mM). b) Signal averaged over 2400
transients (first hour of acquisition only), reaction contained PLPP-Glu-phosphorylase b (0.84 mM),
AMPS (1.76 mM), 4-F-glycogen (0.59%). c) Signal averaged over 2400 transients (second hour of
acquisition only), reaction mixture was the same as listed for (b). d) Signal averaged over 26200
transients, reaction mixture was same as for (b).
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The 31 P NMR spectrum shown in Figure 5-3c is that of the same sample after a second
hour of incubation and acquisition time. In this spectrum, the signal representing the
phosphate moiety proximal to pyridoxal has shifted slightly downfield to -10.3 ppm (Avi/2
= 110 Hz) while the terminal phosphate moiety is still observed at -5.0 ppm (Av1/2 = 90
Hz). Moreover, both resonances have undergone a considerable reduction in signal
linewidth which is especially clear in the resonance at -10.3 ppm and is consistent with an
increase in the homogeneity of the NMR sample (only PLPP-enzyme present). Thus, it
appears that essentially complete conversion of PLPP-Glu to PLPP occurred within the
first hour of incubation. Finally, after the second hour of data acquisition was completed
spectral data were accumulated over an extended period and the resulting spectrum is
shown in Figure 5-3d. The signals observed at -5.0 ppm (Av1/2 = 107 Hz) and -10.3 ppm
(Au1/2 = 130 Hz) are completely consistent with earlier 31 P NMR studies of glycogen
phosphorylase reconstituted with PLPP (Withers et al., 1981a). The broad resonance
observed at 8 3 ppm results from a small quantity of contaminating native enzyme.
These results clearly show that upon Addition of 4-F-glycogen, cleavage of the
glucosyl moiety from PLPP-Glu-phosphorylase indeed occurs. While this would suggest
that the glucosyl moiety has been transferred to the enzyme as the putative covalent
intermediate, it cannot be ruled out that transfer to a small number of free 4-hydroxyl
moieties within the 4-F-glycogen derivative has occurred. It is also possible that any
glucosyl-enzyme intermediate formed in the presence of 4-F-glycogen is susceptible to
hydrolysis. Since this 31 P NMR experiment only monitors the cleavage of the glucosylphosphate bond within PLPP-Glu, the results shown here do not distinguish between the
possible fates of the glucosyl moiety outlined above.

121

2.2. Mass Spectral Studies of PLPP-Glu-Phosphorylase b in the Presence
of 4-F-Glycogen
The 31 P NMR results outlined above show that in the presence of 4-F-glycogen the

glucosyl moiety is cleaved from PLPP-Glu-phosphorylase, and further, that it may form a
covalent glucosyl-enzyme intermediate. To investigate this possibility ion-spray mass
spectrometry in the liquid chromatography-mass spectrometric (LC-MS) mode was
employed with technical assistance from Dr. J. Gebler and Dr. D. Hess in Dr. R.
Aebersold's laboratory in an attempt to identify glycogen phosphorylase enzyme modified
with the glucosyl moiety. This technique has been used previously in this laboratory to
identify covalent glucosyl-enzyme intermediates in other glucosyl transferring enzymes
known to proceed through a covalent intermediate (Withers, Unpublished results). The
results from the mass spectral analysis of PLPP-Glu-phosphorylase b in the presence of
different concentrations of 4-F-glycogen, in addition to the mass analysis of the native
enzyme and the apoenzyme are summarized below in Table 5-1.
As shown in Table 5-1, the mass values determined for all enzyme species were
approximately 97,200 Da. The reported mass for the monomeric form of glycogen
phosphorylase b (Johnson, 1992), based on its amino acid composition is 97,444 Da.
Since the masses of the native enzyme and the apoenzyme were found to be approximately
equal, it appears that the cofactor is removed under the acidic conditions required for the
analysis. Further support for this suggestion comes from the untreated sample of PLPPGlu-phosphorylase b which was also found to have approximately the same mass as either
the native or apophosphorylase b enzymes. The preparation of enzyme samples for mass
analysis involves liquid chromatography (LC) containing trifluoroacetic acid (0.05%) such
that the proteins are in a protonated state when they enter the mass spectrometer. It is these
conditions which are most likely responsible for the removal of the cofactor, and as will
become apparent, this in fact simplifies the analysis.
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Table 5-1. Mass spectral data collected for glycogen phosphorylase b.a

Enzyme

Mass

Native phosphorylase

97,206

Apophosphorylase

97,221

PLPP-Glu-phosphorylase
(untreated)

97,196

PLPP-GIu-phosphorylase
(low [4-F-glycogeri])b

97,200

PLPP-Glu-phosphorylase
(high [4-F-glycogen])c

97,202

a The apoenzyme and PLPP-Glu-phosphorylase were prepared as previously described. The protocol for
sample preparation is outlined in the Materials and Methods section. The error within each mass
determination for all experiments was 5 ± 10 Da.
PLPP-Glu-phosphorylase (67 gM) was preincubated with AMP (1.7 mM) and different concentrations of 4F-glycogen at room temperature and pH 6.8 in the standard triethanolamine buffer system. b Reaction
included (0.07%) 4-F-Glycogen. The same mass was observed after 5 minutes and 45 minutes of
preincubation with 4-F-glycogen. c Reaction included (0.35%) 4-F-glycogen. The incubation time was 90
minutes.

The results from the mass spectral analysis of PLPP-Glu-phosphorylase b,
preincubated with two different concentrations of 4-F-glycogen, indicate that no significant
concentration of covalently derivatized enzyme species is formed even after an extended
incubation period. Thus, if indeed a glucosyl-enzyme intermediate is formed in the
presence of 4-F-glycogen, it is either transferred to free non-fluorinated terminal sugar
residues within the 4-F-glycogen derivative, or alternatively, is hydrolyzed from the
enzyme under the conditions of the experiment.
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2.3. Transfer of Radiolabelled Glucose from PLPP-GIu-Phosphorylase b
to 4-F-Glycogen
The previous mass spectral study suggests that the ultimate fate of the glucosyl
moiety within PLPP-Glu-phosphorylase b, upon incubation with 4-F-glycogen, is not a
glucosyl-enzyme intermediate, but rather, that it is hydrolyzed from the enzyme or
transferred to chain ends within 4-F-glycogen which are not capped with 4-deoxy-4-fluoroglucose residues. In an attempt to determine the fate of the glucosyl moiety within PLPPGlu-phosphorylase b under these conditions, a radiolabelled analogue in which the sugar
was radioactive was prepared and reconstituted into glycogen phosphorylase. Previous
studies have used this technique to study the reaction of PLPP-Glu-phosphorylase b in the
presence of normal glycogen (Takagi et al., 1982; Tagaya and Fukui, 1984).
The synthesis of radiolabelled PLPP-[ 14 C]-Glu was carried out as previously
described by Takagi et al., (1982). Glycogen phosphorylase b was reconstituted with
pLpp_ [ 14C] _ Glu and the fates of the radioactive glucosyl moiety, in the presence of 4-F-

glycogen and normal glycogen were determined as follows. The glucosyl transfer
reactions were initiated by the addition of PLPP-[ 14 C]-GIu-phosphorylase b to reaction
mixes containing either normal glycogen or 4-F-glycogen, in the presence of AMP.
Trichloroacetic acid (TCA) was used to stop the reaction, to precipitate the protein and also
to liberate any remaining protein-bound cofactors. After removing the protein fraction by
centrifugation, the soluble glycogen was precipitated from the supernatant with cold
ethanol. The percentage incorporation of the radiolabelled glucosyl moiety into the various
fractions is summarized in Table 5-2.
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Table 5-2. Radiolabel incorporation from PLPP-[ 14C]-Glu-phosphorylase b.a

Supernatant

Protein Fraction

Glycogen Fraction

Normal Glycogenb

55%

5%

40%

4-F-Glycogens

60%

16%

24%

a Reactions were carried out at pH 6.7 and room temperature in 100 mM KC1, 50 mM triethanolamine
hydrochloride, 1mM EDTA, 1 mM DTT. Incubation time was 60 minutes.
b Incubation mixture contained 5.6 p.M PLPP-0 4Q-Glu-phosphorylase b (2.5 x 106 cpm gmol-1 ), 2.3
mM AMP, 0.98% normal glycogen.
c Incubation mixture contained 18.7 1.1M PLPP-[ 14C]-Glu-phosphorylase b (2.5 x 106 cpm gmol-1 ), 2.3
mM AMP, 1% 4-F-glycogen.

As shown in Table 5-2, 40% of the radiolabelled glucosyl moiety within PLPP[14C] -Glu-phosphorylase b was transferred to normal glycogen after an extended
incubation period. The radioactivity remaining associated with the protein fraction 5%)
probably represents a small fraction of unreacted cofactor in addition to small amounts of
labelled glycogen which became trapped in the protein upon TCA precipitation. Indeed,
earlier studies investigating the glucosyl transfer from PLPP-[ 14 C1-Glu-phosphorylase b to
normal glycogen (Takagi et al., 1982) have also found that significant amounts 10%) of
radiolabel are trapped within the precipitating protein. The radiolabel observed within the
supernatant fraction 55%), while higher than expected, is also consistent with earlier
studies (Takagi et al., 1982) in which considerable amounts of the radiolabel were
observed within the supernatant fraction (20 - 30%) after an extended reaction period.
While no explanation for the radioactivity within the supernatant was given, it probably
arises from a combination of incomplete glycogen precipitation, cofactor breakdown to
form glucose-1,2-cyclic phosphate, and possibly hydrolysis of the putative glucosylenzyme intermediate.
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The distribution of radiolabel was found to be considerably different for the reaction
of PLPP-[ 14 C]-Glu-phosphorylase b with 4-F-glycogen. After the same period of
incubation, 4-F-glycogen was labelled with 24% of the label, about half of that observed
with normal glycogen. This result suggests that indeed 4-F-glycogen can act as an acceptor
oligosaccharide at high enzyme concentrations, but that transfer of the glucosyl moiety to 4F-glycogen occurs much more slowly in the presence of the blocked glycogen derivative.
The protein fraction was found to contain approximately three fold more radiolabel 16%)
than was observed in the reaction with normal glycogen, possibly indicating that a
glucosyl-enzyme intermediate is formed, yet is ultimately transferred to free 4-hydroxyl
termini within the 4-F-glycogen molecule and therefore does not appreciably accumulate.
Finally, the supernatant fraction was also observed to contain slightly more radiolabel,
possibly supporting the proposal that in the presence of 4-F-glycogen, the glucosyl-enzyme
intermediate is somewhat more susceptible to hydrolysis.
While the results clearly indicate that both normal glycogen and 4-F-glycogen
become labelled upon incubation with PLPP-[ 14 C]-Glu-phosphorylase b, it is necessary to
show that the radiolabel incorporated into the glycogens occurs as a result of normal
phosphorylase catalysis and therefore that the labelled glucosyl moiety was indeed
transferred to a free 4-hydroxyl residue. To this end, the labelled glycogens were isolated,
dissolved in standard triethanolarnine buffer containing phosphate (25 mM) (the substrate
for the reverse reaction), and treated with a small amount of native glycogen
phosphorylase. After an incubation period of 30 minutes the glycogen was re-precipitated
and counted for radioactivity, as was the supernatant. The results showed that 100% of the
radiolabel previously associated with the glycogens was transferred back to the
supernatant, in full agreement with the reversibility of the normal enzyme catalyzed
reaction. These results demonstrate that the glucosyl transfer from PLPP-[ 14 C]-Gluphosphorylase b to both normal glycogen and 4-F-glycogen is indeed a competent glucosyl
transfer reaction.
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2.4.^Kinetic Evaluation of 4-F-Glycogen with Native Glycogen
Phosphorylase b

The previous experiments have shown that while a glucosyl-enzyme intermediate
may form upon incubation of PLPP-Glu-phosphorylase b with 4-F-glycogen, the blocked
glycogen derivative is not completely inert towards addition of further sugar residues.
Rather, it possesses free 4-hydroxyl residues which can act as acceptor oligosaccharides.
However, the relative rates of glucosyl transfer between phosphorylase and 4-F-glycogen
compared to that with normal glycogen are still unknown. In an attempt to estimate a
reaction velocity for the enzyme catalyzed glucosyl transfer to 4-F-glycogen, enzyme
reactions were carried out with native glycogen phosphorylase and aG1P under standard
assay conditions in the direction of glycogen synthesis, but at high enzyme concentration.
The reaction rate for the glucosyl transfer to 4-F-glycogen was compared to that in the
presence of normal glycogen at the same concentration (0.5%). The results showed that
native glycogen phosphorylase catalyzes the glucosyl transfer from aG1P to 4-F-glycogen
(--= 0.5 gmol min -1 mg-1 ) approximately 100 fold more slowly than to normal glycogen (g
50 gmol min -1 mg -1 ). Thus, it appears that of the approximately 5000 glucose end groups
found within one glycogen particle (Madsen and Cori, 1958) about 1% of these remain
unblocked in the 4-F-glycogen analogue, and that these free ends are indeed able to act as
competent acceptor oligosaccharide moieties.

3. Discussion
4-F-Glycogen Binding Study

While much is known about the branching structure of glycogen, the overall
structure can only be inferred (Goldsmith et al., 1982). Despite X-ray crystallographic
studies that have shown how glycogen phosphorylase binds oligosaccharides such as
maltoheptaose (Goldsmith et al., 1982; Oikonomakos et al., 1991), very little is known
about the same interaction with the natural substrate. The synthesis of 4-F-glycogen
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(Withers, 1990) has allowed a further look into the solution-state interaction between
phosphorylase and glycogen.
The binding interaction between 4-F-glycogen and glycogen phosphorylase b was
investigated by 19F NMR spectroscopy. Titration of 4-F-glycogen with phosphorylase b
resulted in a progressive decrease in the 19F NMR peak height up to a limiting point and
then no further. The decrease in peak height with increasing enzyme concentration
presumably reflects binding of the enzyme until saturation is achieved. Interestingly
however, the total signal area (reflected in the integration) remained essentially constant
throughout the series. Thus, one explanation for the change in peak height is that as the
enzyme concentration is increased, a new broadened component grows into the spectrum at
a similar chemical shift. Such a broadened component might well be expected if binding of
the enzyme to 4-F-glycogen reduces the local mobility of the terminal 4-fluorosugar such
that it now acquires the effective correlation time of the total 4-F-glycogen/enzyme complex
rather than the much shorter correlation time of a locally mobile sugar residue attached to
the glycogen particle.
If the former assumption is valid then the 4-F-glycogen 19 F NMR signal obtained
in the presence of enzyme results from a combination of "free" and "bound" species. The
"bound" population represents 4-fluoro-glucosyl residues which are either directly bound
to the protein or are very close in space to bound protein. These likely give rise to a broad
component in the 19F NMR signal. The "free" 4-fluoro-glucosyl residues, present within
the ((phosphorylase)n/ glycogen) macromolecule, are those whose mobility is affected very
little by the binding of the protein, but which are sterically occluded from interaction with
other phosphorylase molecules and these make up the major component of the 19F signal.
The T1 value for the 19 F signal (T1 = 0.24 sec) was found to be slightly less than that
observed previously for 4-F-glycogen in the absence of enzyme (T1 = 0.36 sec) (Withers,
1990). This result suggests that while a small decrease in mobility has occurred there is
still considerable local motional freedom. Indeed, such a difference might well be expected
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even in the absence of any changes in local motion given that the correlation time for the
((phosphorylase)n/4-F-glycogen) complex would be considerably larger (i.e. lower rate of
reorientation) than that for 4-F-glycogen itself.
Gratifyingly, both sets of titration data revealed an equivalence point of
approximately 0.12 mM phosphorylase for titrating a 1% 4-F glycogen solution. From this
it is possible to estimate the number of glycogen phosphorylase molecules bound per 4-Fglycogen particle. Assuming a molecular weight of 1 x 10 7 Da for rabbit liver glycogen
(Manners, 1957), then a 1% solution of glycogen corresponds to 1 p.M glycogen particles.
Since a 1% solution of 4-F-glycogen is titrated by 120 p.M glycogen phosphorylase
(expressed as monomers), then an average of 60 glycogen phosphorylase dimers (the
oligomeric form of the enzyme known to associate with the enzyme) must be bound per
glycogen particle. A similar value for the number of glycogen phosphorylase molecules
bound per glycogen particle has been determined previously in ultracentrifugal studies with
high molecular weight corn phytoglycogen (Madsen and Cori, 1958). Determination of the
amount of phosphorylase co-sedimented at different glycogen/phosphorylase ratios allowed
the number of equivalents bound to be determined. A value of 33 phosphorylase molecules
of molecular weight 500,000 (as thought at that time) per corn phytoglycogen particle (2
x10 7 Da) was determined. Recalculation of this earlier data in light of the known monomer
molecular weight of 97,400 would give a total of 85 dimers per phytoglycogen particle.
This value is close to that of 60 dimers per particle determined in this work when the
difference in molecular weight, thus of surface areas, of phytoglycogen and mammalian
glycogen particles is considered.
Interestingly, a glycogen particle of molecular weight 1 x 10 7 Da will have some
5000 glucose end groups (Madsen and Cori, 1958), of which essentially all should bear a
fluorine label. However, only 60 dimers will be bound to this glycogen particle, providing
at best only 240 binding sites (one storage site and one active site per enzyme monomer).
Thus, a maximum of only 4.8% of the available glycogen end groups will be directly

129

bound to phosphorylase molecules, yet clearly the 19F peak height decreases by a much
greater percentage than this. This indicates that the mobilities of many more glycogen chain
ends are decreased significantly upon binding of phosphorylase, even though they are not
directly bound to the protein. This is quite reasonable given the highly branched structure
of glycogen and the physical interference with motion likely afforded by binding of this
relatively large enzyme.

4-F-Glycogen as a Potential Dead-End Substrate?

The reaction catalyzed by glycogen phosphorylase proceeds with retention of
configuration at the anomeric center. However, one important question concerning the
mechanism has been whether or not this involves a double displacement reaction yia a
covalent glucosyl-enzyme intermediate. Evidence for just such an intermediate has been
obtained previously in both sucrose phosphorylase (Voet and Abeles, 1970) and potato
phosphorylase (Kokesh and Kakuda, 1977). However, no such evidence has been
obtained for muscle glycogen phosphorylase. The recent synthesis of 4-F-glycogen
(Withers, 1990) has allowed the first attempt at producing an enzyme ternary complex in
glycogen phosphorylase with an analogue of glycogen which could allow the formation of
a stable glucosyl-enzyme intermediate, yet prevent its turnover.
Initial 31 P NMR studies with PLPP-Glu-phosphorylase b were designed to show
whether or not 4-F-glycogen was able to confonnationally activate the enzyme and allow
formation of the putative glucosyl-enzyme intermediate. In the presence of 4-F-glycogen,
PLPP-Glu-phosphorylase b was converted to the PLPP-enzyme in a reaction that was
essentially complete within the first hour of incubation. These results are consistent with
the glycogen derivative binding to the enzyme and allowing the formation of an enzyme
ternary complex, and indeed, suggest that a glucosyl-enzyme intermediate may form.
However, the ultimate fate of the glucosyl moiety cleaved from PLPP-Glu could not be
determined by this technique.
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Ion-spray mass spectrometric studies of PLPP-Glu-phosphorylase b preincubated
with 4-F-glycogen did not detect a covalent glucosyl-enzyme intermediate, rather only the
apoenzyme mass was observed. Glycogen phosphorylase is only conformationally
activated when all substrates are bound to the enzyme and thereby has evolved to avoid
hydrolysis reactions. Since the LC-MS technique dissociates all 4-F-glycogen from the
enzyme, it is not unreasonable to suggest that any glucosyl-enzyme intermediate formed
might be very sensitive to hydrolysis once the 4-F-glycogen derivative is dissociated.
Further, due to the high monomer molecular weight of glycogen phosphorylase, it is also
possible that small amounts (<20%) of the modified enzyme might go undetected in the
presence of predominantly unmodified enzyme (Dr. D. Hess, personal communication).
Thus, while ion-spray mass spectrometry has been utilized previously in this laboratory to
clearly identify glucosyl-enzyme intermediates in other enzyme systems (Withers,
Unpublished results), and indeed, in this case was able to confirm the molecular weight of
glycogen phosphorylase b, it was unable to determine the fate of the glucosyl moiety
transferred from PLPP-Glu-phosphorylase in the presence of 4-F-glycogen.
The results from radiolabelling studies with glycogen phosphorylase b reconstituted
with PLPP-[ 14 C]-Glu clearly demonstrated that 4-F-glycogen can indeed accept the
glucosyl label upon incubation with the enzyme. While increased levels of radiolabel found
in the protein fraction are encouraging and suggest that a glucosyl-enzyme intermediate may
form, the label is clearly being transferred to free 4-hydroxyl groups within the 4-Fglycogen derivative and thus does not accumulate. A small percentage of free 4-hydroxyl
groups within the 4-F-glycogen derivative could well be responsible for the observed
glucosyl transfer reaction since many glucosyl residues can be successively transfered to
one free glycogen chain end. While glucosyl transfer to 4-F-glycogen is not observed
under normal assay conditions, kinetic studies with aG1P at high concentrations of the
native enzyme suggest that 1% of the 4-F-glycogen terminal sugar moieties may act as
competent acceptors. This value of 1%, however, represents an upper limit since the
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kinetic studies do not take into account the potential competing hydrolysis reaction in which
the glucosyl moiety is transfered to a molecule of water rather than a 4-hydroxyl moiety
within 4-F-glycogen. The source of the free ends within the 4-F-glycogen derivative most
likely arises from the presence of terminal oligosaccharide residues which are not capped
during the synthesis. In addition, small numbers of free 4-hydroxyl residues could also
arise from low level hydrolysis reactions of the glycogen molecule, be they spontaneous or
enzyme-catalyzed, from trace glycosidase contaminants. These results have demonstrated
that further attempts to trap or provide supportive evidence for a glucosyl-enzyme
intermediate in glycogen phosphorylase, using 4-F-glycogen as a dead-end acceptor, are
likely to be complicated with low level glucosyl transfer reactions to the glycogen
derivative, thus alternatives should be sought.
Future studies in this area, extending on the 4-F-glycogen theme, include the
synthesis of purified 4-deoxy- or 4-deoxy-4-fluoro-oligosaccharides which are still able to
bind glycogen phosphorylase and act as potential dead-end substrates. With the production
of oligosaccharides such as the hexamer, difficulties associated with the preparation and
purification of a homogeneous sample are minimized.

Conclusion
This study has demonstrated that 4-F-glycogen is not completely inert to glucosyl
transfer from phosphate, and indeed an upper limit of 1% was estimated for the number of
free 4-hydroxyl residues available for reaction within the 4-F-glycogen derivative. While
4-F-glycogen is not perfectly suited to act as an "incompetent" substrate in phosphorylase
catalysis, it has been effectively used in conjunction with 19F NMR to study the solution
binding interaction between phosphorylase and glycogen. Moreover, 19 F NMR has
provided a direct method for titrating glycogen binding proteins and determining the
stoichiometry of such interactions.
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CHAPTER 6
Materials and Methods
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1. Synthesis
1.1. General Procedures and Materials
Melting points were determined using a Laboratory Devices Mel-temp II meltingpoint apparatus, and are uncorrected.
1 H Nuclear magnetic resonance (NMR) spectroscopy was performed on either a

Varian XL-300 spectrometer operating at 300 MHz or a Bruker WH-400 operating at 400
MHz. Chemical shifts are given in the 8 scale, and are referenced to internal
tetramethylsilane (8 = 0.00 ppm) for samples run in CDC13 whereas samples run in D20
are referenced to external 2,2-dimethyl-2-silapentane-5-sulphonate (8 = 0.00 ppm). 19F
and 31 P NMR spectra were recorded on a Bruker AC-200E (quad. nuclei probe (Q.N.P.))
spectrometer operating at 188 MHz and 81 MHz, respectively. 19F Signal positions are
given in the 8 scale and are referenced against external trifluoroacetic acid (8 = 0.00 ppm),
with signals occurring downfield of the reference being assigned positive S values. 31 PNMR resonances are also given in the S scale and are referenced to external 85%
phosphoric acid (8 = 0.00 ppm), with signals occurring downfield of this position being
assigned positive S values. Both 19 F and 31 P NMR spectra were collected with broadband
proton decoupling.
Low resolution mass spectra (electron ionization) were recorded on a Kratos MS 50
mass spectrometer operating at 70 eV. Desorption Chemical Ionization (D.C.I.) mass
spectra were recorded on a Delsi Nermag R 10-10 C mass spectrometer with NH3 as the CI
gas. Fast Atom Bombardment (F.A.B.) mass spectra were recorded on a AEI MS 9 mass
spectrometer with Xenon as the F.A.B. gun, operating at 7 - 8 KV, 1 mAmp current.
Micro-analyses were performed by Mr. P. Borda, Micro-analytical laboratory,
University of British Columbia, Vancouver.
Solvents and reagents used were either reagent grade, certified or spectral grade.
Dry solvents were prepared as follows; methylene chloride was washed several times with
concentrated sulphuric acid, followed by several washings with water and a saturated
1 34

solution of sodium bicarbonate. The solvent was then pre-dried with sodium sulphate and
distilled from calcium hydride. Pyridine was distilled from calcium hydride.
Tetrahydrofuran (THF) was distilled from sodium and benzophenone.
Activated manganese dioxide was prepared by heating 454 g of powdered
manganous carbonate in a Pyrex glass dish at 220 - 280 °C for about 18 hours. The black
powder was stirred with a 1 litre solution of 15% concentrated nitric acid in distilled water.
The slurry was filtered with suction, the remaining solid being washed with distilled water
until the washings were about pH 5 and then dried at 220 - 250 °C. The resulting
manganese dioxide retained its oxidizing ability for about 2 months kept in a loosely
stoppered container F. Fukui, personal communication).
Diazomethane was prepared with assistance from Anna Dora Gudmundsdottir in
Prof. Scheffer's laboratory. Ethanol (95%, 2.5 mL) was added to a solution of potassium
hydroxide (0.5 g) in water (0.8 mL) in a 50 mL distilling flask fitted with a dropping
funnel and a condenser (no ground glass joints were used). A receiver flask was attached
to the condenser and cooled in an ice bath throughout the distillation. The flask containing
the alkali solution was heated in a water bath to --,- 60 °C and a solution of Diazald (Aldrich
Chemical Co.) (2.15 g) in diethyl ether (20 mL) was added dropwise through the dropping
funnel, followed by an additional aliquot of diethyl ether (--- 10 mL) to rinse the dropping
funnel. The rate of addition approximately equaled the rate of distillation. The distillation
was continued until the the distilling ether was colorless. The combined etheral distillate
contained approximately 0.3 g of diazomethane (Black, 1983).
Thin-layer chromatography (t.l.c.) was performed on aluminum-backed Merck
Kieselgel 60 F-254 analytical plates. Compounds were detected visually with U.V. light or
with 10% sulphuric acid in methanol. Column chromatography was carried out according
to Clark-Still et al., (1977) using Kieselgel 60 (180-230 mesh) silica gel.
Pyridoxol hydrochloride (pyridoxine hydrochloride) and a-D-glucopyranosyl
phosphate (bis potassium salt) were purchased from Sigma Chemical Co. [ 14 C]-a-D-
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Glucose- 1-phosphate (bis potassium salt) (335 .tCi gmo1 -1 ) was purchased from
Amersham Chemicals. The compounds 3, 4, 6-tri-O-(tert-butyldimethylsilyl)-D-glucal and
3, 4, 6-tri-0-(tert-butyldiphenylsily1)-D-glucal were synthesized and kindly provided by
Ellen Lai and Eric Lam, respectively. In addition, 2-deoxy-2-fluoro-a-D-glucopyranosyl
phosphate (bis cyclohexylammonium salt), 4-deoxy-4-fluoro-a-D-glucopyranosyl
phosphate (bis cyclohexylammonium salt) and (1-deoxy-a-D-glucopyranosyl)
methylphosphonate (bis cyclohexylammonium salt) were all previously prepared by Dr. Ian
Street. 1-Nitro-D-glucal was generously provided by Prof. A. Vassella. The dipotassium
salts of a-D-glucopyranosyl phosphate and 2-deoxy-2-fluoro-a-D-glucopyranosyl
phosphate were converted into their bis-(tri-n-butylammonium) salts by passage down a
column of Dowex 50W-X8 (H+ form) ion-exchange resin into a stirred solution of tri-nbutylamine followed by lyophilization.

a4, 3-0—Isopropylidene pyridoxol hydrochloride (1)
Compound 1 was prepared according to Korytnyk and Ikawa, (1970). Pyridoxol
hydrochloride (10.0 g, 48.6 mmol) was stirred with reagent grade acetone (200 mL) at 0 °C
for 30 minutes. Gaseous HC1 was bubbled through the suspension for 45 minutes, or until
the solution was saturated, at which time the solution was allowed to warm to room
temperature while stirring for an additional 75 minutes. Crystallization was initiated by
cooling at -20 °C in the freezer overnight, then diethyl ether (200 mL) was added and the
crystals were collected using a sintered glass funnel and washed with diethyl ether to yield
1 as a white solid (10.6 g, 93%). 1 H NMR data (CDC13, 300 MHz): 8 8.30 (s, 1 H, H6), 4.99 (s, 2 H, C4'-CH2) 4.71 (s, 2 H, C5'-CH2), 2.68 (s, 3 H, C2'-CH3), 1.57 (s, 6
H, Isopropylidene).
Compound 1 could be quantitatively converted to its free base, 2 , by stirring with an
excess of saturated sodium bicarbonate solution. The mixture is filtered and washed with
water to yield 2 as white solid.
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a4 , 3-0-Isopropylidene-5'-deoxy-5'-chloropyridoxol hydrochloride (3)

Compound 3 was prepared according to Korytnyk and Ikawa, (1970). Compound 1 (6.1
g, 24.9 mmol) was crushed to a fine powder and suspended in reagent grade benzene (150
mL) with stirring. Reagent grade thionyl chloride (10 mL, 0.14 mole) was added
dropwise, the suspension was heated to reflux and then immediately cooled. Thin-layer
chromatography was used to monitor the reaction progress. A further 6 mL (0.08 mole) of
thionyl chloride was added and the suspension was heated to reflux and subsequently
cooled once more. Once complete, the suspended material was collected by suction
filtration and washed with cold diethyl ether yielding 3 as a white solid (6.2 g, 95%). 1 H
NMR data (CDC13, 300 MHz) : 8 8.30 (s, 1 H, H-6), 5.13 (s, 2 H, C4'-CH2), 4.64 (s, 2
H, C5 --CH2), 2.82 (s, 3 H, C2'-CH3), 1.64 (s, 6 H, Isopropylidene).
Compound 3 could be quantitatively converted to its free base, 4, by stirring with an
excess of saturated sodium bicarbonate solution. After all reaction had ceased the product
was extracted into methylene chloride followed by drying over magnesium sulfate and
evaporation of solvent under reduced pressure to yield a green oil which slowly
decomposes with time.
Dimethyl 2-(a4, 3-0--isopropylidene-2-methyl-5-pyridyl) ethylphosphonate (5)

To dimethyl methylphosphonate (2 mL, 19.0 mmol) in dry THF (20 mL) under nitrogen
with stirring at -78 °C was added n-butyl lithium (12 mL, 19.2 mmol). After 45 minutes at
this temperature the generated dimethyl lithiomethylphosphonate carbanion was canulated
into a stirred suspension of 4 (1.4 g, 6.16 mmol) and a catalytic amount of tetra n-butyl
ammonium iodide in THF (20 mL) at -78 °C. The mixture was stirred at -78 °C for 30
minutes and then allowed to warm to room temperature. The THF was evaporated in
vacuo followed by an extractive workup (CH2C12-H20), drying over magnesium sulfate
and evaporation of solvent under reduced pressure to yield a crude oil. Compound 5 could

be separated from the main pyridoxol-containing side product, 6 (dimer of 5), only after
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extensive silica-gel chromatography which produced 5 and 6 in a ratio of 3 : 2 respectively,
with very low overall yield. Data for compound 5. 1 H NMR data (CDC13, 300 MHz) : 8
7.88 (s, 1 H, H-6), 4.82 (s, 2 H, C4'-CH2), 3.77 (d, 6 H, Lp 10 Hz, -OCH3), 2.72 (m,
2 H, C5 '-CH2), 2.39 (s, 3 H, C2'-CH3), 2.01 (m, 2 H, CH2-P), 1.55 (s, 6 H,
Isopropylidene); Mass spectral data m/z: 315; Expected mass: 315.
Purification of compound 5 from its 'dimer' side product, 6, was not optimized at this
stage, rather the mixture was carried on until the next step where purification was
considerably easier.
Data for compound 6, the 'dimer' of 5.

1 H NMR data (CDC13, 300 MHz): 8 7.81 (s, 2 H, H-6), 4.78 (d, 2 H, JHa,Hb 16 Hz, C4'-

CH a ), 4.68 (d, 2 H, JHb,Ha 16 Hz, C4'-CHb), 3.58 (d, 6 H, J}Lp 10 Hz, -OCH3), 2.90
(ddd, 2 H, J 7, 11, 15 Hz, C5'-Cli c ), 2.56 (ddd, 2 H, J 7, 15, 19 Hz, C5'-CHd), 2.38 (s,
6 H, C2'-CH3), 2.21 (m, 1 H, CH-P), 1.54 (s, 6 H, Isopropylidene), 1.53 (s, 6 H,
Isopropylidene); Mass spectral data miz: 506; Expected mass: 506.
Dimethyl 243 -hydro.xy-4-hydroxymethy1-2 -methyl-5 -pyridyl) ethylphosphonate (7)

Compound 5, present as a crude oil, was dissolved in 10% formic acid (10 mL) and
refluxed for 1 hour then cooled and neutralized (pH 8) with saturated sodium bicarbonate.
The water was then evaporated under reduced pressure to give a dark brown solid. The
solid was suspended in methanol, filtered to remove sodium salts, and reconcentrated to
yield an oil. The crude product was purified by flash chromatography (chloroform-

138

methanol 9:1) to give 7 as a light yellow oil which solidified upon storage at 4 °C overnight
(0.16 g, 11% from 4). 1 H NMR data (CDC13, 400 MHz) 8 7.82 (s, 1 H, H-6), 4.89 (s, 2
H, C4'-CH2), 3.72 (d, 6 H, .1Hy 11 Hz, -OCH3), 2.86 (dt (5 lines), 2 H, JH,H 8.0, 8.0,
41,P

14 Hz, C5'-CH2), 2.48 (s, 3 H, C2'-CH3), 1.98 (dt, 2 H, JH,H5' 8.0, 8.0, kp 16

Hz, CH2-P).
Dimethy12 (4 formy1 3 hydroxy 2 methy1 5 pyridyl) ethylphosphonate (8)
-

-

-

-

-

-

-

-

The oxidation of 7 was carried out according to Hullar (1969). Compound 7 (0.25 g, 0.9
mmol) was dissolved in chloroform (20 mL) and stirred with activated manganese dioxide
(1.5 g) in the dark at room temperature for two hours at which time thin-layer
chromatography indicated quantitative conversion to a compound that tested positive with
dinitrophenylhydrazine spray, an indicator of the aldehyde functionality. The reaction
mixture was filtered through Celite and the solvent evaporated in vacuo to give 8 as a
yellow oil (0.24 g, 100%). 1 H NMR data (CDC13, 300 MHz) : 6 10.42 (s, 1 H, C4'CHO), 8.03 (s, 1 H, H-6), 3.78 (d, 6 H, .14-,p 10 Hz, -OCH3), 3.25 (m, 2 H, C5'-CH2),
2.55 (s, 3 H, C2'-CH3), 2.09 (m, 2 H, CH2-P).
2 (4 Formy1 3 hydroxy 2 methyl 5 pyridyl) ethylphosphonic acid (9)
-

-

-

-

-

-

-

-

The final deprotection of 8 was carried out according to Hullar (1969). Compound 8 (0.24
g, 0.90 mmol) was dissolved in 5.7 N HCl (5 mL) and refluxed for 10 hours in the dark.
The resultant orange solution was concentrated in vacuo and then diluted with deionized
water (2 L) until the pH was 3.5. One half of this solution was applied to a column of AG1X8 resin (Cl - form, 2 cm x 10 cm) and eluted with a linear gradient (2 x 500 mL) of H2O
/ 0.01 N HC1, 0.02 N LiCl. Fractions were analyzed by removing aliquots (50 .tL),
diluting them into 0.1 N HC1 (1 mL), and measuring the absorbance at 295 nm.
Appropriate fractions were collected and lyophilized to yield 9 as a yellow solid mixed with
lithium chloride. The yield was estimated from the absorbance at 295 nm knowing the
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extinction coefficient to be 6050 M -1 cm -1 (0.1 N HC1) (Hullar, 1969) (80 mg, 35%).
Thin-layer chromatography: Rf= 0.5, 13:3:3 (butanol, formic acid, water),
dinitrophenylhydrazine positive. 1 H NMR data (D20, 300 MHz) (Solution pH .-- 7):
aldehyde species 8 10.48 (s, 1 H, C4'-CHO), 8.17 (s, 1 H, H-6), 3.34 (m, 2 H, C5'CH2), 2.66 (s, 3 H, C2'-CH3), 2.01 (m, 2 H, CH2-P); hemi-acetal: 8 8.02 (s, 1 H, H-6),
6.52 (s, 1 H, H-4'), 3.05 (m, 2 H, C5 '-CH2), 2.58 (s, 3 H, C2'-CH3), 2.01 (m, 2 H,
CH2-P); 31 P NMR data (D20, 122.5 MHz): 8 24.4 (s, broad); Mass spectral data, F.A.B.
(para-nitrobenzylalcohol matrix) (m+1): 252; Expected mass for the mono lithium salt of 9
(m+1): 252.
The analytical sample was prepared by passing 9 down a small column of Bio-Rex 70 (H+
form, 0.7 cm x 12 cm) ion-exchange resin which after lyophilization yielded the free acid
form of 9 as a yellow solid. Elemental analysis required C9H12NO5P + 1.2 H2O; C,
40.51; H, 5.40; N, 5.25; Found: C, 40.35; H, 5.60; N, 4.94.
Diethyl 1 ,1 -thfluoro -2 -( a 4 , 3-0—is opropylidene-2 -methy1-5 -pyridyl) ethylphosphonate
(10)

Butylithium (10 mmol) in dry THF (10 mL) and diisopropylamine (10.3 mmol) was stirred
at -20 °C for 20 minutes and then cooled to -78 °C at which time diethyl
difluoromethylphosphonate (Bergstrom and Shum, 1988) (10.3 mmol) in dry THF (10
mL) was added dropwise. After stirring for 30 minutes at -78 °C to allow generation of the
lithio carbanion of diethyl difluoromethylphosphonate, compound 4 (1.56 g 6.9 mmol)
suspended in a minimal volume of dry THF ( ---. 5 mL) was added with stirring. The
reaction mixture was allowed to warm to room temperature over approximately 1 hour at
which time the THF was evaporated in vacuo to leave a brown oil. The crude oil was
redissolved in methylene chloride, washed with saturated sodium bicarbonate, dried over
magnesium sulphate, filtered, and the solvent was evaporated under reduced pressure. The
product mixture was purified by flash chromatography (ethyl acetate) to yield 10 as a
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colorless oil (120 mg, 5%). 1 H NMR data (CDC13, 400 MHz): 6 7.95 (s, 1 H, H-6), 4.83
(s, 2 H, C4'-CH2), 4.25 (m, 4 H, -OCH,CH3), 3.25 (dt, 2 H,

JH,F

18, 18, J}Lp 5.0 Hz,

C5'-CH2), 2.42 (s, 3 H C2'-CH3), 1.52 (s, 6 H, Isopropylidene), 1.32 (t, 6 H, J 7.0 Hz,
OCH2CH3); 31 P NMR data (CDC13, 81 MHz): 6 6.20 (t, Jp,F. 105 Hz); 19 F NMR data

(CDC13 188 MHz): 6 -34.50 (d, JF,p 105 Hz, CF2 - P).
Diethyl 1 ,1 -difluoro-2 -(3- hydroxy-4 -hydroxymethy1-2 -methy1-5-pyridyl)
ethylphosphonate (11)

Compound 10 (0.19 g, 0.50 mmol) was dissolved in 10% formic acid/methanol (3 mL,
2:1 mixture) and stirred at 60 °C for 5 hours at which time excess chloroform was added
and the reaction mixture was washed with saturated sodium bicarbonate, dried with
magnesium sulphate and filtered. The solvent was evaporated under reduced pressure and
final purification was achieved by column chromatography (CH2C12-Me0H 25:1) yielding
11 as an oil that solidified on standing overnight at 4 °C (0.13 g, 76%). 1 H NMR data
(CDC13, 400 MHz): 6 7.89 (s, 1 H, H-6), 4.88 (s, 2 H, C4'-CH2), 4.18 (m, 4 H,
OCHzCH3), 3.34 (dt, 2 H, JH,F 18, 18, Jii,p 7.0 Hz, C5'-CH2), 2.46 (s, 3 H, C2'-CH3),
1.30 (t, 6 H, J 6.0 Hz, -OCH2CH2); Mass spectral data m/z: 339; Expected mass: 339.
Diethyl 1 ,1-difluoro-2-(4-formy1-3-hydroxy-2-methy1-5-pyridyl) ethylphosphonate (12)

The oxidation of compound 11 was carried out according to Hullar (1969). Compound 11
(0.13 g, 0.38 mmol) was dissolved in chloroform (6 mL) and stirred with 1.5 g of
activated manganese dioxide in the dark at room temperature for 2 hours at which time
complete conversion (by t.l.c.) to the desired aldehyde had occurred, and was confirmed
by a positive dinitrophenylhydrazine test. The reaction mixture was filtered through Celite
and the solvent evaporated in vacuo to give 12 as a yellow oil (0.10 g, 78%). 1 H NMR
data (CDC13, 400 MHz): 6 11.55 (s, 1 H, C3-OH), 10.38 (s, 1 H, C4 - -CH0), 8.06 (s, 1
H, H-6), 4.25 (m, 4 H, -OCH2CH3), 3.66 (dt, 2 H, JH,F 19, 19, hu, 4.0 Hz, C5'-CH2),
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2.52 (s, 3 H, C2'-CH3), 1.36 (t, 6 H, J 7.0 Hz, OCH2CHa); 31 P NMR data (CDC13, 81
-

MHz): 8 5.95 (t, Ju 105 Hz); 19 F NMR data (CDC13, 188 MHz): 8 -34.85 (d, Jp,p 105
Hz, CF2-P).
1,1-Difluoro-2-(4-formy1-3-hydroxy-2-methy1-5-pyridyl) ethylphosphonic acid (13)

Compound 12 (50 mg, 0.16 mmol) was dissolved in 5 N HC1 (1.5 mL) and heated to a
mild reflux in the dark for 16 hours. The solution was cooled and diluted with deionized
water (2 - 3 L) until the pH was 3.5. The solution was then applied to a column of AG1X8 (Cl - form, 2 cm x 9 cm) ion-exchange resin and eluted with a linear gradient of H2O /
0.01 N HC1, 0.02 N LiC1 (2 x 500 mL). Fractions were analyzed by removing aliquots
(100 gL), diluting them into 0.1 N HC1 (1 mL), and measuring the absorbance at 295 nm.
Appropriate fractions were collected and lyophilized to yield 13 as a yellow solid mixed
with lithium chloride. The yield was estimated from the absorbance at 295 nm (20 mg,
40%). Thin-layer chromatography: Rf= 0.45, 13:3:3 (butanol, formic acid, water),
dinitrophenylhydrazine positive. 1 H NMR data (D20, 400 MHz) (Solution pH -..-- 10):
aldehyde species 8 10.30 (s, 1 H, C4'-CHO), 7.45 (s, 1 H, H-6), 3.65 (t (br.), 2 H, JH,F
20 Hz, C5'-CH2), 2.36 (s, 3 H, C2'-CH3); 31 P NMR data (D20, 81 MHz): 8 6.00 (t, Ju
86 Hz); 19F NMR data (D20, 188 MHz): 8 -34.70 (d, JF,p 86 Hz, CF2 - P).
The analytical sample was prepared by passing 13 down a small column of Bio-Rex 70
(H+ form, 0.7 cm x 12 cm) ion-exchange resin which after lyophilization yielded the
mono-lithium salt of 13 as a yellow solid. This sample was used for mass spectral
analysis, U.V./Vis. spectroscopy and elemental analysis. Mass spectral data, F.A.B.
(glycerol matrix): (m+1) = 288; Expected mass for the mono lithium salt of 13 (m+1): 288;
U.V/Vis. data: Amax 295 nm, E295 = 5700 ± 500 M -1 cm -1 (0.1 N HC1). Elemental

analysis required C9F2H9LiNO5P + LiCI + 3H20; C, 28.20; H, 3.92; N, 3.65; Found: C,
28.23; H, 3.55; N, 3.26.
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a4 , 3-0-Isopropylidene isopyridoxal (14)
Compound 2 (1.23 g, 5.88 mmol) was dissolved in CH2C12 (100 mL) and stirred with
activated Mn02 (11 g) at room temperature for 3 hours. At this time t.l.c. indicated
complete conversion, and dinitrophenylhydrazine spray gave a positive test for the
aldehyde functionality. The Mn02 solids were suction filtered through Celite and the
solvent was evaporated in vacuo to yield a slightly yellow oil which spontaneously
-

crystallized to give 14 as pale yellow crystals (1.00 g 82%). 1 H NMR data (CDC13, 200
MHz): 8 10.03 (s, 1 H, C5'-CHO), 8.47 (s, 1 H, H-6), 5.18 (s, 2 H, C4'-CH2), 2.50 (s,
3 H, C2'-CH3), 1.55 (s, 6 H, Isopropylidene).
a' 1 , 3 0 lsopropylidene 5 ' deoxy 5' chfluoromethylpyridoxol (15)
-

-

-

-

-

-

Compound 14 (0.40 g, 1.93 mmol) was dissolved in dry CH2C12 (2 mL) and then added
dropwise to a stirred solution of diethylaminosulfur trifluoride (DAST) (4.6 mmol) in dry
CH2Cl2 (1.5 mL). The solution was stirred under nitrogen at room temperature overnight
after which excess CH2C12 was added and the solution was washed once with saturated
sodium bicarbonate and water. The solvent was evaporated in vacuo and the residue was
purified by flash chromatography (ethyl acetate-methylene chloride 1:20) to yield 15 as a
colorless oil (0.32 g, 72%). 1 H NMR data (CDC13, 200 MHz): 6 8.05 (s, 1 H, H-6), 6.60
(t, 1 H, JH,F 55, 55 Hz, C5'-CH2), 4.99 (s, 2 H, C4'-CH2), 2.45 (s, 3 H, C2' - CH3),
1.58 (s, 6 H, Isopropylidene); 19 F NMR data (CDC13, 188 MHz): 8 -34.80 (s, C5'CF2H).

5' Deoxy 5' difluoromethylpyridoxine (16)
-

-

-

Compound 15 (0.72 g, 3.14 mmol) was dissolved in a solution of 0.2 N HCl / Me0H
(1:1, 2 mL) and refluxed for 2 hours. Two more aliquots of 0.2 N HC1 (2 mL each) were
added over an additional hour at which time the the solution was cooled to -20 °C and left
overnight. A portion of compound 16 precipitated out of solution at -20 °C and was
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collected by suction filtration. After evaporating the solvent from the filtrate the remainder
of 16 could be crystallized from Me0H-ethyl ether (0.47 g, 79%). 1 H NMR data (D20,
200 MHz): 8 8.40 (s, 1 H, H-6), 7.20 (t, 1 H, JH,F 55, 55 Hz, C5'-CF2H), 5.10 (s, 2 H,
C4'-CH2), 2.70 (s, 3 H, C2'-CH3); 19 F NMR data (D20, 188 MHz): 8 -38.60 (s, C5'CF2H).
5 ' -D eoxy-.5 '-difluoromethylpyridoxal (17)

Compound 16 (0.30 g, 1.59 mmol) was dissolved in CHC13 (50 mL) and stirred with
activated Mn02 (4 g) at room temperature in the dark for 2 hours. Total conversion to the
aldehyde was evidenced by t.l.c. and confirmed by dinitrophenylhydrazine spray. The
Mn02 solids were removed by filtration through Celite, then the bulk of the chloroform
was removed by evaporation in vacuo. The volatile product was crystallized upon cooling
on ice under a constant stream of nitrogen to yield 17 as yellow crystals (0.19 g, 64%). 1 H
NMR data (CDC13, 400 MHz): 5 11.75 (s (br.), 1 H, C3-OH), 10.50 (s, 1 H, C4'-CHO),
8.20 (s, 1 H, H-6), 6.80 (t, 1 H, JH,F 54, 54 Hz, C5'-CF2H), 2.60 (s, 3 H, C2'-CH3);
19F NMR data (CDCI3, 188 MHz): 8 -24.90 (s, C5'-CF2H); Mass spectral data m/z: 187;

Expected mass: 187. Elemental analysis required for C8F2H7NO2 + 0.25 H2O; C, 50.13;
H, 3.92; N, 7.31; Found: C, 50.05; H, 3.74; N, 7.64.
2,6-Anhydro-3-deoxy-D-arabino-hept-2-enoic acid (sodium salt) (18)
(1-(Sodium carboxylate)-D-glucal )

3, 4, 6-Tri-0-(tert-butyldimethylsily1)-D-glucal (0.53 g, 1.08 mmol) was dissolved in dry
THE (0.5 mL) under nitrogen and cooled to -78 °C with stirring. Tert-butyllithium (1.5
mL, 2.5 mmol) was added dropwise and the reaction was stirred at -78 °C (10 minutes) and
then warmed to 0 °C for 30 minutes after which time a small volume of dry THE (0.5 mL)
was added. The reaction was then re-cooled to -78 °C and excess CO2, previously passed
through Drierite, was bubbled into the solution. The solution was allowed to warm to
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room temperature and then the reaction was quenched with a small volume of water. After
evaporation of solvents in vacuo, the crude oil obtained was redissolved in CHC13, washed
successively with HCl (0.6 N) and saturated NaC1 solution, dried over MgSO4, filtered
and solvent evaporated under reduced pressure. Deprotection was achieved by dissolving
the crude product (-- 0.2 mmol) in THE / 1 M tetra-n-butylammonium fluoride (2.6 mL)
with a few drops of triethylamine, stirring at room temperature overnight then evaporation
of the solvent under reduced pressure. The crude deprotected compound 18 was dissolved
in Me0H with an excess of Dowex X-2 (Li+ form) ion-exchange resin and the suspension
was stirred for 5 hours to remove excess tetra-n-butylammonium ions. The resin was
filtered and the solvent removed by evaporation in vacuo. The residue obtained was redissolved in a minimal volume of methanol and filtered through a layer of Celite to remove
insoluble LiF, then the solvent was evaporated in vacuo to yield the deprotected compound
18. Final purification was achieved by ion-exchange chromatography using AG-1X8 ion-

exchange resin (HC00 - form, 2 cm x 10 cm). The deprotected sugar was loaded on to the
column in a small volume of deionized water (:,-- 2 mL) and eluted with a linear gradient of
formic acid (0 - 0.5 M) yielding 18 in the protonated form. Bio-Rex 70 ion-exchange resin
(Na+ form) was used to convert the protonated carboxylic acid into the sodium salt, which
after lyophilization yielded 18 as a white powder (0.02 g, 46 %). 1 H NMR data (D20,
400 MHz): 8 5.63 (d, 1 H, J2,3 2.5 Hz, H-2), 4.33 (dd, 1 H, J3,2 2.5, J3,4 7.4 Hz, H-3),
3.97 (m, 1 H, H-5), 3.94 (dd, 1 H, J6,5 2.5, J6,6 13 Hz, H-6), 3.86 (dd, 1 H, J6',5 6.1,
,

J6',6 13 Hz, H-6'), 3.60 (dd, 1 H, J4,3 7.5, J4,5 9 Hz, H 4).
-

The analytical sample was prepared by ethanol precipitation of 18 from a minimal volume
of water. Mass spectral data, F.A.B. (3-nitrobenzyl alcohol-5% HCl matrix): (m+1) =
213; Expected mass for the sodium salt of 18 (m+1): 213. Elemental analysis required for
C7O6H9Na + 1.5 H2O; C, 35.15; H, 5.02; Found: C, 35.37; H, 5.09.
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(3, 4, 6-Tri-0-(tert-butyldiphenylsily1)-methyl-2 ,6-anhydro-3-deoxy-D-arabino-hept-2enoate (19)

3, 4, 6-Tri-O-(tert-butyldiphenylsilyl)-D-glucal (1.72 g, 2.00 mmol) was dissolved in dry
THF (1 mL) under nitrogen and cooled to -78 °C with stirring. Tert-butyllithium (4.5 mL,
7.2 mmol) was added dropwise and the reaction was stirred at -78 °C (10 minutes) and then
warmed to 0 °C (0.75 hours) at which time a small volume of dry 'THF was added (1.5
mL). The reaction was then re-cooled to -78 °C and excess CO2, previously passed
through Drierite, was bubbled into the solution. The solution was allowed to warm to
room temperature, the reaction was quenched with a small volume of water and solvents
were removed by evaporation in vacuo. The crude oil obtained was redissolved in CHC13,
washed successively with HCl (0.6 N) and saturated NaCl solution, dried over MgSO4,
filtered and concentrated by rotary evaporation. The crude carboxylic acid was dissolved in
diethyl ether (10 mL) and treated with diazomethane. Once esterification was complete the
ether was evaporated in vacuo and the crude product was purified by column
chromatography (ethyl acetate-hexanes 1:30) to yield 19 as an oil (0.37 g, 20%). 1 H
NMR data (CDC13, 400 MHz): 5 7.60 - 7.25 (m, 30 H, aromatics), 5.67 (dd, 1 H, J2,3
5.4, J2,4 1.5 Hz, H-2), 4.50 (m, 1 H, H-3), 4.10 (m, 1 H, H-4), 4.02 (dd, 1 H, J6,6'
11.4, J6,5 7.9 Hz, H-6), 3.89 (m, 1 H, H-5), 3.82 (s, 3 H, 0-CH3), 3.76 (dd, 1H, J6',6
11.4, J6',5 4.6 Hz, H-6'), 1.00 (s, 9 H, 3 x CH3), 0.91 (s, 9 H, 3 x CH3), 0.73 (s, 9 H, 3
x CH3); Mass spectral data m/z: 918; Expected mass: 918.
Methyl-2,6-anhydro-3-deoxy-D-arabino-hept-2-enoate (20)
(1-(Carboxylic acid methyl ester)-D-glucal )

Compound 19 (0.31 g, 0.34 mmol) was dissolved in a solution of THF / 1M tetra-nbutylammonium fluoride (1.70 mL) and stirred at room temperature for 3 hours. The
solvent was evaporated in vacuo and the crude deprotected sugar was dissolved in
methanol (10 - 20 mL) and stirred with an excess of Dowex X-2 (Li+ form) ion-exchange
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resin. The suspension was allowed to stir overnight to remove excess tetra-nbutylammonium ions and was then filtered and concentrated by rotary evaporation. The
resulting oil was redissolved in a minimal volume of ethyl acetate/methanol (60:40) and
filtered through silica to remove insoluble LiF. After evaporation of the solvent in vacuo
the residue was purified by column chromatography (ethyl acetate-methanol 10:1) and
crystallized from methanol-ethyl acetate-ether to yield white crystals of 20 (0.024 g, 35%).
M.p. 119-121 °C; 1 H NMR data (D20, 400 MHz): 6 6.00 (d, 1 H, J2,3 2.7 Hz, H-2), 4.37
(dd, 1 H, J3,2 2.7, J3,4 7.4 Hz, H-3), 4.02 (m, 1 H, H-5), 3.92 (AB multiplet, 2 H, J6,6'
12.6, J6,5 5.0, J6',5 2.3 Hz, H-6, H-6'), 3.80 (s, 3 H, OCH3), 3.72 (dd, 1 H, J4,5 9.6,
J4,3 7.4 Hz, H-4); Mass spectral data (D.C.I., NH3): (m+NH4+) = 222; Expected mass

(m+NH4+): 222. Elemental analysis required for C8H1206 + 0.3 H2O: C, 45.71; H, 6.03;
Found: C, 45.66; H, 6.01.
Pyridoxal-5 -pyrophospho-l-a-D-glucose (21)
1

Compound 21 was prepared according to Takagi et al., (1982). Pyridoxal phosphate
(0.26 g, 0.97 mmol) was dissolved in dry CHC13 (9 mL) and triethylamine (0.5 mL), then
solvents were removed by evaporation in vacuo and the resultant gum pumped dry. The
residue was redissolved in CHC13 (8 mL) and pyridine (1 mL) and once again concentrated
by rotary evaporation and pumped dry. The residue obtained was redissolved in CHC13 (7
mL) and triethylamine (0.4 mL) and stirred with diphenyl phosphochloridate (0.27 mL, 1.3
mmol) at room temperature under nitrogen for 3 hours. The solution was then concentrated
by rotary evaporation to yield a yellow syrup which was extracted (2x) with diethyl ether
(= 3 mL) to remove excess diphenyl phosphochloridate, and the resulting gum was dried in
vacuo for 45 minutes. To the gum was added bis-tri-n-butylammonium a D-

glucopyranosyl phosphate (1.28 mmol) in dry pyridine (4 mL) and the reaction was stirred
at room temperature for 15 hours, then solvent removed by rotary evaporation and the
resultant gum pumped dry. This was then dissolved in double-deionized H2O (ddH2O)
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(20 mL) and extracted with CHC13 followed by diethyl ether (30 mL each). The aqueous
fraction was further diluted with ddH2O (0.5 L) and loaded onto a column of AG-1X8 (C1 form, 2 cm x 18 cm) ion-exchange resin. The column was washed with ddH2O (150 mL)
followed by a solution of 10 mM HC1, 5 mM LiC1 (400 mL). A linear gradient of 10 mM
HC1, 5 mM LiC1 / 10 mM HC1, 20 mM LiC1 (500 mL each) was used to elute compound
21. Fractions were collected and the absorbance at 390 nm was measured by taking
aliquots (0.1 mL) and diluting this into 0.1 N NaOH (3 mL). The elution profile (A390), in
addition to t.l.c (butanol, water, formic acid 13:3:3), was used to identify compound 21.
Appropriate fractions were combined and neutralized with LiOH (2 N) to pH 7 and then
lyophilized to yield a yellow powder. Final purification was achieved by precipitating 21
from a minimal volume of ddH2O with a combination of methanol/acetone (1:4) yielding
21 as a yellow-orange solid (0.056 g, 12%). 1 H NMR data (D20, 300 MHz): 6 10.40 (s,
1 H, C4' CHO (pyridyl)), 7.79 (s, 1 H, H-6 (pyridyl)), 5.60 (dd, 1 H, J1,2 3.1, hi,p 7.0
-

Hz, H-1 (glucosyl)), 5.32 (d, 2 H, Jg,p 7.5 Hz, C5'-CH2 (pyridyl)), 3.83-3.45 (m, 6 H,
H-2, H-3, H-4, H-5, H-6, 6' (glucosyl)), 2.50 (s, 3 H, C2'-CH3 (pyridyl));

31 P

NMR

data (D20, 81 MHz): 8 -11.00 (d, Jp,p 21 Hz, pyridyl-P), -12.61 (d, Jp,p 21 Hz,
glucosyl-P).
Pyridoxal pyrophospho-a-D-[ 14 C1-glucose, 22, was prepared from PLP and
[ 14 q a D glucose 1-phosphate according to the above procedure but on a 1/250 scale and
-

-

-

-

with the following changes. [ 14 q-a-D-Glucose-1-phosphate (0.131=01, 3351.1.Ci pmol
) was diluted with unlabelled material (5 ilmol) before the reaction with PLP. Unlabelled-1

PLPP-Glu (3 grnol) was added to the crude PLPP-[ 14 C]G1u before purification by AG1X8 (Cl - form, 0.7 cm x 15 cm) ion-exchange resin. Finally, since only a very small
amount of the material was synthesized, the product was not precipitated, but rather was
stored as a lyophilized powder. Thin-layer chromatography (6:4:3); butanol, pyridine,
water) of this material showed predominantly a single spot with the same Rf as the
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unlabelled material when detected by U.V. and radioactivity. The specific activity of the
final product was 8 x 10 6 cpm pmo1 -1 .

Pyridoxal-5'-pyrophospho-1-(2-deoxy-2-fluoro)-a-D-glucose (23)

Pyridoxal phosphate (0.09 g, 0.33 mmol) was dissolved in dry CHC13 (8 mL) and
triethylamine (0.3 mL), then solvents were removed by evaporation under reduced
pressure. The residue was redissolved in CHC13 (5 mL) and pyridine (1 mL) and once
again concentrated by rotary evaporation and the gum pumped dry. The residue obtained
was redissolved in CHC13 (5 mL) and triethylamine (0.15 mL) and stirred with diphenyl
phosphochloridate (0.10 mL, 0.48 mmol) at room temperature under nitrogen for 3.5
hours. Solvents were then removed by rotary evaporation to yield a yellow syrup which
was extracted (2x) with diethyl ether 5 mL) to remove excess diphenyl
phosphochloridate and the remaining gum was dried in vacuo for 30 minutes. To the gum
was added bis-tri-n-butylammonium 2-deoxy-2-fluoro-a-D-glucopyranosyl phosphate
(0.35 mmol) in dry pyridine (5 mL) and the reaction was stirred at room temperature for
15.5 hours. After removal of solvents by rotary evaporation and extensive pumping under
vacuum the resulting gum was dissolved in ddH2O (15 mL) and extracted twice with
CHC13 and once with diethyl ether (30 mL each). The aqueous fraction was diluted to 150
mL with ddH2O and then loaded onto a column of AG 1X8 (Cl - form, 1 cm x 20 cm) ionexchange resin at 4 °C. The column was washed with ddH2O (75 mL) followed by 10 mM
HC1 , 5 mM LiC1 (75 mL). A linear gradient of 10 mM HC1, 5 mM LiC1/ 10 mM HC1, 20
mM LiC1 (75 mL each), followed by a further single solution of 10 mM HC1, 20 mM LiC1
(100 mL) was used to fully elute the desired compound. Fractions were collected and the
absorbance at 390 nm was measured by taking aliquots (0.2 mL) and diluting them into 0.1
N NaOH (2 mL). The elution profile (A390), in addition to t.l.c (butanol, water, formic
acid 13:3:3), was used to identify compound 23. Appropriate fractions were combined
and neutralized with LiOH (2 N) to pH 7 and then lyophilized to yield a yellow powder.
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Final purification was achieved by precipitating 23 from a minimal volume of ddH2O with
a combination of methanol/acetone (1:4) which yielded 23 as a yellow solid (0.018 g,
11%). 1 H NMR data (D20, 400 MHz): 5 10.42 (s, 1 H, C4'-CHO (pyridyl)), 7.78 (s, 1
H, H-6 (pyridyl)), 5.73 (dd, 1 H, J1,2 4.0, JH,p 7.5 Hz, H-1 (glucosyl)), 5.30 (d, 2 H,
J13,13

7.0 Hz, C5'-CH2 (pyridyl)), 4.39 (ddd, 1 H, J2,F 49, J2,3 7.5, J2,1 3.5 Hz, H-2

(glucosyl)), 3.96 (m, 1 H, H-3 (glucosyl)), 3.85 (m, 1 H, H-5 (glucosyl)), 3.77 (m, 2 H,
H-6, 6' (glucosyl)), 3.49 (dd, 1 H, J4,5 9.5, J4,3 9.5 Hz, H-4 (glucosyl)), 2.46 (s, 3 H,
C2'-CH3 (pyridyl)); 31 P NMR data (D20, 81 MHz): 5 -11.10 (d, Jp,p 20 Hz, pyridyl-P), 13.00 (d, Jp,p 20 Hz, glucosyl-P); 19 F NMR data (D20, 188 MHz): 5 -123.60 (s, C2-F
(glucosyl)).
2. Enzymology,
2.1. General Procedures

Absorbance measurements were carried out on either a Pye Unicam PU-8800 or
PU-8600 UV-Visible spectrophotometer. Rabbit muscle was obtained from Pel-Freez
Biologicals. T-state glycogen phosphorylase b seed crystals were kindly donated by Prof.
N. Madsen. Rabbit liver glycogen (type III) was purchased from Sigma Chemical Co. and
was purified with AG-1X8 (MO - 400 mesh, Cl - form) ion-exchange resin. Glycogen and
its analogue 4-F-glycogen were assayed by the method of Dische (Ashwell, 1957).
Ammonium sulphate (ultra pure grade) was obtained from Schwarz / Mann Biotech. AMP,
AMPS and caffeine were purchased from Sigma Chemical Co. Potassium phosphite was
obtained from ICN Pharmaceuticals.
2.2. Protein Purification

Glycogen phosphorylase b (E.C. 2.4.1.1.) was prepared from rabbit muscle by the
method of Fischer and Krebs (1962) using DTT instead of cysteine and recrystallized at
least three times before use. Protein concentrations were determined from absorbance
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measurements at 280 nm using an absorbance index E2800'1% 1.32 mL mg -1 cm -1 (Buc
and Buc, 1968).
2.3. Resolution and Reconstitution of Glycogen Phosphorylase b

Apophosphorylase b was prepared by an adaptation of the method described by
Shaltiel et al., (1966). To a solution of glycogen phosphorylase b (freed of AMP) was
added an equal volume of resolution buffer (0.4 M imidazole and 0.1 M cysteine-citrate,
pH 6.2) and the mixture was incubated at room temperature for 1.5 hours. The protein
solution was then passed down a Sephadex G-25 column (2 cm x 30 cm) equilibrated with
half-strength resolution buffer to complete the resolution, then desalted by passage down a
second Sephadex G-25 column equilibrated with buffer containing 50 mM
glycerophosphate / 50 mM mercaptoethanol, pH 7.0. Assays of this apoenzyme routinely
showed less than 0.5% activity and could be reconstituted with PLP to normal activity.
Apoenzyme was reconstituted with various PLP analogues using a molar excess (pyridoxal
derivative / apoenzyme) of anywhere from 1 (pyridoxal-5'-pyrophospho- 1 -a-D-glucose
analogues) to 25 (pyridoxal-5'-phosphonate analogues) fold. Incubation of the apoenzyme
with the PLP analogues was carried out at 37 °C in the dark over a period of 45 - 90
minutes, the 90 minute incubation time being for those analogues present in only slight
excess over the apoenzyme. The reconstituted enzyme was then precipitated with an equal
volume of saturated ammonium sulphate (pH 6.8), pelleted by centrifugation at 4 ° C,
redissolved and dialyzed against the appropriate buffer at 4 °C. The absorbance at 333 nm
in the UV - Vis spectrum of reconstituted enzyme samples was routinely used as positive
evidence for cofactor binding (Chang et al., 1987; Feldmann and Helmreich, 1976). Any
alterations to this general procedure are outlined within the individual experiments.
2.4. Enzymic Synthesis of 4 F Glycogen
-

-

The synthesis of 4-F-glycogen was carried out as follows, according to Withers,
(1990). The reaction mixture (4.0 mL) contained glycogen phosphorylase (5.5 mg mL -1 ),
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AMP (1 mM), glycogen (5%) and 4-deoxy-4-fluoro-a-D-glucopyranosyl phosphate (10
mM) in buffer containing KC1 (100 mM), sodium glycerophosphate (20 mM), DTT (5
mM), and EDTA (1 mM), pH 6.8. After 50 hours at room temperature the reaction mixture
was dialysed (30,000 M.W. cutoff) against the above buffer (500 mL, two changes) overnight, then was replaced into a reaction tube with the same concentration of AMP, 4-deoxy4-fluoro-a-D-glucopyranosyl phosphate and an additional 1 mg of glycogen phosphorylase
to replace activity lost through denaturation. The reaction mixture was then incubated for a
further 50 hours, and this process was repeated twice more, followed by a final dialysis
against buffer containing sodium glycerophosphate (2 mM), EDTA (1 mM), and DTT (5
mM), pH 7.0. Removal of protein from the glycogen analogue was achieved by passing
one half of the the sample down a column (1 cm x 25 cm) of DE53 cellulose equilibrated
with 10 mM Tris buffer, pH 8.3. The column was eluted with the same buffer and
fractions (3 mL) were collected and assayed for the presence of glycogen. The process
was repeated for the second half of the sample. The fractions containing glycogen (first 34 tubes) from both runs were combined and lyophilized. The glycogen was then
redissolved in a small volume of deionized water (4 mL) and passed down a second
column of DE53 cellulose (1 cm x 25 cm) equilibrated with the same buffer. Fractions
were assayed for contaminating phosphorylase activity and for the presence of glycogen.
Appropriate fractions were pooled and lyophilized. In order to desalt the material, the
glycogen derivative was dissolved in ddH2O (2 mL) and applied to a BioGel P2 column
(1.6 cm x 66 cm) pre-equilibrated with deionized water. The column was eluted with
U.1120 and the effluent was monitored with a U.V. detector, the glycogen being eluted in
the void volume. Fractions containing the desalted glycogen derivative were combined and
lyophilized to yield 75 mg. Kinetic parameters for the reaction of this 4-F-glycogen
derivative with glycogen phosphorylase were identical to those of samples previously
synthesized in this laboratory by Karen Rupitz. The glycogen derivative bound very tightly
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to the enzyme and was unable to act as a substrate in the direction of glycogen synthesis
under normal assay conditions.

2.5. Kinetic Experiments
2.5.1. General Procedures
Glycogen phosphorylase was primarily assayed in the direction of glycogen
synthesis with initial reaction rates determined by the Fiske-Subbarow phosphate analysis
as described in Engers et al., (1970a, b). The buffer employed for all kinetic experiments,
unless otherwise stated, contained 50 mM triethanolamine hydrochloride, 100 mM KC1, 1
mM EDTA, 1 mM DTT, pH 6.8. Reaction mixtures were 0.5 mL containing 1 mM AMP
and 0.5% - 1% glycogen, and studies were performed at pH 6.8, 30 °C with 5 minute
reaction times. Generally, the enzyme was preincubated with AMP and glycogen and then
added to a solution containing substrate. The concentration of enzyme in the reaction
mixture depended on the enzyme system employed. When glycogen phosphorylase was
assayed in the direction of glycogen degradation, the phosphoglucomutase / glucose-6phosphate dehydrogenase coupled assay described previously by Engers et al., (1969) was
employed. All values of V max and K m were calculated by fitting the rate data to the nonlinear form of the Michaelis-Menten equation with the aid of the GraFit computer program
(Leatherbarrow, 1990). The data were, however, plotted according to Lineweaver and
Burke, (1934) for presentation purposes.

2.5.2. Kinetic Evaluation of Glycogen Phosphorylase b Reconstituted with
5-CH2PLP and 5-CF2PLP
Apophosphorylase b was reconstituted under standard conditions with a 25 fold
excess of 5-CH2PLP and 5-CF2PLP. Initial reaction rates for the reconstituted enzymes
were measured in the direction of glycogen synthesis with a varying concentration of a-Dglucopyranosyl phosphate (1 - 19 mM), under standard assay conditions. Reaction times
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were 5 minutes, conducted at pH 6.8 and 30 °C in standard triethanolamine buffer, and
contained 1 mM AMP and 1% glycogen. The enzyme concentrations used in the reactions
were the following: native glycogen phosphorylase (1.94 p.g inL -1 ), 5-CH2PLPphosphorylase b (8.02 pg mL -1 ), 5-CF2PLP-phosphorylase b (6.24 p.g tnL -1 ).

2.5.3. pH-Dependence of the Kinetic Parameters for Glycogen
Phosphorylase b Reconstituted with 5-CH2PLP and 5-CF2PLP

Initial reaction rates for the reconstituted enzymes at various pH values were
measured in the direction of glycogen synthesis with varying a-D-glucopyranosyl
phosphate (1.5 - 22 mM) concentration. All reaction times were 5 minutes, conducted at
30 °C in buffer containing 1 mM AMP and 1% glycogen. Reactions were conducted at pH
values ranging from 5.78 to 7.55 for 5-CH2PLP-phosphorylase and 5.55 to 7.55 for 5CF2PLP-phosphorylase. The standard triethanolamine buffer system was used over the
entire pH-range, the buffer pH being adjusted with concentrated HCl or NaOH (2 N). The
final pH values of 5.55, 5.78, 6.06, 6.27, 6.61, 6.84, 7.28 and 7.55 were recorded for
reaction mixtures containing all substrates, effectors and enzyme. The following
equilibrium constants (Xe), (Street, 1988) were used in the calculation of initial rates at the
various pH values.
pH
5.55
5.78
6.06
6.27
6.61
6.84
7.22
7.55

Xe
0.888
0.876
0.856
0.836
0.796
0.766
0.719
0.698

Control experiments were completed with each enzyme system to ensure that irreversible
pH-dependent inactivation did not occur at the pH values studied. The enzyme
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concentration employed in each reaction mix was 9.15 p.g mL -1 and 7.01 p.g mL-1 for the
5-CH2PLP- and 5-CF2PLP-phosphorylase enzymes, respectively.

2.5.4. Reconstitution and Reactivation of Apoglycogen Phosphorylase b
with PL-CF2H
Apophosphorylase b was reconstituted with PL-CF2H according to methods
described previously for 5'-deoxypyridoxal analogues (Chang et al., 1987). Initial reaction
rates for PL-CF2H-phosphorylase were measured in the direction of glycogen synthesis
with varying a-D-glucopyranosyl phosphate concentration (8 mM - 60 mM) at a fixed
phosphite (6 mM) concentration. All reaction times were 5 minutes, conducted at pH 6.8
and 30 °C in standard triethanolamine buffer, and contained 1 mM AMP and 1% glycogen.
The reaction mixture contained an enzyme concentration of 62.6 ug rnL -1 . Values of V m
(1-2 grnol min -1 mg -1 ) and K m mM) were determined from a Lineweaver-Burke
analysis.

2.5.5.^Reactivation Kinetics for PLPP-GIu- and PLPP-2FG1uPhosphorylase b
Apophosphorylase b was reconstituted with PLPP-Glu and PLPP-2FGlu
essentially as previously described for PLPP-Glu by Withers et al., (1981a). Thus the
apoenzyme (15.2 p.M) was mixed with one equivalent of PLPP-Glu and PLPP-2FG1u in a
buffer containing 25 mM sodium glycerophosphate, 25 mM mercaptoethanol, 50 mM KC1,
25 mM triethanolamine hydrochloride, 0.5 mM EDTA, and 0.5 mM DTT. The incubations
were carried out either in the presence or absence of 0.24% glycogen at the indicated pH,
and at room temperature for a period of 5 days. The recovery of native enzyme activity
was followed by removing a small aliquot (5 - 101.1.L) of the reconstituted enzyme sample
and assaying it in the direction of glycogen synthesis under standard conditions. Thus,
reactions were carried out over 5 minutes at 30 °C in mixtures containing a D-
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glucopyranosyl phosphate (18 mM), AMP (1 mM), glycogen (1 %) and enzyme (30 gg
mL -1 ), all in triethanolamine buffer (pH 6.8).

2.5.6 Incubation of the R- and T-state forms of Glycogen Phosphorylase b
with Glucal Analogues
R-state glycogen phosphorylase b was incubated in triethanolamine buffer
containing AMP (1 mM) and glycogen (1%) at pH 6.8 and 30 °C in the presence of the
various glucal analogues 30 - 40 mM, refer to the legend in Figure 3-1 for details). The
T-state enzyme was incubated under the same conditions but without AMP and glycogen.
Residual activity was measured by removing small aliquots of the inactivation mixture (5 10 p.L) (2 - 4 gg enzyme) and diluting this into a reaction mixture (0.5 mL) containing a
saturating concentration of a-D-glucopyranosyl phosphate (...16 mM), AMP (1 mM) and
glycogen (1%). The initial reaction rates were assayed in the direction of glycogen
synthesis at 30 °C and pH 6.8 in triethanolamine buffer under standard assay conditons
(Engers et al., 1970a, b). The pseudo first order rate constants (k ob s ) for the decrease in
enzyme activity were determined with the aid of the GraFit computer program
(Leatherbarrow, 1990).

2.5.7. The Determination of lc; and K1 for the Nitroglucal Inactivation of
Glycogen Phosphorylase b
For the R-state enzyme, solutions of glycogen phosphorylase b were incubated at
30 °C and pH 6.8 in buffer containing 10 mM MES, 10 mM HEPES, 10 mM
triethanolamine hydrochloride, 100 mM NaC1, and 1 mM AMP in the presence of a varying
concentration of nitroglucal (5 - 57 mM). The T-state enzyme was incubated at 30 °C and
pH 6.8 in the same way, but in the absence of AMP. In addition to the inactivation
experiment described above, the T-state enzyme was also inactivated in the presence of
competitive ligands (glucose and/or caffeine) as outlined in Figure 3-4, and also in another
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experiment, was inactivated over a range of pH using the same buffer system described
above. The range of pH values covered in this latter experiment included 5.90, 6.80, 7.20,
7.90, 8.47, 9.00. In all experiments the inactivation time course was followed by
removing a small aliquot from the inactivation mixture (5 gL) and diluting this into a
reaction mix (0.6 mL) containing 40 mM imidazole, 10 mM magnesium acetate, 0.4 mM
EDTA, 1 JIM glucose-1,6-diphosphate, 0.5% glycogen, 1 mM AMP, 21 mM phosphate, 1
mM NADP, 15 units mL -1 phosphoglucomutase, 3.4 units mL -1 glucose-6-phosphate
dehydrogenase (pH 6.8). The reaction rate at each time interval was measured in the
direction of glycogen degradation by following the change in absorbance at 340 nm.
Pseudo first order rate constants (k ob s ) were determined for the time-dependent decrease in
enzyme activity at each concentration of nitroglucal with the aid of the GraFit computer
program (Leatherbarrow, 1990). Values of ki and Ki were determined by fitting the k obs
values to the non-linear form of the Michaelis-Menten equation. Values of pK a quoted for
the pH-dependence of the inactivation due to nitroglucal were calculated by fitting the data
to standard pH-functions (Appendix A) with the aid of the GraFit computer program.
Note: thiol reducing agents (mercaptoethanol and DTT) were excluded from the buffer
system used in these experiments because of their reaction with nitroglucal. Technical
assistance with the nitroglucal inactivation experiments was obtained from Karen Rupitz.

2.5.8. Glucosyl Transfer from PLPP-[ 14 Q-Glu-Phosphorylase b to
Glycogen and 4-F-Glycogen.
Glycogen phosphorylase b was reconstitued with PLPP-[ 14 C]-Glu using the
standard conditions for reconstitution previously described except for the following
changes. The apoenzyme was concentrated with a Centri-prep concentrator (30,000 M.W.
cutoff) at 4 °C before reconstitution such that ammonium sulphate precipitation of
radiolabelled protein could be avoided. The apoenzyme was reconstituted with a 1.9 fold
excess of PLPP-[ 14 C]-Glu and the incubation period was extended to 90 minutes. Dialysis
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of the reconstituted enzyme was done in the standard triethanolamine buffer system except
that the pH was 6.7 such that spontaneous regeneration of native enzyme would be
minimized. The specific activity of the reconstituted enzyme was 2.5 x 10 6 cpm grno1 -1 .
Reactions with PLPP-[ 14 Q-Glu-phosphorylase b were initiated by addition of the
enzyme to reaction mixtures containing the standard triethanolamine buffer (pH 6.7), AMP
(2.3 mM), normal glycogen (0.98 %) or 4-F-glycogen (1 %) in a final volume of 200 p.L at
room temperature. Reactions were terminated by the addition of cold 5% TCA (400 j.t1.)
and the protein was then spun down with a microfuge at 4 °C. The protein pellet was
washed at least three times with 2.5% TCA (100 )11.) and then dissolved in 0.1 N NaOH
(100A) and counted for radioactivity. Glycogen was precipitated from the supernatant
with cold ethanol (800 1,1L) and then spun down with a microfuge at 4 °C. The glycogen
pellet was washed at least three times with cold ethanol. The glycogen pellet was then
redissolved in water and counted for radioactivity. A portion of the supernatant was also
counted for radioactivity.
The same procedures were used to isolate labelled glycogen and test the reversibility
of the labelling reaction with native glycogen phosphorylase. In this case once the labelled
glycogen was precipitated, a portion was redissolved in the standard triethanolamine buffer
(pH 6.8). To the glycogen solution was added phosphate (25 mM) and native glycogen
phosphorylase 10 ug). The reaction was allowed to proceed for 30 minutes at room
temperature at which time the reaction was stopped with trichloroacetic acid. Unlabelled
glycogen was added to the reaction mixtures to enhance precipitation of glycogen, after
which the samples were analyzed as described above.
The kinetic evaluation of 4-F-glycogen was carried out under standard experimental
conditions. Reaction was monitored in the direction of glycogen synthesis at 30 °C and pH
6.8 in the standard triethanolamine buffer. The reaction contained a saturating
concentration of a-D-glucopyranosyl phosphate (18 mM), activating AMP (1 mM) and 4-
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F-glycogen (0.5%). High concentrations of glycogen phosphorylase (--= 100 .tg triL -1 )
were required to detect appreciable turnover.
3. NMR Experiments
3.1. General Procedures

Generally, all protein 19 F and 31 P NMR experiments were carried out under the
following conditions unless otherwise noted. Signals for the 19 F and 31 P NMR
experiments are reported in the 8 scale and were referenced against trifluoroacetic acid or
85% phosphoric acid, signals occurring downfield of the reference being assigned positive
8 values. Experiments were generally conducted without proton decoupling.
Protein NMR experiments were done at high enzyme concentration (0.7 - 1.0 mM)
in buffer containing 50 mM triethanolamine hydrochloride, 100 mM KCI, 1 mM EDTA and
1mM DTT (pH 6.8). Protein was concentrated using a Millipore CL filter (30,000 M.W.
cutoff) and then dialyzed against a small volume (= 10 mL) of D20-triethanolamine buffer
(pH 6.8) such that the D20 concentration was 50 - 60%. All D20 used in these NMR
studies was previously treated with Chelex to remove any paramagnetic impurities. The
D20 present in the buffer was used for field/frequency lock. Solutions of effectors in

deionized water or triethanolamine buffer (pH 6.8) were added from stock solutions. The
exact conditions for each NMR experiment are reported in the legend to the appropriate
Figure.
All solution-state 31 P NMR experiments with glycogen phosphorylase and its
derivatives were collected in the Department of Biochemistry in Prof. P. Cullis' laboratory
with the very generous technical assistance of Dr. K. Wong.

159

3.2. 31 P NMR Titration of 5-CH2PLP and 5-CF2PLP
31 P

NMR spectra were recorded on a Varian XL-300 spectrometer operating at 121

MHz at room temperature using the standard parameters for non-protein samples as
described in Section 1.1. (General Procedures and Materials). The 5-CH2PLP (28 mM)
and 5-CF2PLP (23 mM) phosphonic acids were present in a solution of 50% D20 and 100
mM KC1. The pH of the solution was adjusted with a small volume (1-5 W.) of
concentrated HC1 or NaOH (2 N), after which the spectra were accumulated (384 scans).
Generally a 4 Hz line-broadening factor was used in data processing. Values of pK a were
calculated with the aid of the GraFit computer program (Leatherbarrow, 1990).
3.3. 31 P NMR of Native Glycogen Phosphorylase b and of 5-CF2PLPPhosphorylase b
31 P

NMR spectra were recorded at 28 °C on a Bruker MSL 200 operating at 81

MHz with a 10 mm probe. A spectral width of 10,000 Hz was employed, with a 20 - 30°
pulse angle and a repetition time of 1.5 seconds. Exponential line-broadening (25 Hz) was
used prior to Fourier transformation, and all linewidth data have been corrected for this.
Sample size was 1.3 - 1.5 mL in a 10 mm NMR tube, with enzyme concentrations between
0.9 and 1.0 mM calculated for the phosphorylase monomer.
Native glycogen phosphorylase was dialysed at 4 °C for 48 hours against two
changes of triethanolamine buffer (pH 6.8) to remove AMP and then was further dialysed
against the same buffer containing 75 % D20. 5-CF2PLP-phosphorylase b was prepared
as previously described and both enzymes were concentrated using the conditions
described above in General Procedures.
3.4. 19 F NMR of 5 CF2PLP and PL CF2H Phosphorylase b
-

-

-

-

The 19F NMR spectra of glycogen phosphorylase b reconstituted with 5-CF2PLP
and PL-CF2H were recorded on a Bruker AC-200E (quad. nuclei probe (Q.N.P.))
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spectrometer operating at 188 MHz with a 5 mm probe. A spectral width of 30,000 Hz
was employed with a 35 - 40° pulse angle and a repetition time of 0.8 - 1.1 seconds.
Exponential line-broadening (75 Hz) and data 'left shifts' were used prior to Fourier
transformation and all linewidth data have been corrected for the line-broadening factor.
Sample size was 0.4 - 0.5 mL, with enzyme concentrations between 0.6 and 0.8 mM
calculated for the phosphorylase monomer.
Enzyme, present in 50 mM triethanolamine hydrochloride, 100 mM KC1, linM
EDTA, 1 mM DTT (pH 6.8) was concentrated using a Millipore CL filter (30,000 M.W.
cutoff). An equal volume of D20-triethanolamine buffer (pH 6.8) was added such that the
final concentration of D20 was 50%. Further concentration with the Millipore filter was
completed until the desired enzyme concentration was reached.
3.5. Solid State 31 P MASNMR Spectroscopy of free PLP and of R- and TState Glycogen Phosphorylase b

The PLP monosodium and disodium model compounds were obtained from the
free acid of PLP by titrating solutions with sodium hydroxide to pH 4.0 and 8.0
respectively, followed by lyophilization. AMP was removed from glycogen phosphorylase
by dialysis against large volumes of triethanolamine buffer (pH 6.8). Crystalline samples
of the T-state enzyme were obtained by seeding of a solution of phosphorylase b (15 30
-

mg mL -1 ) in buffer containing 1 mM EDTA, 5 mM DTT, 10 mM 2-fbis(2hydroxyethypaminolethanesulphonic acid (BES) (pH 6.7) containing glucose (50 mM)
with a highly diluted suspension of seeds obtained by grinding tetragonal crystals of
phosphorylase b (Johnson et al., 1974; Kasvinsky and Madsen, 1976). Microcrystalline
R-state phosphorylase b was obtained from solutions of phosphorylase b (16 mg mL -1 ) in
buffer containing 100 mM KC1, 50 mM triethanolamine hydrochloride, 1 mM DTT, 10
mM magnesium acetate, 0.4 mM adenosine-5'-thiomonophosphate, pH 6.8. The protein
microcrystals were packed into the rotor using an Eppendorf centrifuge followed by
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spinning the rotor in the probe at several kHz for fifteen minutes and removing the residual
buffer by pipette. This process was repeated several times if necessary to fill the rotor.
Experiments on both the T- and R-state enzymes were initially non-reproducible since the
31 P-MASNMR spectrum sometimes consisted of only isotropic peaks. However when the

above protocol was followed and the samples were spun for prolonged periods before the
removal of excess buffer by pipette, a sideband manifold was always observed.
NMR experiments were performed and analyzed in the laboratory of Professor C.
A. McDowell by Dr. R. Challoner on a Bruker MSL 200 pulse spectrometer with an
operating frequency of 81.05 MHz for 31 P. A spectral width of 50,000 Hz was employed
and experiments were proton decoupled. An exponential line-broadening factor of 100 Hz
was applied for the spectral analysis, and spinning frequencies in the 2.0 - 2.2 kHz range
with a recycle time of 20 s were typically used. 31 P-MASNMR spectra were simulated by
Dr. R Challoner as described in Challoner et al., (1992). The convention a33>a22>ai I
was used for the assignment of the principal tensor components obtained from the spectral
simulations of the spinning sideband intensities.
3.6. 19 F NMR of PLPP 2FG1u Phosphorylase b
-

-

The 19 F NMR spectra of glycogen phosphorylase b reconstituted with PLPP2FG1u were recorded on a Bruker AC-200E (quad. nuclei probe (Q.N.P.)) spectrometer
operating at 188 MHz with a 5 mm probe. A spectral width of 20,000 Hz was employed
with a 40 - 60° pulse angle and a repetition time of 1.2 - 2.0 seconds. Exponential linebroadening (75 Hz) and data 'left shifts' were used prior to Fourier transformation and all
linewidth data were corrected for the line-broadening factor. Sample size was 0.4 - 0.5
mL, with enzyme concentrations between 0.7 and 1.0 mM calculated for the phosphorylase
monomer. 2-Fluoro-D-glucal (-92.2 ppm) was used as an internal standard in all
experiments. PLPP-2FG1u-phosphorylase b was prepared as previously described and
concentrated using the conditions described above in the General Procedures.
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3.7. 19 F NMR Titration of 4-F-Glycogen with Glycogen Phosphorylase b
19F NMR spectra were recorded at room temperature on a Bruker AC-200E (quad.

nuclei probe (Q.N.P.)) spectrometer operating at 188 MHz with a 5 mm probe. A spectral
width of 20,000 Hz was employed with a 35 - 40° pulse angle and a repetition time of 1.2
seconds. Exponential line-broadening (25 Hz) was used prior to Fourier transformation
and all linewidth data have been corrected for the line-broadening factor. Measurements of
(Ti) values were performed using the progressive saturation method (Freeman and Hill,
1971).
All chemical samples were dissolved in the standard triethanolamine buffer (pH
6.8) containing 75% D20. Glycogen phosphorylase was dialysed at 4 °C for 48 hours
against two changes of triethanolamine buffer (pH 6.8) to remove AMP and then was
further dialysed against the same buffer containing 75% D20. 2-Fluoro-D-glucal (8 = 92.3 ppm) was used as an internal standard in all experiments.
Titrations were performed by the sequential addition of glycogen phosphorylase
(0.97 mM) to a sample (0.52 mL) of 4-F-glycogen (1.2 or 0.6%), 2.1 mM AMP, 2.3 mM
2-fluoro-D-glucal in 75% D20 buffer. The 4-F-glycogen concentration was kept constant
as the volume increased by the addition of small aliquots (3 - 8 41.) of concentrated
(5.75%) 4-F-glycogen. Such constancy in concentration made subsequent data analysis
considerably more simple. 19F NMR spectra (256 scans) were recorded after each addition
of enzyme and compared after setting the absolute intensity of the first free induction decay
to 1.

3.8. 31 P NMR of PLPP-Glu-Phosphorylase b in the Presence of 4-FGlycogen.
31 P

NMR spectra were recorded at 30 °C on a Bruker MSL 200 operating at 81

MHz with a 10 mm probe. A spectral width of 10,000 Hz was employed with a 20 - 30 °
pulse angle and repetition time of 1.5 seconds. Exponential line-broadening of 20 Hz was
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used prior to Fourier transformation, and all linewidth data have been corrected for this.
Sample size was 1.7 - 1.8 mL in a 10 mm NMR tube, with enzyme concentrations between
0.8 and 0.9 mM calculated for the phosphorylase monomer. PLPP-Glu-phosphorylase b
was prepared as previously described and concentrated using the conditions described
above in the General Procedures.
4. Analysis of Pyridoxal Cofactors from PLPP 2FG1u phosphorylase
-

-

The analysis of pyridoxal compounds was carried out essentially according to
Takagi et al., (1982), and Tagaya and Fukui, (1984). Both the control and enzyme
samples were treated in the following way. The samples (0.06 - 0.15 gmole) in ddH2O or
standard triethanolamine buffer (pH 6.8) 0.1 mL) were treated with 1 mL of cold 5%
trichloroacetic acid (TCA) and chilled on ice for 5 minutes, then the protein was spun down
and the supernatant removed. This procedure was repeated once more, combining
supernatants. The same procedure was repeated two more times with 2.5 % TCA. The
combined TCA supernatants were extracted several times (7 - 8) with ether, and then the
aqueous fraction was rotary evaporated under low vacuum conditions such that residual
ether was removed. At this time the PLP standard 0.06 gmole) was added to the
cofactor solution and the volume was adjusted to 5 mL with ddH2O. The 5 mL sample
was loaded onto a column of AG-1X8 ion-exchange resin (Cl form, 0.5 cm x 10 cm),
-

followed by a 5 mL wash with ddH2O. The column was then eluted with a linear gradient
of 2 mM HC1, 10 mM NaC1 / 2 mM HCI, 70 mM NaC1 (50 mL each), followed by a
solution of 2 mM HC1, 70 mM NaCl (20 mL), and finally a solution of 2 mM HCI, 85 mM
NaC1 (20 mL). Fractions (--= 2 mL) were collected and analyzed by the method of Wada
and Snell (1961).
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5. Ion-Spray Mass Spectral Studies

All ion-spray mass spectral studies were completed at the Biomedical Research
Center at the University of British Columbia in Dr. R. Aebersolds laboratory on a triple
quadrupole mass spectrometer from Sciex. The spectra were collected in the LC-MS mode
(single MS) by Dr. J. Gebler and Dr. D. Hess. All protein samples were treated in the
same way prior to mass spectral analysis. The protein samples were centrifuged to remove
any insoluble material and then separated from low molecular weight compounds by HPLC
using a 2.1 mm narrow bore C4 column. The following gradient was applied to elute the
protein; 20% buffer B in buffer A to 90% buffer B in buffer A over 10 minutes. Buffer A:
0.05% TFA (aq.), 2% acetonitrile (aq.); Buffer B: 0.045% TFA (aq), 80% acetonitrile
(aq)•
The experimental conditions used for the preparation of the nitroglucal inactivated
sample of glycogen phosphorylase are the same as those used in the previous inactivation
experiments (see Section 2.5.7. of the Experimental).
For the reactions of PLPP-Glu-phosphorylase b, incubation mixtures contained
enzyme (67 gM), AMP (1.7 mM) and 4-F-glycogen at either 0.07% or 0.35%.
Incubations were carried out at room temperature and were between 5 and 90 minutes in
length as described in the legend to Table 5-1.
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APPENDIX A
Kinetic Derivations and pH-Dependence of Enzyme Reactions
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1. Kinetic Derivations
The expressions used to analyze the data in this work were derived by application
of the steady state approximation to the following general kinetic expression:

k 1^k2
E + S i.--b ES -4 E + P
k.1
in which k2 is the rate limiting step of the reaction. Thus the reaction rate will be equal to:

1) = k2 [ES]

where k2 (or kcal in this case) is simply the first order rate constant for the chemical
conversion of the enzyme-substrate complex (ES) to the enzyme-product complex. Since
the initial reaction rate is approximately constant over the time interval concerned the steady
state approximation applies to the concentration of ES where:

d[ES] = 0
dt
Assuming that [ET] = [E] + [ES], and that [So] >> [E0], then the velocity equation
can be expressed in the following way:

v = d[P] = k2 [ES] = k2 [Eol [S]
dT^
Km + [S]
where K m is the Michaelis constant and is defined as:

^

k2 + k.1

k1
The Michaelis constant is equal to Kd (i.e. k-1 / k1), the dissociation constant of the
enzyme-substrate complex, when k2 << k_1 (rapid equilibrium assumption).
The specificity constant (kcatfi(m) is a second order constant which relates the
reaction rate to the concentration of free, rather than total enzyme. This becomes apparent

1 67

at low substrate concentrations where the enzyme is largely unbound and [E] .. [E 0]. At
such concentrations the reaction rate is given by:

1) = [E] [S] kcat
Km
Glycogen phosphorylase is a two-substrate enzyme. However, when one of the
substrates is present at saturating concentrations (e.g. glycogen), the kinetic model
simplifies to that of a single substrate system as shown above. The rate limiting step in the
phosphorylase mechanism is the isomerization of the central enzyme ternary complex.
Thus, isomerization is slow compared to the dissociation of the enzyme-substrate complex
(k2 << k.i) and values of K m will be equal to Kd, the dissociation constant for the enzymesubstrate complex.
In the presence of a competitive inhibitor, the kinetic scheme is modified as shown
below:

ki^k2
E + S „=-2 ES -4 E + P
Ki j t^k-1
EI
and gives rise to the following rate equation:
u =^rEol

IS1 k2
K m (1 + [I]/Ki) + [S]
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2. pH-Dependence of Enzyme Reactions

Investigating the pH-dependence of the kinetic parameters from the MichaelisMenten equation is a common practice and the interpretation of such pH-profiles is
generally based on equations derived by Alberty et al., (1963). In their derivations,
Alberty and coworkers made two important assumptions which have been disregarded in
the past (Knowles, 1976). In summary, the authors stated that if there is only one active
site ionization state capable of catalyzing the interconversion of substrate and product, and
if all prototropic equilibria involving the ionizing groups are fast with respect to all other

catalytic steps in the reaction, then a number of conclusions can be made from the variation
of kca t/K m and of kcat with pH. Plots of kca t/K m versus pH will yield pKa values for
ionizing groups within the free enzyme and / or free substrate, and plots of k cat versus pH
will yield pK a values for the enzyme-substrate complex whose decomposition is rate
limiting (Knowles, 1976). The pH-dependence of K m follows ionizations which affect
binding of the substrate to the enzyme, thus can yield information on either the free enzyme
and free substrate or the enzyme-substrate complex.
The active site of an enzyme may contain several ionizing groups which may be
involved in substrate binding or catalysis. The following model illustrates simple diprotic
equilibria in which the free enzyme and the enzyme-substrate complex can each be present
in three different ionizations.
EH2 + S^EH2S^EH2
Kb t,^Kb'

EH + S^EHS

E + S^

1" ES
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k2

EH + P

In this scheme, reaction can only occur through the monoprotonated form of the enzymesubstrate complex and it is assumed that all prototropic equilibria (vertical processes) are
fast compared to the rate limiting interconversion step. Thus, the pH-dependence of the
reaction velocity and the various kinetic parameters can be written as follows:
1) = ^k2

[Eo] [S]

Kd (1 + [Hi- ]/Kb + Ka/[H+]) + [S] (1 + [H + ]/K'b + Wai[11 4 ])
k2 (pH) = ^k2
(1 + [H+]/K'b + Wa/[1 .1 -4 ])
Kd (pH) = Kd x (1 + [11 4- ]/Kb + Ka/[H + ])
(1 + EH -11/K% + K'ai[H+])
k2/Kd (pH) = k2 x ^1
Kd^1 + [H -f]/Kb + K a /[11+]
where k2 (kcat) and Kd (K m ) are pH-independent.
At low pH where [H -1 >> Ka these equations can be simplified. For example:

k2 (pH) = ^kz.
(1 + [H -I- ]/1C•b)
and similarly at high pH where [H 4-] is << Kb,

k2 (pH) = ^kz
(1 + K' a i[H -F])
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Previous studies have employed these equations in an effort to aid in the interpretation of
pH-profiles collected from glycogen phosphorylase (Kasvinsky and Meyer, 1977).
In terms of the second assumption stated by Alberty and coworkers and how it
relates to glycogen phosphorylase, it seems very likely that all protonation-deprotonation
equilibria are rapid relative to the interconversion of the enzyme ternary complex. For
example, the transfer of a proton from a stronger acid to the base of a weaker acid is
generally thought to be a diffusion-controlled process with a bi-molecluar rate constant on
the order of 10 10 M -1 sec -1 in water at 25 °C (Alberty and Bloomfield, 1963). The bimolecular rate constant for the transfer of a proton from a weaker acid to the basic form of a
stronger acid may be estimated in the following way (Alberty and Bloomfield, 1963):

ki
HA + B ,--z-1 HB + A
k. 1
-

-

K = (HB) (A ) = ki/k.1 = KHA/KH B
(HA) (B-)
-

KHA and KHB are the acid dissociation constants for HA and HB. If the rate constant for

the proton transfer from HA to B - is taken to be 10 10 M -1 sec -1 and the difference in pKa
between HA and HB is 4 pK units, then the rate constant for proton transfer from the
weaker acid BH to A - will be 106 M -1 sec -1 . Since the rate constant for proton transfer is
very large and the concentration of buffer species is also large, it is reasonable to assume,
given the rate constant for turnover in glycogen phosphorylase is known to be on the order
of kcat = 100 sec -1 , that all protonation-deprotonation equilibra are rapid compared to the
interconversion of the enzyme ternary complex, and therefore that proton transfer reactions
in glycogen phosphorylase remain at equilibrium.
The first assumption by Alberty and coworkers states that there can be no
diversionary pathways in the course of the interconversion of substrate and product. This
assumption requires that there be only one catalytically active ionization state in the active
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site. While very little is known about the nature of the amino acids involved phosphorylase
catalysis, it has been proposed (Klein et al., 1982, 1984; Helmreich, 1992) that essential
acid catalysis is required for bond cleavage of the substrate, however the source of the acid
catalysis is still unclear, and possible diversionary pathways with varying pH cannot be
completely ruled out.
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