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Abstract 

The presence of polycyclic aromatic hydrocarbons (PAHs) in the environment is of concern 

because many PAHs are carcinogens, and PAHs are very persistent. In this thesis the distribution 

of PAHs has been investigated in the Kitimat fjord system, British Columbia, Canada. Total 

PAHs in the range 1-500 mg/kg were detected in sediments from the fjord system. Sediments 

with the highest PAH levels were collected from sites in close proximity to the aluminum smelter, 

and PAH levels in sediments declined with increasing distance from the smelter. The PAH 

composition in all samples was typical of combustion generated PAH mixtures. 

PAH composition and distribution as a function of sediment particle size was investigated. 

Sediments from two sites close to the aluminum smelter (CD2, CD3) showed a differential 

distribution of PAHs amongst various sediment particle size fractions (PSFs). At all other sites 

PAHs were uniformly distributed amongst the various sediment PSFs. At one site (CD3), the 

distribution of perylene and retene amongst PSFs was different from the distribution of the other 

PAHs examined. 

Total PAH levels were elevated in the upper sections of a sediment core, but declined to constant 

low levels (-30 ng/g) in the lower sections of the sediment core. The PAH composition in the 

upper part of the core was typical of combustion generated PAH mixtures. In contrast, perylene 

accounted for -70-80% of total (unsubstituted) PAHs in sections from the lower part of the core, 

pre-dating the operation of the aluminum smelter. 

The accumulation of PAHs by soft-shelled clams (Mya arenarid) collected from four beaches in 

the Kitimat fjord system was investigated. PAHs were detected in clams (0.8-5.7 mg/kg) and 



Ul 

sediments (0.02-125 mg/kg) from all four beaches. The PAH composition was similar in both 

clams and sediments at each site. Biota-sediment accumulation factors (BSAFs) at Hospital 

Beach were significantly lower than predicted by the equilibrium partitioning (EP) theory, but 

BSAFs at the other three sites were within an order of magnitude of the EP predictions. 

Metabolism of pyrene and 1-hydroxypyrene by two species of bivalve mollusk, Mya arenaria and 

Protothaca staminea was studied under laboratory conditions. The metabolites identified 

included an hydroxypyrene isomer, pyrene-1-sulfate, and a sulfate conjugate of dihydroxypyrene. 

The metabolites formed indicate that the metabolic pathways used by the two mollusk species to 

metabolize pyrene are similar to the pathways vertebrates use to metabolize PAHs. 
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1. Introduction 
i 

1.1 General 

The limitations of our knowledge and our understanding of environmental processes have 

increasingly become apparent through the unforeseen and deleterious consequences of human 

actions upon the environment. The field of environmental chemistry, therefore, has recently 

assumed greater importance as we seek to develop a deeper understanding of the environment, 

and to mitigate or prevent damage to the environment. Environmental chemistry is the study of 

the distribution, transport, transformation, ultimate fate and biological effects of chemicals (both 

natural and anthropogenic) in the environment. It is a broad discipline, combining aspects of 

chemistry, biology, toxicology, physics and medicine. 

This thesis will focus on one important class of environmental contaminants known as polycyclic 

aromatic hydrocarbons (PAHs). PAHs are carcinogenic, persistent, and widespread throughout 

the environment. PAHs have been present in the environment for millennia. High levels of PAHs 

can often be found in the environment as the result of natural agents, from oil seeps or forest fires, 

for example. However these PAHs are usually tied up in forms that restrict their availability to 

biota. In recent times, humans have added greatly to the environmental PAH burden, largely as a 

result of the combustion of fossil fuels. These anthropogenically generated PAHs are often widely 

dispersed, and are available to biota. Of particular significance to humans is the observation that 

ambient PAH levels are typically highest in urban settings. Because PAHs are toxic, exposure of 

both humans and the environment as a whole, to PAHs, is a matter for concern. Hence, 

understanding the environmental chemistry of PAHs should be considered a priority. 
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1.2 Properties of PAHs 

1.2.1 Structure of PAHs 

The term polycyclic aromatic compound (PAC) refers to a diverse class of chemicals, which all 

possess the common structural element of an extended multi-cyclic aromatic ring system. The 

simplest PACs contain only carbon and hydrogen atoms arranged in two or more linked aromatic 

rings, and these are typically referred to as polycyclic aromatic hydrocarbons (PAHs) or 

polynuclear aromatics (PNAs). Typical examples are illustrated in Figure 1-1. These compounds 

are generally referred to as unsubstituted, or parent, PAHs. 

The hydrogen atoms attached to the aromatic rings of PAHs may be replaced with a number of 

different chemical functional groups (e.g. alkyl, alkoxy, CI, Br, NH2, N02, OH, S03) to create a 

huge variety of substituted PAHs. Several examples of these substituted PAHs are included in 

Figure 1-2. 

Another class of PACs, the hetero-atom substituted PACs, are formed by replacement of one or 

more of the ring carbon atoms with a hetero atom, typically nitrogen, oxygen or sulfur. Some 

examples are illustrated in Figure 1-2. 



Naphthalene Acenaphthene Acenaphthylene 

Benzo(a)anthracene Benzo(a)pyrene Benzo(e)pyrene 

Perylene Benzo(£)fluoranthene Benzo(&)fluoranthene 

Dibenz(a/i)anthracene Benzo(ĝ /)perylene Indeno(l,2,3-c<i)pyrene 

Figure 1-1 Chemical structures of some unsubstituted PAHs. 

This figure includes the 16 US EPA designated priority pollutant PAHs (see section 1.6), plus 
benzo(e)pyrene and perylene 
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Indole Quinoline Carbazole 

1,7-Dimethyl phenanthrene 1-Isopropyl, 7-methyl phenanthrene 
(Pimanthrene) (Retene) 

Figure 1-2 Chemical structures of some important alkyl- and hetero-atom-substituted PAHs. 

Many important physical and chemical properties of PAHs (e.g. aqueous solubility, volatility, 

biodegradability) are correlated with molecular weight. Thus, there are great differences in 

physical and chemicals properties between, for example, naphthalene (MW 128) and coronene 

(MW 302). It has occasionally been useful to subdivide PAHs into high molecular weight PAHs 

(HPAH, MW >202) and low molecular weight PAHs (LPAH, MW <202). 

PAHs may also be classified as linear (where all rings are in a straight line, e.g. anthracene), 

angular (where there is one or more 120° angles in the chain of aromatic rings, e.g. phenanthrene) 

or pericondensed (where at least one carbon atom is shared by three rings, e.g. pyrene) 

This thesis will focus primarily on parent (unsubstituted) PAHs - specifically the 16 compounds 

listed as priority pollutants by the United States Environmental Protection Agency (US EPA), as 
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shown in Figure 1-1. PAHs with alkyl side-chain substituents will be considered where necessary 

when their presence aids in identification of specific PAH sources or environmental processes 

affecting PAH fate (see chapters two and three). Oxygen substituted PAH will be considered only 

in the context of metabolism of the parent compounds by indigenous biota. Chlorinated PAHs, 

which may be considered to include polychlorinated dibenzodioxins (PCDDs), polychlorinated 

dibenzofurans (PCDFs) and polychlorinated biphenyls (PCBs), or brominated and fluorinated 

analogues of these three classes, are not considered in this thesis. 

1.2.2 Physical and Chemical Properties 

The defining feature of PAH chemistry is the high thermodynamic stability of these compounds 

(3-5). This stability arises not only from the delocalized aromatic system, but also from the low 

H/C ratios which increase the entropy of the system (4). In their chemical reactions, therefore, 

PAHs show a tendency to retain their aromaticity, and substitution reactions are usually favored 

over addition reactions (6). For isomeric PAHs, the linear configuration (e.g. anthracene) has the 

lowest thermodynamic stability, while angular configurations (e.g. phenanthrene) are the most 

stable (3). 

The extended rc-electron systems give rise to the characteristic spectroscopic properties of PAHs, 

which have been utilized by analytical chemists to detect PAHs extracted from environmental 

samples (see section 1.7). The 7t-electron systems also provide a means by which PAHs may be 

excited into a reactive state. Thus photo-catalyzed reactions are important, both in the 

degradation of PAHs in the environment, and in the generation of reactive species that are toxic 

to biota (7-10). 
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A compilation of some important physical-chemical properties of selected parent and alkylated 

PAHs is presented in Table 1-1. All unsubstituted PAHs are solids at room temperature. PAHs 

are typically insoluble in water and have a low vapor pressure. Both these properties are inversely 

correlated with molecular weight. Increasing alkyl substitution also decreases water solubility, 

and for isomeric PAHs, the linear isomers are less soluble than angular or pericondensed 

structures (cf. anthracene and phenanthrene, Table 1-1). 

Table 1-1 Some physical-chemical properties of selected parent and alkylated PAHs. 

Compound MW log m.p. b.p. H S 

(g/mol) Kow (°C) (°C) (Pa m3/mol) (25°Cg/m3) 

naphthalene 128 3.37 80.5 178 43.01 31 

1-methyl 142 3.87 -22 245 44.90 28 

2-methyl 142 . 3.86 34.6 242 51.19 25 

1,4-dimethyl 156 4.37 7.7 262 31.11 11.4 

acenaphthene 154 3.92 96.2 277.5 12.17 3.8 

acenaphthylene 152 4.00 92 265-275 8.40 16.1 

fluorene 166 4.18 116 295 7.87 1.9 

phenanthrene 178 4.57 101 339 3.24 1.1 

anthracene 178 4.54 216 340 3.96 0.045 

9-methyl 192 5.07 82 355 - 0.261 

9,10-dimethyl 206 5.25 182 - - 0.056 

pyrene 202 5.18 156 360 0.92 0.132 

fluoranthene 202 5.22 111 375 1.037 0.26 

benzo (a)anthracene 228 5.91 160 435 0.581 0.011 

7,12-dimethyl 256 6.00 122 - - 0.050 

chrysene 228 5.86 255 448 0.065 0.002 
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Table 1-1 (continued) 

Compound MW log K o w m.p. b.p. H S 

(g/mol) (°C) (°C) (Pa m3/mol) (25°Cg/m3) 

benzo(a)pyrene 252 6.04 175 495 0.046 0.0038 

benzo(e)pyrene 252 6.44 178 493 0.020 0.004 

perylene 252 6.25 277 495 0.003 0.0004 

benzo (ft)fluoranthene 252 5.80 168 481 0.0054 0.0015 

benzo (&)fluoranthene 252 6.00 217 481 0.016 0.0008 

indeno(l,2,3-cc0pyrene 276 6.40 164 - - 0.00053 

dibenz(a/?)anthracene 278 6.75 267 524 0.0075 0.0006 

benzo (g/n')perylene 276 6.50 277 525 0.075 0.00026 

3-methyl cholanthrene 268 6.42 178 - 0.145 0.0019 

Abbreviations: MW, molecular weight; log Kow, octanol-water partition coefficient; m.p., 
melting point; b.p., boiling point; H, Henry's Law constant; S, aqueous solubility. 
All data from Mackay et al. (11), except for the indeno(l,2,3-cd)pyrene data which was obtained 
from reference (8). 

Water solubility increases with increasing temperature, and decreases (slightly) with increasing 

ionic strength. It should be noted that the extreme insolubihty of the HPAHs makes the direct 

determination of aqueous solubility and related parameters such as log Kow very difficult and 

prone to error. For example, while Mackay et al. quote the aqueous solubility and log Kow of 

pyrene as being 0.132 g/m3 and 5.18, respectively, in the summary table of their Handbook of 

Environmental Data (11), values ranging between 0.03-1.56 g/m3 for aqueous solubility and 

4.45-6.70 for log Kow have been published. 
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1.3 Metabolism of PAHs 

As a compound class, PAHs are fairly readily metabolized by higher organisms, but only 

selectively so by micro-organisms. In general, prokaryotes oxidize PAHs as a prelude to ring 

fission and carbon assimilation (1, 12). PAHs of low molecular weight are readily metabolized by 

prokaryotes, but higher molecular weight PAHs are metabolized less readily, if at all (1, 12, 13). 

In contrast, eucaryotes metabolize PAHs by initial oxidation, then conjugating them to polar 

moieties in order to facilitate excretion (2, 12, 14). PAH metabolism involving both ring fission 

and conjugation has been shown to occur in fungi (15, 16). 

2-hydroxymuconic 
semialdehyde 

Figure 1 -3 Typical oxidation pathways for PAHs (adapted from (1)). 

1.3.1 Microbial metabolism 

The metabolism of PAHs by pure cultures of micro-organisms, and co-metabolic transformations 

by microbial consortia have been studied for almost 80 years (1, 12). Microbial degradation of 
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PAHs proceeds initially by one of two pathways that involve either monooxygenase or 

dioxygenase enzymes. Monooxygenase enzymes are present in bacteria and fungi; however, 

bacterial degradation of PAHs usually involves dioxygenases, and both atoms from molecular 

oxygen are incorporated into the aromatic compound (1, 12, 13). The two pathways are 

illustrated in Figure 1-3. 

4-Hydroxyperinaphthenone 

Figure 1-4 Partial pathways for the degradation of pyrene by Mycobacterium sp. PYR-1 
(adapted from (1)). 

Pathways of microbial degradation of a typical PAH (pyrene) are illustrated in Figure 1-4. The 

initial step of oxidation utilizes dioxygenases to incorporate molecular oxygen to form a 
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c/s-dihydrodiol. The dihydrodiol is re-aromatized by a dehydrogenase, then oxidative ring 

cleavage either between (ortho fission), or adjacent to (meta fission) the two hydroxyl groups 

takes place. Further ring cleavage and oxidation steps occur as shown in Figure 1-4. 

Mineralization of PAHs to produce CO2, and incorporation of PAH-derived carbon into bacterial 

biomass has been demonstrated using 14C-labelled PAHs (17, 18). 

The rate at which micro-organisms degrade PAH is inversely proportional to the number of 

aromatic rings (12, 13), and decreases as the number of attached alkyl carbons increases (12). 

The rate of biodegradation is proportional to the aqueous solubility of the PAHs (12, 13, 19). 

Molecular oxygen is essential for PAH biodegradation by aerobic micro-organisms (12), so PAH 

biodegradation is severely restricted under oxygen-limited conditions. A few studies have 

indicated that degradation of PAHs can take place under anaerobic conditions (12, 20, 21). This 

process may be important for removal of PAHs from anaerobic ecosystems. 

1.3.2 Metabolism in higher organisms 

In contrast to micro-organisms, most higher species (including vertebrates and Crustacea) 

metabolize PAHs by monooxygenase (rather than dioxygenase) mediated pathways (2, 14). 

Mixed function oxidase (MFO) enzyme systems, especially cytochrome P450 1A1, introduce a 

single atom from molecular oxygen to form an arene oxide, which either rearranges to form a 

phenol, or is stereospecifically hydrated by epoxide hydratase to form a frans-dihydrodiol (Figure 

1-3). An important contrast with microbial metabolism is that metabolic pathways in higher 

organisms typically do not lead to ring cleavage. The metabolic pathways for benzo(a)pyrene in 

the rat are illustrated in Figure 1-5. Most other higher organisms metabolize benzo(a)pyrene (and 

other PAHs) by similar pathways. 



11 
Tetraols < 

7,8,9-triol 
+ 

7,8,9,10-tetraol g 

BP-4,5-diol g.s M O 
Phenol derivatives 

anti-BP-7,8,diol-9,10-oxide t,d 

7-OH-BPg-* 
M O P S 

BP-7,8-diol 
E H BP-7,8-oxide+ 

M O / X ^ 0 

Phenol *yn-BP-7,8-diol 
derivatives 9,10-oxide^ 

7,8,9-triol 
+ 

7,8,9,10-tetraol g 
BP-9,10-oxide 

| E H 

BP-9,10 diol M O 

M O 

l - O H - B P £ « 

BP 1,2-oxide 

M O . 

BP-1,6-quinone * VJJQR 

^ 6 - O H - B P r — BP-6,12-quinoneS^ 
r!> \ _ derivatives 8 

* r>r> i c v . ^ O R 

JAO 
BP-3,6-quinone s ^ Q R 

6-hydroxymethyl BP 
BP-2,3-oxide \ 

3-OH-BPS* 

g-OH-BPg.* • 3,9-dihydroxy-BP 

kl-hydroxy-BP-9,10-diolg,* 9-OH-BP 4,5-oxide d 

3 - h y d r o x y - B P - 9 , 1 0 - d i o l « ^ E H 

9-OH-BP-4,5-diol 
7,8,9,10-tetraol 

7,8,9,10-tetraol 

• ant(-BP-9,10-diol 7,8-oxide 
+ 

• yyn-BP-9,10-diol 7,8-oxide 

Figure 1-5 Metabolic pathways of benzo(a)pyrene in the rat (adapted from (2)). 

Abbreviations: MO, monooxygenase; EH, epoxide hydrolase; ER, epoxide reductase; QR, 
quinone reductase; PS, prostaglandin synthetase. 
The superscripts indicate metabolites that: ', can be converted into a glutathione conjugate; \ 
can be converted into a sulfuric acid conjugate; s, can be converted into a glucuronic acid 
conjugate; and , can contribute to covalent binding of hydrocarbon to nucleic acids in cells or 
tissues that have been treated with benzo(a)pyrene. 

The products from initial oxidation can undergo several subsequent reactions. Phenols and 

quinones are substrates for glucuronide and sulfate conjugation, or they can be further oxidized to 

phenol-oxides (2, 14, 22). As an example of the complex interrelationships between metabolism, 

activation and detoxification, it is generally thought that conjugation to sulfate (in the liver), 

which facilitates excretion, is a mechanism for detoxification of PAHs. However, the gut flora in 

many organisms possess sulfatase activity, thus hydrolysis of the sulfate-PAH conjugate may 

occur, releasing potentially mutagenic PAH metabolites (23). The PAH dihydrodiols can also be 

further oxidized to diol-epoxides, some of which are especially reactive towards DNA and 



12 

proteins (24), and are thought to be ultimately responsible for PAH carcinogenesis. The epoxides 

can be conjugated to glutathione and excreted. 

In addition to the diol-epoxides, some authors have suggested that radical cations produced from 

one-electron oxidation of PAHs (25, 26), or benzylic electrophillic PAH esters (27) are also 

important DNA-reactive metabolites. As a secondary effect, futile redox-cycling of PAH-

quinones which exhausts the protective supply of cellular anti-oxidants may leave cells susceptible 

to DNA damage from reactive oxidizing species, including by-products of lipid peroxidation (28). 

1.3.3 Metabolism of PAHs by fungi 

Filamentous fungi generally oxidize PAHs as a prelude to detoxification (excretion) (12). Several 

different oxidation pathways are represented amongst the fungi, and some species may utilize 

multiple pathways (1). The non-hgnolytic fungus Cunninghamella elegans, which has been well 

studied, uses cytochrome P450 monooxygenase enzymes to oxidize PAHs (e.g. naphthalene, 

pyrene) to frans-dihyrodiols, phenols or quinones (15). The phenols can be conjugated with 

sulfate, glucose or glucuronic acid (15, 29). Similarly, the non-basidiomycete soil fungus 

Penicillium janthinellum metabolized pyrene to phenols and di-phenols (30). 

In contrast, the white rot fungi, Phanerochaete chrysosporium produces extracellular lignin 

peroxidases that catalyze the 1-electron oxidation of PAHs including pyrene, perylene, anthracene 

and benzo(a)anthracene to quinones (1, 16). This pathway is also illustrated in Figure 1-3. 

Lignolytic fungi have been shown to degrade high molecular weight PAHs, which are essentially 

resistant to degradation by normal mono- or dioxygenase pathways (13). It has been suggested 

that this may be because the lignin peroxidases are extra-cellular, and the PAHs therefore do not 

have to cross the fungal cell wall, a process which may not be possible for the larger PAHs. 
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1.3.4 Metabolism of PAHs by mollusks 

Because the isolation and identification of PAH metabolites from mollusks forms a major part of 

this thesis, the literature on this subject is extensively reviewed in the following sections. 

1.3.4.1 Biochemical Studies 

The major pathways of unsubstituted PAH metabolism in mollusks are similar to those in 

mammals, as illustrated in Figure 1-5. Although initial studies implied an absence of cytochrome 

P450 MFO activity in mollusks (31-33), more recent work confirms that P450 activity is 

widespread in mollusks, albeit at levels substantially lower than those typical for vertebrates (34-

38). 

Table 1-2 Comparison of selected PAH-metabolizing enzyme activities in mollusks and 
other phyla. 

Enzyme Mollusks Crustaceans Fish 

cytochrome P450 0.07 0.33 0.32 
(nmol/mg protein) 
benzo(a)pyrene hydroxylase 0.02 0.04 0.31 
(nmol/min/mg protein) 

UDP-glucuronyl transferase 8-30 0.01 0.08 
(nmol/min/mg protein) 

UDP-glucosyl transferase >0.002 0.2-1 nd 
(nmol/min/mg protein) ^ 
Data from Livingstone, (37, 38) and Foureman, (39). 
nd; not determined 

Other enzyme activities relevant to the metabolism of PAHs that have been identified in mollusks 

include: epoxide hydratase, superoxide dismutase, catalase, glutathione-*-transferase, UDP-

glucuronosyl transferase, UDP-glucosyl transferase, sulfotransferase (37, 38, 40, 41). A 

comparison of the activities of several important Phase I and Phase II enzymes in different phyla is 
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shown in Table 1-2. It can be seen that the activity of the phase II (conjugating) enzymes 

compared to cytochrome P450 is much higher in mollusks than in the other phyla. Thus, whilst 

phenol and dihydrodiol metabolites may accumulate in fish or mammals, in mollusks they would 

probably be conjugated and excreted more readily. Sulfate and glycoside conjugates probably 

predominate over glucuronidation in mollusks (sulfate and glycosyl conjugates have been detected 

whereas glucuronides have not), but the experimental evidence for this is limited (37, 38). 

In addition to the 2-electron cytochrome P450 mediated oxidation of PAHs, there is evidence to 

suggest that a 1-electron oxidation, catalyzed either by cytochrome P450 or peroxidases, may also 

be important for some PAHs in mollusks (37, 42). Specifically, the predominance of quinone 

metabolites over phenols and dihydrodiols (see section 1.3.4.2) is indicative of initial 1-electron 

oxidation reactions (25, 26). A major fate of the cation radical initially formed via 1-electron 

oxidation could be the formation of macromolecular adducts to DNA and protein (25, 26, 37). 

Both oxidation mechanisms are summarized in Figure 1-3. 

1.3.4.2 Identification of P A H metabolites from mollusks 

In spite of the widespread evidence of the potential for PAH metabolism in mollusks from 

biochemical studies, few reports have been able to identify or characterize metabolites of 

unsubstituted PAHs generated by mollusks, and many authors have failed to find evidence for the 

generation of PAH metabolites by mollusks in feeding studies under controlled laboratory 

conditions (31-33, 43). Thus, the topic remains controversial. 

Benzo(a)pyrene is the most intensively studied PAH. Stegeman (42) studied metabolism of 3H-

benzo(a)pyrene in microsomes isolated from the digestive gland of the blue mussel (Mytilus 

edulis). Benzo(a)pyrene quinones (3 isomers, 65% of total metabolites), phenols (2 isomers, 
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30%) and dihydrodiols (3 isomers, 3%) were identified by comparing their migration distances on 

thin layer chromatography (TLC) plates, and their ultra-violet absorption spectra, with authentic 

standards. Digestive gland microsomes from the oyster (Cryptochiton stelleri) and mussel 

(Mytilus edulis) also converted benzo(a)pyrene predominantly to quinones (44, 45). In contrast, 

Anderson (46) identified only 14C-benzo(a)pyrene dihydrodiols as benzo(a)pyrene metabolites 

generated by digestive gland microsomes from the hard-shell clam (Mercenaria mercenarid), and 

both dihydrodiols and phenols from the atlantic oyster (Crassostrea virginicd). Pre-exposure of 

both species to the PCB mixture Arochlor 1254 (a potent MFO inducer) led to the formation of 

various quinones, and changes in both the absolute and the relative amounts of the dihydrodiol 

and phenol isomers. The amount of Arochlor 1254 added also seemed to alter the metabolite 

profiles. All metabolites were identified by comparing HPLC retention times to those of authentic 

standards. 

In studies using intact mollusks, Augenfeld et al. (47) exposed Macoma inquinata to 1 4 C-

phenanthrene. Radioactivity was detected in the insoluble tissue fraction, and it was suggested 

that this indicated the presence of PAH adducts to macro molecules (e.g. to protein and DNA). 

Water soluble metabolites were also indicated by progressive loss of radioactivity from sediments 

and clam tissue; however, it was suggested that these were probably bacterial metabolites. The 

oyster (Ostrea edulis), after metabolic stimulation with glucose, was able to convert 1 4 C-

naphthalene to 1- and 2-naphthols (48). The naphthols were identified by comparing migration 

distances on TLC to authentic standards. A spot at the origin of the TLC was indicative of polar 

conjugates. Lu et al. investigated uptake of 14C-benzo(a)pyrene in an aquatic snail (Physa sp.) 

(49). Snail tissue was homogenized with acetone, and a TLC of the resulting extract revealed 
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several unidentified metabolites including polar compounds. Unextractable radioactivity in the 

tissue indicated possible adducts to DNA and/or protein. 

The possible formation of PAH adducts to macro molecules has been suggested as a consequence 

of 1-electron oxidations (25, 26, 37), and invoked to explain the frequent failure to detect 

oxidized PAH metabolites (phenols and dihydrodiols) in mollusks (37). In addition to the reports 

above, PAH-protein and PAH-DNA adducts are indicated in several recent studies (40, 50, 51). 

Radioactivity was detected in protein and DNA isolates from Mytilus edulis 2 and 5 days after 

exposure to 3H-benzo(a)pyrene (51). Bulky, hydrophobic DNA-adducts were detected in 

digestive gland tissue from mussels (Mytius edulis) collected from several PAH contaminated 

sites; however, the adducts were not identified (40). Using a sensitive 32P-postlabeling assay 

Venier and Canova detected a benzo(a)pyrene adduct to gill DNA from Mytilus galloprovincialis 

(50). The amount of adduct increased with increasing dose of benzo(a)pyrene. However, a study 

by Kurelec indicated very weak or no adduct formation when digestive gland homogenates from 

Mytilus galloprovincialis were treated with benzo(a)pyrene (52). 

1.4 PAHs as Environmental Contaminants 

1.4.1 Sources 

PAHs are generated by three different types of processes: high temperature combustion, low to 

moderate temperature diagenesis of sediment organic matter, and biosynthesis (3, 8, 53, 54). The 

most significant source of PAH contamination in the environment is incomplete combustion of 

organic material (8, 54-56). This includes natural combustion events such as forest and grassland 

fires, and possibly volcanism, and anthropogenic sources such as industry, transportation, thermal 

power generation, and burning of fuel for domestic heating and cooking (6, 8, 57, 58). A risk 
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assessment for PAHs performed under the Canadian Environmental Protection Act (CEPA) 

estimated 4300 tonnes of PAHs were discharged into the Canadian atmosphere in 1990, of which 

53% was attributed to industrial sources. Aluminum smelting alone produced 925 tonnes of PAH 

(8). Because Canada has a high land to population ratio, the fraction of total atmospheric PAH 

emissions due to forest and prairie fires (47%) is higher in Canada than is typical for other 

industrialized nations (e.g. 17% for USA (59)). 

1.4.1.1 Combustion generated PAHs 

The mechanisms by which PAH are formed during combustion have been extensively studied, but 

are still far from being understood completely. Both pyrolysis (the thermal cracking of organic 

compounds to form smaller fragments, many of which are radicals) and pyrosynthesis 

(recombination of the radical species to yield more stable aromatic fragments) are thought to be 

important (6, 59). In addition, some "combustion" processes undoubtedly release large amounts 

of PAH simply due to volatilization of PAH from PAH-containing feedstocks (e.g. aluminum 

smelters which utilize Soderberg electrodes) (60). 

The complex PAH mixtures produced by combustion have been shown to be more strongly 

dependent on the combustion temperature than on the fuel itself (3, 59). High temperature 

processes produce almost exclusively unsubstituted PAH, while lower temperature processes (e.g. 

oil production) produce many alkyl-substituted compounds, as illustrated in Figure 1-6. High 

temperature formation processes also favor condensed ring structures (e.g. pyrene, benzopyrenes, 

benzo(gfo')perylene) over linear or angular structures (3). Bjorseth and Ramdahl suggest that high 

combustion temperature favors the formation of the thermodynamically more stable PAH isomers 



1 8 

(59); however, rapid quenching of the formation reaction enables less stable isomers to persist in 

combustion generated PAH mixtures (3). 

0 1 2 3 4 5 6 0 1 2 3 4 5 6 0 1 2 3 4 5 6 0 1 2 3 4 5 6 

Number of alkyl carbons on aromatic rings 
High Temperature Medium Temperature Low Temperature 

(-2000 °C) (-800 °C - 400 °C) (-100 °C -150 °C) 
Figure 1-6 Graphs showing inverse relationship between the degree of alkyl substitution of 
PAHs and formation temperature (adapted from Blunter, (3)). 

1.4.1.2 PAHs in fossil fuels 

PAH are also present in substantial amounts in fossil fuels (8, 54, 61), thus fuel spillage or effluent 

from fuel-processing industries represents important local sources of PAH contamination. In 

contrast to combustion generated PAHs, petrogenic PAH mixtures consist mainly of alkyl-

substituted compounds (3, 62, 63); two or three ring structures (naphthalenes, phenanthrenes) are 

present in greater abundance than four or five ring structures (62, 64-66), and compounds 

containing multiple 5-membered rings are common (3). The aromatic fraction of crude oils often 

exhibits a broad hump (an unresolved complex mixture) when analyzed by using capillary GC (66-

68). This feature is typical of weathered or degraded bitumens (69). 

The processes controlling the formation of petrogenic PAH are complex and poorly understood. 

PAH production is postulated to begin during early diagenesis of plant material due to 
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fragmentation and progressive aromatization of organic chemicals derived from the plants. 

Possible plant precursors have been suggested for a number of PAH (6, 70), but for many of the 

other PAHs no likely plant precursors are known. With increasing thermal maturation of the 

forming oil deposit, the degree of aromaticity increases, and reactions involving methylation, 

demethylation and methyl transfer become important (61, 71, 72). In coalification (late 

catagenesis), condensation of polycyclic aromatic compounds takes place to form ashphaltenes 

and other graphite-like oligomers (73). PAHs can be generated due to fragmentation of these 

polymeric compounds. 

1.4.1.3 Biosynthesis and short term diagenesis 

Micro-organisms, plants and animals are all capable of producing compounds containing fused-

ring polyaromatic systems, and these compounds often contain oxygen, nitrogen or sulfur hetero-

atoms (3, 54). Included among these compounds are perylene quinones, and it has been 

postulated that high levels of perylene found in some sediments may arise from reduction of the 

(perylene) quinones (53, 54). de novo biosynthesis of unsubstituted PAHs has not been 

demonstrated conclusively (54). 

PAHs can be formed via diagenesis of organic matter in soils and sediments (8, 53, 74). Unlike 

combustion or petrogenic PAHs, diagenesis usually forms simple mixtures of PAHs with 1 or 2 

compounds being dominant. Perylene is usually the most important diagenic PAH, although 

sediments near coniferous forests often have high levels of retene and pimanthrene (55). 

Alkylated naphthalenes, phenanthrenes, picenes and chrysenes are other PAH with probable 

diagenic origins found in some soils and sediments (6, 55, 70). Lee et al. postulated that alkylated 

naphthalenes may be formed by degradation of plant-derived sesquiterpenoids (6). It has been 
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proposed that alkylated phenanthrenes (e.g. retene, pimanthrene) are derived from resin acids (55, 

70), and that alkylated chrysenes and picenes are generated from pentacyclic triterpenoids (70). 

Usually, diagenic PAHs are only present in trace amounts, and their presence in contaminated 

sediments is often masked by the more abundant combustion generated or petrogenic PAHs. 

Under some circumstances, diagenic PAHs can be present in substantial quantities (53, 75) (see 

also Chapters 3 and 4, this thesis). 

1.4.2 Distribution 

PAHs are both stable and ubiquitous in the environment. PAHs have been detected in ice and 

snow on Ellesmere Island in the arctic (76), and in water, sediments and biota in the antarctic (77, 

78). PAHs have even been detected in meteorites (79), and their presence in interstellar matter 

has been indicated by using infra red spectroscopy (80, 81). Laflamme and Hites analyzed twenty 

soils and sediments from around the world for unsubstituted and alkylated PAHs (55). They 

concluded that PAHs are widespread, that the PAH composition is similar for most of the 

locations studied, and that absolute levels of PAHs increase with proximity to urban centers. 

A number of studies have examined the historical deposition of PAHs by examining ice. and 

sediment cores (58, 76, 82-84). Worldwide, there has been a substantial increase in PAH levels in 

sediments since the late 19th century (58, 62, 84). Youngblood and Blumer suggested that the 

PAHs were generated by forest fires (3, 58), however this hypothesis doesn't account for the 

observation that PAH concentrations from a number of sediment cores maximized in the period 

1950-1960 (84), and have declined since then (although PAH levels are still elevated in 

comparison to pre-1900 levels (62, 83, 84)). The elevated PAH levels in recent sediments are 

usually attributed to anthropogenic sources (56, 83, 84). Supporting evidence for this theory 
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includes the co-variance of PAH concentration with other anthropogenic pollutants such as Zn, 

Cu and Pb (82), and in at least one core, the similarity of the PAH composition to urban street 

dust (83). 

1.4.3 PAHs and source apportionment 

As described in previous sections, different PAH sources produce characteristic mixtures of 

PAHs. Thus, it is often possible to ascribe the PAHs in unknown environmental samples to a 

particular source, based on the PAH composition in the unknown samples. 

The ratio of the concentration of an unsubstituted PAH to the concentration of its alkylated 

homologs (the Alkyl Homologue Distribution, AHD) is often used to distinguish between 

combustion derived PAHs and petrogenic PAHs in sediments (64, 65, 85). Ratios of 

thermodynamically-more-stable : thermodynamically-less-stable PAH isomers can also be used to 

differentiate sources (62, 64, 84). For example the ratio phenanthrene:anthracene is typically ~3-

4 in urban street dust, but is closer to -30-40 in PAH mixtures from remote locations (84). 

In some cases, individual PAHs may be characteristic of a certain source. For example, retene 

appears to be associated exclusively with either PAH formed through early diagenesis or 

coniferous wood combustion (70, 86). More often PAHs have multiple possible sources, and 

multivariate statistical techniques are used (e.g. principle components analysis (PCA), factor 

analysis (FA), cluster analysis) to examine subtle differences in PAH composition (64, 87, 88). 

Thus, using PCA, Naes and Oug were able to distinguish two combustion sources (aluminum 

smelters, Mn alloy smelters) based upon PAH composition in marine sediments (87). 
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If the source of PAH contamination is known and its composition well characterized, 

measurement of changes in PAH composition over time or space can give information on the fate 

of PAH contamination. Changes in the AHD for spilled oils have been used to monitor 

weathering and biodegradation of the spilled oil (89, 90), and to differentiate oil types (91). For 

the monomethylphenanthrene isomers, 9-methylphenanthrene is the isomer most resistant to 

biodegradation (68), whereas it is the isomer most susceptible to photodegradation (92). Thus 

changes in the ratios of monomethylphenanthrene isomers may provide insight into the relative 

importance of different degradation pathways. 

1.4.4 PAHs as biogeochemical markers 

Systematic changes in several parent/alkylated PAH ratios, and in ratios of specific alkyl PAH 

isomers, have been used as indices of oil and coal maturity (e.g. methyl and dimethyl 

naphthalenes, methyl and dimethyl phenanthrenes, methyl pyrenes (61, 71, 93, 94)). One example 

is the methylphenanthrene index MPI3, defined by Garrigues et al. (93) as shown in equation 1. 

. m T (2 - methyl) + (3 - methylphenanthrene) 
MPI3 = — — — eqn. (1) 

(1 - methyl) + (4 - methyl) + (9 - methylphenanthrene) 

This ratio increases with increasing thermal maturation of coal (within the oil window). The 

increase has been ascribed to a greater thermodynamic stability of the 2-methyl and 3-

methylphenanthrenes compared to the sterically crowded 1-methyl, 9-methyl and 4-methyl 

phenanthrenes (61,71). 

1.4.5 Effects of PAHs on biota 

This section provides a general review of the effects of exposure to PAHs on biota. Detailed 

reviews of the effects of exposure to PAHs on humans and mollusks are included in subsequent 

sections. 
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PAHs are acutely toxic to aquatic organisms at low levels. Typical 96 hour LC50 values for 

aquatic invertebrates are on the order of 1-0.01 mg/kg (ppm) (8, 54), and HPAHs are considered 

to be more acutely toxic than LP AH (8, 54). In contrast, sediment quality criteria proposed by 

Long et al. are more stringent for LP AH than for HP AH (95). 

Laboratory based bioassays that utilize benthic invertebrates (e.g. echinoderms, amphipods, 

polychaetes, mollusks, Crustacea) and larval forms of fish are widely used to test PAH 

contaminated sediments and overlying water for toxicity (8, 95, 96). Toxicity end-points include 

mortality/survival, emergence and reburial, cellular abnormalities, growth abnormalities, and 

altered respiration (8, 95, 96). Field studies based on ecological parameters such as species 

abundance and richness are also used to evaluate the toxicity of PAH contaminated sediments 

(96). 

PAHs have been shown to induce tumors and cellular abnormalities in fish (54, 97), and a number 

of studies have demonstrated a higher prevalence of neoplasia in flatfish inhabiting PAH 

contaminated sediments compared to control fish from pristine sites (98-100). Krahn et al. found 

a positive correlation between PAH metabolite concentrations in the bile of english sole 

(Parophrys vetulus) and the incidence of hepatic tumors in the same fish (99). PAH-DNA 

adducts have been detected in fish collected from PAH-contaminated environments (101, 102). 

PAHs have also been shown to induce MFO activity in fish (74,103). 

The major toxic concern for higher animals associated with PAH exposure is cancer. The 

mechanisms by which PAHs cause cancer are not completely understood, and a thorough critique 

of the various theories of PAH carcinogenesis (25, 27, 104, 105) is beyond the scope of this 

thesis. It is generally accepted that alkylated and unsubstituted PAHs are not direct acting 
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carcinogens and require metabolic activation to reactive species, and the reactive PAH 

metabolites have been shown to bind to DNA and protein (14, 27). Non-neoplastic effects of 

PAHs in mammals include: altered enzyme activity (e.g. cytochrome P450, glutathione-s-

transferase, uridine 5'-diphosphoglucuronyl transferase), endocrine disruption and 

immunosupression (106-111). 

PAHs have been shown to be photo-toxic to a variety of organisms including fish, plants and 

benthic invertebrates (e.g. oligochaetes, amphipods) (7, 9, 112, 113). The photo-toxicity may be 

due to either generation of reactive PAH photo-transformation products, or generation of singlet 

oxygen via PAH-mediated photo-sensitization (7, 9). Photo-toxic effects include mortality in 

benthic invertebrates (7) and growth inhibition in plants (9). 

1.4.6 Toxic effects of PAHs in mollusks 

Given that sediments are the ultimate sink for PAHs in the marine environment, one might expect 

sediment dwelling organisms to accumulate especially high levels of PAHs in their tissues, and 

hence to be particularly susceptible to any acute or chronic toxic effects arising from PAH 

exposure. Indeed, as discussed in section 1.4.5, a number of studies have demonstrated a higher 

prevalence of neoplasia in flatfish inhabiting PAH contaminated sediments compared to control 

fish from pristine sites (98-100), and benthic invertebrates are routinely used in toxicity bioassays 

of PAH contaminated sediments (96). 

The limited ability of mollusks to metabolize PAHs almost certainly prevents the accumulation of 

carcinogenic metabolites, and some authors suggest that mollusks would be unlikely to develop 

cancers as a result of exposure to PAHs (111). However, neoplasms or genetic damage have 

been detected in shellfish populations from contaminated sites (114-116), and disseminated 
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neoplasia have been identified in at least 15 species of bivalve. Body burdens of PCBs have been 

correlated with neoplasia in Mya arenaria (115), and Mix described a relationship between 

elevated PAH levels and neoplasia in Mytilus edulis from Yaquina Bay, Oregon (116). 

Preliminary results from Brand et al. (pers. comm.) indicate that prevalence of leukemic cells and 

reactivity with a leukemia cell specific polyclonal antibody are both significantly higher in Mya 

arenaria collected from a site heavily contaminated with PAHs (Hospital Beach, Kitimat, BC), 

than in specimens collected from a reference site. 

These studies are certainly suggestive of a link between increased prevalence of neoplasia in 

bivalves and elevated levels of PAHs or other toxicants in sediments. No causal relationship has 

been established, however, and many studies have failed to demonstrate any link between shellfish 

diseases and PAH contamination ((116) and references therein). A recent review, concluded that 

"evidence in support of the pollution-neoplasia hypothesis is not impressive" (116). 

PAHs are responsible for a number of potentially toxic effects, other than cancer, in mollusks. 

Several PAHs are potent inducers of cytochrome P450 in mammals, and this effect has been 

documented in mollusks also (35, 38, 117). Potentially hazardous consequences of P450 

induction include: mutagenesis due to increased oxidative stress and free radical formation, 

carcinogenesis due to increased activation of pro-carcinogens, and attenuation of endogenous 

cellular processes because of increased metabolism of steroid-type hormones and other 

endogenous P450 substrates (103, 118). These effects may be responsible for observations of 

reproductive impairment at the whole organism level (117, 119). Alternatively, depression of 

metabolic activity, a narcotic effect common to hydrophobic organic compounds, could be 

responsible (120, 121). 
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Induction of enzymes other than P450 (e.g. catalase, NADPH-cytochrome c reductase) has been 

demonstrated in mollusks (38, 117, 121), and this would also be expected to cause adverse effects 

arising from attenuation of normal metabolic processes. 

PAHs have been shown to affect membrane structure and function, including causing the 

destabilization of lysosomal membranes, resulting in changes to membrane permeability (111, 

122). The membrane damage may be a result of increased lipid peroxidation, attributable to 

PAH-induced oxidative stress (38). Impaired immune response following exposure to PAHs has 

been observed inM edulis (123-125). 

Phototoxicity of PAHs has been demonstrated in benthic invertebrates including oligochaetes and 

amphipods (7, 112), and may be important for some mollusks too. 

1.4.7 Fate of PAHs in the environment 

Important features of the cycle of PAHs in an aquatic environment are illustrated in Figure 1-7. 

The fate of a chemical in the environment can be conveniently modeled by using the equilibrium 

partitioning (EP) concept. The EP theory assumes that the distribution of a chemical between 

various environmental compartments (e.g. air, water, sediment, etc.), is governed by chemical 

equilibria, and that thermodynamic equilibrium exists between all compartments (126,. 127). In 

the case of hydrophobic organic compounds such as PAHs, the equilibrium condition commonly 

used is one of equal fugacity in each environmental compartment (128, 129). However, 

thermodynamic equilibrium may not be achieved if, for example, there are kinetic constraints on 

contaminant transfer between various compartments, or if metabolism is significant (126, 127). In 

these cases, EP theory will fail to adequately describe chemical distribution in the environment. 
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Figure 1-7 Biogeochemical cycle of PAHs in an aquatic environment, (adapted from (130)). 

These limitations may be overcome in part by the use of steady-state models, which describe 

contaminant distribution as a balance of reaction rates (e.g. sorption/desorption, 

uptake/depuration, etc.) (126, 127). A major disadvantage of steady-state models is that they 

require measurement of a number of rate constants, and this may be difficult and time consuming. 

1.4.7.1 Air 

The greatest inputs of PAHs to the environment arise from combustion sources, which discharge 

into the atmosphere. Thus the atmosphere is a major transport medium for PAHs (8). In the 

elevated temperatures of combustion sources PAHs typically exist in the vapor phase, but HP AH 

rapidly condense onto particle surfaces at ambient temperatures (74). In the atmosphere PAH 
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< MW 202 exist predominantly in the vapor phase, while PAHs > MW 202 are mainly particle 

associated (131-133). Partitioning of PAHs between vapor and particle phases shows a marked 

temperature dependence (133-135). In one study, vapor phase PAH concentrations showed a 

strong diurnal variation (levels were highest in the afternoon), attributed to volatilization of PAHs 

from plant surfaces (135). Particle associated PAH levels are highest in winter, probably due to 

cold-condensation of PAHs onto particles, and increased combustion for domestic heating (134). 

Some recent studies indicate that the gas-particle partitioning of PAHs may not be at equilibrium 

(74, 134, 136, 137). Wei reported that the vapor phase concentrations of PAHs in flue gas from a 

furnace were much lower than their respective vapor pressures (137). He proposed that once 

formed, PAHs are instantaneously encapsulated by the growing soot particles, thus preventing 

their equilibration into the vapor phase. 

Processes whereby PAHs are removed from the atmosphere include wet and dry deposition and 

chemical reactions (8). The sunlight-activated reactions of PAHs with ozone or hydroxyl radicals 

are especially important (8, 74). Photo-oxidation and photolysis half lives for PAHs (excluding 

naphthalene) in air range from 0.4 to 68 hours (8, 74), however particle-adsorbed PAHs may be 

less susceptible to reaction (8, 74, 138). Pennise and Kamens (138) noted that particle-associated 

PAHs generated at 360-380 °C were far more susceptible to photo-degradation than were 

particle-associated PAHs generated at 760-800 °C. 

1.4.7.2 Water 

Various important sources of PAH to the aquatic environment are illustrated in Figure 1-7. 

Because PAHs are hydrophobic and have very low aqueous solubility, when released into an 

aqueous environment PAHs will rapidly partition to particles and become buried in sediments (8, 
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54). Thus total PAH concentrations in the water column are low, typically < 0.1 pg/L for 

unpolluted rivers, ground water, drinking water and seawater (54). Rivers flowing through 

industrialized areas, urban stormwater or surface run-off, and sewage discharges typically have 

elevated total PAH levels (3-5000 pg/L) associated with suspended particles (8). 

Although the dissolved-phase PAH concentration is low, it has great importance. It is generally 

accepted that only a chemical in the dissolved phase is bioavailable (139, 140), although colloid 

associated PAHs may be available to some filter feeders (139), and digestive solubilization of 

sediment-bound chemicals has recently been shown to be important for some benthic invertebrates 

(141). PAHs can partition to dissolved organic matter (DOM) (e.g. humic substances). This 

increases the mobility and apparent solubility of the PAHs (111, 142-144), but decreases the 

bioavailabihty (111, 140). PAH levels may be enriched relative to the bulk water in sediment 

interstitial water (pore water) (145) and the surface microlayer (146). 

Routes of removal of PAHs from the water column include volatilization, photo-oxidation, 

microbial metabolism, metabolism by higher organisms, and deposition to sediments (8, 54, 132, 

147). Volatilization is likely to be most important for LPAHs. Hoff et al. recently reported that 

there is currently a net flux of phenanthrene and pyrene from the Great Lakes to the atmosphere 

via volatilization (147). 

Although less sensitive to photo-oxidation in water than in air, loss of PAHs by photo-oxidation is 

likely to be important (10, 54). Calculated near-surface half-lives for direct photochemical 

transformations at 40 °N (midday, summer) ranged from 71 hours (naphthalene) to 0.5 hr 

(benzo(a)pyrene) (10). Ehrhardt et al. (148) and Jaquot et al. (92) observed that alkyl-

substituted PAH derived from spilled oil undergo photochemical degradation faster than 
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unsubstituted PAHs. It was suggested that this was due to the presence of reactive benzylic 

protons in the alkylated PAHs (148). Decreased photo-reactivity was reported for PAHs 

associated with suspended solids (10). 

1.4.7.3 Sediment 

Because of their low aqueous solubility, low vapor pressure and hydrophobicity, PAHs show a 

strong tendency to partition from the vapor or dissolved phase onto particles (8, 54). These 

particles will rapidly settle through the water column and become deposited as sediments. Other 

sources of PAHs to surface sediments include synthesis of certain PAHs (e.g. retene) due to early 

diagenesis of organic material in aerobic sediments (70), and petrochemical seeps (54, 64). Total 

PAH levels at remote sites not impacted by human activity or other major PAH sources are 

typically < 1 mg/kg (8). PAHs levels at contaminated sites are much higher, for example 

Vancouver Harbor (up to 330 mg/kg (149)), Hamilton Harbor (283 mg/kg (8)); Saguenay fjord 

(40-200 mg/kg (150)); Norwegian fjords (up to 800 mg/kg (151)). 

Sediment-bound PAHs can be returned to the water column by dissolution into the aqueous phase 

(74) or resuspension of bulk sediment (8, 130). PAHs can be removed from the sediments via 

uptake into benthic invertebrates (152, 153), or via degradative processes including microbial 

degradation (1, 12) and chemical degradation. Partitioning to sediments has been shown to 

reduce availabihty of PAHs to biota (74, 153, 154), reduce biodegradation (1, 21), and reduce 

chemical degradation. Thus the ultimate fate of much of the PAHs deposited to sediments is 

burial. Once buried in anoxic sediments, degradation of PAHs essentially ceases (63). 

The partition of hydrophobic organic chemicals (HOCs), including PAHs, between particle-

associated and the dissolved phase has been well studied (155-157). It has been shown that PAHs 
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partition to the organic matter fractions of sediments (155, 156), and linear relationships exist 

between KP (the sediment-water partition coefficient) and foe (the fractional organic carbon 

content of the sediment). Thus, it has proven useful to define Koc (the organic carbon normalized 

sediment-water partition coefficient): 

Cs 
KP = = Koc x foe eqn. (2) 

Cw 
where C s and C w are concentrations of each PAH in the sediment (S) and the water (W). 

Koc is essentially a distribution coefficient for solute monomers between an aqueous phase and a 

hydrophobic organic phase. As such, it is similar to the octanol-water partition coefficient (Kow), 

and the two quantities can be related by equations such as eqn. (3), derived by Karickhoff (155): 

Koc = —Kow = 0AllxKow eqn. (3) 
Zo 

where Zoc and Zo are fugacity capacities (128, 129) of the PAH in the organic carbon (OC) and 

octanol (O). (Note that various values of the proportionality constant Zoc/Zo have been reported 

by different authors (e.g. (126)) 

Kow is readily measured in the laboratory (158, 159), or predicted from molecular properties 

(160). Kow values have been determined for most of the environmentally important PAHs (see 

Table 1-1). Therefore, the relationship in eqn. (3) provides a basis whereby PAH partitioning in 

the environment can be estimated in the absence of actual measurements of PAH concentrations. 

Koc is one of the central features of the EP concept as applied to the distribution of organic 

chemicals in the environment. Eqn. (2) implies that foe is the only sediment property that 
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influences sorption of HOCs to sediment. However, in several situations the use of Koc fails to 

adequately describe experimental and field data (161, 162), namely: 

1. foe is so small that partitioning to organic matter no longer dominates over sorption to the 

mineral constituents of sediments. 

2. levels of dissolved organic matter (DOM) are sufficiently high that partitioning to DOM is 

significant. 

3. partition is not at thermodynamic equitibrium because of slow desorption kinetics. 

4. different types of organic matter may have different affinities for HOCs (i.e. different Koc 

values). 

In the case of PAHs derived from combustion sources, there is an abundance of evidence that the 

Koc concept is inadequate (82, 145, 161-166). The evidence includes lower-than-predicted 

aqueous concentrations of PAHs (82, 145, 162), reduced availabihty of PAHs to biota (96, 152), 

lack of a correlation between PAH concentrations and foe (164, 166), and seasonal and spatial 

variations in Koc (161, 165). Recently Gustafsson et al. demonstrated that modifying eqn. 2 by 

adding a term to describe partition to soot (i.e. Ksc x fSc; where Ksc is the soot-carbon-

normalized sediment-water partition coefficient, and fsc is the weight of soot carbon as a fraction 

of the total dry weight of the sediment) successfully described PAH partitioning between water 

and sediments (163). 

1.4.7.4 Biota 

Accumulation of PAHs in biota is important because of the potentially toxic effects of PAHs on 

indigenous species, and also the possible health risk to humans if species with PAHs in their 

tissues are consumed (56). Accumulation of PAHs in biota is driven by partitioning to the lipid 
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content of organisms, in much the same way that accumulation of PAH in sediments is driven by 

partitioning to foe (37, 56, 74). Accumulation of a chemical from the water is termed 

bioconcentration, and the bioconcentration factor (BCF) is defined as the ratio of the chemical 

concentration in the organism, divided by the chemical concentration in the water (74, 167, 168). 

Like Koc and Kow, BCF is a distribution coefficient between an aqueous phase and a hydrophobic 

organic phase. Hence, BCF is positively correlated with K0w (167-169). 

Bioaccumulation is a more general term that refers to accumulation of a chemical from all sources 

in the environment including air, water, sediment, and food (170, 171). When the sediment is the 

dominant route of PAH uptake, the biota-sediment accumulation factor (BSAF), as defined in 

eqn. 4, can be used to describe the partition process: 

CsXfL M 

where C B is the chemical concentration in the biota and fL is the fractional lipid content of the 

biota (127, 172). Because the PAH is partitioning to an organic phase in both the sediment and 

biota, BSAF is, according to the EP theory, independent of Kow (126, 168). This prediction has 

not always been borne out in field studies (126, 127). 

Biomagnification refers to the enrichment of a chemical in the higher trophic levels of a food 

chain (170, 171). This enrichment may be due to the fact that fL often increases up the food 

chain. Alternatively, digestive processes in the gastrointestinal tract may create a fugacity 

gradient that drives uptake of the chemical into biota (173). Because higher organisms metabolize 

PAHs efficiently (2, 14, 22), bioaccumulation is minimal in higher organisms (74, 130) and 

therefore biomagnification of PAHs does not occur. Mollusks, microalgae and many other less 
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developed organisms do not metabolize PAHs efficiently, and bioaccumulation of PAHs by these 

species is significant (37, 74, 127). 

In the aquatic environment, biota may accumulate HOCs, including PAHs, from water, sediments, 

and food (174-176). Since PAHs partition into many environmental compartments, it can be 

difficult to determine from which compartment an organism is accumulating its PAH burden 

(130). Feeding strategy can influence both uptake route and degree of accumulation (130, 153, 

177). Hickey et al. (Ill) showed that the deposit feeding clam, Macomona liliana, accumulated 

higher PAH levels than did a filter feeding clam, Austrovenus stutchburyi, inhabiting the same 

sediments. Reduced bioavailabihty of PAHs (e.g. because of partitioning to DOM, or kinetically-

limited desorption from sediments) will reduce uptake into biota (153, 154). Accumulation may 

also be affected by breeding status, organism health, pre-exposure to enzyme-inducing chemicals, 

and environmental factors including temperature, dissolved oxygen and food supply (38,169). 

Organisms which do accumulate PAHs, especially mollusks, have been widely used as 

biomonitors of PAH contamination in the environment (38, 56, 178). Some advantages of using 

biomonitors include (37,179, 180): 

1. The elevated levels of PAH accumulated in biota are simpler to analyze than trace PAH levels 

in seawater. 

2. Biomonitors provide a time-integrating capacity that can smooth out short term temporal 

variations in contaminant concentrations. 

3. Biomonitors provide a measure of bioavailable contaminant concentrations. This may be a 

more relevant measure of actual exposure and associated risk to environmental health than a 

measurement of total contaminant concentration would be. 
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Depuration of PAHs from biota may be a passive equilibrium process, or it may be an active 

process involving extensive metabolism of the PAHs (37, 111). 

1.5 PAHs and people: Routes of exposure and toxic effects 

Because of the global distribution of PAHs, the human population is exposed to trace levels of 

PAHs in the environment (181). Thus, the PAH metabolite 1 -hydroxypyrene is found in low 

levels in urine from individuals without any known exposure to elevated levels of PAHs (182). 

The highest levels of human exposure to PAHs have been associated with certain occupations 

(e.g. workers in mines, coking facilities and steel or aluminum smelters), and medical treatments 

involving coal tars (e.g. treatment of psoriasis) (183-187). Poor air quality associated with 

primitive cooking and heating methods or urban environments is probably the greatest route of 

exposure to elevated PAH levels for the general population (188-192). Tobacco smoking, and 

foods are other major exposure routes for the general population (8, 181, 193). 

PAHs have been detected in a number of commercial food products including vegetables, meat, 

smoked fish and shellfish, liquor and beer (8, 181, 194-198). The PAHs in foods may be present 

in the raw product, they may be transferred from contaminated packaging, or they may be 

introduced during the cooking process (8, 181, 198, 199). Leafy vegetables provide the greatest 

PAH burden in the average human diet (8, 181). It is likely that these PAHs arise from 

atmospheric deposition onto the leaf surfaces (181). 

The effects in humans of exposure to PAHs may include various forms of cancer (e.g. lung, 

bladder, stomach, colo-rectal) (186, 200-202), immuno-supression (187, 203) and enzyme 

induction (204-206). Assessment of whether a chemical is a human carcinogen is a difficult 
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process. The International Agency for Research on Cancer (IARC) (207) concluded that 

available data were inadequate to determine whether PAHs are carcinogenic in humans. However 

risk assessments performed under the CEP A and by the US EPA classified several PAHs as 

"probable human carcinogens" (8, 208). 

One of the earliest reports of cancer associated with occupational exposure to PAHs is due to the 

British physician Percival Pott, who in 1775 reported scrotal cancer in London chimney sweeps 

(209). In modern times, epidemiological evidence points to elevated lung and bladder cancer risk 

for workers who are occupationally exposed to PAHs through processes such as iron or steel 

founding, coke or aluminum production, coal gasification and diesel combustion (186, 210). For 

workers in these industries, exposure to PAHs is correlated with elevated urinary PAH 

metabolites (185, 210-212), elevated PAH-DNA or PAH-protein adducts (185, 210) and subtle 

immunosupressiye effects (187). 

PAHs are responsible for the majority of the carcinogenic effect of tobacco smoke (211). 

Tobacco smoke is considered an occupational lung carcinogen, and is also a risk factor for 

bladder and colo-rectal cancer (200-202). Smokers have elevated urinary 1-hydroxypyrene levels 

and elevated PAH-DNA adduct levels compared with non smokers (182, 213), and the effects of 

smoking can be additive with those from other sources of PAH exposure (185, 200). Smokers 

have also been shown to possess significantly higher aryl hydrocarbon hydroxylase activity (206). 

Overlapping causes make it difficult to estimate the effects of low-level environmental exposure to 

PAHs (189, 201). Nevertheless, Binkova et al. reported a significant correlation (r=0.71, 

p>0.001) between PAH exposure and levels of DNA adducts for women from polluted and 

unpolluted areas in Bohemia (188). Mumford et al. studied residents of Xuan Wei county, 
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China, who are exposed to elevated levels of PAHs in uhvented smoke from cooking and heating 

(190). This population was found to have elevated levels of urinary PAH metabolites, and PAH 

exposure may contribute to their high lung cancer mortality rate, which is five times the Chinese 

national average. 

1.6 Regulation of PAHs 

Because PAHs are both abundant and carcinogenic, many government regulations and guidelines 

have been written with respect to PAHs in an effort to protect human and environmental health. 

The first step in this process often involves placing compounds on a list that recognizes their 

toxicity. The US EPA lists 16 PAHs amongst their 129 priority pollutants (214), and these 

compounds are illustrated in Figure 1-1. CEPA lists PAHs as a class on its Priority Substance 

List (8), and further, identifies benzo(a)pyrene, benzo(fe)fluoranthene, benzo(£)fluoranthene, 

benzo(/)fluoranthene and indeno(l,2,3-c<i)pyrene as being substances that "may constitute a 

danger in Canada to human life or health." Guidelines (which are not legally enforceable) that 

recommend "safe" maximum levels for PAHs in soil and water have been promulgated by the 

Canadian Council of Ministers of the Environment (CCME), and various Canadian provincial 

environmental ministries. Values from CCME and the British Columbia Ministry of the 

Environment (BCMOE) are listed in Table 1-3. Long et al. (95) have published effects-based 

sediment quality guidelines for marine sediments. These guidelines are based on a literature 

review of pollutant concentrations and resulting effects on biota, and consist of effects-range-low 

values (ER-L; defined as that concentration of pollutant in sediments below which minimal 

adverse effects on biota are expected), and effects-range-median values (ER-M; that 

concentration of pollutant in sediments above which adverse effects on biota are expected to 

occur frequently). ER-L and ER-M values are listed in Table 1-3. It is worth noting that many of 

the 'effects endpoints' used in the studies Long et al. reviewed were measurements of acute 

toxicity arising from short-term exposures. The ER-L and ER-M values therefore may not 
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adequately represent chronic toxic effects (e.g. cancer) arising from long-term exposures to 

PAHs. 

Table 1-3 Guidelines for safe levels of PAHs in sediments and water. 

Compound 

Long et al. 

sediment quality criteria 

ER-L (ng/g) ER-M (ng/g) 

CCME/BCMOEt 

assessment criteria 

Water (jig/L) Soil (ng/g) 

naphthalene 160 2100 0.2 100 

acenaphthene 16 500 6 100 

acenaphthylene 44 640 - 100 

fluorene 19 540 12 100 

phenanthrene 240 1500 0.2 100 

anthracene 85.3 1100 - 100 

pyrene 665 2600 0.2 100 

fluoranthene 600 5100 0.2 100 

benzo (a)anthracene 261 1600 0.01 100 

chrysene 384 2800 - 100 

benzo (a)pyrene 430 1600 0.01 100 

benzofluoranthenes * - - 0.002 100 

indeno(l,2,3-ĉ 0pyrene - - 0.01 100 

dibenz(a/i)anthracene - - 0.01 100 

benzo (gM)perylene - - - -

sum ofbenzo(b)fluoranthene + benzo(j)fluoranthene + benzo(k)fluoranthene. 
Non-italicized figures are the CCME Interim Remediation Criteria for Soil. Italicized 
figures are equivalent BCMOE values from " Criteria for managing contaminated sites in 
British Columbia." 
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1.7 Techniques for the analysis of PAHs 

Specific extraction and cleanup techniques used in the analysis of PAHs from environmental 

samples will be discussed in subsequent sections of this chapter. This section is limited to the 

analytical tools used for direct identification and quantitation of PAHs as individual compounds, 

or as mixtures. 

Because PAHs are a large and diverse class of compounds, chromatography has played an 

important role in the analytical chemistry of PAHs. Thin layer chromatography (TLC), gas 

chromatography (GC), high performance liquid chromatography (HPLC), and more recently 

capillary electrophoresis (CE) have been used to separate PAHs from complex environmental 

matrixes, and from other isomeric PAHs (6, 52, 101, 215-222). TLC is still used in some specific 

applications (e.g. separation of PAH-DNA adducts) (52, 101), but GC and reversed-phase HPLC 

are the methods of choice. GC typically provides better theoretical resolution than HPLC, but the 

unique shape recognition properties of some LC stationary phases (notably polymeric silica-

bonded octadecylsilanes (Ci8)) provide better separation of some isomeric PAHs than can be 

achieved by GC (216, 219). Isomer separation is critically important because PAH toxicity can 

vary drastically amongst isomers. The role of temperature is critical in the HPLC separation of 

PAHs on polymeric Cig phases (222). Separation of PAHs by CE is still somewhat at the 

developmental stage, and has been hindered by the fact that CE typically operates with aqueous 

mobile phases, while PAHs are very insoluble in aqueous systems. CE does have several 

theoretical advantages over GC and HPLC, including greater theoretical chromatographic 

efficiency. Thus, CE may be expected to be widely applied to analysis of PAHs in environmental 

samples in the future. 
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Detection systems commonly used in PAH analysis include flame ionization (FID) and mass 

spectrometry (MS) for GC analysis (6, 216, 219), and ultra-violet/visible (UV), photodiode array 

(PDA), fluorescence, and (less frequently) MS for HPLC analysis (218, 219, 223, 224). 

Detectors such as FID and UV are relatively inexpensive and robust, but they provide limited 

compound specificity, and are relatively insensitive. PAHs must be identified by comparing their 

retention times to those of pure standards. This is a severe limitation because for many PAHs, 

pure standards are not commercially available. Furthermore PAHs may co-elute with other 

compounds, which can cause errors in quantitation or identification of PAHs in environmental 

samples. 

When available, the GC detector of choice is MS. In addition to providing improved sensitivity 

compared to FID, MS provides structural information to confirm identification of the analyte. It 

is worth noting that because many isomeric PAHs exist, and because unsubstituted PAHs typically 

form molecular ions only, MS typically does not provide as high a degree of confidence in 

identification of PAHs as it does for many other compounds. Recently, attempts have been made 

to overcome this by using CI-MS and tandem-MS techniques that exploit differences in chemical 

reactivity between PAH isomers (225, 226). 

The inherent luminescence of PAHs has meant that UV-visible spectrophotometry and 

fluorescence spectoscopy have been widely used in PAH analysis (6, 218, 219, 223). Single 

wavelength UV detection has largely been superseded by PDA detectors (which provide a higher 

level of specificity), and fluorescence detection. When using fluorescence detection, careful 

selection of the excitation-emission wavelength pairs is necessary to optimize sensitivity and 

compound specificity (227). Because the fluorescence signal is proportional to the incident 
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radiation flux, use of high irradiance UV lasers can provide exceptional sensitivity in PAH 

analysis. 

Ultra-high resolution fluorescence spectroscopy using crystalline alkane matrixes and low 

temperatures (Shpol'skii spectroscopy) resolves fine structure from the broad band fluorescence 

emissions typically seen at room temperature (179, 228). This fine structure can be sufficiently 

diagnostic to allow identification of PAHs without prior chromatographic separation. While this 

method has been applied by some authors to the analysis of PAHs in environmental samples 

(179), the instrumentation is not commercially available and the technology at this stage is 

insufficiently robust for routine application. 

Synchronous fluorescence spectroscopy (SFS) was developed by Vo-dinh (229) and Lloyd (230), 

and it is becoming popular for the analysis of PAH metabolites in environmental samples (231-

233). SFS has been used both with and without prior chromatographic separation of the PAHs 

(231, 232). In SFS both the excitation and emission monochromators are scanned with a constant 

wavelength difference between them. The resulting spectrum, which often consists of a single 

peak, is simpler than a conventional fluorescence spectrum, and the wavelength corresponding to 

the peak maximum is used to uniquely identify the PAH metabolite, 

Recently, GC coupled to isotope ratio mass spectrometry has been used in PAH analysis (234, 

235). This technique facilitates determination of the 1 3 C/ 1 2 C ratio of each PAH. The 1 3 C/ 1 2 C ratio 

can be used to distinguish between different sources of PAHs. 
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1.8 Analysis of PAHs in environmental matrices 

1.8.1 Analysis of PAHs in aqueous samples 

It is often suggested that water is the easiest environmental matrix to analyze (236), because it is 

relatively homogeneous and the low levels of co-extracted material eliminate the need for further 

cleanup of the extract. However, the extreme insolubility of most PAHs, (especially HPAHs) 

causes problems including: requirements for preconcentration of the analyte from the water, 

highly sensitive and specific detectors, and the need to eliminate trace contamination during 

sample processing (possibly necessitating the use of a clean room for sample workup). In 

addition, PAHs will preferentially partition onto particles, DOM, or other surfaces (including 

glass, teflon and stainless steel), making estimation of truly dissolved PAH concentrations 

problematic. Lopez-Garcia et al. (237) monitored recovery of PAHs spiked into 1 L of water as a 

function of storage time and observed losses of up to 90% over periods as short as 60 hr. The 

losses were overcome by addition of 40% acetonitrile, or Brij-35 (a detergent) at a level above the 

critical micelle concentration. Addition of an organic modifier to the water sample prior to 

storage or analysis is often done to prevent analyte adsorption; however, this may be expected to 

alter the equilibrium between freely dissolved PAHs and those bound to particles or dissolved 

organic matter. Information on PAH phase association is often an important consideration, being 

critical in the development of PAH fate models. Even filtration must be undertaken with care, as 

dissolved-phase PAHs have been shown to adsorb to several types of filter (238). 

The traditional methods used to extract organic compounds from water include partitioning the 

analyte between water and an organic solvent, either by shaking a flask containing both phases 

(146, 216), or by using a continuous liquid-liquid extractor, in which the organic phase is 

continually cycled though the water (239). Ultrasound has also been used to speed up 
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partitioning (240). Semi-permeable membrane devices (SPMDs) including dialysis membranes 

have been used to extract PAHs from bulk water (241-243), although extraction of HPAHs by 

these devices may be kinetically limited (242). 

Solid phase extraction (SPE) is a promising alternative to hquid-liquid extraction that has become 

increasingly popular over the last decade (241, 244), and has recently been included in US EPA 

mandated methodologies (e.g. US EPA Method 525.1 using SPE discs). SPE involves extraction 

of the analyte from water by adsorption onto a solid surface (e.g. silica, teflon, styrene-

divinylbenzene, polyurethane foam). The modes of SPE available include large resin-packed 

columns (132, 239, 242, 245) applicable to large volumes of water, membrane discs (241), small 

SPE cartridges which have been utilized in the analysis of body fluids such as urine and bile (232, 

246), and solid phase microextraction (SPME) (241, 247). The SPE techniques described above 

can be applied to aqueous samples from a few rnilliliters up to thousands of liters. When 

combined with in line filtration, SPE techniques can allow freely dissolved and particle-bound 

PAHs to be distinguished. 

1.8.2 Analysis of PAHs in sediments 

Prior to extraction, soils and sediments are usually dried, either by grinding with Na2S04 (64), air 

drying (248, 249) or freeze drying (250, 251), although some methods extract the wet sediment 

directly (6). 

The sediment may be agitated with solvent to extract the PAHs, using either mechanical shaking, 

ultrasonic extraction (USE), or microwave assisted extraction (249, 252, 253). These techniques 

usually involve several cycles of extraction with fresh solvent to facilitate complete extraction. 

Alternative methods, which are less labor intensive, include soxhlet extraction, supercritical fluid 
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extraction (SFE) and accelerated solvent extraction (ASE) (248, 250, 251, 253). SPME has also 

been applied to extraction of PAHs from soils, sludges and air particles (254, 255). 

Soil and sediment extracts often contain high levels of organic compounds which would interfere 

with the analysis of PAHs, and these must be separated from the PAHs before analysis. 

Adsorption chromatography is most commonly used for this purpose, utilizing sorbents such as 

alumina, silica and Florisil (248, 250, 251). Liquid-liquid partition (6), C i 8 cartridges (251), and 

size exclusion chromatography (SEC) using Sephadex LH20 have been used also (6, 248). 

1.8.3 Analysis of PAHs in biological materials 

Some schemes for extraction and cleanup of PAHs from biological materials are identical to 

schemes used for the analysis of sediments, i.e. drying the sample, extraction, adsorption 

chromatography (256, 257). A common alternative procedure involves saponification of the wet 

sample by using potassium hydroxide and methanol or ethanol, followed by liquid-liquid partition 

(usually several stages thereof) to recover the PAHs, and sample cleanup utilizing adsorption 

chromatography. Often adsorption chromatography is insufficient to deal with the high lipid 

content of biological samples, and a SEC cleanup step is required. Sephadex LH20 (218, 258), 

Biobeads SX-3 (259-261) and Biobeads SX-8 (218, 257) are commonly used. Donor-acceptor 

complex chromatography has also been used for lipid removal (262). 

1.8.4 Analysis of PAHs in air 

PAHs in the atmosphere exist in both the vapor phase and associated with particles (131-133). 

Therefore sample collection methods that preserve the PAH particle associations are required. 

Typically these methods involve a glass fibre filter to collect air particulate matter, and a sorbent 

train (e.g. polyurethane foam, tenax GC or XAD-2 resin) to adsorb vapor phase PAHs (132-134). 
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Although sample collection methods that employ only filters and no sorbent trap have been used 

(57, 263, 264), these methods may under-represent LPAHs due to the significant partitioning of 

LPAHs into the vapor phase. 

The PAHs are extracted from the filter and the sorbent by using Soxhlet (132, 133, 263, 265), 

SFE 217, 264) or USE (57, 217). In some instances it has proven difficult to achieve 

quantitative extraction of PAHs from air particulate matter (264, 266). This may be because 

PAHs associated with combustion generated particles may be encapsulated within the particle 

itself (137, 138). 

Clean-up of PAH containing extracts from air particulate matter can be achieved by using 

protocols similar to those applied to sediment extracts i.e. liquid/liquid partition, adsorption 

chromatography and/or SEC (6, 133, 265). 

1.9 Objectives of this thesis 

This thesis focuses on two related areas of the environmental chemistry of PAHs. In the first part, 

the distribution of PAHs in marine sediments from a contaminated fjord system near Kitimat, BC, 

Canada is examined. The spatial distribution of PAH contamination is explored in terms of both 

proximity to known sources, and bulk environmental transport processes (such as movement of 

air and water). Differences in the composition of the PAH burden between different sites, and 

with increasing depth in the sediments, are also examined. Changes in PAH composition may 

indicate a mixing of two different PAH sources (e.g. anthropogenic inputs vs. natural inputs, local 

sources vs. long range transport). Changes in PAH composition may also provide insight into the 

specific environmental processes that act upon the PAHs. For example, loss of PAHs from 
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sediment due to water washing will preferentially remove low molecular weight species, leaving a 

PAH profile in the sediment enriched in HPAHs. Alternatively, photo-oxidation would be 

expected to preferentially degrade PAHs containing the anthracene skeleton (10). 

Interactions between PAHs and a sentinel bivalve, Mya arenaria, are described in the second part 

of this thesis. Studying the interactions between PAHs and biota is important because an 

environmental pollutant is essentially defined by its adverse effect on biota. Simply demonstrating 

that potentially toxic chemicals are present at elevated levels in a given ecosystem, doesn't in itself 

indicate an environmental problem. 

Mya arenaria were collected from several beaches in the Kitimat fjord system and the PAH levels 

measured in them and in associated sediments. BSAFs were calculated, and correlations between 

BSAFs and molecular descriptors such as log Kow were calculated, in order to investigate factors 

affecting accumulation. 

The uptake and metabolism of PAHs by Mya arenaria and Protothaca staminea was investigated 

in laboratory studies. Two important questions were addressed: Are mollusks capable of 

metabolizing PAHs, and if they are, what is the identity of the metabolites formed? Quantitative 

aspects of metabolite formation were not studied. 
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2 . Polycyclic Aromatic Hydrocarbon Distribution and 

Composition in Surface Sediments of the Kitimat Fjord 

System 

2.1 A History of Kitimat 

The town of Kitimat was incorporated in 1953 following construction of a large aluminum smelter 

by Alcan Smelters and Chemicals Inc. Kitimat is located at the inland end of a long fjord system 

on the northern Pacific coast of British Columbia, (Figure 2-1). Prior to the 1950's the area was 

sparsely populated by aboriginal peoples, farmers and a few ranchers, and commercial fishing was 

a mainstay of the local economy. With the commissioning of the smelter in 1953, immigrant labor 

was recruited from Europe (especially Portugal) and south-east Asia, and industry became the 

major regional employer. Further industrialization has seen the construction of a large Eurocan 

pulp mill in Kitimat, and more recently the Methanex ammonia and methanol facility. A Statistics 

Canada survey in 1991 showed the population of Kitimat to be 11,000, of which 1000 are 

aboriginal. 

The Alcan smelter at Kitimat which operates eight potlines, utilizes vertical stud Soderberg 

electrodes (96, 267, 268). In 1992, this facility produced 272,000 tonnes of aluminum (269). 

Smelters of this design are known to release substantial amounts of PAHs to the receiving 

environment because of pyrolysis and volatilization of the pitch/tar anode binder from the 

Soderberg electrode, and from the handling of pitch and coke on site (60, 151). PAH emissions 

from the Kitimat smelter peaked at ca. 800 tonnes per annum in the mid 1970's (270). 
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Improvements to the smelter, including phasing out an old anode paste plant, and replacement of 

wet potroom scrubbers with more efficient dry scrubber technology, have drastically reduced 

PAH emissions from the plant. PAH emissions currently are on the order of 60 tonnes per year 

(269, 271). 

The composition of aluminum smelter derived PAHs is characteristically dominated by four to five 

ring PAHs (fluoranthene, pyrene, benzo(a)anthracene, chrysene/triphenylene, benzofluoranthene 

isomers, benzopyrene isomers), and a predominance of unsubstituted PAHs over alkylated 

isomers (60, 151, 272). 

Inevitably, increased industrialization has been accompanied by environmental problems. Kitimat 

is geographically isolated by surrounding mountains, that tend to trap pollutants in the head of the 

fjord system. Several studies have documented elevated levels of PAHs in Kitimat Arm and 

Douglas Channel (96, 268, 273)! Detection of polychlorinated dibenzo-p-dioxins in Dungeness 

crabs from Kitimat Arm led to closure of the local crab and shrimp fishery (Dr. W. Cretney, pers. 

Comm.). 
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Figure 2-1 Map of Kitimat fjord system showing sampling locations 



Figure 2-2 Expansion of Kitimat Arm, showing sampling locations. 
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2.2 Objectives 

2.2 .1 Analysis of priority pollutant PAHs in marine sediments from Kitimat, BC 

Two previous studies, one in the Kitimat fjord system (268), and one in the vicinity of the smelter 

(96), revealed the presence of elevated levels of PAHs in marine sediments. 

The purpose of the present work was to quantify and determine the distribution of the 16 US EPA 

priority pollutant PAHs within the Kitimat fjord system. In addition, data for some alkylated 

PAHs was collected for selected samples. A combination of graphical and multivariate techniques 

were applied to the data in order to provide a characteristic fingerprint of the source, and to 

identify changes in the PAH mixture as a result of exposure to environmental processes. 

2 . 2 . 2 Method development for the determination of priority pollutant PAHs in marine 

sediments 

In order to achieve the objectives set out in section 2.2.1, it was first necessary to develop and 

validate methodology suitable for the analysis of PAHs in sediment. A number of procedures for 

the analysis of PAHs in terrestrial soils and marine sediments, involving multiple-stage extract 

cleanup and GC-MS analysis have been reported (216, 219, 265, 274). These methods provide 

low detection limits and good reproducibility; however, they are expensive and time consuming. 

Simpler, more cost effective methodologies are required by industry to ensure their compliance 

with permissible discharge regulations, and by government agencies, academic institutions and 

private laboratories who are concerned with pollution monitoring and effects on the environment. 
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Low detection limits are not required for many sites where contaminant levels are high, and 

features such as high sample throughput and reduced analysis cost are more important. In the 

present study, analyte levels in Kitimat sediments were known to be relatively high. In addition, 

contaminant profiles were expected to be complicated, so GC based methodology was preferred 

over HPLC due to its greater separating ability (narrower peak widths). Unfortunately, for most 

of the present work, routine access to sensitive GC-MS instrumentation was not available, and we 

were limited to using GC with a flame ionization detector. Thus we set out to develop a simple 

cost efficient procedure for the analysis of PAHs in sediment samples, within the constraints listed 

above. 

2.3 Experimental 

2.3.1 Optimization of instrument operating conditions 

GC with FID detection was used routinely for the analysis of PAHs in extracts from marine 

sediments during this work. GC with ion-trap MS detection was used for the sediment and clam 

extracts described in Chapter 4. HPLC with UV-visible and fluorescence detection was used for 

the analysis of PAH metabolites in extracts from seawater and biological samples. 

Chromatographic conditions had to be established for both HPLC and GC to ensure adequate 

separation of the PAHs and PAH metabolites being analyzed. This was accomplished by using 

solutions of authentic pure standards or standard mixtures. Detection systems were optimized 

while considering detection limit, precision, and detector lifetime. Instrumental detection limits 

and analytical figures-of-merit for analysis of pyrene on the various instruments used are listed in 

Table 2-1. The detection limit by GC-iontrap-MS may be improved 1-2 orders of magnitude by 

using selected ion monitoring, and optimizing filament current and electron multiplier voltage for 
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maximum sensitivity, at the expense of linear range and electron multiplier lifetime. The detection 

limit by HPLC-fluorescence may be improved by at least one order of magnitude by increasing the 

gain on the photo-multiplier. The concentration detection limit is quoted for standard injection 

volumes (2 (iL for GC, 25 U.L for HPLC), and these could be improved by about one order of 

magnitude in each case simply by increasing the injection volume. It should be noted that 

typically in environmental analysis the achievable detection limit (in ng analyte per g sample) is 

strongly influenced by co-extractives from the sample matrix (and hence the choice of sample pre-

treatment method), and may be several orders of magnitude poorer than the instrumental 

detection limit. 

Table 2-1 Analytical figures of merit for the analysis of pyrene, obtained on the 

instrumentation used in this work. 

Instrument Mass detection limit* Concentration detection limit* Linear range Precision** 

(Pg) (ng/mL) (pg) 

GC-FID 1000 500 1000 -100,000 20% 

GC-MS (scan mode) 1 0.5 4-40,000 7% 

HPLC-UV 120 5 2,400-40,000 12% 

HPLC-fluorescence 20 0.8 20-40,000 6% 

* Defined as that amount of analyte which would generate a signal equal to three times the standard 

deviation of the signal in the absence of any analyte (noise). 

** Determined as the relative standard deviation of three successive injections of the analyte 

Typical gas chromatograms (obtained by using GC with FID detection) for a standard mixture of 

PAHs, and a PAH containing sediment extract, are included as Figure 2-3. 
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Figure 2-3 Gas chromatograms (FID detection) of (a), PAH standard mixture, and (b), PAH-
containing sediment extract. 

Compound identification: 1, naphthalene; 2, acenaphthylene; 3, hexamethylbenzene; 4, acenaphthene; 5, 
fluorene; 6, phenanthrene; 7, anthracene; 8, fluoranthene; 9, dw-pyrene; 10, pyrene; 11, benzo(a)anthracene; 12, 
chrysene; 13, benzo(b)fluoranthene; 14, benzo(k)fluoranthene; 15, benzo(a)pyrene; 16, indeno(l,2,3-cd)pyrene; 
17, dibenz(ah)anthracene; 18, benzo(ghi)perylene;. 
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2.3.2 Materials 

Sodium sulfate (assurance grade) was obtained from BDH Chemicals Ltd. It was pre-cleaned by 

baking at 600 °C for 6 hours. Florisil (60-100 mesh) was obtained from Fisher Scientific, and was 

activated at 350°C for six hours and 2% deactivated with distilled water prior to use. Octacosane 

and hexamethylbenzene were obtained from Eastman-Kodak. A standard mixture containing the 

16 US EPA priority pollutant PAHs (2000 pg/mL) was obtained from Supelco. This stock 

solution was diluted as necessary to make calibration solutions for GC analysis. Pyrene (99%), 

benzo(e)pyrene (99%), benzo (a)pyrene (98%) and perylene (99%) were purchased from Aldrich. 

Retene (98%) was purchased from ICN Biomedical. All solvents were obtained from Fisher 

Scientific, and were HPLC grade. 

2.3.3 Sample collection and preparation 

Surface sediment samples (ca. 15 cm depth) were collected from sites within the Kitimat fjord 

system (illustrated in Figure 2-1 and Figure 2-2) by using Smith-Mclntyre or Petite Ponar grab 

samplers. Three grab samples from each site were mixed thoroughly, and sub-samples of the 

mixture were transferred to 1 L pre-cleaned and oven-baked amber glass bottles and frozen for 

transport back to the UBC laboratory. The mixing of three grab samples helped to rninimize 

within-site variability, and ensured that the sediment collected was representative of each site. 

The samples were freeze dried, and after removing any stones and pebbles with metal tweezers, 

the resulting powder was ground and re-mixed by using a mortar and pestle to ensure sample 

homogeneity. Sub-samples (ca. 10-20g) were then weighed out into glass extraction thimbles, 

covered with ca. 2g anhydrous sodium sulfate, and Soxhlet extracted with methylene chloride 

(130 mL) for 8 hours. Prior to extraction a quantification standard (QSTD), hexamethylbenzene, 



56 

was spiked onto the samples. The extract, in a round bottom flask, was then concentrated under 

reduced pressure (300 mtorr) to ca. 0.5 mL by using a rotary evaporator equipped with a dry 

ice/acetone condenser. The water bath was maintained at 30 °C. 

In a modification of the procedure used by Brown and Maher (250), sodium sulfate (2g) was then 

poured onto the concentrated extract. The extract was adsorbed onto the sodium sulfate and the 

solvent was removed under a gentle stream of nitrogen. This step is necessary to completely 

remove the methylene chloride, as this solvent does not allow an adequate separation of the 

aliphatic fraction from the aromatic fraction on the Florisil columns. Evaporation of the 

methylene chloride without the presence of an adsorbent results in substantial and uncontrolled 

losses of the more volatile PAH. The adsorbed extract was added to a 1.2 cm diameter glass 

chromatography column that had been slurry packed with 3 g Florisil in hexane. To achieve 

quantitative transfer of the extract onto the column, two 1 mL aliquots of hexane were used to 

clean the round bottom flask, and these washings were used to wash the extract onto the Florisil. 

If the extract is not washed onto the Florisil with the washings from the round bottom flask, the 

PAHs desorb from the sodium sulfate into the eluent reservoir when the eluent is added, and elute 

in a broad band which is not resolved from the hydrocarbon fraction. The PAHs were 

sequentially eluted with 15 mL of hexane and 25 mL of a 1:1 (v:v) hexane:methylene chloride 

mixture. The first 8 mL of eluent which contained a large amount of the aliphatic material was 

discarded. Careful separation of the bulk of the aliphatic material from the analytes by using this 

procedure is critical if a non-selective GC detector such as an FID is to be used for quantification. 

The eluent containing the analytes was then concentrated under reduced pressure (ca. 95 mtorr) 

to ca. 0.5 mL on the rotary evaporator. Toluene (2 mL) was added as a 'keeper' solvent, and the 
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remainder of the hexane and methylene chloride was evaporated. The final extract was pipetted 

into a glass vial; the round bottom flask was rinsed twice with 0.5 mL washings of toluene; the 

rinsings were added to the sample vial; and a recovery standard (RSTD), octacosane, was added 

to the vial. 

2.3.4 Sample analysis 

For routine analysis the sample was injected splitless into a Hewlett Packard 5890 gas 

chromatograph (GC) equipped with a flame ionization detector (FID). The injector was held at 

300°C and purged with He after 1 minute to minimize tailing of the solvent peak. The analysis 

was carried out by using a 30 m FSOT PTE-5 capillary GC column (Supelco Ltd.; 0.32 mm 

internal diameter, 0.25 pm stationary phase), He carrier gas (45 cm/sec flow rate), and the oven 

was programmed as follows: initial temperature 100°C for 4 min.; 5°C/min. to 200°C, held for 3 

min.; 8°C/min. to 250°C, held for 5 min.; 12°C/min. to 300°C, held for 20 min. The detector was 

held at 320°C. The data were collected and analyzed by using Shimadzu EZChrom™ software 

(version 3.1), running on a Dell™ 466/m computer. Selected samples were also analyzed by gas 

chromatography-mass spectrometry (GC-MS) to corifirm the identification of the unsubstituted 

PAHs, and to identify alkylated PAHs (for which authentic standards were unavailable). These 

extracts were analyzed using a NERMAG R10-10 quadrupole mass spectrometer coupled to a 

Varian Vista 6000 gas chromatograph. A 30 m FSOT PTE-5 capillary GC column (Supelco Ltd., 

0.25 mm internal diameter, 0.25 pm stationary phase) was inserted directly into the ion source. 

The interface was kept at 300°C, the ion source at 280°C and the injector at 310°C. The GC 

column and temperature program used were identical with that used for the FID analyses. The 

mass spectrometer was tuned to unit mass resolution and mass calibrated using a fluorinated 

alkane standard (FC43). The electron energy was set at 70 eV and the filament current at 0.200 
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mA. Data acquisition was performed in full scan mode from 100 to 300 a.m.u., scanning every 

0.3 seconds. Identification of the alkylated PAHs was based upon their mass spectra. Relative 

amounts of the alkyl and parent PAHs present in the extracts were quantified by GC-MS for the 

purposes of determining the alkyl homologue distribution only. Poor sensitivity and drifting 

instrumental response associated with this GC-MS system meant GC-FID was preferred for all 

other quantitative measurements. Quantification by GC-MS was achieved by integrating ion-

chromatograms of ±1 a.m.u. about the molecular ion mass. Contributions from the (M+-15) 

fragment were included for quantifying C2 and higher alkylated PAHs. Unit responses relative to 

the parent compound were assumed for all alkylated PAHs. 

A response factor mix containing known amounts of the quantitation standard, the recovery 

standard and the 16 PAHs (Supelco Ltd.) was prepared daily from stock solutions, and analyzed 

at least three times with every batch of samples to determine retention times and response factors 

for the various analytes. Individual PAHs were identified on the basis of retention time matches 

with the standard mixture, or on the basis of mass spectra for the alkylated PAHs. Although 

benzo(̂ )fluoranthene and benzo(/)fluoranthene were adequately resolved in standard mixtures, 

they were often poorly resolved in sample extracts, due to the presence of a third 

benzofluoranthene isomer. Hence it was chosen to report a single value for total 

benzofluoranthene concentration in all samples. 

The minimum detectable concentration was defined for each sample as that concentration of 

analyte which would give rise to the rninimum peak area which could be reliably distinguished 

from the background by the integration software used. This number was typically 50-200 ng/g, 

and varied from sample to sample as a function of the total amount of extractable material present 
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in each sample. Apart from trace amounts of naphthalene (typically ca. 0.4 ng), none of the other 

PAHs were ever detected in blank extracts. 

As a further quality control measure, selected samples were analyzed by a commercial laboratory 

that used standard US EPA protocols. The two sets of data showed good agreement in all cases. 

The efficiency with which the QSTD is recovered in each sample can be calculated by comparing 

the expected concentration of the QSTD, with the concentration of the QSTD calculated relative 

to the RSTD. Recovery values for the QSTD were typically greater than 90%. The extraction 

efficiencies for the 16 PAHs were determined by spiking a standard solution of PAHs in toluene 

onto the surface of a freeze dried marine sediment sample known to be uncontaminated with 

PAHs. The final concentration was 2 pg of each PAH per g dry sediment. Quantitative 

recoveries were obtained for all PAHs including the QSTD, with the exception of naphthalene for 

which the recovery was typically ca. 30%, and no increase in recovery was observed when the 

extraction time was increased to 16 hours. To account for the loss of naphthalene, a correction 

factor was applied when the naphthalene concentration was calculated. The incomplete recovery 

of naphthalene was attributed to evaporative losses. These were minimized by carefully 

controlling the adsorption of the extract onto sodium sulfate (i.e. do not overdry), and maintaining 

a slow boiling rate in the rotary evaporator to minimize sample loss due to aerosol formation. 

It should be noted that recoveries from a spiked sample may be substantially higher than those 

from a real sample because PAHs in contaminated sediments are often tightly bound or occluded 

within particles. This point was addressed by Burford et al. in a recent paper (217). 
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2.3.5 Sediment organic carbon (foe) analysis 

Sediment total carbon was determined as CO2 after combusting the sediment at 1050 °C by using 

a Carlo Erba NA-1500 NCS analyzer. Inorganic carbon (as carbonate derived C02) was 

determined by using a Coulometrics model 5010 C0 2 coulometer. Sediment percent organic 

carbon was therefore calculated as the difference between these two values (total carbon minus 

inorganic carbon). 

2.3.6 Statistical analysis 

Principal components analysis (PCA) was performed on the correlation matrix of normalized PAH 

compositional data by using the SYSTAT 5.0® software package. Prior to analysis, non-detected 

values in the data set were replaced with computer generated random numbers between zero and 

the sample-dependent minimum detectable concentration (this was done to ensure the PCA was 

not influenced by spurious correlations between compounds that were undetected at some sites). 

Then the data for individual compounds was normalized to the total PAH concentration for each 

sample to remove the effect of differences between sites in absolute PAH concentration. 

2.4 Results and discussion 

2.4.1 Florisil column chromatography 

Chromatography on silica or alumina is routinely used to remove material from sediment extracts 

that would otherwise interfere with the analysis of PAHs, and to effect a crude separation of 

analytes into compound classes. However, these sorbents have been shown to catalyze photo-

oxidation of PAHs (275, 276), resulting in decreased recoveries. An alternative sorbent, Florisil, 

has been used by some workers for cleanup of PAH contaminated extracts (172, 277, 278). 

Florisil has the advantage of providing good PAH separations on short columns (6), however 
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Altgelt and Gouw (279) noted that it strongly chemisorbed many aromatic hydrocarbons. This 

may be overcome by partially deactivating the Florisil with water to selectively block highly active 

binding sites and thus improve chromatographic performance (215). 

In the present work the effect on the PAH elution profile of varying the level of Florisil 

deactivation was investigated. Eluent from the 3 g Florisil columns was collected in 2 mL 

fractions, blown to dryness under nitrogen, taken up into 4 mL of acetonitrile, and analyzed for 

total PAHs by using UV absorbance at 254 nm. For these experiments, the first 8 mL of eluent 

was not discarded. These results are presented in Figure 2-4. Each curve represents the mean of 

three independent determinations. 

2 4 6 8 10 12 14 16 18 20 22 24 26 28 30 32 34 36 38 
Volume (mL) 

Figure 2-4 Elution of PAHs from Florisil. As the amount of water added to decativate the 

Florisil is increased, the retention of the PAHs decreases. 
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There was little difference in the PAH elution profile at 0% and 2% deactivation. However, at 

5% deactivation the PAH containing band was substantially broadened and there was poor 

separation between the PAHs and the aliphatic compounds, most of which elute within the first 

6 mL. This trend was most pronounced for 10% deactivated Florisil (data not shown). Although 

both the 0% and the 2% showed essentially the same elution profiles for the PAHs, the work of 

Dunn (215) suggested that 2% deactivated Florisil may provide a better separation of the aliphatic 

interferences from the PAHs. For this reason, 2% deactivated Florisil was used for the rest of this 

work. 

2.4.2 Analysis of a standard reference material 

A marine sediment standard reference material (Harbor sediment HS3, NRCC, Canada) was 

analyzed in triplicate to validate the analytical procedure described in this paper. Samples of the 

reference material were also analyzed by a local commercial laboratory by using US EPA 

protocols and isotope dilution GC-MS analysis to provide further validation (216). The results, 

presented in Table 2-2, are generally in good agreement with the certified values. 

The data for the benzofluoranthenes are not directly comparable as the reference material was 

certified for the benzo(̂ )fluoranthene and benzo(&)fluoranthene isomers only, whereas both UBC 

and the commercial laboratory quote results for the sum of three partially resolved 

benzofluoranthene isomers. Complete resolution of the benzofluoranthenes is not routinely 

achieved on traditional capillary GC bonded phases. Values determined in this work for 

anthracene and fluorene are lower than those certified, as are the results reported by the 

commercial laboratory. It is unlikely that this represents a systematic error in our methodology, 

as the commercial laboratory, which also obtained low values for these compounds, routinely has 
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no difficulty in obtaining the certified values for anthracene and fluorene in other certified 

reference materials. Therefore, the problem may be specific to this batch of sediment. 

Table 2-2 PAH determinations for NRCC Standard reference material HS3 (concentrations 

in mg/kg dry sediment). 

compound certified This work Commercial3 

(±90% CI) (± 90%CI) 

naphthalene 9.0±0.7 9.5±1.4 8.9, 9.1 

acenaphthylene 0.3±0.1 0.3±0.03 0.33, 0.35 

acenaphthene 4.5±1.5 2.6±0.1 3.7,3.9 

fluorene 133+3.1 7.2±0.2 8.7,9.2 

phenanthrene 85±20 73.3±2.0 85,87 

anthracene 13.4+0.5 4.8m 1 5.9, 8.2 

fluoranthene 60±9 56.3±2.5 67, 65 

pyrene 39±9 33.8±1.2 39,40 

chrysene 14.1+2 10.8±0.5 14, 15 

benzo(a)anthracene 14.6±2 14.8±X).5 12, 12 

benzofluoranthenes 10.5±3.2b 15.L+1.9 18, 17 

benzo(a)pyrene 7.4±3.6 6.0±0.7 7.4, 5.2 

indeno(l,2,3-cd)pyrene 5.4±1.3 5.3±0.7 5.4, 4.9 

dibenz(aft)anthracene 1.3±0.5 1.5±0.4 1.1, 1.0 

benzo(g/zOperylene 5.0+.2.0 4.8±0.8 3.4, 3.6 
Abbreviations: CI = confidence interval. 

a two independent determinations were carried out by the commercial laboratory, 

b sum ofbenzo(b)fluoranthene and benzo(k)fluoranthene only. 

It should be noted that the 90% confidence intervals for our data in Table 2-2 are a measure of 

the error within a single batch of samples, analyzed on the same day. Variation in instrument 
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performance and the laboratory environmental conditions from one day to the next contribute to a 

between-batch error that is substantially higher than the CI values quoted in Table 2-2 for the 

UBC data. Typically, the between-batch error, which is a more realistic estimate of the total error 

in this methodology, is ±10-20% for each analyte. Recovery of individual PAHs spiked onto 

previously uncontarninated marine sediment was greater than 65% for all compounds except 

naphthalene. 

2.4.3 Spatial distribution of PAHs in the Kitimat fjord system 

The analytical methodology described in the preceding sections was applied to sediments 

collected from Kitimat, BC. PAHs (sum of 16 US EPA priority pollutant PAHs) are present in 

concentrations greater than 2 mg/kg at 16 out of the 25 sites studied. The data are summarized in 

Table 2-3 and Figure 2-5. For comparison, PAH levels in sediments from several other polluted 

sites are included in Table 2-4. In contrast, typical 'background' PAH levels found at remote 

locations, are less than ca. 1 mg/kg, as is seen for the Kildala arm sites in the present study. 

To gain some perspective on the significance of such elevated PAH levels, the data in Table 2-3 

can be compared with regulatory guidelines as outlined in section 1.6. The five most 

contaminated sites (BLag, CD1, Stn.2, KA5, KA7) contain total PAH levels in excess of 45 

mg/kg which is the effects range median (ER-M) value determined by Long et al. (95). In 

addition, all Kitimat arm sites north of KA16 contain benzo(a)pyrene at concentrations in excess 

of the ER-M for benzo(a)pyrene (1.6 mg/kg). PAH levels of this magnitude would therefore be 

expected to cause significant adverse effects on aquatic life. In the study by Long et al. (95) the 

incidence of (adverse) biological effects was 80% and 85% for organisms exposed to sediments 

with either benzo(a)pyrene or total PAH levels, in excess of the ER-M values. However, it 
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should be noted that other authors have noted lower-than-predicted toxicity associated with 

sediments contaminated with aluminum-smelter-derived PAHs. The CCME and BCMOE interim 

soil quality guidelines assessment criteria translates to ca. 1.4 mg/kg for total PAHs - a value 

exceeded by almost every site investigated in this study. 

All of the 16 EPA PAHs, with the exception of naphthalene and acenaphthene, are present in the 

majority of the Kitimat Arm samples. Levels are highest in the head of Kitimat Arm - especially in 

the vicinity of the aluminum smelter, and decline rapidly with increasing distance from the smelter. 

This is illustrated in the sequence of sites down Kitimat Arm and Douglas Channel: CD1, KA7, 

KA13 and KA16, which have total PAH concentrations of 530, 300, 41 and 3.5 mg/kg 

respectively. Overall, the distribution of PAHs within the Kitimat fjord system is consistent with a 

major point source from the aluminum smelter. PAH levels in the sediment vary primarily as a 

function of distance from the smelter as can be seen from Figure 2-5. Sampling locations are 

illustrated on Figure 2-1 and Figure 2-2. 

Exceptionally high PAH levels (10 000 mg/kg) are detected at site BLag. This sediment was 

collected from one of the settling ponds (the 'B' effluent lagoon) on the Alcan aluminum smelter 

site. The outfall of this pond flows directly into the harbor. Surface runoff from the northern part 

of the site and effluent from the anode plant wet scrubbers are directed into this lagoon. In the 

past, effluent from the potline wet scrubbers was also directed into this lagoon. (The wet 

scrubbers have recently been replaced by dry scrubbers, which do not generate a liquid waste 

stream). The lagoon outfall, therefore, is potentially a significant source of PAHs to Kitimat 

harbor. 



66 

Figure 2-5 Total PAH concentrations (sum of 16 US EPA priority pollutant PAHs, mg/kg) 
in sediments from the Kitimat fjord system. 



Table 2-3 PAH levels and sediment properties at sites within the Kitimat fjord system. Concentrations in mg PAH per kg of dry sediment. 

site: foe naph ace flu pben anth fin pyr chry baa bxf bap ipyr dib bper 2 PAH 

MB2 0.017 <0.10 <0.10 NDR 0.25 <0.10 0.29 0.34 0.14 0.55 0.13 NDR 0.53 0.44 0.48 3.1 

MB2-b 0.018 NDR <0.10 <0.10 0.11 <0.10 0.17 0.18 NDR 0.26 0.14 NDR 0.33 0.40 0.16 1.7 

BLag-a 0.150 11 171 314 1475 556 1727 1411 738 616 312 736 959 217 323 9566 

BLag-b 0.300 12 141 303 2148 734 2668 1818 844 967 614 953 1086 329 944 13563 

CD1 0.047 0.29 2.1 1.6 17 3.6 37 34 25 34 91 56 93 25 106 528 

CD2 0.031 0.49 1.8 0.97 9.8 2.2 18 18 11 13 34 20 23 5.7 22 181 

STN.2 0.040 0.52 2.4 1.9 19 4.3 44 40 32 40 78 55 21 65 17 420 

KA5-a 0.020 0.04 0.18 0.16 1.6 0.32 3.6 3.4 2.7 3.8 6.3 6.0 4.5 1.3 4.1 38 

KA5-b 0.020 0.05 0.24 0.20 2.2 0.46 5.3 5.2 3.9 5.3 8.0 6.0 4.5 1.1 4.1 46 

KA5-C 0.018 NDR 0.23 0.24 3.1 0.72 7.2 6.9 4.7 6.3 10.2 7.3 6.2 1.8 6.0 61 

CD3 nd 0.07 0.05 0.03 0.25 0.03 0.61 0.58 0.52 0.60 1.4 0.60 0.56 0.44 0.90 6.7 

CD5 nd 0.04 0.12 0.08 0.64 0.07 1.2 1.2 0.91 1.0 2.9 1.0 1.4 0.41 1.4 12 

CD6 nd 0.09 0.26 0.18 1.7 0.39 3.2 3.0 2.4 3.2 9.0 4.2 6.8 2.0 7.5 44 

KA7 0.021 0.22 2.4 1.7 18 4.1 35 30 21 25 50 35 34 7.6 33 297 

KA7-b 0.022 0.10 0.80 0.58 5.5 1.2 12 11 8 10 23 13 13 3.4 12 113 

KA8 0.018 NDR 0.11 0.13 0.76 0.18 1.7 1.9 1.7 2.4 3.4 6.5 1.7 0.40 1.5 22 

KA8-b 0.019 NDR NDR 0.09 0.43 0.15 0.88 1.0 0.74 1.1 1.0 2.0 0.69 0.19 0.61 8.9 

KA10 0.014 NDR <0.20 <0.20 NDR <0.20 0.20 0.23 <0.20 0.58 0.25 NDR 0.49 0.44 0.27 2.5 

KA11 0.014 NDR 0.15 NDR 0.82 0.22 1.7 2.1 1.8 2.1 2.8 2.1 2.9 1.0 2.4 20 

K A l l - b 0.015 NDR 0.13 0.12 0.90 0.32 1.7 1.9 1.4 1.8 2.9 4.1 1.5 0.33 1.5 18 

KA12 0.015 <0.04 NDR NDR 0.42 0.10 0.96 1.2 0.92 1.2 1.7 2.5 1.7 0.57 1.3 13 

KA12-b 0.014 NDR <0.04 NDR 0.12 NDR 0.27 037 0,44 0.56 0:?3 1-3 0.83 037 0.95 5.9 

KA13 0.020 NDR 0.19 0.14 1.3 0.42 3.0 3.7 3.5 4.5 7.4 6.3 4.5 1.9 4.7 41 3 



Table 2-3 (continued) 

site: foe naph ace flu phen anth fln py chry baa bxf bap ipyr dib bper 2 PAH 
KA13-b 0.018 NDR 0.12 0.11 1.5 0.60 3.4 4.0 2.4 2.9 7.7 3.8 5.1 2.8 4.8 39 
KA14 0.015 NDR 0.13 0.10 0.63 0.18 1.3 1.6 1.7 2.2 4.4 2.3 2.9 0.97 2.4 21 
KA14-1. 0.015 NDR 0.14 0.11 0.96 0.25 2.3 2.8 3.1 3.9 5.1 6.0 2.9 0.63 2.6 31 
KA16 nd <0.01 0.04 0.04 0.16 <0.01 0.37 0.32 0.35 0.59 0.59 0.34 0.24 0.07 0.40 3.5 
KA17 nd <0.01 <0.01 0.03 0.12 0.03 0.25 0.41 0.26 0.47 0.36 0.15 0.11 0.02 0.22 2.4 
KA18 nd <0.05 <0.05 <0.05 0.10 <0.05 0.30 0.90 0.30 <0.05 <0.05 0.10 <0.05 0.10 0.10 1.4 
KA18-b nd <0.05 <0.05 <0.05 0.10 <0.05 0.20 0.70 0.20 <0.05 <0.05 0.10 <0.05 <0.05 <0.05 1.4 
KA19 nd 0.21 <0.06 <0.06 <0.06 <0.06 0.10 0.41 0.10 <0.06 <0.06 0.50 <0.06 <0.06 0.10 1.4 
KIC1 nd 0.03 <0.01 0.00 0.01 <0.01 0.07 0.22 0.16 0.31 0.09 0.11 <0.01 <0.01 <0.01 1.0 
KIC2 nd 0.07 <0.01 <0.01 <0.01 <0.01 0.06 0.19 0.14 0.29 0.03 0.16 <0.01 <0.01 <0.01 0.94 
Gll-a nd NDR 0.03 0.03 0.04 <0.01 0.16 0.46 0.15 0.02 0.11 0.08 0.08 0.06 <0.01 1.2 
MI 1,2 0.040 0.09 <0.01 <0.01 0.03 <0.01 0.06 0.10 0.12 0.04 0.11 0.12 0.08 0.12 0.17 1.0 
MI3,4 0.037 0.21 <0.04 <0.04 0.04 <0.04 0.55 0.09 0.09 0.02 0.11 0.09 0.07 0.08 0.14 1.5 
F2 nd 0.03 <0.005 <0.005 0.01 <0.005 0.04 0.03 0.02 0.03 0.06 0.06 0.02 0.02 0.03 0.37 
F3 nd 0.07 0.05 <0.005 0.01 <0.005 0.03 0.04 0.10 0.04 0.03 0.18 0.05 0.13 0.03 0.77 

Abbreviations: nd, not determined; NDR, compound detected but failed to meet quantitation criteria 

Sample replicates from a single location are designated with lower case letters, e.g. K5A-a, K5A-b 

naph, naphthalene; ace, acenaphthylene; flu, fluorene; phen, phenanthrene; anth, anthracene; fln, fluoranthene; pyr, pyrene; chry, chrysene; baa, benzo(a)anthracene; 
bxf, benzofluoranthenes; bap, benzo(a)pyrene; ipyr, indeno(I,2,3-cd)pyrene; dib, dibenz(ah)anthracene; bper, benzo(ghi)perylene. 
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Table 2-4 PAH concentrations in contaminated sediments. 

Location £ PAH concentration 

(mg/kg) 

PAH source Reference 

Kitimat Harbor, BC 31 Aluminum Smelter (8) 

Vancouver Harbor, BC 1-330 Urban runoff and industry (149) 

Hamilton Harbor, Ontario 283 Coal Tar (8) 

Saguenay Fjord, Quebec 40-200 Aluminum Smelter (150) 

Norway 0.3-800 Aluminum Smelter (151) 

Sweden 14-200 Aluminum Smelter (272) 

The sediment geomorphology, water flows, and meteorology within this area have been 

extensively studied (280-282). The major water outflow in Kitimat Arm, driven by the Kitimat 

River, is down the western side of the arm. This would carry water-borne PAH-laden particles 

from the immediate vicinity of the smelter and deposit them along the western side of the arm. 

Similarly, prevailing winds blow essentially directly up (summer inflow) or down (winter outflow) 

the valley (282). Thus atmospheric emissions from the smelter will also tend to be deposited on 

the western side of Kitimat Arm. The sediment data are consistent with these effects and PAH 

levels are much higher at stations on the western side of the arm than at stations of comparable 

distance from the smelter on the eastern side of the arm, as demonstrated in the following series: 

(sites on a transect west to east, See Figure 2-2) KA7 (300 mg/kg), KA8 (17 mg/kg), KA10 (2.5 

mg/kg). The sites CD3 and CD5 (see Figure 2-2) are affected by dredging operations which 

maintain a channel of sufficient depth to allow marine access to the Alcan dock. Removal of PAH 

contaminated sediment by this process may account for the anomalously low PAH levels at these 

two sites. 
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The data do not allow distinction between aeolean or fluvial inputs of PAH. However, it is highly 

unlikely that water-borne particles could be carried from the smelter up sidearms of Douglas 

Channel such as Giltoyees Inlet and Foch Lagoon, against the prevailing currents. Cretney et al. 

(268) also discounted the likelihood of fluvial transport of PAH over significant distances (>30 

km) because of rapid particle removal from the water column. Processes responsible for particle 

removal include flocculation of particles in the estuarine mixing zone, incorporation into rapidly 

settling planktonic fecal pellets (283, 284), and barriers to particle transport formed by submarine 

sills transecting Douglas Channel (281). Cretney (268) utilized a Gaussian plume model to 

predict that atmospheric transport of significant amounts of particle-adsorbed PAH was feasible 

over distances of at least 100km. Sediment core data from Giltoyees Inlet (see Chapter 3) show 

substantial increases in PAH contamination concomitant with the commencement of operations at 

the Kitimat smelter. This result strongly suggests that the PAHs in Giltoyees Inlet arise from 

atmospheric emissions from the smelter. Air monitoring data, in conjunction with sediment data, 

is required at remote sites in the Kitimat fjord system to test this hypothesis, and to allow 

calculation of PAH fluxes from both atmospheric and water-borne routes. 

2.4.4 PAH composition 

The relative proportions of the PAHs detected in these samples are similar, especially amongst 

sites in Kitimat Arm itself (KA5-KA15, CD sites, Stn. 2), in spite of the fact that absolute PAH 

levels in these samples vary by over two orders of magnitude. PAH compositions for a 

representative selection of sites are shown in Figure 2-6. 
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Figure 2-6 PAH composition in sediments from selected sample locations within the Kitimat 
fjord system. Refer to Table 2-3 for definitions of PAH abbreviations. 
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The PAH composition in Kitimat Arm sites is dominated by high molecular weight PAHs 

(HPAHs; defined as m/z >202). The PAH profile for sediment samples from the smelter settling 

ponds (BLag) is similar to the Kitimat Arm sites, however the pond samples show higher 

proportions of low molecular weight PAHs (LPAHs m/z <202). This observation is confirmed by 

the principle components analysis (Figure 2-9), which is described later in this chapter. PAH 

compositions from the more distant sites are less similar, nevertheless these also are dominated by 

HP AH, especially the fluoranthene, pyrene (m/z 202) and benzofluoranthene isomers, 

benzo(a)pyrene, benzo(e)pyrene (m/z 252) series. For all sites, the total amounts of 4 and 5-ring 

PAHs are greater than the amounts of 2 and 3-ring PAHs. This pattern is considered typical of 

combustion generated PAH mixtures (62, 64-66). The BLag-a sample does have a higher 

proportion of LPAHs than the other samples shown in Figure 2-6, nevertheless the PAH 

composition in this sample is still typical of a combustion generated PAH mixture. No consistent 

trend is evident in the differences between the PAH profiles at the distant sites, and the PAH 

profile for the sites near the smelter. However, it should be noted that concentrations of many 

PAHs at the distant sites are near or below the quantification limits, consequently high 

uncertainties are associated with PAH levels at the distant sites and interpretation of trends in the 

data is difficult. 

The mixture of PAHs present in a particular sample reflects, to some extent, the sources that 

produced the PAHs, as described in section 1.4.1 (55, 62, 64, 65). The PAH profile for the 

Kitimat Arm sites is consistent with contamination from a local high temperature source. 

Specifically, the dominance of unsubstituted PAHs, the elevated levels of fluoranthene and pyrene 

(m/z 202) and benzofluoranthenes and benzopyrenes (m/z 252), and the phenanthrene/anthracene 

and pyrene/fluoranthene isomer ratios, are all typical of combustion generated PAHs (62-64, 84, 
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94). The mean phenanthrene/anthracene ratio of 4.0 is substantially closer to the value for urban 

(i.e. combustion generated) particles (ca. 3) than it is to the value for remote sites (ca. 30) (84). 

A few studies have shown that, with increasing exposure to environmental processes, the 

concentration ratios of isomeric PAHs change systematically in favor of the thermodynamically 

more stable isomers (84, 285). However the present data show no significant changes between 

sites in the following PAH ratios: phenanthrene to anthracene, pyrene to fluoranthene, (chrysene 

+ triphenylene) to benzo(a)anthracene and benzo(gfa')Perylene to indeno(l,2,3-cd)pyrene). 

2.4.5 Alkyl homologue distribution 

Four of the sediment samples (BLag-a, KA7, KA12-b, KA16 ) have been analyzed for parent and 

alkyl PAHs by using GC-MS (267). All of these samples have alkyl homologue distributions 

(AHD) dominated by the non-alkylated PAHs, and with progressively lower proportions of the 

higher alkylated species, as shown in Figure 2-7. The decreasing AHD is typical of combustion or 

pyrolytically derived PAHs, as demonstrated by previous work in this field (55, 65, 268). The 

similarity in the relative proportions in each AHD among these sites (BLag<l>, KA7, KA12(b), 

KA16), and the progressively lower PAH contamination along Douglas Channel, indicate the lack 

of any major secondary inputs of PAHs as well as the lack of selective degradation towards a 

particular homologue. The relatively higher proportion of the CI and C2 homologues found for 

the lower molecular weight PAHs could be due to either an increase in formation of alkylated 

species for the lower molecular weight PAHs or possibly to a lower extraction efficiency for the 

more highly alkylated, higher molecular weight compounds. 
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I C O Isomers • C I Isomers IC2 Isomers 

Blag-a KA7 KA12-b KA16 

Blag-a KA7 KA12-b 

(b) 

KA16 

Blag-a KA7 KA12-b KA16 

Blag-a KA7 KA12-b KA16 

Figure 2-7 Relative alkyl-PAH homologue distribution (normalized to unsubstituted isomer), 

(a), m/z 178 alkyl homologues; (b), m/z 202 alkyl homologues; (c), m/z 228 alkyl homologues; 

(d) m/z 252 alkyl homologues. Figure adapted from reference (267). 
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2.4.6 Principal components analysis 

Principal components analysis (PCA) is one of a group of related data transformation techniques, 

which includes factor analysis (FA). In PCA the original data is described in terms of new 

variables (principal components, PCs), which are linear combinations of the original variables. 

The PCs are developed such that the first principal component (PCI) accounts for the maximum 

variance in the data set; PC2 is uncorrelated with (orthogonal to) PCI and accounts for the 

maximum residual variance; and subsequent PCs are developed similarly (286). PCA has been 

applied to chemical data including organochlorine (287, 288) and PAH residues (64, 87, 88, 289) 

in environmental samples, in which PCA has been used to differentiate sources of chemical 

contamination and provide insights into the fate of chemical contaminants in the environment. In 

the present study PCA was used to highlight inter-site differences in the PAH profile, and to help 

determine which variables (i.e. PAH isomers) showed the greatest variability between sites. 

The correlation matrix of the normalized sediment data was subjected to principal component 

analysis, as described in section 2.3.6. Most of the total variance in the data set (73%) was 

accounted for by two principal components (PCI, 52%; PC2, 21%). From the loadings plot 

(Figure 2-8) it can be seen that LPAHs plot negative with respect to the major component (PCI), 

whereas HPAHs plot positive. This indicates that PCI is driven by chemical differences between 

individual PAHs that are related to the molecular size or weight of each compound. To 

demonstrate this, a linear regression of compound loading on PCI against log Kow was 

performed, log Kow values from the literature (160) were used. The linear regression showed a 

strong positive correlation (r=0.84) that was significant at the 98% level (t-test). This relationship 

is not surprising given that log Kow is strongly correlated with molecular size (160), as are vapor 
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pressure, solubility and biodegradability. All these processes influence the fate and distribution of 

PAHs in the environment. 

The minor component (PC2) is less easy to interpret. Only benzo (a)anthracene and 

chrysene/triphenylene are distinguished from the other PAHs on this component. No plausible 

explanation for this is apparent, although it should be noted that the minor component is more 

strongly influenced by random differences (noise) in the data, and is substantially less significant 

than PCI. 
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Figure 2-8 Loading plot for PCA of Kitimat sites, illustrating the influences of the 13 

original variables (individual PAHs) on the two major principal components. 

The sampling locations fall into three distinct clusters when projected onto PCI and PC2 as 

shown in Figure 2-9. The three BLag samples plot as one cluster in the upper left quadrant — 
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negative with respect to PCI. This reflects the higher proportion of LPAHs in these samples, as 

mentioned earlier. 
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Figure 2-9 Projection of Kitimat sample sites onto principal components 1 and 2. Note the 

separation of sites into 3 clusters. 

Most of the other sites form a large cluster on the right side of Figure 2-9. The scatter of the 

KA5 replicates throughout this cluster implies that: (i) there are no important differences in the 

PAH profile at the sites in this cluster, and (ii) spreading of the cluster with respect to PC2 is not 

significant. The remaining site, KA17, plots strongly negative on PC2. An inspection of the 

corresponding graph in Figure 2-6 reveals that this is undoubtedly due to an anomalously high 

proportion of benzo(a)anthracene detected in the PAH profile from this site. Given the 

consistency in the PAH profile at the other sites, it seems highly unlikely that this result is 

genuine. A possible explanation for this anomaly is the presence of an interfering compound in 
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the extract from this site which co-elutes with benzo (a) anthracene under the GC-FID conditions 

we were using, thus inflating the peak attributed to benzo(a)anthracene. 

The only important differences in the PCA, therefore, are between the three BLag samples and all 

other sites. Two explanations for this difference may be postulated. Firstly, it is possible that 

PAHs from the lagoon do contribute significantly, via the lagoon outfall, to the contamination in 

the harbor. It is conceivable that the reduced abundance of LPAHs in the harbor sediments arises 

from rapid loss within the lagoon of a readily available fraction of, specifically, the LPAHs. 

Biodegradation, photolysis or volatilization are examples of processes that may preferentially 

degrade the LPAHs. In addition, it is likely that biodegradation proceeds more rapidly in the 

shallow, freshwater lagoon than it does in the saltwater environment of the harbor. Indeed, 

bacteria isolated from Kitimat harbor sediments and which have the ability to metabolize PAHs, 

were found to be more active in freshwater media (290). Certainly, the PCA indicates that little 

(if any) selective loss of individual PAHs occurs once the PAHs are deposited into the receiving 

environment. 

Alternatively, the PAH profile in the lagoon may arise from a subtly different mixture of sources 

from those that contribute most of the contamination to the harbor. For example, volatile and 

particle emissions from the smelter potroom that arise from the volatilization of the non-baked 

section of the Soderberg anode are probably not important contributors to the PAH load in the 

lagoon, as they are not redirected into the lagoon by the potroom scrubbers. However, they may 

be significant inputs with respect to the total PAH load in the harbor. 

The present data do not allow these two possibilities to be distinguished. The presence of a 

"readily available PAH fraction", as suggested above, could be determined by laboratory based 
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experiments addressing bioavailability of PAHs in the lagoon sediments. In addition, a 

comparison of the PAH profile in the air downwind from the smelter, with the PAH composition 

we have determined in the harbor sediments would indicate whether water-borne and atmospheric 

inputs have different PAH compositions. 

2.4.7 Effect of organic carbon on PAH distribution 

According to the equilibrium pardoning (EP) theory, under steady state conditions (i.e where 

contaminant inputs are uniform), the distribution of hydrophobic organic compounds such as 

PAHs in marine sediments is expected to be driven by equilibrium partitioning of the PAHs to 

sediment organic carbon (foe) (155, 156, 291). A number of workers have noted a correlation 

between PAH levels in the sediment and foe (150, 268, 292). A positive correlation is found 

between these two parameters in the present study (p=0.974 n=25, P=0.95) (Figure 2-10), 

however the correlation is strongly influenced by inner harbor sites with very high PAH levels. 

There is no significant correlation between foe and PAHs at sites where the total PAH 

concentration was less than 2 mg/kg. 

Based on these findings, it is unlikely that the observed positive correlation represents preferential 

partitioning of PAHs onto sediment with a high foe for two reasons. Firstly, the correlation does 

not hold for remote sites, and secondly, the assumption that PAH inputs are uniform across the 

sites studied is obviously incorrect. The data in Table 2-3 clearly indicate a strong dependence of 

PAH levels on proximity to the aluminum smelter. It is suggested that the correlation in Figure 2-

10 is an artifact associated with emissions from the smelter. Particle emissions from the smelter 

comprise mainly soot, coal dust, tar balls, and accidental spillage of pitch during unloading of the 

raw materials (273). All of these particles are very high in both PAHs and foe, as demonstrated 
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by the exceptionally high foe values for the BLag sediments. Because of their chemical properties 

and mode of release, PAHs entering the receiving environment from the smelter are likely to be 

associated with atmospheric or sediment particles, rather than existing free in the gas or dissolved 

phase (8, 132, 166). Because the particles emitted from the smelter have a high foe themselves, 

the correlation in Figure 2-10 may simply indicate that PAHs in Kitimat harbor remain adsorbed 

onto or occluded within the particles with which they were released into the environment. This 

low mobility of PAHs in sediments has been established by a number of studies (63) (and 

references therein), (166) which suggest that combustion produced PAHs are strongly adsorbed 

and not bioavailable. 

Figure 2-10 Correlation between total PAH levels and foe in marine sediments from the 

Kitimat fjord system. Both data sets were log-transformed to allow better visualization of the 

full range in PAH concentrations. 
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In Chapter 3 it is shown that in the vicinity of the smelter, PAHs are preferentially associated with 

a larger particle size sediment fraction; however, at remote sites the PAHs were evenly distributed 

across all particle size fractions analyzed. This observation may be interpreted as further evidence 

for the contention that smelter particulates continue to influence PAH disposition in sediments 

after their release into the environment. 

In contrast to the present work, data from a previous study in this area by Cretney et al. (268) 

show a positive correlation between foe and PAH concentrations for remote sites (Total PAHs 

<0.4 mg/kg), but no correlation for the contaminated sites. The remote sites in Cretney's study 

are sufficiently distant from the aluminum smelter that the assumption that PAH inputs are 

uniform across these sites is most likely valid. Hence the correlation in his data probably does 

reflect thermodynamically driven partitioning of PAHs onto sediment organic carbon. In contrast, 

Cretney did not sample extensively in the vicinity of the smelter itself, and his "contaminated 

sites" are some distance from the smelter discharges. Thus the correlation between foe and PAH 

concentration at sites proximate to the smelter which we have observed, was not seen in his work. 

In summary, the present data reveal a complex relationship between PAH levels and sediment foe-

Although the two parameters correlated well for contaminated sites, it is likely that this reflects 

PAHs remaining associated with the highly carbonized soot, coke and pitch fragments released 

from the smelter, rather than active thermodynamically driven partitioning of PAHs into biogenic 

sediment organic carbon. Overall, the PAH contamination in surface sediments within the Kitimat 

system appears to be very persistent, showing little evidence of degradation even after transport 

over significant distances. 



82 

3. Polycyclic aromatic hydrocarbon composition in marine 

sediments near Kitimat, BC: The influence of sediment 

particle size and early diagenesis 

3.1 Introduction 

The Kitimat fjord system has a number of features that make it useful for studying the transport 

and fate of PAHs in a marine system. In Chapter 2 it was shown that marine sediments in the 

Kitimat fjord system are contaminated with PAHs. The majority of these PAHs are generated by 

a single well-defined point source - namely the Alcan aluminum smelter. The isolation of Kitimat 

provides a closed system where the environmental chemistry of PAHs can be investigated without 

many of the complications associated with multiple PAH sources in urban environments. 

The PAH composition at a given point in the environment reflects the source from which the 

PAHs were derived. This 'source signature' can be altered by environmental processes that act 

selectively or differentially on individual PAHs. These changes will depend upon the nature of the 

chemical (e.g. volatility, hydrophobicity, chemical stability), its initial form (e.g. liquid phase, 

particle occluded or adsorbed on surface), and dominant environmental processes at or en-route 

to the receptor (e.g. microbial degradation, photolysis). Thus the change in composition of PAH 

burden with depth in sediment cores has been explained in terms of changing source inputs over 

time (70, 150), or long term diagenesis (71, 93). Changes in PAH composition as a function of 

sediment particle size have been attributed to different source inputs (166), or differential 

partitioning amongst particle size classes (164, 165). 
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The objective of this study was to evaluate the distribution of individual PAHs among five 

different sediment size-fractions. In addition, changes in PAH composition with depth in 

sediments associated with both diagenesis and the onset of anthropogenic activities in Kitimat 

Arm was investigated. 

Kitimat Arm (Figure 3-1) and its history has been described in some detail in Chapter 2. The 

studies reported in Chapter 2 confirmed earlier reports documenting elevated levels of PAHs in 

Kitimat Arm and Douglas Channel which are due to inputs from the aluminum smelter (96, 268). 

Recently, there has been speculation that in spite of the greatly elevated levels of PAHs in 

sediments close to the smelter, these PAHs have only limited bioavailability (96). PAHs 

produced/released during combustion may be occluded or otherwise trapped inside particles in a 

manner that might limit redistribution and uptake through biological membranes (138). But even 

if the form of particle-bound PAHs produced during combustion limits bioavailability, PAHs in 

surface sediments might become more bioavailable over time due to microbial leaching or break

down of particles, coupled with bioturbation and uptake into burrowing fauna. Any changes in 

bioavailability, or in chemical composition of the PAHs, will affect the risk assessment for biota. 
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Figure 3-1 Map of Kitimat fjord system showing sampling locations 
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3.2 Experimental 

3.2.1 Sample collection 

Surface sediment samples (approximately 15 cm depth) were collected from seven sites in Kitimat 

Arm, Douglas Channel, British Columbia (Figure 3-1), as described in section 2.3.3. 

A sediment core was collected in Giltoyees Inlet (see Figure 3-1). The 9.0 cm diameter gravity 

corer consisted of a 122 cm long polyacrylic tube mounted at one end in a weighted aluminium-alloy 

head and fitted with a stainless steel cutter/catcher at the other. The core was sub-sectioned vertically 

into 5 cm slices, which were wrapped in baked aluminum foil, frozen at -20° C and transported back to 

the laboratory. 

3.2.2 Analysis of surface sediments 

All sediment samples (except core segments) were freeze dried and then dry sieved through brass 

sieves into the following size fractions: >1180 pm, 1180-300 pm, 300-180 pm, 180-38 pm, 

<38 pm. Sediment samples were analyzed for PAHs by using the procedure described in section 

2.3.3. Routine analysis was performed by using capillary gas chromatography on a Hewlett 

Packard 5890 GC with FID detection as described in section 2.3.4. The identification of the 

unsubstituted and alkylated PAHs in selected samples was confirmed by gas chromatography-

mass spectrometry (GC-MS) analysis, using a Varian Star 3400 CX gas chromatograph interfaced 

to a Saturn 4D quadrupole ion-trap mass spectrometer. 

3.2.3 Analysis of sediment core samples 

The sediment core samples were analyzed at Axys Analytical Services Ltd., Sidney, BC, for 

sediment organic carbon, as well as for a suite of unsubstituted and alkylated PAH (Table 3-2). 
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The analytical methods used were very similar to those described by Yunker et al. (64) as follows. 

For PAH analysis, sediment samples were thoroughly homogenized, and spiked prior to analysis 

with an aliquot of perdeuterated surrogate standards (acenaphthene, chrysene, naphthalene, 

perylene, phenanthrene, pyrene, dibenz(a/*)anthracene, and benzo(<g/u)Perylene)- A portion of the 

sediment sample (10-15 g wet weight) was ground with anhydrous sodium sulfate to a free 

flowing powder. This powder was transferred to a glass chromatographic column containing 

methanol and eluted with additional methanol followed by dichloromethane. Iso-octane was 

added to the eluate which was back-washed with potassium hydroxide and solvent extracted 

water. The resulting solution was dried over anhydrous sodium sulfate, concentrated in a 

Kuderna-Danish flask and cleaned on a silica gel column. 

The loaded silica gel column was eluted with pentane (discarded) followed by dichloromethane. 

The dichloromethane fraction was concentrated in a Kuderna-Danish flask and an aliquot of 

recovery standard (containing di2-benzo(fo)fluoranthene, dio-fluoranthene, and dg-acenapthylene) 

was added. The extract was then transferred to a microvial, concentrated under a stream of 

nitrogen and analyzed for PAHs by using GCMS. 

The GC-MS system consisted of a Finnigan Incos 50 mass spectrometer equipped with a Varian 

3400 gas chromatograph which was fitted with a CTC autosampler and a DG 10 data system. 

Chromatographic separation was carried out using a DB-5 column (30 m, 0.25 mm i.d., 0.25 pm 

film thickness). The mass spectrometer was operated in the electron impact (EI) mode (70 Ev) 

using Multiple Ion Detection (MID) to enhance sensitivity, acquiring two characteristic ions for 

each target analyte and surrogate standard. A split/splitless injection sequence was used. 
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The unsubstituted PAHs were quantified with reference to the deuterated spikes and authentic 

standards by using relative retention times and mass chromatogram peak maxima. Individual 

alkyl-substituted PAHs and alkyl- homologue groups, as listed in Table 3-2, were also analyzed. 

Authentic standards were available for the individual alkylated PAHs listed. Homologue series for 

alkyl PAHs were determined by integrating the parent ion profiles within the expected retention 

time range. Peaks were not included, however, if their mass spectra did not correspond to the 

compounds of interest or if the appropriate confirming ion was absent. 

3.2.4 Statistical analysis 

Principal Components Analysis (PCA) was performed on the correlation matrix of the PAH 

compositional data for.samples from seven sites x five size fractions (n=35) by using the SYSTAT 

5.0® software package. Prior to analysis, non-detected values in the data set were replaced with 

computer generated random numbers between zero and the sample-dependent minimum 

detectable concentration. This was done to ensure the PCA was not influenced by spurious 

correlations between compounds that were undetected at some sites. Then the data for individual 

compounds was normalized to the total PAH concentration for each sample to remove the effect 

of differences between sites in absolute PAH concentration. 

3.3 Results and discussion 

3.3.1 Distribution of PAHs amongst particle size classes in marine sediments 

PAH concentrations for each sediment size fraction from the seven sites are listed in Table 3-1. 

The size distribution of sediment particles at each site is illustrated in Figure 3-2. An examination 

of the absolute PAH concentration in each sediment size fraction (Table 3-1) suggests obvious 

differences between size fractions only for the inner harbor sites CD2 and CD3, where individual 



88 

PAHs (except perylene at CD3) were enriched in the larger particle size fractions. Correlations 

between increasing median particle size and higher PAH levels were statistically significant for site 

CD2 (n=5; r=0.98; P=0.0023), but not for CD3 (r=0.42; P=0.44) or any other site (P > 0.22 for 

all). For sites other than CD2 and CD3, individual and total PAH concentrations were similar in 

all size fractions, or exhibited only slight variation with no apparent pattern. Enrichment of PAHs 

in specific particle size classes has been reported previously in marine sediments (165, 166), 

suspended particles (82) and forest soils (293). Prahl and Carpenter (166) determined that PAHs 

in coastal marine sediments near Washington State were selectively associated with a low density, 

large particle size sediment fraction (>64 pm) which they suggested comprised mainly vascular 

plant remains and pieces of charcoal. Maruya et al. (165) noted a correlation between PAH 

content and the abundance of silt and clay in San Francisco Bay sediments, but the correlation 

between PAH and organic carbon content of the sediments was poor. They ascribed these 

observations to a heterogeneity of organic carbon matrices, and specifically, to aromatic-rich soot 

particles which strongly bind PAHs in the silt/clay fraction. 



Table 3-1 PAH concentrations (mg/kg) in marine sediments from the Kitimat fiord system, BC, Canada. 

Site Fraction Wt. % napb acen acny flu phen anth fin pyr chry Baa Bxf Bep Bap Pery ipyr dib bper 2 PAH 

CD2 >1180um 3 16 <0.01 27 16 165 39 367 342 244 291 327 331 450 118 372 112 360 3577 

1180-300um 8 16 <0.01 15 8.9 85 19 163 147 102 111 269 122 159 42 147 41 145 1593 

300-180um 22 3.1 0.02 3.5 2.2 21 4.7 41 37 26 30 75 35 47 13 58 15 54 465 

180-38um 49 1.3 <0.01 1.3 0.8 8.0 1.6 16 15 11 13 28 11 17 5.3 18 5.3 18 171 

<38um 18 0.32 <0.01 0.35 0.22 2.4 0.45 5.5 5.0 3.4 4.6 11 5.6 6.0 2.3 7.8 2.2 7.2 65 

Weighted Total [PAH]: 423 

CD3 >1180um 5 0.04 <0.01 0.02 <0.01 0.12 0.03 0.63 0.66 0.49 0.62 1.3 0.77 1.1 0.56 1.1 0.23 1.0 8.7 

1180-300um 8 0.51 <0.01 0.32 0.17 1.3 0.27 2.5 2.2 1.6 2.2 4.1 2.3 3.1 2.0 2.9 0.90 2.7 29 

300-180um 16 0.17 <0.01 0.12 0.06 0.49 0.11 1.0 0.92 0.61 0.80 1.3 0.80 1.1 2.4 1.2 0.46 1.3 13 

180-38um 50 0.08 <0.01 0.02 0.01 0.10 0.02 0.22 0.20 0.15 0.21 0.32 0.20 0.28 1.3 0.21 0.07 0.23 3.7 

<38um 23 0.07 <0.01 0.01 0.01 0.04 0.01 0.08 0.07 0.09 0.12 0.16 0.10 0.21 2.4 0.13 0.07 0.20 3.7 

Weighted Total [PAH]: 7.3 

CD5 >1180um 14 0.04 <0.01 0.02 0.02 0.07 0.01 0.16 0.18 0.17 0.14 0.20 0.16 0.12 0.04 0.11 0.05 0.17 1.7 

1180-300um 32 0.04 <0.01 0.02 0.02 0.07 0.01 0.14 0.15 0.17 0.13 0.18 0.17 0.13 0.05 0.13 0.12 0.12 1.7 

300-180um 26 0.08 <0.01 0.03 0.02 0.08 0.01 0.17 0.17 0.17 0.15 0.18 0.17 0.17 0.05 0.05 0.06 0.14 1.7 

180-38um 17 0.04 <0.01 0.01 0.02 0.09 0.01 0.19 0.19 0.17 0.16 0.25 0.16 0.15 0.05 0.12 0.05 0.17 1.8 

<38um 11 0.04 <0.01 0.01 0.01 0.05 0.01 0.09 0.12 0.12 0.10 0.15 0.11 0.10 0.03 0.08 0.05 0.10 1.2 

Weighted Total [PAH]: 1.6 

oo 



Table 3-1 (continued) 

Site Fraction Wt. % naph acen acny flu phen anth fln pyr chry Baa Bxf Bep Bap Pery ipyr dib bper ZPAH 

KA7 >1180um 5 0.21 <0.01 0.18 0.11 1.1 0.25 2.2 2.2 1.5 2.0 2.2 2.0 2.4 0.73 2.1 0.59 2.0 22 

1180-300um 47 0.89 <0.01 0.28 0.33 2.1 0.40 4.3 4.1 3.0 4.0 2.0 2.2 3.3 0.99 2.7 0.47 2.5 34 

300-180um 0.4 1.1 <0.01 0.03 0.05 0.37 0.06 0.79 0.83 0.67 1.1 1.8 0.84 1.5 0.12 0.83 0.45 0.95 12 

180-38um 26 0.19 <0.01 0.15 0.10 1.01 0.20 2.1 2.0 1.3 1.8 2.0 1.2 1.8 0.58 1.7 0.50 1.4 18 

<38um 22 0.13 <0.01 0.03 0.04 0.27 0.06 0.60 0.59 0.50 0.70 0.48 0.49 0.62 0.23 0.50 0.09 0.49 5.8 

Weighted Total [PAH]: 23 

KA14 >1180um 36 0.05 <0.01 0.03 0.01 0.14 0.03 0.29 0.29 0.28 0.25 0.53 0.26 0.29 0.14 0.32 0.13 0.40 3.4 

1180-300um 31 0.06 <0.01 0.04 0.01 0.15 0.04 0.31 0.32 0.28 0.26 0.54 0.26 0.29 0.13 0.27 0.10 0.31 3.4 

300-180um 8 0.07 <0.01 0.02 0.02 0.14 0.03 0.27 0.30 0.26 0.27 0.52 0.26 0.30 0.13 0.26 0.11 0.34 3.3 

180-38um 15 0.06 <0.01 0.03 0.03 0.17 0.04 0.33 0.33 0.27 0.30 0.56 0.27 0.33 0.14 0.28 0.10 0.33 3.6 

<38um 10 0.08 <0.01 0.02 0.01 0.13 0.02 0.28 0.31 0.23 0.24 0.54 0.27 0.33 0.13 0.29 0.11 0.29 3.3 

Weighted Total [PAH]: 3.4 

KA18 >1180um 42 0.09 <0.01 0.01 0.03 0.09 <0.01 0.12 0.16 0.27 0.21 0.19 0.13 0.17 0.11 0.21 0.13 0.15 2.1 

1180-300um 42 0.09 <0.01 <0.01 0.03 0.08 <0.01 0.12 0.18 0.30 0.26 0.23 0.15 0.14 0.17 0.13 0.07 0.19 2.1 

300-180um 6 0.17 <0.01 0.03 0.03 0.10 <0.01 0.16 0.23 0.28 0.21 0.26 0.17 0.21 0.10 0.16 0.10 0.18 2.4 

180-38um 8 0.13 <0.01 0.02 0.02 0.10 <0.01 0.14 0.18 0.26 0.16 0.20 0.14 0.18 0.08 0.14 0.11 0.16 2.0 

<38um 2 0.43 <0.01 0.02 0.03 0.11 <0.01 0.14 0.17 0.26 0.09 0.26 0.17 0.64 0.06 0.13 0.12 0.16 2.8 

Weighted Total [PAH]:_ 2A 



Table 3-1 (continued) 

Site Fraction Wt. % naph acen acny flu phen anth fin pyr chry Baa Bxf Bep Bap Pery ipyr dib bper I PAH 

GI >1180um 7 0.11 <0.01 0.01 0.03 0.05 0.03 0.14 0.26 0.31 0.13 0.23 0.24 0.20 0.15 0.21 0.17 0.16 2.4 

1180-300um 40 0.08 <0.01 <0.01 0.02 0.03 0.01 0.08 0.12 0.22 0.05 0.11 0.13 0.08 0.09 0.06 0.07 0.11 1.3 

300-180um 26 0.09 <0.01 <0.01 0.02 0.02 0.01 0.07 0.11 0.19 0.05 0.11 0.11 0.07 0.08 0.10 0.17 0.13 1.3 

180-38um 21 0.09 <0.01 <0.01 0.02 0.03 0.01 0.08 0.11 0.21 0.05 0.13 0.12 0.11 0.10 0.30 0.45 0.19 2.0 

<38um 7 0.12 <0.01 <0.01 0.01 0.04 0.01 0.08 0.13 0.16 0.05 0.12 0.11 0.10 0.06 0.16 0.18 0.13 1.5 

Weighted Total [PAH]: 1.5 

PAH concentrations (mg/kg) in raw materials from the Alcan aluminum smelter. 

Sample Type naph acen acny flu phen anth fin pyr chry Baa Bxf Bep Bap Pery ipyr dib bper 2 PAH 

Coke Briquettes 347 <0.5 606 330 3963 822 8674 8640 6508 7703 17810 8407 11552 3275 9078 1975 7440 97130 

Pencil pitch 1302 <0.5 2711 1278 11892 2398 25264 25384 19540 23252 56700 25217 34593 8703 26473 6308 21579 292593 

Abbreviations: naph, napthalene; ace, acenaphthylene; flu, fluorene; phen, phenanthrene; anth, anthracene; fln, fluoranthrene; pyr, pyrene; chry, chrysene; baa, 

benzo(a)anthracene; bxf, benzofluoranthenes; bap, benzo(a)pyrene; ipyr, indeno(l,2,3-cd)pyrene; dib, dibenz(ah)anthracene; bper, benzo(ghi)perylene. 

Weighted total [PAH] equals the total PAH concentration in each particle-size fraction (PSF), multiplied by the fraction of the total sediment dry weight contributed by 

thatPSF. 
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Site 

Figure 3-2 Sediment particle size distribution in Kitimat Arm surficial sediments. 

The major sources of PAHs to Kitimat Arm are expected to be atmospheric particulate emissions, 

aqueous effluents, and spillage of raw materials (coke briquettes, pencil pitch) from the aluminum 

smelter. PAHs released at elevated temperatures in the vapor phase rapidly become particle-

associated at ambient temperature due to the low vapor pressure of PAHs. Inputs of dissolved-

phase PAHs into Kitimat Arm from smelter effluents are insignificant because of the low aqueous 

solubility of PAHs, and the high suspended sediment load in smelter effluents which favors 

sorption of PAHs to particles. The preferential association of PAH with larger particle sizes at 

the inner harbor sites (CD2, CD3), the very high absolute PAH concentrations (especially at 

CD2), and the striking similarity in PAH composition between smelter feedstocks and harbor 

sediments (Table 3-1) strongly suggest that raw material spillage is the dominant PAH input 

affecting the inner harbor sites. 
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The PAH composition at CD3 is sharply different from all other sites - especially in the smaller 

size fractions where perylene becomes the dominant PAH. If perylene is ignored, however, the 

composition in all size fractions at CD3 is almost identical with CD2. Furthermore, perylene 

concentrations tend to be highest in the smaller particle size fractions - an opposite trend to the 

other PAHs. These differences in the distribution of perylene compared to the other PAHs, 

amongst the various sediment particle size classes, cannot be explained in terms of different 

partitioning behavior of perylene. The most likely explanation for these differences is that the 

perylene at CD3 (at least in the smaller size fractions) was generated from a different source than 

are the other PAHs. In the light of the unusual distribution of perylene at CD3, the original GC-

MS data from the CD3 extracts was re-examined in search of other naturally derived PAHs. 

Retene (1-methyl, 7-isopropyl phenanthrene) was detected in all extracts from CD3 and its 

distribution correlated significantly with perylene (n=5, r=0.963, P<0.05), and poorly with all 

other PAHs (r<0.45). Retene was not detected in coke briquettes or pencil pitch from the 

aluminum smelter, and combustion or pyrolysis of these fossil fuels would not be expected to 

form retene. 

Retene is thought to be formed through early diagenesis of abietic acid (70, 75), and is often 

present in sediments impacted by runoff from coniferous forests (conifers are the dominant flora 

in the Kitimat catchment.) Retene has been detected in effluent streams from pulp mills (294), so 

the retene in Kitimat fjord sediments may also be derived from the Eurocan pulp mill which 

discharges effluent into the Kitimat River. For both of these sources the retene is derived from 

(recent) breakdown of terrestrial organic matter. High perylene concentrations (in the absence of 

other PAHs) are also usually associated with anoxic sediments and decaying organic matter (53). 
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Therefore the close coupling between retene and perylene at CD3 (and the accompanying poor 

correlation with other PAHs) indicates a recent terrestrial origin for these compounds. 

Thus we conclude that the PAH composition at CD3 is the result of mixing of smelter derived 

inputs which dominated the large particle size fractions, and PAHs derived from terrestrial organic 

matter (retene, perylene) which dominate the small particle size fractions. 

Differential partitioning of PAHs amongst sediment particle size classes could also affect the 

composition of individual PAHs within complex mixtures. The composition of PAHs in individual 

samples representing five different size fractions and six different sites was examined by using 

principal components analysis (PCA). PCA allows the exploration of similarities or differences 

between samples based on complex compositional data. The inter-sample variation in 

concentrations of the 16 individual PAHs is 'captured' onto a reduced set of principal 

components, which are linear combinations of the original variables. 

The PCA analysis was run initially with all data shown in Table 3-1, but PAH data from site CD3 

were subsequently excluded. The perylene-rich PAH composition of all size fractions of the 

sample collected from CD3, especially the finer fractions, set them apart from all other samples. 

Figure 3-3 shows that the first two principal components captured 34.7% and 20.2% of the 

between-sample variation in the original data set. The third and fourth principal components 

accounted for an additional 16.4% and 8.0% of the variation. 
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Figure 3-3 Principal components analysis of PAH composition across sites and different 
particle size fractions (legend: -1: > 1180 pm; -2: 300-1180 pm; -3: 180-300 pm; -4: 
38-180 pm; -5: < 38 pm; e.g. CDS-3 is the 300-1180 pm sediment particle size fraction from 
site CDS). Note the separation of the distant sites (KA18, GI) from the other sites, on principal 
component 1. 
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P r i n c i p a l Component 1 (34% ) 

0.5 0.75 

Figure 3-4 Principal component loading plot, showing influence of individual PAHs on the 
PCA. See footnote to Table 3-1 for abbreviations. 
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The proximity of individual samples to each other in Figure 3-3 reflects their compositional 

similarity. The five particle size classes are coded in the figure as 1 to 5 (e.g., CD5-5), from the 

largest to the smallest size fraction. There was no apparent grouping of the samples based on 

similarities in particle size for any of the first four principal components. The PAH composition 

instead reflects the geographic location of the collection sites. The sites are distributed along the 

first principal component according to their proximity to the head of Kitimat Arm, with samples 

(all size fractions) from Giltoyees Inlet (site GI) and KA18 plotting to the left of the origin. Some 

separation between different sites is also evident on the second principal component: Site CD2 is 

distinguishable from CD5 based on the PAH composition, with sites KA7 and KA14 forming an 

intermediate, semi-discrete group. Similar site groupings were evident when the dataset was 

subjected to cluster analysis. 

The influence of specific PAHs on multivariate similarities or differences between samples is 

evident from the loading plot (Figure 3-4). Samples from sites with negative scores on the first 

principal component in Figure 3-3 (GI and KA18) were influenced primarily by higher relative 

concentrations of perylene, dibenz(a)anthracene, chrysene, naphthalene and fluorene (compounds 

with negative scores on the first principle component in Figure 3-4). The separation of samples 

from Giltoyees Inlet in the lower left quadrant of Figure 3-3 from other sites resulted from higher 

relative concentrations of dibenz(a)anthracene and perylene, and low levels of phenanthrene in 

particular. The positions in Figure 3-3 of samples from sites CD2, KA7 and KA14 reflected 

elevated levels of fluoranthene and benzofluoranthenes. The probable source of this latter set of 

PAHs is through combustion (pyrogenesis), whereas perylene - which increases in relative 

concentration down the inlet - is attributable to both combustion and natural plant sources. 
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The PCA reflects, above all, a different PAH composition at sites proximate to the smelter 

compared to sites further removed from it. This may be explained by a decline in the proportion 

of aluminum-smelter-derived PAHs at the distant sites, relative to naturally occurring PAHs. 

As was the case for the other Kitimat Arm sites not in the immediate vicinity of the smelter (KA7, 

KA14, KA18), no consistent relationship was observed between PAH concentration and particle 

size fractions at the GI site. The Giltoyees Inlet site (GI), in a side arm to the main channel, is 

substantially isolated geographically from water-borne particles carried down Kitimat Arm and 

Douglas Channel. Atmospheric transport of particles is probably the only major mechanism by 

which anthropogenic PAHs inputs can occur at site GI. It should be noted, however, that the 

water surface in Giltoyees Inlet comprises a much smaller area than the surrounding terrestrial 

environment within the Giltoyees Inlet catchment area. The composition of atmospheric PAH 

inputs could potentially be modified during deposition of PAH-laden particles onto terrestrial 

surfaces and soils, followed by water-borne transport into the inlet and subsequent sedimentation. 

Equilibrium models of hydrophobic organic compound partitioning to particles predict that 

compounds with higher KoW should be progressively enriched on small particles with high organic 

matter content, as has been observed with polychlorinated biphenyls (295). We see little variation 

in PAH composition amongst the various sediment particle size factions in Kitimat sediments. 

This may suggest that PAH partitioning in Kitimat sediments is controlled by the rate of 

desorption. 

3.3.2 Influence of sediment diagenesis on PAH composition in Giltoyees Inlet 

The concentrations of unsubstituted and alkylated PAHs, and sediment foe, in the Giltoyees Inlet 

core are listed in Table 3-2. 
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Table 3-2 PAH concentrations (ng/g, dry weight) in 5 cm sections from a Giltoyees Inlet 
core. 

Depth in Sediment (cm) 0-5 5-10 10-15 15-20 45-50 50-55 55-60 60-65 65-70 

foe 0.013 0.010 0.0084 0.0082 0.0081 0.0083 0.0084 0.0080 0.0078 

Compounds 

Naphthalene 25 16 4.5 5.2 3.6 T 7.6 131 6.4 

Acenaphthylene 0.41 0.3 0.281 0.161 <0.12 <0.14 <0.16 <0.19 <0.15 

Acenaphthene 3.0 3.0 0.381 <0.17 <0.26 <0.18 <0.19 <0.2 <0.33 

Fluorene 4.0 2.0 0.67 0.25 0.271 <0.25 0.351 <0.28 <0.33 

Phenanthrene 24 20 5.1 1.7 1.3 1.4 1.3 1.2 1.2 

Anthracene 5.0 5.0 0.93 0.171 <0.15 <0.17 <0.18 <0.17 <0.18 

Fluoranthene 66 54 12 2.5 0.221 0.361 0.411 0.24 0.43 

Pyrene 59 54 14 4.1 1.01 0.971 0.81 0.73 0.88 

B enzo(a)anthracene 30 28 6.4 1.2 <0.21 <0.23 <0.24 <0.23 <0.21 

Chrysene 50 39 8.4 1.6 0.64 0.361 0.641 0.53 0.5 

B enzofluoranthenes 170 170 35 7.6 0.651 0.751 <0.28 <0.26 <0.23 

Benzo(e)pyrene 69 68 16 3.1 <0.26 <0.29 <.3 <0.28 <0.25 

Benzo(a)pyrene 55 50 9.5 1.8 <0.31 <0.34 <0.35 <0.33 <0.29 

Perylene 140 62 30 26 23 22 22 22 22 

Dibenz(ah)anthracene 131 13 2.11 <0.47 <0.66 <0.44 <0.45 <0.46 <0.55 

Indeno(l,2,3-cd)pyrene 76 72 13 3.5 0.491 0.41 <0.4 <0.38 <0.34 

Benzo(ghi)perylene 66 65 16 4.2 <0.34 0.69 0.56 0.651 0.651 

Total unsubstituted PAHs 855 721 174 63 31 34 34 38 32 

CI naphthalenes 5.0 4.0 1.1 1.3 1.5 1.6 1.0 1.6 1.4 

C2 naphthalenes 7.0 4.0 <1.6 <1.0 <0.86 <1.1 <1.2 <1.4 <1.5 

C3 naphthalenes 4.0 3.0 <0.55 <0.28 <0.21 <0.28 <0.5 <0.32 <0.49 

C4 naphthalenes <0.02 <0.02 <0.58 <0.37 <0.31 <0.41 <0.44 <0.48 <0.55 

C5 naphthalenes 0.6 0.31 <0.49 <0.29 <0.21 <0.3 <0.33 <0.46 <0.4 
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Table 3-2 (continued) 

Depth in Sediment (cm) 0-5 5-10 10-15 15-20 45-50 50-55 55-60 60-65 65-70 

CI phenanthrenes/anthracenes 14 13 2.7 0.98 1.2 1.4 1.1 1.0 1.2 

C2 phenanthrenes/anthracenes 23 14 <0.21 <0.17 <0.17 <0.19 <0.2 <0.33 <0.18 

C3 phenanthrenes/anthracenes <0.05 8.0 <0.34 <0.27 <0.28 <0.18 <0.25 <0.3 <0.19 

C4 phenanthrenes/anthracenes 3.0 8.0 1.7 1.2 0.94 0.89 0.9 1.1 0.94 

Retene 3.0 8.0 1.7 1.2 0.94 0.89 0.9 1.1 0.94 

C5 phenanthrenes/anthracenes <0.05 <0.05 <0.34 <0.27 <0.23 <0.33 <0.23 <0.48 <1.3 

CI fluoranthenes/pyrenes 48 34 6.2 2.2 0.81 <0.14 0.85 0.56 0.26 

C2 fluoranthenes/pyrenes 40 21 6.3 <0.33 <0.3 <0.26 <0.35 <0.31 <0.4 

C3 fluoranthenes/pyrenes <0.07 <0.07 <0.66 <0.3 <0.42 <0.4 <0.34 <0.26 <0.48 

C4 fluoranthenes/pyrenes <0.08 <0.08 <0.72 <0.57 <0.37 <0.56 <0.53 <0.36 <0.53 

C5 fluoranthenes/pyrenes <0.2 <0.2 <0.86 <0.62 <0.66 <0.83 <0.69 <0.85 <0.49 

Dibenzothiophene 2.0 2.0 <0.18 <0.15 <0.14 <0.16 <0.16 <0.16 <0.16 

CI dibenzothiophenes 1.0 0.9 <0.19 <0.1 <0.09 <0.09 <0.12 <0.16 <0.19 

C2 dibenzothiophenes 1.0 1.0 <0.1 <0.08 <0.06 <0.1 <0.12 <0.11 <0.08 

2-methyl naphthalene 4.0 2.0 1.0 0.9 1.0 1.0 1.0 1.0 0.9 

1-methyl naphthalene 2.0 1.0 <0.9 0.4 0.4 0.5 <0.5 <0.5 <0.4 

2,6/2,7-dimethyl naphthalene 3.0 1.0 <1.0 <0.9 <0.7 <1.0 <1.0 <1.0 <1.0 

1,2-dimethyl naphthalene <0.06 <0.08 <2.0 <1.0 <1.0 <1.0 <1.0 <2.0 <2.0 

1,4,6/1,3,5/2,3,6-trimethyl 1.0 0.7 <0.6 <0.3 <0.2 <0.3 <0.5 <0.3 <0.5 
naphthalene 

1,2,7/1,6,7/1,2,6/2,3,5-trimethyl 0.8 0.6 <0.5 <0.3 <0.2 <0.3 <0.5 <0.3 <0.5 
naphthalene 

3-methyl phenanthrene 3.0 3.0 0.6 <0.2 0.3 0.3 0.2 <0.2 0.2 

2-methyl phenanthrene 4.0 3.0 1.0 0.3 0.4 0.5 0.4 0.4 0.4 

2-methyl anthracene 1.0 1.0 <0.3 <0.2 <0.2 <0.2 <0.2 <0.2 <0.2 

9-methyl/4-methyl phenanthrene 2.0 3.0 0.6 <0.2 0.2 0.3 0.2 <0.2 0.3 

+ 1-Methyl Anthracene 

1-methyl phenanthrene 2.0 2.0 0.4 <0.2 0.2 0.2 0.2 <0.2 0.2 

3,6-dimethyl phenanthrene 0.6 0.6 <0.1 <0.09 <0.09 <0.1 <0.1 <0.1 <0.09 

9,10-dimethyl anthracene <0.01 <0.01 <0.1 <0.09 <0.09 <0.1 <0.1 <0.1 <0.09 

2-methyl fluoranthene 9.0 8.0 0.7 0.5 0.2 0.2 0.3 0.1 0.2 

'Peak detected, but did not meet quantification criteria. 
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Organic carbon content (foc)was highest in the surface sediments, with minimal changes-with-

depth below approximately 15 cm. The elevated foe in sediments from the upper part of the core 

may reflect increased organic matter inputs in recent times because of logging activity in the 

Giltoyees watershed. 

Total PAH concentrations were highest in the top segments of the core, and declined dramatically 

with depth over the top 20 cm. Below a depth of 40 cm, total PAH levels remained relatively 

constant. This trend is illustrated in Figure 3-5. The PAH composition also changed dramatically 

with depth. The upper 20 cm was dominated by unsubstituted PAHs of intermediate and high 

molecular weight. The profile is very similar to the contaminated surface sediments discussed 

earlier in this chapter, and is attributed to anthropogenic combustion inputs - arising primarily 

from the aluminum smelter at Kitimat. The core sediments were not dated; however, if it is 

assumed that the increase in PAH concentrations at a depth between 20 and 45 cm coincides with 

the commencement of operations at the aluminum smelter in 1954, and at the same time the 

effects of sediment compaction and biological mixing are ignored, an approximate sedimentation 

rate of 0.25-0.5 cm per year is estimated. This is well within the range of values calculated for 

recent uncompacted sediments in the Kitimat fjord system (281). Other workers have reported 

sub-surface maxima in PAH concentrations, coincident with a worldwide reduction in coal 

combustion and improved emission control technology (85, 296, 297). The lack of a sub-surface 

maxima in the present data supports our contention that the PAH flux at this site is dominated by 

ongoing local inputs. 
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Figure 3-5 Trends in total PAH concentration and perylene concentration versus sediment 
depth in a sediment core from Giltoyees Inlet. 

The PAH composition in core segments below 45 cm is accounted for almost entirely by 

unsubstituted and alkylated forms of naphthalene, phenanthrene and pyrene, and unsubstituted 

chrysene and perylene. Many of these compounds have been previously reported in PAH 

assemblages arising from early diagenesis of plant material (70, 75, 150, 166). The major 

downward trend in the upper core is progressive dilution of the smelter PAH composition by the 

natural PAH signature. This is especially evident in the higher relative amounts of naphthalene, 

phenanthrene and perylene, as well as diminution of anthracene at 15-20 cm compared with 0-5 

cm (Table 3-2, Figure 3-6). 

In the Giltoyees Core, the proportion of perylene changes independently of the other PAHs as a 

function of depth (Figure 3-5). Perylene has been reported by several researchers as a minor 

component of combustion particles (53, 55), and in the present study it was detected in raw 
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materials from the Alcan smelter (Table 3-1). Perylene has also been found in significant 

concentrations where other combustion derived PAHs are absent, in some instances comprising 

up to 80% of the total PAHs present (53). In these instances perylene is thought to be formed as 

a result of the early diagenesis of plant material, and its production seems to be favored by 

suboxic conditions in the sediments (298). As can be seen from Figure 3-5, the trend in the 

absolute concentration of perylene follows the trend in total PAHs very closely (i.e. 

concentrations were highest at the top of the core, declining to stable background levels by the 

15-20 cm segment). However, the fraction of total PAHs accounted for by perylene changes 

dramatically with sediment depth. Perylene contributed 3-5% of total PAHs in smelter feedstock 

and surface sediments at sites CD2, CD5, KA7 and KA14 (Table 3-1), and 9-17% of the total 

PAHs in the top 15 cm of the core, but accounted for approximately 70% of the total PAHs in 

core sections below 45 cm, where most of the other combustion generated PAHs were below the 

detection limits. This trend, which clearly illustrates the dual sources of perylene, was also 

observed by Wilcock et al. (299) in a long (approximately 2 m) sediment core collected in New 

Zealand, and by Wakeham (300) in the top 10 cm of a sediment core from the Black Sea. The 

major inputs of perylene may be either natural or anthropogenic, and the dominant source for a 

given site may change over time. 

Recent studies have suggested that rates of PAH removal from aerobic environments are 

influenced by the degree of alkylation (89, 301): More highly alkylated forms tend to be more 

recalcitrant to both weathering and biodegradation, resulting in preferential loss of lower alkylated 

and unsubstituted forms. In contrast, photo-oxidation of crude oil results in preferential loss of 

higher alkylated species (92, 148). These processes, and others that act differentially upon 

individual PAHs, will alter the PAH composition in the environment. The data in Table 3-2 were 
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examined for evidence of post depositional changes in PAH composition. In addition, in order to 

explore post-depositional changes in the anthropogenically-enhanced PAHs specifically, we 

attempted to remove the contribution of natural inputs from anthropogenically-enhanced PAHs. 

This was done by calculating the average concentration for each PAH in samples below 45 cm 

depth, and subtracting these average concentrations from PAH levels in more recent sediments. 

The (non-subtracted) profiles of various alkyl- or unsubstituted homologue groups are illustrated 

in Figure 3-6. 

Levels of C2- and C3-naphthalenes are highest in recent sediments (upper 10 cm, Figure 3-6), 

indicating that C2 and C3 naphthalenes are derived from anthropogenic inputs. Their absence in 

older sediments (deeper than 10 cm) simply reflects decreasing anthropogenic inputs with 

increasing sediment depth. (CI, C2 and C3 alkyl homologues of naphthalene, 

phenanthrene/anthracene and fluoranthene/pyrene are present in pencil pitch and coke briquettes 

used at the aluminum smelter) (data not shown). For sediment depths greater than 10 cm, any 

changes seen in the ratios of alkyl-substituted naphthalenes to unsubstituted naphthalenes, CI 

naphthalenes to C2 naphthalenes, or 1-methylnaphthalene to 2-methylnaphthalene, based on either 

data corrected for natural inputs or the original data, are primarily an artifact of the data being at 

or below the detection limit in core samples below 10 cm depth. 
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50^ fÂ  50^ Jn^ [Ô  
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The absolute concentrations of all phenanthrene alkyl homologue groups are highest in the top 20 

cm (Figure 3-6), indicating significant anthropogenic inputs of these compounds. As was 

observed for the naphthalene series, there is a general decline in the proportion of C2-

phenanthrenes and anthracenes below 10 cm depth, and this trend parallels the decline in 

anthracene, which is contributed by anthropogenic inputs from the aluminum smelter. Retene 

accounts for the entire C4-anthracenes/phenanthrenes concentration at all depths. The proportion 

of retene increases with increasing depth over the first 20 cm, coincident with decreasing levels of 

anthropogenic PAHs. However, absolute amounts of retene decrease with depth in the top 

portion of the core, and are constant below 45 cm. The constant retene concentration in the 

lower core implies that there is no net post-depositional production or degradation of retene in 

deep sediments, whereas the trend of higher retene concentrations in the upper core suggest an 

increased flux of retene to recent Giltoyees Inlet sediments, probably related to logging activities 

in the watershed. 

Long term diagenesis - as in coal or oil maturation, for example - is often characterized by an 

initial increase in the ratio of alkylated phenanthrenes to phenanthrene, accompanied by a 

progressive enrichment of the more thermodynamically stable alkyl- isomers. (71, 93, 302). This 

has led to the development of maturation indices based upon Cl-phenathrene ratios, in particular. 

Early diagenesis of anthropogenic PAH in Giltoyees Inlet (top 20 cm) was not accompanied by 

any consistent trend in the relative proportions (before or after correcting for average natural 

inputs) of any of the individually analyzed alkylated phenanthrenes or anthracenes (Figure 3-7). 

However, in the lower core (45-70 cm) the proportion of Cl-phenathrenes:phenanthrene 

exhibited a slight increase with increasing depth which may indicate net production of Cl-

phenanthrenes due to early diagenesis of detrital organic material. 
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Figure 3-7 Vertical trends in relative abundance of individual monomethyl phenanthrene 
isomers (abundance of each compound expressed as a fraction of the phenanthrene 
concentration in each sample), and in the methyl phenanthrene index MPI3 versus depth in the 
Giltoyees Inlet sediment core. (Legend: 9-MP : 9-methyl phenanthrene; 1-MP : 1-methyl 
phenanthrene; 2-MP : 2-methyl phenanthrene; 3-MP : 3-methyl phenanthrene). 

The methyl phenanthrene index MPI3 is defined by Garrigues et al. (93) as the sum of 3-methyl + 

2-methyl phenanthrene divided by the sum of 1-methyl + 9-methyl + 4-methyl phenanthrene, and 

has often been used as an index of oil maturation. The value of MPI3 increases as the oil matures 

due to enrichment of the 2-methyl and 3-methyl phenanthrenes, which have greater 

thermodynamic stability than the other isomers. In the present study, MPI3 showed a significant 

decrease in the lower core (n=5, r=-0.996, P<0.05) due to increasing proportions of 9-methyl 

phenanthrene (Figure 3-7). This trend is opposite to that defined by the thermodynamic stability 

of the Cl-phenathrenes, but it is consistent with 9-methyl phenanthrene being especially resistant 

to microbial degradation, as observed by Bayona et al. (68). These authors suggested that 

oxidation of the 9-10 double bond is the favored site of microbial attack for the phenanthrene 
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homologues, and this pathway is effectively blocked by the presence of a methyl group at the 9 

position in 9-methyl phenanthrene. 

The only obvious change in the fluoranthene/pyrene distribution with depth is the dramatic 

disappearance of the C2-fluoranthene/pyrene compounds below 15 cm depth (Figure 3-6), 

indicating an anthropogenic origin for these compounds. (None of the corresponding individual 

isomers were analyzed). Detailed interpretation of the alkyl-substituted fluoranthene:pyrene ratios 

in the Giltoyees Inlet core was not attempted, since levels were near or below the detection limits 

in most cases. 

Because of the absence of most unsubstituted PAHs below 45 cm in the sediment core, possible 

diagenetic changes in unsubstituted PAHs could be investigated in the upper core segments only. 

As described earlier, the data set was first corrected (where necessary) for natural inputs by 

subtracting the average concentration of each compound in the lower core (which was zero in 

many cases) from its concentration in each segment in the upper core. In general, the 

concentrations of low molecular weight unsubstituted PAHs declined more rapidly with depth 

than did high molecular weight unsubstituted PAHs. This suggests loss of the low molecular 

weight compounds due to either greater ease of biodegradation, or higher water solubility relative 

to the other PAHs. 

Various workers have demonstrated changes in ratios of specific PAH isomers as a result of 

weathering by environmental processes, including enrichment of the thermodynamically-most-

stable isomers (84, 285). In the present work the following ratios increased with increasing 

sediment depth; (thermodynamic isomer in numerator) Bper/Ipyr, Pyr/Fln, Bep/Bap; although 

these changes are not statistically significant (P>0.05). Phen/Anth and Chry/Baa ratios showed no 
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discernible trend. These results, therefore, show only limited evidence of enrichment of the 

thermodynamic isomers with increasing sediment depth. The absence of a discernible trend in 

these isomer ratios with depth is consistent with data from other sediment cores (63, 297), and 

further demonstrates the recalcitrance of PAHs in sediments. This recalcitrance may be due to; (i) 

limited chemical and biological availabihty of the anthropogenic PAHs in these samples which 

may be particle occluded, having been generated by combustion processes (145, 166), and, (ii) 

increased resistance to biodegradation of PAHs in these samples due to rapid onset of anoxia in 

the sediments. 

In summary, changes in the ratios of alkylated to unsubstituted PAH homologues, and ratios of 

thermodynamic to kinetic PAH isomers in the present data set largely reflect changes in the 

proportion of anthropogenic versus natural PAH inputs. The data do not permit a complete 

analysis, however, since detailed PAH assignments have not been confirmed for the major portion 

of the homologue groups. The only evidence for biodegradation of PAHs is seen in the data for 

the phenanthrene homologue group in the form of a decrease in MPI3, and an increase in the 

proportion of CI-phenanthrenes with depth, in the lower core. It is possible to speculate that 

these naturally derived PAHs would be more bioavailable than the anthropogenic PAHs in the 

upper core (and hence more amenable to biodegradation). This is because the natural PAHs are 

less likely to be particle occluded than the combustion generated anthropogenic PAHs, and the 

natural PAHs are also less likely to be associated with soot carbon, which binds PAHs especially 

strongly (163). The present data, however, are insufficient to provide conclusive evidence of 

biodegradation in situ. 
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4. Partitioning of Polycyclic Aromatic Hydrocarbons 

between sediments and the Soft-Shelled Clam, Mya arenaria 

4.1 Introduction 

It is well known that aquatic organisms accumulate significant quantities of organic contaminants 

in their tissues - often to levels well in excess of the surrounding water. It is partly for this reason 

that the analysis of aquatic biota has become an important tool for monitoring chemical 

contamination of the environment. Bivalves are particularly favored for this purpose as they are 

sedentary, abundant, and possess limited ability to metabolize PAHs (38, 56, 116, 180). 

However, accumulation of toxic chemicals by mollusks may lead to problems for human health if 

they are eaten. If the contaminated mollusks are eaten by other organisms, they will provide a 

route of re-entry for PAHs into the food chain. 

4.2 Objectives 

Mya arenaria were collected from four beaches in the Kitimat fjord system as shown in Figure 4-

1. Three sites (Hospital Beach (HB), Eurocan Beach (EU), Kitimaat Beach (KV)) were expected 

to be impacted by PAHs discharged from the Alcan aluminum smelter. The fourth site, Kildala 

Beach (KB), was chosen as a reference site, because the analysis of marine sediments collected 

from Kildala Inlet (Chapter 2), showed minimal contamination by PAHs. Beach sediments were 

also collected from the same locations as the clam specimens, and both clams and sediments were 

analyzed for PAHs. 
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The first objective of this experiment was to determine the extent of PAH accumulation in Mya 

arenaria i.e. measure biota-sediment accumulation factors (BSAFs). By relating the measured 

BSAFs to theoretical predictions it should be possible to test the validity of the equilibrium 

partitioning (EP) theory in these samples, and to gain insight into the processes affecting PAH 

accumulation at these sites. The EP model was chosen because it is widely used by regulators. It 

is also more readily tested that dynamic accumulation models. The PAH composition in Mya 

arenaria and sediments can also be compared to determine whether any differential accumulation 

of PAHs takes place. 

4.3 Theories of hydrophobic organic contaminant accumulation in biota 

Theories developed to describe contaminant accumulation by biota fall into two classes: 

equilibrium models and kinetic models (126,127, 176). 

The EP theory assumes that chemical uptake into an organism is an equikbrium process, as 

described in Chapter 1. Partition of the chemical between an organism and its environment is 

governed by differences in the fugacity of the contaminant in different environmental 

compartments (126, 127, 303). Hydrophobic organic compounds (HOCs) partition to the organic 

matter content of the sediment (155, 156), and to the lipid phase of biota (37, 56). Thus, when 

uptake of the chemical is primarily from contaminated sediment, the BSAF can be defined as in 

eqn. (1) (see section 1.4.7.3 for definition of abbreviations). 

B S A F = C B X f o c 

CSX/L M 

Eqn. (1) implies that there is no correlation between BSAF and hydrophobicity and that BSAFs 

should be identical for all organisms (i.e. for any given PAH in any species the ratio C B/C S at 
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equilibrium should be constant, the value of which is suggested to be about 1.7) (170). An 

attractive feature of the EP model is that it allows the prediction of contaminant concentrations in 

water, or in biota, based on measurement of contaminant concentrations in the sediment, 

measurement of foe, and realistic estimates of fL and/or DOM. The EP model treats the organism 

as a single homogeneous phase which is in thermodynamic equilibrium with the sediments. It 

ignores the physiological processes responsible for contaminant transfer between the various 

compartments. If the assumption of thermodynamic equilibrium does not hold, the EP theory is 

an inappropriate model to use. 

Alternative models view bioaccumulation as a dynamic balance between rates of contaminant 

uptake and rates of contaminant release (126, 127, 176). The simplest expression of this type of 

model, which assumes first order kinetics, is shown in eqn. (2): 

— CB = k\Cs- kiCB eqn. (2) 
dt 

where ki and k2 are the rate constants for uptake and depuration respectively. The steady-state 

solution for eqn. (2) is shown in eqn. (3): 

CB ki 
o = I 7 e q n < 3 ) 

Steady-state models such as eqn. (3) are not constrained by the necessity for thermodynamic 

equilibrium. Steady-state models also allow for differences in BSAFs between individual PAHs, 

and between different organisms (126, 127). 



Figure 4-1 Map of Kitimat fjord system, showing beaches where clams and sediments 
were collected 
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4.4 Experimental 

4.4.1 Sample collection 

Mya arenaria were collected at four beaches in the Kitimat fjord system, as shown in Figure 4-1. 

All Mya arenaria were collected from colonies located near small stream or river channels. A 

drain from the Alcan property, believed to be the effluent lagoon D discharge, and containing a 

high load of black suspended particles, fed into the Hospital Beach stream. Mya arenaria were 

buried at a depth of between 20-50 cm, and extreme care was required when digging them out of 

the sand to prevent fracturing the shells. After collection Mya arenaria were placed in flowing 

seawater for 6 to 12 hours to allow depuration of gut content. They were then placed in plastic 

ziplock bags and frozen for subsequent analysis. 

Beach sediments were also collected from the same location as Mya arenaria. Sediments were 

sampled with methylene chloride rinsed stainless-steel scoopulas and collected into pre-cleaned 

1 L amber glass bottles (two bottles per site). The bottles were immediately frozen for 

subsequent analysis. 

4.4.2 Validation of Biobeads SX-3 size exclusion chromatography (SEC) 

Because of the high lipid content of biota, an extra sample cleanup step must be incorporated to 

separate the PAHs from the lipids. In the present work this was accomplished by using SEC, with 

Biobeads SX-3 as the stationary phase. A stainless steel column (32 cm x 2.5 cm) was slurry 

packed with Biobeads SX-3 which had been pre-equilibrated in 50:50 chloroform:hexane. The 

column was connected to an HPLC system consisting of a Waters 600E system controller, Waters 

U6K injector and Waters model 470 scanning fluorescence detector. A new solvent mixture, 

75:25 chloroform: hexane, was then pumped through the column at 0.2 mL/min. This new mobile 
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phase causes swelling of the Biobeads. There was also the possibility that swelling the Biobeads 

to their final volume inside the stainless-steel column would minimize channeling in the stationary 

phase. The flow rate through the column was 2 mL/min. and the eluent composition was 75:25 

chloroform:hexane. The elution of both lipids and PAHs was monitored on line by fluorescence 

detection (excitation A, 340 nm, emission X 380 nm). 

The SEC column was calibrated by injecting 2 mL of a solution of canola oil in chloroform 

(0.125 g/mL), that had been spiked with a standard mixture of the US EPA 16 priority pollutant 

PAHs. The eluent was collected into test-tubes by using a Gilson FC203 fraction collector. A 

portion was taken from each test-tube for analysis of the PAHs by GC-MS, and the remainder 

was used for gravimetric determination of the lipid. 

4.4.3 Determination of PAHs in clam tissue 

Mya arenaria were allowed to partially thaw, and then were measured across the longest axis of 

the shell, and weighed. They were then shucked, and the periostracum and the tip of the siphon, 

which were contaminated with sediment, were removed. The soft parts were rinsed with 

deionized water to remove any sediment and were patted dry with lint-free paper towels. Three 

individuals (137 g - 187 g total wet weight) were pooled for each sample and then homogenized 

in a blender for ca. 5 min. Three replicates were prepared for each site. The homogenates were 

transferred to pre-weighed clean glass beakers and freeze dried. 

The freeze dried, homogenized clam tissue was further ground with a mortar and pestle, and then 

an aliquot was extracted with methylene chloride (210 mL) for 8 hours, as described previously 

(see Chapter 2) for sediment samples. An internal standard (dio-pyrene, 258 ng), was added to 

each sample prior to extraction. 
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The methylene chloride extract was reduced in volume to ca. 2 mL by using a rotary evaporator, 

and transferred quantitatively with two methylene chloride rinses to 15 mL cleaned, pre-weighed 

conical test tubes. The extract was evaporated to dryness at 40 °C, and the lipid determined 

gravimetrically. 

Chloroform (2 mL) was added to each test-tube to dissolve the extract. The extract was then 

filtered through 0.22 p.m PTFE syringe filters. Between 0.6-1.0 mL of filtered extract was 

injected onto a SEC column to separate the PAHs from the lipids, as described in section 4.4.2. 

The PAH containing fraction (40 min. - 70 min.) from the SEC system was collected, then 

reduced in volume on a rotary evaporator, and then subjected to Florisil column chromatography 

as described in section 2.3.3. The cleaned sample extracts were then analyzed by ion-trap 

GC-MS. Because sample size was limited for the clam extracts, and because two of the beaches 

investigated were expected to have low absolute levels of PAHs, it was decided to analyze the 

clam samples by using GC-MS, using a (newly-purchased) ion trap GC-MS, as this provides 

enhanced sensitivity compared with GC with FID detection (Table 2-1). The use of GC-MS also 

allowed an isotopically labeled internal standard (dio-pyrene) to be used in place of 

hexamethylbenzene. dio-Pyrene was expected to be a more suitable internal standard because its 

physical-chemical properties are more similar to the analytes than are those of 

hexamethylbenzene. The GC-MS system used consisted of a Star 3400Cx gas chromtograph 

equipped with a 1078 temperature programmable injector and interfaced to a Saturn 4D ion-trap 

mass spectrometer (Varian Ltd.). A capillary column (DB5-MS, 30 m length, 0.25 mm i.d., 

0.25 |im coating, from J&W Scientific) was used. The GC parameters used (injection routine, 

column temperature program) were identical to those described for GC-FID in Chapter 2. The 

transfer line between the gas chromatograph and the mass spectrometer was maintained at 

290 °C. The ion trap was maintained at 270 °C and was operated in selected ion storage mode. 



To improve sensitivity, different mass ranges were stored for each group of PAH isomers, as 

shown in Table 4-1. The GC-MS system was controlled by an STD 486 personal computer. 

Table 4-1 MS acquisition parameters. 

acquisition target compounds Retention time masses quantitation 

segment (minutes) stored masses 

1 acenaphthylene 7-14 149-160 150-155 

acenaphthene 7-14 149-160 150-155 

2 fluorene 15-18 160-170 163-167 

3 phenanthrene 18-23 170-185 176-179 

anthracene 18-23 170-185 176-179 

4 fluoranthene 23-31 99-220 200-203 

dio-pyrene 23-31 99-220 211-213 

pyrene 23-31 99-220 200-203 

5 benzo(a)anthracene 31-37 110-235 227-229 

chrysene 31-37 110-235 227-229 

6 benzo(b)fluoranthene 37-44 120-260 251-253 

benzo(fc) fluoranthene 37-44 120-260 251-253 

benzo(e)pyrene 37-44 120-260 251-253 

benzo(a)pyrene 37-44 120-260 251-253 

perylene 37-44 120-260 251-253 

7 indeno(l,2,3-cd)pyrene 44-54 130-280 130-280 

dibenz(a/?)anthracene 44-54 130-280 274-297 

benzo(g/jOperylene 44-54 130-280 130-280 
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Compound identification for each PAH was based upon comparison of both retention time and 

mass spectrum with those of authentic standards. For most compounds quantitation was based on 

the sum of the mass-intensities of the parent ion cluster (see Table 4-1). However, for 

indeno(l,2,3-af)pyrene and benzo(g/n')perylene, the relative intensities of the M + and M 2 + clusters 

were variable, and it was decided to quantify these compounds on the basis of the total ion 

current. A standard mixture containing the 16 US EPA priority pollutant PAHs plus dio-pyrene 

was analyzed to determine reference spectra and retention times for the PAHs. Standard 

solutions of perylene and benzo(e)pyrene were analyzed in order to determine retention times for 

these two compounds. Response factors for the 16 PAHs were calculated relative to the response 

of dio-pyrene, which was added to all the environmental samples as an internal standard. Perylene 

and benzo(e)pyrene were assigned the same response factor as benzo(a)pyrene. The use of 

selected ion storage, and selected ion quantitation eliminated most of the 'chromatographic 

noise', thus limits of detection were not affected by co-extractives to the same degree that the 

GC-FTD analyses were (Chapter 2 and Chapter 3). The only PAH detected in method blanks was 

naphthalene, which was present at ~ 120 ng/mL. This was significant in comparison to the 

naphthalene levels in the samples, and we were unable to identify the source of the naphthalene 

contamination or eliminate it. This contamination prevented any meaningful analysis of 

naphthalene in the environmental samples. 

4.4.4 Determination of PAHs in intertidal marine sediments 

The sediments were thawed, removed from the glass bottles, mixed thoroughly on a stainless-steel 

tray, then freeze dried in cleaned glass beakers. The freeze dried sediments were Soxhlet 

extracted with methylene chloride, the extracts were cleaned up on Florisil columns and then 

analyzed for PAHs as described in Chapter 2. One major change to the sediment analysis was the 
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use of GC-MS instead of GC-FID. This was done to facilitate direct comparison between PAH 

levels in the clams and the associated sediments, as was required for calculation of biota-sediment 

accumulation factors. The GC-MS analysis is described in the preceding section. 

4.4.5 Sediment organic carbon (foe) determination 

The carbonate analysis described in section 2.3.5 revealed that carbonate formed an insignificant 

fraction of the sediment carbon in Kitimat sediments. Therefore for the beach sediments, organic 

carbon was determined as CO2 after ignition at 1050°C by using a Carlo Erba NA-1500 NCS 

analyzer. A co-oxidant (CuO) was used to ensure complete oxidation of the sediment carbon. 

4.5 Results 

45.1 Calibration of Biobeads SX-3 SEC columns 

The removal of lipids from the sample extract by using SEC on Biobeads SX-3 was based on 

published methods (259, 304). The results of the analysis of one of the PAH spiked-canola oil 

samples used to calibrate the biobeads column are shown in Figure 4-2. The curve generated 

from the GC-MS data represents the sum of the peak areas of 15 of the US EPA priority pollutant 

PAHs (naphthalene excluded) in each fraction collected. Using this column and solvent system 

the PAHs all showed similar elution profiles. The separation between the lipid fraction and the 

PAH fraction using this technique was adequate for the present work. 
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Fraction number 

Figure 4-2 Elution profile of lipids and PAHs from Biobeads SX3 SEC columns. 

The separation of lipids from PAHs was also examined in extracts of clam tissue that had been 

spiked with the standard PAH mixture. The elution profiles of lipids and PAHs, which were 

monitored by using on-line fluorescence detection, were identical to those for the spiked canola 

oil sample illustrated in Figure 4-2. 

4.5.2 PAHs in Mya arenaria and intertidal marine sediments 

Beach sediments collected from areas colonized by Mya arenaria were analyzed for PAHs, and 

the results are included as Table 4-2. Values of foe for the four sites are: 0.0054 (Kildala beach); 

0.0121 (Kitimaat Beach); 0.0621 (Eurocan Beach); 0.0263 (Hospital Beach). 
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Table 4-2 PAH concentrations (ng/g, dry weight) in intertidal beach sediments associated 

with Mya arenaria in the Kitimat fjord system. 

Site 

compound 

Kildala Beach 

SKB-a SKB-b 

Kitimaat Beach 

SKV-a SKV-b 

Eurocan Beach 

SEU-a SEU-b 

Hospital Beach 

SHB-a SHB-b 

acenaphthylene 0.01 0.02 1.3 1.6 0.41 0.59 16 18 

acenaphthene 0.11 0.11 1.2 1.5 3.8 3.8 924 1023 

fluorene 1.7 1.5 3.7 15 3.2 4.2 487 548 

phenanthrene 6.8 8.0 29 72 16 18 5264 5642 

anthracene 0.34 0.61 25 19 4.5 7.3 1031 1083 

fluoranthene 1.9 2.8 105 111 53 60 14077 13202 

pyrene 2.3 4.2 69 65 39 40 11896 12521 

benzo(a)anthracene 0.32 0.53 45 34 19 42 11397 8882 

chrysene 0.43 0.49 56 53 22 55 11986 9466 

berizo(b)fluoranthene 0.46 0.90 48 49 31 54 18549 13852 

benzo(fc)fluoranthene 0.17 0.28 18 18 10 19 6728 4841 

benzo(a)pyrene 0.20 0.15 21 21 16 28 16479 7220 

indeno(l,2,3-cd)pyrene 0.20 0.15 16 16 9.2 13 15287 8683 

dibenz(aA)anthracene 0.04 0.05 1.0 1.5 0.94 1.4 1410 785 

benzo(g/iOperylene 0.21 0.18 10 13 7.7 9.9 9478 6344 

benzo(e)pyrene 0.37 0.52 24 26 16 27 11306 9657 

perylene 0.76 0.48 3.7 4.0 400 460 4722 6280 

E 15 PAH* 15 20 449 490 235 356 125010 94111 

sum of 15 of the US EPA priority pollutant PAHs (does not include perylene and benzo(e)pyrene or 
naphthalene). 

All of the 16 US EPA priority pollutant PAHs were detected in all sediment samples, including 

sediments from the reference site (Kildala Beach). Benzo(e)pyrene and perylene were detected in 

all sediment samples also. Total PAH concentrations were lowest at Kildala Beach (-15-20 
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ng/g). This value is typical for remote locations not directly influenced by major sources of PAHs 

(see section 1.4.7.3). PAH concentrations at the three other locations are all elevated with 

respect to Kildala Beach; however, the PAHs present at Kitimaat Beach and Eurocan Beach are 

well below government sediment quality guidelines or levels considered likely to cause adverse 

effects (see Table 1-3). At Hospital Beach the levels of most PAHs are in excess of 

CCME/BCMOE assessment criteria, and in excess of the ER-M values published by Long et al. 

(95). The high PAH concentrations at Hospital Beach can be attributed to the fact that this site 

received direct effluent discharges from the aluminum smelter, in addition to atmospheric 

emissions from the smelter and airborne dust from unloading of raw materials at the smelter. 

The physical attributes of the Mya analyzed from each site are listed in Table 4-3, and the results 

of the analysis of PAHs in Mya collected from beaches in the Kitimat fjord system are included as 

Table 4-4. For comparison, PAH levels in mollusks from other contaminated sites are included in 

Table 4-5. 

Table 4-3 Physical attributes of Mya arenaria specimens analyzed in this study. 

Site number of length range mean length weight range mean weight 

specimens (cm) (cm) (g) (g) 

Hospital Beach (HB) 9 5.5-9.6 7.7 17.35-73.28 44.52 

Eurocan Beach (EU) 9 6.9-8.8 7.9 30.06-68.26 48.16 

Kitimaat Beach (KV) 9 6.5-9.1 8.0 23.28-75.75 55.00 

Kildala Beach (KB) 8 7.4-8.6 8.1 43.07-68.55 56.99 



122 

Table 4-4 PAH concentrations (ng/g, dry weight) in Mya arenaria collected from beaches in 

the Kitimat fjord system. 

Site 

compound 

Kildala Beach 

mean SD 

Kitimaat Beach 

mean SD 

Eurocan Beach 

mean SD 

Hospital Beach 

mean SD 

% lipid 9.2 1.9 9.1 2.4 6.5 1.2 6.6 0.2 

acenaphthylene 0.23 0.16 7.0 3.0 0.99 0.38 1.3 0.3 

acenaphthene 0.60 0.22 2.6 1.3 0.85 0.37 7.6 2 

fluorene 1.6 0.27 6.1 3.0 6.5 3.1 14 2 

phenanthrene 20 0.58 88 27 71 27 170 35 

anthracene 4.7 2.3 16 9.0 3.4 1.4 9.1 3 

fluoranthene 20 1.9 382 149 250 108 727 173 

pyrene 16 3.7 224 64 207 86 576 137 

benzo(a)anthracene 2.5 0.93 79 42 88 39 483 120 

chrysene 11 4.2 145 62 167 73 803 179 

benzo(b)fluoranthene 4.0 2.2 73 35 142 67 1005 269 

benzo(£)fluoranthene 1.5 0.77 22 13 40 16 306 77 

benzo(a)pyrene 1.5 2.3 17 15 49 24 604 156 

indeno( 1,2,3-cd)pyrene <0.2 - 17 5.3 31 10 507 153 

dibenz(aA)anthracene <0.2 - 2.1 0.59 3.9 1.4 83 32 

benzo(g/iOperylene <0.2 - 28 9.3 39 8.7 363 107 

benzo(<?)pyrene 4.4 1.9 83 32 130 51 769 170 

perylene <0.2 - <0.2 - 63 69 165 27 

Z 15 PAH* 83 13 1110 417 1100 460 5657 1439 

sum of 15 of the US EPA priority pollutant PAHs (does not include perylene and benzo(e)pyrene or 

naphthalene). Mean and standard deviation (SD) determined from three independent analyses for each site. 



123 

Most of the PAHs analyzed for were detected at all sites (some of the HPAHs were not detected 

at Kildala Beach, and perylene was not detected at Kitimaat Beach). Total PAH levels in Mya 

arenaria at the four sites show the same trend as was seen for the sediment data, i.e. levels are 

lowest at the reference site (Kildala Beach), and elevated at the other three locations. Of 

particular interest is the fact that the PAH levels in Mya arenaria from Hospital Beach are only 

five times greater than in the samples from Eurocan Beach and Kitimaat Beach. In comparison, 

the PAH levels in sediments at Hospital Beach are -200-300 times greater than at the other 

contaminated beaches. 

Table 4-5 PAH concentrations (ng/g, dry weight) in mollusks collected from various 

contaminated sites. 

Location species X PAH concentration PAH source Reference 

Hamilton Harbor, Ontario Dreissina polymorpha 

(Zebra mussel) 

350-10,000* Coal tar, 

Steel smelters 

(258) 

Kitimat Mya arenaria 1530 Aluminum D. Goyette, 

(soft-shelled clam) Smelter unpublished data 

Norwegian fjords Mytilus edulis 

(Blue mussel) 

8,300-1,730,000 Aluminum 

Smelter 

(151) 

Norwegian fjords Modiolis modiolis 

(Horse mussel) 

33,000-523,000 Aluminum 

Smelter 

(151) 

Swedish Baltic Coast Mytilus edulis 

(Blue mussel) 

6,000 Aluminum 

Smelter 

(272) 

Swedish Baltic Coast Macoma balthica 

(Baltic tellins) 

170,000 Aluminum 

Smelter 

(272) 

Concentrations in ng/g wet mussel homogenate 

As shown in Table 4-3, the clams sampled from each site were all of similar size. The average 

clam wet-weight was lowest for the two sites with highest PAH concentrations (Hospital Beach, 

Eurocan Beach), but the differences are not statistically significant (ANOVA, P=0.05). Similarly 
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ft values (expressed in Table 4-4 as a percent of the clam dry weight), were lowest at the two 

sites with highest levels of PAH contamination. Again, this difference was not significant 

(P=0.05). 

The total PAH concentrations in Mya arenaria at the three contaminated beaches are similar to 

data from Goyette for northwest Kitimat Arm (D. Goyette, Environment Canada- unpublished 

results). When compared with data for mollusks at other contaminated sites, the present data fall 

towards the low end of the values listed in Table 4-5. 

45.3 Comparison of PAH composition in sediments and clams 

Figure 4-3 illustrates the PAH composition in clams and sediments from the four beaches 

investigated in the present study. The data for each PAH has been normalized to the sum of all 

PAHs (except perylene) to allow direct comparison of PAH composition in samples with different 

absolute concentrations of PAHs. The perylene data, which is anomalous, was excluded from the 

analysis in Figure 4-3 and is discussed in a subsequent paragraph. 
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Figure 4-3 PAH composition in sediments and clams from beaches in the Kitimat fjord 
system. PAH concentrations for each compound have been normalized to the total PAH 
concentration at each site. 
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For the three sites with elevated levels of PAHs, the PAH composition is similar in both clams and 

sediment. Four and five-ring PAHs are present in greater abundance than two and three-ring 

PAHs, which is typical of PAHs generated by combustion sources (See section 1.4.1.1). The 

proportion of HPAHs is somewhat higher in the Hospital Beach samples compared to the other 

two sites. The PAH composition at the reference site (Kildala Beach) has some similarities to the 

other three sites, especially in the relative amounts of the HPAHs. An important difference, 

however, is the high relative amount of phenanthrene at this site, especially in the sediment 

samples. Wakeham et al. detected phenanthrene (-40-50 ng/g) in Lake Lucerne sediment from 

core sections pre-dating the industrial revolution (70). They concluded that the phenanthrene 

probably originated from diagenesis of steroid precursors. Phenanthrene was also detected in 

sections of the Giltoyees Inlet sediment core pre-dating operation of the Alcan smelter at Kitimat 

(Chapter 3, this thesis). The high relative levels of phenanthrene at Kildala Beach probably arise 

from diagenic sources, and the overall PAH composition at Kildala Beach is consistent with a 

mixture of diagenic and combustion sources. Diagenic sources no doubt contribute to the PAH 

load at the three contaminated sites also. However the levels of combustion-generated PAHs at 

the contaminated sites are sufficiently high that the contribution from diagenic inputs is obscured. 

The data in Table 4-2 and Table 4-4 illustrate differences between perylene and the other PAHs. 

Most notably, the absolute perylene concentration in sediments at Eurocan Beach (-400-460 

ng/g) is higher than the combined concentrations of the 16 other PAHs. At the three other 

beaches, the perylene concentration is less than 10% of the sum of the other PAHs. Perylene also 

dominated the PAH composition for sections from the Giltoyees Inlet sediment core pre-dating 

the operation of the Alcan smelter at Kitimat, and in specific particle-size-fractions of sediment 

from site CD3 (as described in Chapter 3 of this thesis). It was suggested that the perylene may 
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be generated diagenically, from plant precursors. This may take place either in situ in the marine 

sediments, or in terrestrial soils that are subsequently eroded, then deposited as fjord sediments. 

Another unusual feature of the perylene data is the fact that perylene was not detected in Mya 

from Kildala Beach or Kitimat Beach, whereas it was detected in the sediment at these locations. 

In fact, the levels of perylene detected in the sediments were comparable with the levels of the 

other MW 252 PAH isomers. Because the other MW 252 PAH isomers were detected in the 

clam tissue at both sites, perylene should also have been detected in the clam tissue if it was 

accumulated to the same degree as the other MW 252 PAH isomers. Thus it seems that perylene 

accumulates to a lesser degree than the other MW 252 PAH isomers. 

The data in Figure 4-3 show some differences between the PAH composition in sediments and the 

PAH composition in clams. For example, the proportions of fluorene and phenanthrene are 

generally higher in the sediments, whereas the proportions of fluoranthene, benzo (e)pyrene and 

chrysene are higher in the clams. Generally, these differences are small, however, and simple 

visual inspection of Figure 4-3 does not provide convincing evidence of an overall trend in PAH 

pattern between Mya arenaria and sediments. 

PCA was used to further investigate differences in PAH composition between sites, and also 

between sediments and Mya arenaria. PCA was performed on the normalized data-set (perylene 

excluded) as described previously in Chapter 2 and Chapter 3. Perylene was excluded because its 

anomalous concentrations at Eurocan Beach would dominate the PCA and obscure the influences 

of other variables. Figure 4-4 illustrates the projection of the various samples onto the two major 

principal components. Principal component 1 (PCI) accounted for 57.3% of the total variance in 

the data set, and principal component 2 (PC2) accounted for a further 20.4% of the total variance. 
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Figure 4-4 PCA of PAH composition in sediments and Mya arenaria from beaches in the 
Kitimat fjord system. Note separation of sites along PCI, and that sediment and clam samples 
from each site are differentiated on PC2. 

The four beaches are differentiated on PCI, with Hospital Beach samples plotting on the far right 

in Figure 4-4, and samples from the other three beaches plotting in sequence from right to left 

across the figure. This trend reflects the proximity of the four sites to the aluminum smelter. 

For each site, sediment samples are differentiated from the clam samples on PC2 (i.e. the sediment 

samples from a given site always plot positive on PC2, relative to the clam samples from the same 

site). 
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Figure 4-5 Principal Component loading plot, showing influence of individual PAHs on the 
PCA. See Table 3.1 for compound abbreviations. 

The loadings of the 16 PAHs on the two major principal components are illustrated in Figure 4-5. 

Variable loadings on PCI are statistically significant (p=0.05) for all compounds except 

fluoranthene, chrysene and acenaphthene. There is a clear delineation between LPAHs and 

HPAHs on PCI, with LPAHs plotting on the left of the figure and HPAHs plotting on the right. 

The variable loadings on PCI in Figure 4-5 suggest that sites which plot positive on PCI in Figure 

4-4 have a greater proportion of HPAHs than do sites which plot negative on PCI. This 

prediction is borne out by inspection of the PAH composition at these sites (Figure 4-3), in which 

it can be seen that sediments from Kildala Beach do indeed have the highest proportion of 

LPAHs, and sediments from Hospital Beach have the highest proportion of HPAHs. The PAH 

composition in sediments at the other two sites is intermediate between these extremes. 
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The differences in PAH composition at the four sites can be attributed to different sources of 

PAH inputs to each site. Hospital Beach receives smelter-derived PAH inputs both in the form of 

smelter effluent, and atmospheric deposition, and absolute PAH levels in sediments at Hospital 

Beach are much higher than at the other locations. Given the high amounts of black particles 

observed in the effluent stream flowing through Hospital Beach, it is reasonable to assume that 

most of the PAH burden at Hospital Beach is due to the effluent. The outflow of the Kitimat 

river creates a south flowing current in Kitimat Arm, that would almost certainly prevent aqueous 

effluent discharges from the Alcan smelter from reaching Kitimaat Beach on the east side of 

Kitimat Arm. Kitimaat Beach, therefore, would only receive smelter-derived PAHs from 

atmospheric inputs. Eurocan Beach is located 'upstream' of the Alcan discharges, but eddy 

currents in the north west corner of Kitimat Arm may bring a small fraction of the aqueous 

smelter effluents ashore at this site. Most of the smelter-derived PAH inputs at Eurocan Beach 

are likely to be via atmospheric inputs, however. As mentioned previously, anthropogenic PAH 

inputs to Kildala Beach are sufficiently low, that diagenic PAHs make a significant contribution to 

the PAH burden (and hence PAH composition) at this site. PAH levels at the two intermediate 

sites (Kitimaat Beach, Eurocan Beach) are sufficiently high that diagenic inputs are unlikely to be 

significant, but other anthropogenic PAH sources (e.g. a marina at Kitimaat Village, municipal 

wastewater discharges) may provide a significant contribution to the PAH load at these sites. 

Only five PAHs (fluoranthene, chrysene, acenaphthylene, fluorene and phenanthrene) have 

statistically significant loadings on PC2 (P=0.05), and it is these compounds which discriminate 

clam samples from sediment samples on PC2. This result is consistent with the graphical data in 

Figure 4-3 which show higher proportions of fluoranthene, chrysene, acenaphthylene in the clams, 

but higher proportions of fluorene and phenanthrene in the sediments. The discrimination 
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between clam and sediment samples on PC2 indicates that all PAHs are not accumulated to the 

same degree. Differential accumulation of PAHs from sediment by clams has been reported, but 

the results are somewhat inconsistent (154, 170, 172, 176, 305). In a recent review, 

Meador et al. noted that some authors reported preferential accumulation of 4-ring PAHs, or 

4-ring + 5-ring PAHs, while other authors reported preferential accumulation of 2-ring and 3-ring 

PAHs (170). In another study, differential accumulation of PAHs was observed in Macoma 

balthica, but the pattern of PAH accumulation varied between sample locations (172). 

4.5.4 Biota-sediment accumulation factors (BSAFs) 

BSAFs (lipid and organic-carbon-normalized) have been calculated for clams from the four 

beaches, and are tabulated in Table 4-6. The BSAFs for individual PAHs at a given site are 

similar; however statistically significant differences in BSAFs exist between sites (ANOVA, 

P=0.05). 

Absolute values of the BSAFs at three out of four sites: Kildala Beach, Kitimaat Beach and 

Eurocan Beach, are within the range of values reported in other studies. For example BSAFs for 

Macoma balthica were 0.5-2.2 in one study (170), and 0.1-10 in another (172). BSAF values of 

0.2-4 have been reported for various clam species, as reviewed by Meador et al. (170). The 

BSAFs at Kildala Beach and Kitimaat Beach are slightly less than the theoretical equilibrium value 

of 1.7, whereas the BSAFs at Eurocan Beach are slightly higher than this value. The higher 

BSAFs for Eurocan Beach may be related to the high foe value determined for this site, and used 

in the BSAF calculation. This value (0.062) may not be realistic. If a more typical foe value is 

substituted (e.g. fOc=0.01), the Eurocan data falls into line with the other two sites. 
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Table 4-6 Lipid and organic-carbon-normalized BSAFs for Mya arenaria collected from 

four beaches in the Kitimat fjord system. 

Site Kildala Beach Kitimaat Beach Eurocan Beach Hospital Beach 

BSAF SD BSAF SD BSAF SD BSAF SD 

acenaphthylene 0.85 0.53 0.64 0.15 1.86 0.82 0.039 0.023 

acenaphthene 0.31 0.10 0.24 0.09 0.20 0.04 0.004 0.002 

fluorene 0.06 0.01 0.09 0.11 1.61 0.62 0.014 0.007 

phenanthrene 0.16 0.03 0.23 0.18 3.91 0.70 0.016 0.008 

anthracene 0.55 0.35 0.10 0.06 0.53 0.27 0.005 0.002 

fluoranthene 0.51 0.17 0.46 0.10 4.08 0.86 0.028 0.014 

pyrene 0.29 0.14 0.45 0.03 4.89 0.79 0.025 0.012 

benzo(a)anthracene 0.34 0.19 0.26 0.13 2.65 1.85 0.025 0.017 

chrysene 1.38 0.45 0.35 0.09 4.06 3.13 0.039 0.024 

benzo(&)fluoranthene 0.33 0.30 0.20 0.05 3.11 1.97 0.033 0.023 

benzo(fc)fluoranthene 0.40 0.31 0.16 0.05 2.59 1.52 0.027 0.018 

benzo(a)pyrene 0.65 0.49 0.10 0.06 2.07 1.28 0.027 0.027 

indeno(l,2,3-c*/)pyrene <0.06* - 0.14 0.01 2.62 1.03 0.022 0.019 

dibenz(a/j)anthracene <0.23* - 0.22 0.09 3.19 1.37 0.040 0.038 

benzo(g/i/)perylene <0.06* - 0.32 0.07 4.27 0.98 0.024 0.018 

benzo(e)pyrene 0.56 0.24 0.44 0.10 5.59 2.74 0.038 0.022 

perylene <0.02* - <0.01* - 0.13 0.13 0.015 0.009 

mean BSAF 0.49 0.17 0.27 0.04 2.79 0.85 0.02 0.01 

BSAF determined by substituting the approximate LOD (2ng/g, lipid) for non-detected compounds in clams 

The BSAF data for Hospital Beach is lower than the other three sites by an order of magnitude. 

Similar low BSAF values have been reported by some authors (154, 177), and these were 

attributed to reduced bioavailabihty of PAHs or, possibly, significant metabolism of the PAHs. In 

the present case it is likely that reduced bioavailablity of the PAHs is responsible for the low 
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BSAFs at Hospital Beach. Previously in this thesis it was suggested that limited bioavailability of 

smelter-derived PAHs may be responsible for the lack of major changes in the PAH profile in 

marine sediments in Kitimat Arm (Chapter 2), and in sections from the Giltoyees Inlet sediment 

core (Chapter 3). Paine et al. also suggested that limited bioavailabihty of smelter-derived PAHs 

was responsible for the lower-than-expected toxicity of sediments adjacent to the Alcan smelter 

(96). 

PAH metabolism is often higher at contaminated sites than at reference sites (177). Therefore it 

might be expected that clams from Hospital Beach would have higher metabolic capacity towards 

PAHs than do clams from the other sites, and this would lead to lower BSAFs. However, in view 

of the fact that mollusks appear to have very limited capacity to metabolize PAHs (38, 43), it 

seems unlikely that metabolism is responsible for the low BSAFs observed at Hospital Beach. 

The EP theory predicts that BSAFs should be identical for all PAHs. In the present study BSAFs 

for individual PAH do show some consistent differences. However, the differences in BSAFs 

were small. For example, chrysene, fluoranthene and benzo(e)pyrene typically have the highest 

BSAFs at each site, whereas the BSAFs for fluorene, indeno(l,2,3-a/)pyrene and perylene are 

consistently amongst the lowest at each site. Correlation coefficients were calculated between the 

BSAFs determined in this study and molecular properties including Kow and solubility. These 

correlation coefficients were not significant (t-test, p=0.05). In contrast, Pruell et al. found that 

BSAFs for Mytilus edulis exposed to contaminated suspended sediments increased over 16-fold 

with increasing Kow (305). In studies with other benthic invertebrates, Meador et al. found that 

BSAFs decreased with increasing Kow for a polychaete, but no trend in BSAFs was observed for 

an amphipod (154). 



134 

In summary, the differential accumulation of PAHs observed in the present study is not 

anticipated by the EP theory. However, these differences are small, and the absolute BSAF 

values of most of the PAHs at three of the sites investigated (Kildala Beach, Kitimaat Beach, 

Hospital Beach) are within an order of magnitude of the EP prediction. The EP theory also 

cannot account for differences in BSAFs between sites. The BSAF values determined for 

Hospital Beach are up to one hundred times lower than predicted. The EP theory, therefore, does 

not adequately describe PAH partitioning between sediments and biota at Hospital Beach. 
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5. Metabolism of Pyrene by two Clam Species, Mya arenaria 

and Protothaca staminea 

5.1 Introduction 

Many bivalve mollusk species live buried in marine sediments and feed by filtering suspended 

particles from water just above the sediment surface, or by grazing on the organic film coating the 

sediment particles. Because PAHs in esturine systems rapidly adsorb onto particles and are 

deposited into sediments, sediment dwelling organisms including mollusks may be particularly 

exposed to PAHs in polluted environments. It is commonly assumed that mollusks possess little 

or no capacity to metabolize PAHs (31, 56, 111, 306), and ingested PAHs are accumulated within 

the fatty tissues of the mollusks. 

However, as detailed in Chapter 1, mollusks possess the same enzyme systems utilized by higher 

organisms to metabolize PAHs. This apparent capacity for PAH metabolism in mollusks is at 

odds with the frequent failure to detect PAH metabolites from mollusks - either in feeding studies, 

or in the environment (31, 33, 43). In order to investigate this incongruity some studies of PAH 

metabolism in representative mollusks were conducted. 

An experiment was designed with two objectives in mind, firstly, to determine if a target mollusk, 

the soft-shelled clam (Mya arenaria), was capable of metabolizing a typical PAH (pyrene), and 

secondly, to identify any metabolites produced. It was recognized that a quantitative 

detennination of the amounts of any metabolites formed might not feasible, due to the lack of 

authentic standards of pyrene metabolites. 
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Mya arenaria was selected as an appropriate target mollusk for several reasons. Firstly, Mya 

arenaria is relatively abundant at beaches throughout the Kitimat fjord system, including highly 

contaminated beaches near the Alcan smelter. These Mya arenaria populations have recently 

been studied by Brand et al. (pers comm.), who showed that Mya arenaria collected at Hospital 

Beach, adjacent to the Alcan smelter, reacted with an antibody specific to leukemia cells. This 

assay is used to detect disseminated neoplasia - a leukemia-like condition that has been detected 

previously in Mya arenaria and other clam species (114, 307), including populations of Mya 

arenaria exposed to PCBs (308). The initial work of Brand et al. has prompted further studies, 

funded by Alcan, to detennine whether PAHs are responsible (either directly, or due to an 

immunosupressive effect) for the neoplasia in Mya arenaria. It is generally accepted that PAHs 

are not direct acting carcinogens because they require metabolic activation to reactive metabolites 

which are the ultimate carcinogens. Therefore, if PAHs are responsible for the leukemia-like 

condition observed in the Hospital Beach Mya arenaria population, this may suggest that 

mollusks are capable of metabolism of PAHs. The converse of this argument has been used by 

other workers (111), who suggested that the absence of PAH-metabolizing ability in mollusks 

might protect them against PAH-induced carcinogenesis. 

Mya arenaria is not in fact native to the west coast of North America, having arrived here 

sometime last century (309). The native littleneck (Protothaca staminea) is native to this coast, 

and inhabits a similar ecological niche to Mya arenaria. Therefore it was decided to investigate 

pyrene metabolism in Protothaca staminea also, to facilitate comparison between the two species, 

and to broaden the generality of any findings concerning PAH metabolism in mollusks. 

Pyrene was chosen as a representative PAH for several reasons. Firstly, many of its physical-

chemical properties (solubility, vapor pressure, molecular weight) are intermediate in the range 
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exhibited by PAHs. Secondly, pyrene is a major component of many PAH mixtures, including 

those in Kitimat sediments. Finally, the metabolic pathways of pyrene in higher organisms tend to 

be simpler than those for other PAHs. This is largely because the CI carbon atom in pyrene is 

substantially more reactive towards substitution than any of the other positions. Therefore pyrene 

metabolites formed by higher organisms are almost exclusively the Cl-substituted isomers. 

5.2 Experimental 

5.2.1 Materials 

Mya arenaria were collected from an intertidal site at Boundary Bay Marine Reserve, south of 

Vancouver, British Columbia. Protothaca staminea were purchased from local wholesalers (The 

Lobster Man and Albion Fisheries). All were stored in sea water at 4°C for 36 hours to allow 

depuration of gut contents. Only clams that appeared to be actively siphoning were selected for 

the exposure experiments. 

Pyrene (purity 99%), 1-hydroxypyrene (purity 98%) and pyrene-1-carboxyaldehyde (purity 98%) 

were purchased from Aldrich. 4,5,9,10-14C pyrene (55 pCi), uridine 5'-diphosphoglucuronic acid 

trisodium salt (purity 98-100%), uridine 5'-diphosphoglucuronyl-transferase (type III, from 

bovine liver), fj-glucosidase (from almonds) and sulfatase (type VI, from Aerobacter aerogenes) 

were purchased from Sigma. Antibiotic/antimycotic solution, containing 10,000 units per mL 

penicillin G sodium, 10,000 pg/mL streptomycin sulfate and 25 pg/mL amphotericin B in 0.85% 

saline, was obtained from Gibco. Cig solid phase extraction disks (47 mm) were purchased from 

Varian Ltd. All solvents used were HPLC grade or better, and were purchased from Fisher 

Scientific. 
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5.2.2 HPLC Analysis 

Extracts of clam tissue and sea water were analyzed by using HPLC with fluorescence detection. 

The HPLC system consisted of the following: Waters model 600E four channel solvent delivery 

system, Waters model U6K injector with 2 mL sample loop, 5 u.m m-line filter, 2 cm guard 

column with C i 8 stationary phase (Supelco Ltd.), Waters Lambda-Max model 481 UV/visible 

detector set to 254 nm and a Waters model 470 programmable fluorescence detector (excitation 

340 nm, emission 380 nm, bandpass 18 nm). The detector output was collected by using a Dell 

486 personal computer running Shimadzu EZ-Chrom™ chromatography software. The guard 

and analytical columns were housed inside a column heater operated at 50 °C. Sample injection 

volume was typically 10 or 25 pL, except when fractions were to be collected for subsequent 

analysis and injection volumes of 100 to 750 pL were used. Initially, the HPLC analytical column 

used was a 25cm x 4.6mm LC-PAH column packed with 5 p.m particles of octadecylsilica 

(Supelco Ltd.). This column was subsequently replaced by a 25cm x 4.6mm Inertsil ODS 

analytical column packed with 5 p,m particles of octadecylsilica (GL Sciences, Japan). Retention 

times differed somewhat between the two systems. The HPLC conditions are listed in Table 5-1. 

Table 5-1 HPLC conditions used for the analysis of pyrene metabolites. 

time (min) flow rate (mL/min) % acetonitrile % water 

Initial 1.2 10 90 

15 1.2 100 0 

25 1.5 100 0 

35 1.2 10 90 
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5.2.3 Analysis using GC-MS and ESI-MS/MS 

Mass spectrometry was used to aid identification of pyrene metabolites. GC-MS using electron 

ionization (EI) is a highly sensitive technique appropriate for non-polar metabolites, but it is not 

suitable for polar conjugated metabolites which are thermally labile. The method of choice for 

analysis of conjugated metabolites is electrospray ionization (ESI-MS). The GC-MS system used 

consisted of a Star 3400 Cx gas chromatograph equipped with a 1078 temperature programmable 

injector and interfaced to a Saturn 4D ion trap mass spectrometer (Varian Ltd.). A capillary 

column (DB5-MS, 30 m length, 0.25 mm i.d., 0.25 pm coating, from J&W Scientific) was used. 

The GC injection conditions and column temperature program are described in Chapter 2. The 

transfer line between the gas chromatograph and the mass spectrometer was maintained at 

290 °C. The ion trap was maintained at 270 °C and operated in scan mode over a range from 

m/z 100 to m/z 450. The GC-MS system was controlled by an STD 486 personal computer. 

ESI-MS and ESI-MS/MS analyses were carried out on a VG Quattro triple stage quadrupole 

mass spectrometer, equipped with an electrospray ionization (ESI) source. The instrument was 

operated in negative ionization mode with the following operating conditions: source temperature 

80 °C, capillary voltage 2.52 kV, cone voltage 24 kV, skimmer offset 0 V. The ions were 

accelerated towards the first quadrupole (MSI) (which was used to mass-select the parent ion) by 

a potential difference of 1.4 V. Fragmentation was achieved by collision-induced dissociation 

(CID) in a collision cell containing 0.0003 mBar Argon, and ions were subsequently analyzed in 

the third quadrupole (MS2) which was floated at a potential of 11.4 V relative to MSI. In flow 

injection mode, sample was introduced at 20 pIVminute by using a Beckmann System Gold HPLC 

pump. The eluent was 80:20 acetonitrile:water containing 0.1% ammonium acetate. In HPLC 

mode the sample was first separated on a Qg analytical HPLC column, as described in 
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section 5.2.2. The eluent flow was then split post-column between the mass spectrometer and a 

fluorescence detector, such that the flow through the mass spectrometer was ca. 20 pUminute. 

The gradient composition was as described in Table 5-1, 0.1% ammonium acetate added to both 

solvent reservoirs. 

5.2.4 1H-NMR analysis 

JH-NMR spectroscopy was used to provide isomer specific identification of metabolite 2. The 

samples were dissolved in d6-acetone or d4-methanol, and spectra were acquired on a Bruker 400 

MHz NMR spectrometer. 

5.2.5 Fluorescence spectroscopy 

Fluorescence spectroscopy was also used to characterize the PAH metabolites. Metabolite 

extracts were dissolved in acetonitrile or methanol, and pipetted into a 1 cm quartz cuvette. 

Fluorescence measurements were made by using an Aminco-Bowman Series 2 luminescence 

spectrometer. The bandpass was set to 4 nm, and the monochromators were scanned at 

1 nm/second. Excitation spectra were obtained while monitoring emission at 380 nm, and 

emission spectra were obtained by using an excitation wavelength of 340 nm. In addition to 

excitation and emission spectra, synchronous scan fluorescent spectra were acquired, in which the 

excitation and emission monochromators were scanned with a constant wavelength difference of 

37 nm. 

5.2.6 Metabolic studies with Mya arenaria 

The metabolic studies were conducted in glass beakers containing 800 mL aerated seawater at 

15°C, and covered with parafilm. Pyrene was added to three beakers (1 mL of a 5 mg/mL 

solution of pyrene in acetone), and 1-hydroxypyrene was added to three other beakers (1 mL of a 
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12 mg/mL solution of 1-hydroxypyrene in acetone). Mya arenaria (2 specimens/beaker) were 

placed in two of the beakers containing pyrene and two of the beakers containing 

1-hydroxypyrene. The other two beakers in which no clams were placed served as a positive 

control, to ensure that any metabolites detected were due to the clams, and not the action of some 

other agent. A negative control in which clams were kept in seawater with no added pyrene or 

1-hydroxypyrene was set up concurrently. In addition, antibiotic/antimycotic solution (1 mL) was 

added to each beaker to inhibit growth and metabolism of micro-organisms. After 5-10 days, the 

experiment was terminated and both clams and water were analyzed for pyrene and possible 

metabolites. The exposure was carried out in the dark, and subsequent sample manipulations 

were performed under UV shielded fluorescent lighting to prevent photo-degradation of the 

analytes. 

5.2.7 Metabolic studies with Protothaca staminea 

The experimental design for studying pyrene and 1-hydroxypyrene metabolism in Protothaca 

staminea was identical with that described for the experiments with Mya arenaria, in the previous 

section. 

5.2.8 Metabolic studies using 14C-labeled pyrene 

The primary method used for detection of clam metabolites was the observation of new 

fluorescent peaks by using HPLC with fluorescence detection at wavelengths appropriate for the 

analysis of pyrene (excitation 340 nm, emission 380 nm). It is possible that any metabolites 

formed which do not retain the intact pyrene aromatic ring system (e.g. ring cleavage products or 

dihydrodiols) may not exhibit fluorescence under these conditions. Furthermore, it is possible, 

although unlikely, that non-pyrene derived metabolites may exhibit fluorescence under these 
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conditions, and thus be erroneously attributed as pyrene metabolites. In order to address these 

concerns both clam species were exposed to 14C-labeled pyrene. The experimental design was 

identical to that described in section 5.2.6, with the following exceptions: Disposable 2 L 

polyethylene containers were used instead of glass beakers, and 1800 mL of sea water was used 

instead of 800 mL. Exposures were not carried out in duplicate. 14C-labelled pyrene (4.15 pCi) 

and unlabeled pyrene (5.14 mg) was added (in 1 mL acetone) to two containers. Mya arenaria 

(1 specimen) was placed in one of these containers and Protothaca staminea (3 specimens) were 

placed in the other. A positive control containing 4.15 pCi 14C-pyrene, 5.14 mg unlabeled pyrene, 

1800 mL seawater and no clams was set up also. The experiments were terminated after 10 days 

exposure. Clam tissue and seawater was extracted and analyzed as described in sections 5.2.9 and 

5.2.10. In addition, fractions from the HPLC column were collected at 0.5 minute or 1 minute 

intervals into liquid scintallation vials containing 3 mL of scintillator (Scintisafe™ 30%, Fisher 

Scientific) and counted in a Packard TR1900 liquid scintillation counter for 20 minutes. 

5.2.9 Analysis of clam tissue 

Clam tissue was homogenized for 5 minutes with 50 mL water by using an Ultra-Turrax 

homogenizer. The solid was separated by centrifugation at 4500 rpm for 30 min. The supernatent 

was decanted, and the solid pellet homogenized for 5 minutes with 50 mL of 50:50 

acetonitile:water. The homogenate was again centrifuged, the supernatent decanted and the solid 

pellet re-homogenized for 5 minutes in 50 mL acetonitrile. The supernatants were combined and 

were analyzed by HPLC using the conditions described in section 5.2.2 and Table 5-1. 
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5.2.10 Analysis of seawater 

Pyrene and metabolites were extracted from seawater by using C18 solid phase extraction (SPE) 

disks (Varian Ltd.). The extraction procedure, described below, was adapted from Singh et al. 

(246). The apparatus consisted of a IL filter flask connected to a rotary vacuum pump. A cold 

finger immersed in liquid nitrogen was placed between the pump and the flask to freeze out 

solvent vapors. A fritted glass support was connected to the top of the Erlenmeyer flask via a 

ground glass joint, and a 300 mL glass solvent reservoir was clamped on top of the glass support. 

A C18 SPE disk (47 mm dia.) and a glass fiber filter (Whatman GF/F, 47 mm dia., 0.7 pm 

porosity) were placed between the reservoir and the glass support. 

The system was cleaned by drawing 20 mL methanol through the disks under vacuum, followed 

by 30 mL of acetonitrile. The SPE disk was then conditioned by soaking in 30 mL of methanol 

for 3 minutes. The methanol was drawn through the disk under vacuum, followed by 100 mL of 

distilled water, taking care not to allow the disk to dry out. The conditioning process wets the 

C18 bed, and orientates the CI8 chains to maximize their interaction with the water. Next the 

sample was applied to the SPE disk and drawn through under vacuum. The sample container was 

rinsed with 100 mL deionized water which is also drawn through the SPE disk. 

After extraction was completed, the liquid was removed from the Erlenmeyer flask, and a boiling 

tube placed in the Erlenmeyer flask, under the glass support, to collect eluent from the SPE disk. 

The sample container was rinsed with 30 mL of 40:60 acetonitrile:water, which was then used to 

elute the SPE disk. The sample container was further rinsed with 50 mL of acetonitrile which was 

also used to elute the SPE disk. The eluent was then concentrated to ca. 2 mL on a rotary 

evaporator. The concentrated extracts were analyzed by HPLC using the conditions described in 
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section 5.2.2 and Table 5-1. To confirm that complete recovery of metabolites was achieved 

using the conditions described above, the SPE disk was occasionally eluted with a further 50 mL 

of acetonitrile. No significant amounts of metabolites were ever recovered from this extra amount 

of eluent. 

5.2.11 Synthesis of pyrene-l-p-D-glucopyranosiduronic acid (pyrene-l-glucuronide) 

No standard compounds exist for pyrene metabolites conjugated to polar moieties such as 

glucose, sulfate, or glucuronic acid. However inspection of the enzyme activity data in Chapter 1, 

Table 1.2, shows that the transferase enzymes that generate these conjugates are far more active 

in mollusks than the mixed function oxidase enzymes responsible for initial oxidation of PAHs. 

This suggests that the phenols formed from initial oxidation of pyrene are likely to be rapidly 

converted to polar conjugates, and these could well be the major metabolites of pyrene. 

A standard pyrene-conjugate compound would be useful for optimizing extraction and analysis 

methodology for the detennination of pyrene metabolites formed by mollusks. Pyrene- 1-fi-D-

glucopyranosiduronic acid was selected for synthesis because the necessary transferase enzymes 

and cofactors required to achieve the enzyme mediated synthesis of this compound were 

commercially available. Pyrene-1-p-D-glucopyranosiduronic acid was synthesized enzymatically 

according to Singh et al. (246). 1-hydroxypyrene (6 mg), uridine 5'-diphosphoglucuronyl-

transferase (1 unit), uridine 5'-diphosphoglucuronic acid (15 mg) and MgCl2 (500mg) were 

dissolved in 20 mL of 50 mM tris buffer (pH 7.5), and allowed to react at 37 °C for 3.5 hours, 

after which time the reaction was stopped by the addition of ethanol. The solvents were removed 

by freeze drying and the residue was redissolved in 50:50 acetonitrile:water (10 mL). The 

product was separated from excess reagents by HPLC, and analyzed by ESI-MS/MS. 
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The pseudomolecular ion ([M-H]", m/z 393) was mass selected, fragmented by CID with argon in 

a collision cell, and the resulting fragment ions were analyzed. The resulting mass chromatogram 

is included as Figure 5-1, along with proposed structures for the major ions. The base peak is the 

pseudomolecular ion ([M-FTJ', m/z 393). Fragment ions are generated via cleavage of the P-

glycosidic bond to release the hydroxypyrene anion (m/z 217), and a rearrangement product of 

glucuronic acid (m/z 175). This mass spectrum matches that published by Law et al. (22) for the 

glucuronic acid conjugate of 1-hydroxypyrene. 
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Figure 5-1 Mass spectrum ofpyrene- 1-3-D-glucopyranosiduronic acid This mass spectrum 

was obtained by CID fragmentation of the pseudomolecular ion (m/z 393). 
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The synthetic pyrene-1-P-D-glucopyranosiduronic acid was also analyzed by fluorescence 

spectroscopy. The resulting spectra has peaks at 242 nm, 276 nm and 346 nm (excitation 

spectrum), and 383 nm, 403 nm and 425 nm (emission spectrum), which is in agreement with 

published data for this compound (246). 

5.2.12 Hydrolysis of putatative pyrene-conjugate metabolites 

Treatment of pyrene conjugates with specific hydrolases such as (3-glycosidase, (3-glucuronidase 

or aryl-sulfatase, will selectively cleave P-glucose, P-glucuronic acid and sulfate respectively to 

produce hydroxypyrene (22, 246, 310). These reactions can be utilized to indicate what type of 

conjugate an unknown pyrene metabolite is, although cross-reactivity of some hydrolases with 

several classes of conjugate can confound the identification. 

Metabolite containing fractions collected from the HPLC were treated with P-glucosidase or 

sulfatase. The HPLC fractions were first dried under a stream of nitrogen, then redissolved in 

600 pL of 0.1 M sodium acetate buffer (pH 5.0). fJ-glucosidase (140 units) or sulfatase (5 units) 

were added, and the mixture was incubated at 37 °C for 24 hours. A control, consisting of sample 

plus buffer but no enzyme, was run concurrrently. After hydrolysis the reaction was stopped by 

the addition of acetonitrile, and the solutions were analyzed for hydroxypyrene by using HPLC 

with fluorescence detection, as described in section 5.2.2. 

5.3 Results and Discussion 

5.3.1 Aqueous phase metabolites of pyrene 

In extracts from the experiments where Mya arenaria and Protothaca staminea were exposed to 

pyrene, two major metabolites (retention times: metabolite 1, ca. 2 min; metabolite 2, ca. 10 min), 
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and one minor metabolite (metabolite 3, ca. 18 min) were detected. Representative 

chromatograms of seawater extracts are shown in Figure 5-2. The apparent absence of metabolite 

3 in Figure 5-2 (c) is an artifact of the low efficiency of metabolism of pyrene in this particular 

experiment. In other experiments where Protothaca staminea was exposed to pyrene, metabolite 

3 was detected. As will be shown in section 5.3.5, the extent of metabolite formation was highly 

variable between experiments. 

In the positive control, only a single peak (retention time ca. 21 min) corresponding to pyrene was 

detected. Thus no metabolism of pyrene by seawater microorganisms, or other agents, was 

detected. In the negative control, no peaks were detected under the fluorescence conditions used. 

This implies that the seawater and clam specimens used were substantially uncontaminated with 

pyrene or other fluorescent compounds. Thus the fluorescent compounds detected in the 

exposure experiment are probably metabolites of pyrene. 
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Figure 5-2 HPLC-fluorescence chromatograms showing metabolites in seawater extracts 

from experiments where clams were dosed with pyrene: (a) Control; (b) Mya arenaria; (c) 

Protothaca staminea. 
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Figure 5-3 HPLC-fluorescence chromatograms showing metabolites in tissue extracts from 

experiments where clams were exposed to pyrene: (a) Mya arenaria; (b) Protothaca staminea. 
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5.3.2 Metabolites of pyrene in clam tissue 

The clam tissue was also analyzed for pyrene metabolites. The resulting HPLC chromatograms 

for Mya arenaria and Protothaca staminea are included as Figure 5-3. 

By comparing Figure 5-2 and Figure 5-3 it is apparent that the same metabolites are present in 

both the aqueous phase and the tissue extracts. However the relative proportions of the 

metabolites differ. The tissue extract contains a higher proportion of pyrene, and metabolite 3, 

which co-elutes with an authentic standard for 1-hydroxypyrene. Both these compounds are 

kpopnilic and rather insoluble in water. In contrast the seawater extract is enriched in metabolites 

1 and 2. Since they elute from the HPLC earlier than pyrene and hydroxypyrene under reversed 

phase conditions, it may be concluded that these metabolites are more polar. In fact, metabolite 2 

has a similar retention time to the synthetic pyrene-1-P-D-glucopyranosiduronic acid, indicating 

that metabolite 2 could be a pyrene conjugate. 

5.3.3 Metabolism of 14C-labeled pyrene 

Mya arenaria and Protothaca staminea were exposed to a mixture of 14C-labelled pyrene and 

unlabeled pyrene, in order to corrfirm that the fluorescent compounds observed upon exposing 

these clams to pyrene were indeed derived from pyrene. Figure 5-4 shows the chromatograms 

obtained from this experiment, using both fluorescence detection, and liquid scintillation counting 

to detect the 1 4 C label. 
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Figure 5-4 HPLC chromatograms showing metabolites in seawater extracts from experiments 

where clams were dosed with pyrene and 14C-pyrene: (a) Mya arenaria; (b) Protothaca 

staminea. 
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As can be seen from Figure 5-4, the three metabolites indicated in the previous sections are shown 

to be 1 4 C containing, thus confirming that they are indeed derived from pyrene. In addition, 

several extra (small) peaks are present between 12 and 16 minutes, in the radio-chromatogram for 

Figure 5-4 (a), which are not present in the fluorescence chromatogram. These peaks may be due 

to metabolites in which the pyrene aromatic nucleus has been disrupted (e.g. ring cleavage 

products or dihydrodiols). Although these 'extra metabolites' are not seen in Figure 5-4 (b), this 

may be because they are below the detection limit in this case. In this example, the conversion of 

pyrene to metabolites was much better by Mya arenaria (Figure 5-4 (a)) than it was by 

Protothaca staminea. 

Another feature that is apparent from Figure 5-4 (a), is that the peak that was previously labeled 

as 'metabolite 1' is in fact a cluster containing at least three separate compounds. 

5.3.4 Aqueous phase metabolites of 1-hydroxypyrene 

In extracts from the experiments where Mya arenaria and Protothaca staminea were exposed to 

1-hydroxypyrene, two major metabolites (retention times: metabolite 1, ca. 2 min; metabolite 2, 

ca. 10 min.) were detected. Representative chromatograms of seawater extracts are shown in 

Figure 5-5. The metabolites eluting at ca. 2 min and ca. 10 min had retention times identical to 

those of metabolites 1 and 2, detected when clams were exposed to pyrene. In the positive 

control, only a single peak (retention time ca. 17 min) corresponding to 1-hydroxypyrene was 

detected. Thus no metabolism of 1-hydroxypyrene by seawater microorganisms, or other agents, 

was detected. 
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Figure 5-5 HPLC-fluorescence chromatograms showing metabolites in seawater extracts 
from experiments where clams were dosed with 1-hydroxypyrene: (a) Control; (b) Mya arenaria; 
(c) Protothaca staminea. 
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In the negative control, no peaks were detected under the fluorescence conditions used. This 

implies that the seawater and clam specimens used were substantially uncontaminated with 

1-hydroxypyrene or other fluorescent compounds and, thus, the fluorescent compounds detected 

in the exposure experiment are probably metabolites of 1-hydroxypyrene. 

5.3.5 Semi-quantitative analysis of pyrene and 1-hydroxypyrene metabolite formation 

As mentioned in section 5.1, this experiment was not designed to provide a thorough quantitative 

analysis of metabolite formation. However, the data obtained in these experiments can be 

analyzed to provide at least semi-quantitative information on the extent of metabolite formation. 

Peak areas obtained from the HPLC-fluorescence chromatograms can not be directly compared 

because the metabolites will certainly have different response factors. For example Singh et al. 

(246) determined that (under a specific set of conditions) the fluorescence intensity of pyrene-1-p-

D-glucopyranosiduronic acid is 3-fold higher than that of 1-hydroxypyrene, and the fluorescence 

intensity of pyrene-1-sulfate is 4-fold higher than that of 1-hydroxypyrene. Strickland et al. 

compared fluorescence intensities of 1-hydroxypyrene and pyrene- 1-P-D-glucopyranosiduronic 

acid by using SFS, and determined that the fluorescence intensity of the conjugate was 5-fold 

higher than that of 1-hydroxypyrene (232). 

In contrast, the molar radioactivity of each of the metabolites formed from 14C-pyrene would be 

identical, assuming that any quenching of the radioactivity is similar for each metabolite. 

Quenching, due to inter- or intra-molecular absorption of p-radiation, causes the average energy 

of the P-radiation to shift to lower values. In fact, the degree to which the energy distribution for 
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a particular isotope in a quenched sample differs from the energy distribution in an (unquenched) 

standard can be used to correct the observed activity for any quenching. 

In the present work, no significant quenching of the 14C-radiation was observed. Thus the ratio of 

the 14C-derived radioactivity associated with each metabolite containing fraction collected from 

the HPLC, and the peak area of the corresponding metabolite as determined by fluorescence 

detection, can be used to generate fluorescence response factors (relative to pyrene) for each 

metabolite. These relative response factors (RRFs) were determined to be 1.0 (pyrene), 1.3 (1-

hydroxypyrene), 2.3 (metabolite 2), and 3.0 (metabolite 1). Based on the RRFs, the metabolites 

are detected by the fluorescence detector with greater sensitivity than are the parent compounds 

(under the anlysis conditions used). Dividing the fluorescence signal for each compound by its 

RRF compensates for differences between the metabolites in molar response to the fluorescence 

detector, and provides an appropriate basis for calculating the relative amounts of each metabolite 

formed. The results are shown in Table 5-2. 

As can be seen from Table 5-2, there is a lot of variability in the extent of metabolism of pyrene by 

the two clam species. For example, in separate experiments where Mya arenaria was exposed to 

pyrene, the fraction of metabolites generated ranged from 1.5% to 86% of the total fluorescence 

signal. This variability is of sufficient magnitude to obscure any differences between the two clam 

species in the extent of pyrene metabolism. Major factors contributing to the variability in Table 

5-2 include differences in clam biomass between the various experiments, and differences in health 

and metabolism between the individual clams used in these experiments. Evidently in order to 

obtain useful quantitative data, it would be necessary to use a larger population of clams in each 

experiment. 



156 

Table 5-2 Amounts of pyrene and 1-hydroxypyrene metabolites formed by Mya arenaria and 

Protothaca staminea (expressed as percent of the total fluorescence peak areas in each extract). 

Experiment phase analyzed metabolite 1 metabolite 2 hydroxypyrene pyrene 

Mya arenaria and pyrene aqueous 16 9.1 0.1 74.6 

aqueous 0.5 0.8 0.1 98.6 

aqueous 10 75 1.3 13.4 

tissue 0.9 13 0.1 86 

tissue 3.4 1.7 9.2 86 

Protothaca staminea and aqueous 0.9 6.1 0.2 93 

pyrene aqueous 1.7 17 1.5 80 

tissue 1.2 11 8.8 79 

tissue 0.2 0.5 3.2 96 

Mya arenaria and aqueous 4.9 91 4.0 0 

1-hydroxypyrene aqueous 2.3 81 17 0 

Protothaca staminea and aqueous 0.5 64 36 0 

1-hydroxypyrene 

5.3.6 Identification of metabolite 3 as an hydroxypyrene isomer (Ci«H9-OH) 

The minor peak at ca. 18 minutes in tissue and sea water extracts from both clam species exposed 

to pyrene, co-elutes with an authentic standard of 1-hydroxypyrene. To facilitate identification of 

this metabolite a large volume (750 pL) of the seawater extract from experiments where Mya 

arenaria was exposed to pyrene was injected onto the HPLC and the fraction containing 

metabolite 3 was collected for subsequent analysis. This fraction was reduced to dryness under a 

stream of nitrogen, and then the residue was taken up in methylene chloride and analyzed by GC-
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MS. The resulting chromatogram contained a peak at retention time 34.2 min. (Figure 5-6) This 

peak had the same retention time and mass spectrum as an authentic standard of 1-hydroxypyrene. 

The mass spectrum of metabolite 3 (Figure 5-6 (b)) contains a molecular ion at m/z 218 and one 

major fragment ion at m/z 189, resulting from H» migration and loss of CO and H» with 

subsequent rearrangement. This fragmentation pattern is characteristic of phenols. 

The mass spectrum, however, cannot indicate at which position the OH group is attached to the 

aromatic ring system. Gas chromatography using standard polydimethylsiloxane phases probably 

does not resolve the mono-hydroxypyrene isomers (1-hydroxypyrene, 2-hydroxypyrene and 

4-hydroxypyrene) (310). Krahn et al. claim that the three mono-hydroxypyrene isomers are 

resolved on C18 HPLC columns (310), but this observation remains unconfirmed. In the present 

work, the absence of authentic standards for the three mono-hydroxypyrene isomers precludes the 

unique identification of metabolite 3 based on GC or HPLC retention times alone, and this 

metabolite was not isolated in quantities sufficient for analysis by 'H-NMR. 

However, the preponderance of evidence from other studies indicates that 1-hydroxypyrene is 

formed almost to the exclusion of the other isomers by organisms utilizing mono-oxygenase 

mediated metabolic pathways (15, 22, 311, 312). Furthermore, in the present work metabolite 2 

is uniquely identified as a CI-substituted hydroxypyrene conjugate (section 5.3.7). Since 

metabolite 2 appears to be formed from metabolite 3, it may be concluded that metabolite 3 is the 

1-hydroxypyrene isomer. 
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Figure 5-6 Total ion chromatogram of (a) HPLC fraction containing metabolite three; and 

(b) corresponding mass spectrum of peak at retention time 34.2 min. 
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5.3.7 Identification of metabolite 2 as l-pyrenol-l-hydrogensulfate (pyrene-l-sulfate) 

The major peak at ca 10 minutes (metabolite 2) in tissue and sea water extracts from both clam 

species exposed to pyrene and 1-hydroxypyrene has a retention time similar to the synthetic 

standard of pyrene-1-fJ-D-glucopyranosiduronic acid. This suggested that metabolite 2 may be a 

pyrene conjugate. To facilitate identification of this metabolite a large volume (750 pL) of the 

seawater extract from Mya arenaria exposed to pyrene was injected onto the HPLC and the 

metabolite 2 containing fraction collected for subsequent analysis. A portion of these fractions 

was reduced to dryness under a stream of nitrogen, and then the residues were taken up in 50:50 

acetonitrile:water, containing 0.1% ammonium acetate and analyzed by ESI-MS/MS, in both flow 

injection mode and with in line HPLC. The resulting mass spectrum is shown in Figure 5-7. 

#16 • 2169 

Figure 5-7 Mass spectrum of Metabolite 2, obtained by CID fragmentation of pseudomolecular 

ion (m/z 297). Note that the intensities of m/z 60-110 are multiplied by a factor of 16 relative to 

the other masses. 
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The mass spectrum in Figure 5-7 was generated by selecting the pseudomolecular ion at m/z 297, 

fragmenting it by CID, and analyzing the resulting fragment ions. Residual pseudomolecular ion 

is evident at m/z 297, together with fragment ions at m/z 217 and m/z 80. This spectrum is 

consistent with the compound pyrene sulfate, and proposed structures for the fragment ion, 

generated by cleavage of the sulfate-ester bond, are illustrated on Figure 5-7. This fragmentation 

pattern was also observed when the same sample was analyzed by using an ion-trap mass 

spectrometer (Finnigan LCQ), but the fragment ion at m/z 80 was not seen, because ions less than 

25% of the molecular weight of the parent ion are not stable in the ion-trap (under the standard 

operating conditions for this instrument). 

The seawater extracts from experiments where Protothaca staminea was exposed to pyrene and 

hydroxypyrene (2 extracts) were also analyzed by ESI-MS/MS without prior HPLC fractionation. 

The major compound in both these extracts gave a mass spectrum identical to Figure 5-7. 

The metabolite 2 containing fraction was further analyzed by fluorescence spectroscopy. The 

excitation and emission spectra are included as Figure 5-8. Excitation maxima occur at 240 nm, 

274 nm, 324 nm and 339 nm. Emission maxima occur at 379 nm, 399 nm and 421 nm. The 

spectral data are in agreement with fluorescence spectra published by Singh (246) for pyrene-1-

sulfate isolated from mouse urine. 

The combined results of sulfatase hydrolysis, ESI-MS/MS and fluorescence spectroscopy 

confirmed that metabolite 2 is an isomer of pyrene sulfate, but none of these techniques can 

uniquely identify which isomer is present. Therefore the metabolite 2 containing fraction was 

dissolved in d6-acetone and further analyzed by LH-NMR spectroscopy. The results are listed in 

Table 5-3. 
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Table 5-3 1H-NMR data for metabolite 2. 

proton # signal multiplicity J(Hfl) 

2 8.15 d 8.4 (2,3) 

3 8.33 d 8.4 (2,3) 

4 8.07 d 8.9 (4,5) 

5 8.00 d 8.9 (4,5) 

6 8.17 d 7.6 (6,7) 

7 7.98 t 7.6 (6,7) (7,8) 

8 8.16 d 7.6 (7,8) 

9 8.06 d 9.2 (9,10) 

10 8.55 d 9.2 (9,10) 

The chemical shifts and mutiplicity of the NMR signals are in agreement with data from 

Lange etal. (311) for the pyrene sulfate isomer with the sulfate group attached to CI of pyrene. 

In particular, the multiplicity of the signals in Table 5-3 can only be consistent with pyrene-1-

sulfate, as the other two possible isomers (sulfate attached to C2 or C4) would generate signals of 

different multiplicity. Thus, metabolite 2 is uniquely identified as pyrene-1-sulfate. This result is 

as expected, given the greater reactivity of CI in pyrene, compared to C2 and C4. It is also 

consistent with the observation that the vast majority of pyrene metabolites involving mono-

substitution carry the substituent at CI (15, 22, 311, 312). 
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Figure 5-8 Excitation and emission spectra of metabolite 2 (run in methanol). 

5.3.8 Synchronous fluorescence spectroscopy of pyrene-1-sulfate (C16H9-OSO3H) 

Synchronous fluorescence spectroscopy (SFS), developed by Vo-dinh (229) and Lloyd (230), is 

becoming popular for the analysis of PAH metabolites in environmental samples (231-233). In 

SFS both the excitation and emission monochromators are scanned with a constant wavelength 

difference between them. The resulting spectrum, which often consists of a single peak, is simpler 

than a conventional fluorescence spectrum. The wavelength corresponding to the peak maximum 

is used to uniquely identify the PAH metabolite. SFS spectra (in 50:50 ethanol:water, AX-37 nm) 

have been published for 1-hydroxypyrene and pyrene-l-P-D-glucopyranosiduronic acid (231), and 

Eickhoff has determined values of SFS maxima (emission wavelengths) for pyrene (372 nm), 1-

hydroxypyrene (387 nm), pyrene-1-P-D-glucopyranosiduronic acid (384 nm), and pyrene-1-p-D-

glucose (379 nm) (313). However, no value has been published for pyrene-1-sulfate. Therefore, 
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SFS spectra were recorded for pyrene-1-sulfate, and are included as Figure 5-9. It is important to 

note the significant effect of solvent choice in SFS. Changing from acetonitrile to methanol as 

solvent caused a blue shift in the SFS maximum, from 381 nm to 378 nm. Such a shift could lead 

to mis-identification of metabolites if the solvent used is different from that in which the standard 

compounds were analyzed. 

337 347 357 367 377 387 397 407 417 427 437 

wavelength (nm) 

Figure 5-9 SFS spectra of pyrene-1-sulfate, obtained by using a constant wavelength 

difference of 37 nm between the excitation and emission monochromators. 

5.3.9 Identification of pyrenediol-hydrogen sulfate (hydroxypyrene sulfate) in the 

metabolite 1 fraction 

Early eluting metabolites, identified as metabolite 1, were present in sea water extracts from both 

clam species exposed to both pyrene and 1-hydroxypyrene. The HPLC retention behaviour of 

these compounds suggests that they are fairly polar, and may well be pyrene conjugates. To 

facilitate identification of these metabolites, a large volume (750 pL) of the seawater extract from 
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Mya arenaria exposed to 1-hydroxypyrene was injected onto the HPLC and the metabolite 

containing fraction (ca. 2-4 min.) was collected for subsequent analysis. A portion of this fraction 

was reduced to dryness under a stream of nitrogen, and then the residue was taken up in 50:50 

acetonitrile:water, containing 0.1% ammonium acetate and analyzed by ESI-MS/MS, in both flow 

injection mode and with in line HPLC. The resulting mass spectrum is shown in Figure 5-10. 
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Figure 5-10 Mass spectrum, from metabolite 1 fraction, collected from Mya arenaria exposed 
to 1-hydroxypyrene. Mass spectrum obtained by CID fragmentation of the pseudomolecular ion 
(m/z 313). 

The mass spectrum in Figure 5-10 was generated by selecting the pseudomolecular ion at 

m/z 313, fragmenting it by CID, and analyzing the resulting fragment ions. Residual 

pseudomolecular ion [M-H]" is evident at m/z 313, together with daughter ions at m/z 233 and 
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m/z 81. This spectrum is consistent with the compound hydroxypyrene sulfate, and proposed 

structures for the fragment ions, generated by cleavage of the sulfate-ester bond, are illustrated on 

Figure 5-10. 

The seawater extract from experiments where Protothaca staminea was exposed to 

1-hydroxypyrene was also analyzed by ESI-MS/MS without prior HPLC fractionation. 

Hydroxypyrene sulfate was also identified in this extract based upon a mass spectrum identical to 

that shown in Figure 5-10. 

However, when the corresponding HPLC fraction from seawater extracts of experiments where 

Mya arenaria was exposed to pyrene was analyzed, hydroxypyrene sulfate was not detected. 

Similarly, hydroxypyrene sulfate was not detected when an unfractionated seawater extract from 

the Protothaca staminea + pyrene was analyzed by ESI-MS/MS. This may be because in the case 

of pyrene, insufficient amounts of metabolite 3 (1-hydroxypyrene) accumulate to cycle through 

the oxidation step a second time, as required to form hydroxypyrene sulfate. Alternatively, 

hydroxypyrene sulfate may have been formed from pyrene in the present experiments, but not in 

sufficient quantities to be detected by ESI-MS/MS. 

There is an unusual contrast in the mass spectra shown in Figure 5-7 and Figure 5-10. In Figure 

5-7 the sulfate-derived fragment appears at m/z 80, corresponding to SCV, whereas in Figure 5-

10 the sulfate-derived fragment appears at m/z 81, corresponding to HSO3". This observation has 

not been investigated in detail, and the possibility cannot be ruled out that the difference is simply 

due to a mass assignment error by the mass spectrometer. However, since the other masses are 

correctly assigned, this difference is probably real. 
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5.3.10 Results of metabolite hydrolysis 

As part of the process of attempting to identify the unknown pyrene metabolites 1 and 2, as 

shown in Figure 5-2, HPLC fractions containing the metabolites 1 and 2 were collected and 

subjected to enzymatic hydrolysis by fJ-glucosidase and sulfatase. 

Treatment of metabolite 2 with sulfatase caused complete hydrolysis, as evidenced by the 

disappearance of the metabolite 2 peak, and the appearance of a peak with a retention time 

corresponding to 1 -hydroxypyrene. This is as expected for a sulfate conjugate of hydroxypyrene, 

and is consistent with the results from *H-NMR, ESI-MS/MS and fluorescence spectroscopy that 

identified metabolite 2 is pyrene- 1-sulfate. 

Treatment of metabolite 2 with fi-glucosidase caused incomplete hydrolysis after 24 hours, as 

seen by a reduction in the metabolite 2 peak-height and the appearance of a peak with a retention 

time corresponding to 1-hydroxypyrene. This is not expected, as pyrene sulfate should not react 

with a fj-glucosidase. The most likely explanation is that the f3-glucosidase enzyme preparation, 

which is impure, may possess some general hydrolysis activity. It is not uncommon for impure 

enzyme preparations to exhibit cross-reactivity of this sort. 

Treatment of the metabolite 1 containing fraction with sulfatase caused partial hydrolysis, as seen 

in the ca. 75% diminution of the metabolite 1 peak height, however no new fluorescent metabolite 

peaks (e.g. corresponding to hydroxylated pyrenes) were detected. Partial hydrolysis of the 

metabolite 1 fraction is expected, as this fraction contains several fluorescent metabolites, of 

which only one was identified as a sulfate conjugate. The expected hydrolysis product - a 

dihydroxypyrene isomer - should exhibit some fluorescence at the wavelengths used in this 
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experiment. Because only a small amount of metabolite 1 was available for hydrolysis, it is 

possible that insufficient dihydroxypyrene was formed to be detected under the present conditions. 

A second possibility is that the dihydroxypyrene formed was auto-oxidized by air to a pyrene 

quinone - a process that occurs readily (15, 314). The UV absorption spectra of the pyrene 

quinones are very different from hydroxylated or conjugated pyrene metabolites that maintain the 

aromaticity of the pyrene nucleus (15). Because of the similar absorption processes involved in 

UV and fluorescence spectroscopy, the fluorescence absorption and emission properties of pyrene 

quinones would also be expected to differ from other pyrene metabolites. Therefore the pyrene 

quinones may not exhibit fluorescence under the conditions used in this experiment. 

5.3.11 Detection of pyrene metabolites in Mya arenaria from Kitimat 

Having determined under laboratory conditions that clams are capable of metabolism of pyrene, 

pyrene metabolites were sought in Mya arenaria inhabiting sediments contaminated with PAHs at 

Kitimat, BC. Mya arenaria were collected from Kitimat, the tissue was extracted with ethyl 

acetate, and the extract was analyzed by HPLC, after exchanging the solvent for 40:60 

acetonitrile:water. A section of the resulting chromatogram is illustrated in Figure 5-11 (solid 

line). The peak at 12.0 min. has a retention time corresponding to pyrene-1-sulfate. The extract 

was spiked with the pyrene-1-sulfate metabolite extract and reanalyzed (dashed line in Figure 5-

11). The increase in height of the peak at 12 min. indicates that the peak in the clam extract is 

due to pyrene-1-sulfate. 

To provide confirmatory evidence of the existence of pyrene-1-sulfate in extracts of from Hospital 

Beach clams, a large volume of the extract was separated by HPLC, the pyrene-1-sulfate 

containing fraction was collected, and it was analyzed by ESI-MS/MS. Unfortunately, this extract 
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contained high levels of co-extracted material that were not removed by the HPLC clean-up. 

These co-extractives prevented meaningful analysis of this extract by using ESI-MS. 
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Figure 5-11 HPLC chromatogram showing putative pyrene metabolites in Mya arenaria 

collected from Hospital Beach, Kitimat, BC. 

5.3.12 Discussion 

The results from the preceding sections are consistent with the established mono-oxygenase 

mediated metabolic pathways of pyrene. Namely, metabolism proceeds initially through mono-

oxygenation of the aromatic moiety. In pyrene, the resulting epoxide is unstable and readily 

converts non-enzymatically to a phenol. The phenol is then conjugated with simple hydrophilic 

molecules to facilitate excretion. This is the dominant pathway of PAH metabolism in vertebrates 

and Crustacea, and is important for some fungi (14, 15, 306). 
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In the present study, the only conjugates detected are sulfate esters. To the best of the author's 

knowledge, this study is the first to report conjugated metabolites of unsubstituted PAHs from the 

phylum Molluska. Because of this, no direct comparison can be made with other findings. 

However, in studies with related compounds 1-naphthol and pentachlorophenol, sulfate 

metabolites were the major water-soluble metabolites formed (315, 316). Glucoside and 

glucuronide conjugates of PAHs are often found together with sulfate conjugates as major water 

soluble PAH metabolites. ESI-MS with selected ion monitoring was used specifically to look for 

the presence of glucoside and glucuronide conjugates of pyrene in seawater extracts where Mya 

arenaria had been exposed to pyrene and hydroxypyrene, but these compounds were not found to 

be present. 

Sulfation of phenols, including PAH-phenols, is a well established metabolic pathway, as 

summarized below (39, 317, 318): 

R-OH + PAPS • R-0-S03H + ADP 

A phenol (R-OH) is converted to its sulfuric acid ester (R-O-SO3H) in the presence of a 

sulfotransferase enzyme (ST) and a sulfate donor (adenosine 3'-phosphate 5'-sulfatophosphate, 

PAPS). Sulfate-conjugates of many PAHs, including pyrene, have been identified in Crustacea, 

echinoderms, fungi and vertebrates (1, 2, 22, 317). Pyrene sulfate has been isolated from fungi 

(311, 319, 320) and rats (246). 6-hydroxypyrene-l-sulfate and pyrene-1,6-disulfate have also 

been isolated from fungi (319). 
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The results in the present work are also consistent with the enzyme activity data in mollusks, 

presented in Chapter 1, Table 1.2. The rate limiting step in the metabolic pathway appears to be 

the initial oxidation of pyrene. This conclusion is based on the observation that the initial 

oxidation product, hydroxypyrene, is only present as a minor metabolite, whereas pyrene-sulfate, 

formed as the sulfate ester of hydroxypyrene, is the major metabolite. In addition, when the slow 

oxidation step is circumvented by exposing the clams to hydroxypyrene instead of pyrene, the 

pyrene-sulfate metabolite rapidly accumulates in the water to much higher levels than if pyrene is 

used as the starting compound. 

It should be noted that a different series of metabolites, dominated by ds-dihydrodiols and ring 

cleavage products, would have been expected if significant microbial metabolism of PAHs had 

occurred in the experiments described in the present study. This is because procaryotes typically 

utilize dioxygenase mediated oxidation pathways for PAH metabolism (12). Because metabolites 

of this type were not detected, it may be concluded that microbial metabolism did not contribute 

significantly to the formation of the metabolites detected in this study. 

While the time course of hydroxypyrene metabolism was not specifically studied, it was observed 

that conversion of hydroxpyrene to pyrene-sulfate plateaued after several days, and did not go to 

completion. This is also consistent with the enzyme activity data in Chapter 1, Table 1.2, from 

which it is apparent that, in addition to the ability to synthesize sulfate conjugates, mollusks also 

posses substantial sulfatase capacity, which would hydrolyze a portion of the pyrene-sulfate back 

to hydroxypyrene. This process is an example of futile cycling. Futile cycling of endogenous and 

xenobiotic metabolites is a process in which conjugation takes place in the liver, and 

deconjugation occurs primarily in the gut, followed by reabsorption of the phenol to complete the 
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cycle. This process has been well established in higher organisms and is termed entero-hepatic 

cycling (23). This cycling may well be associated with the production of reactive metabolites 

capable of binding to DNA or proteins and initiating carcinogenesis (23). 

It is generally claimed that formation of PAH-conjugates is a detoxification step because it 

facilitates excretion of the PAHs, thereby preventing their accumulation. In the case of sulfate-

conjugate formation, however, the metabolites may in fact have greater toxicity than the parent 

compound. Sulfuric acid esters of benzylic hydroxy, benzylic hydroxymethyl or N-hydroxy 

derivatives of PAHs can yield extremely reactive electrophilic carbocations or nitrenium ions 

respectively, which are capable of binding to DNA and proteins (321-323). 1-methylpyrene-l-

hydrogen sulfate (HO3SO-CH2-C16H9) has been shown to be an ultimate carcinogen formed from 

methyl pyrene or hydroxymethyl pyrene (321). 

In view of the results from this study, it is worthwhile to pose the question, why have metabolites 

of unsubstituted PAHs heretofore been detected infrequently in mollusks, and PAH conjugates 

not at all (33, 38, 43)? In many cases the answer may be that researchers were looking in the 

wrong place. The studies by Payne (32) and Vandermeulen and Penrose (33), which failed to 

detect PAH metabolites in clams, utilized an assay developed by Nebert and Gelboin (324) which 

was optimized for the detection of phenolic benzo(a)pyrene metabolites. This assay would not 

have detected water soluble conjugated PAH metabolites, that were found to be the major PAH 

metabolites in the present study. Similarly, the techniques used by Lee et al. (31), and Varanasi et 

al. (43) would probably not have detected polar PAH conjugates. 

The absence of PAH-quinones as major metabolites in the present study is in contrast to several 

studies in which the major products of benzo(a)pyrene metabolism in Mytilus edulis and 
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Cryptochiton stelleri were quinones (42, 44, 45). However, Cavalieri and Rogan (25) in studies 

of PAH metabolism by various in vitro systems concluded that only PAHs with an ionization 

potential lower than approximately 7.35 eV would be appreciably metabolized to quinone 

metabolites by biological systems. The ionization potential of benzo(a)pyrene is 7.23 eV whereas 

the ionization potential of pyrene is 7.50 eV (25); therefore based on the observations of Cavalieri 

and Rogan, the formation of pyrene-quinone metabolites would not be expected. 

The quantitative aspects of metabolite formation were not expressly studied in the present work, 

so no firm conclusions can be drawn as to the importance of PAH metabolism, relative to PAH 

accumulation, by mollusks. Nevertheless, it is possible to speculate on some of the implications 

of the results from these studies. 

As mentioned earlier, hydrolysis or decomposition of PAH conjugates can release potentially 

reactive metabolites (23, 325, 326). These may be toxic not only to mollusks, but also to other 

marine organisms which may be exposed to PAH-conjugates excreted by mollusks. 

It has been speculated that the toxicity of PAHs may be partially mitigated by reduced 

bioavailabihty associated with low water solubility and high sediment-water partition coefficients 

(111). This argument has been used by some researchers studying the Kitimat system to explain 

the lower-than-expected acute toxicity of contaminated Kitimat sediments (96). However, since 

the PAH-conjugates have much greater aqueous solubility than the parent compound, formation 

of PAH-conjugate metabolites, as demonstrated in this study, may provide a route for making 

sediment-associated PAHs more bioavailable. 
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The emphasis in this thesis is on the determination of PAHs in environmental samples, and also on 

the accumulation and metabolism of PAHs by mollusks. The Kitimat Fjord system, BC, Canada 

was chosen as the focus of the environmental studies in this thesis because this location is known 

to be contaminated with PAHs. 

A method was developed and validated for the analysis of priority pollutant PAHs in marine 

sediments. The method involved Soxhlet extraction of the freeze dried sediments, clean-up of the 

sediment extract by using Florisil column chromatography, and analysis by using GC with FID 

detection. This method was applied to marine sediments collected from the Kitimat fjord system. 

Total PAH concentrations (sum of 16 US EPA priority pollutant PAHs) in these samples were 

1-500 mg/kg. Total PAH levels of ca. 10, 000 mg/kg were detected in sediment from an effluent 

lagoon located on the property of the Alcan aluminum smelter. PAH levels were highest at 

locations in close proximity to the Alcan smelter, and declined with increasing distance from the 

smelter. 

The PAH composition of all the samples analyzed was typical of PAH mixtures produced from 

combustion sources. Specifically, 4- and 5-ring PAHs were present in greater proportions than 2 

and 3-ring PAHs, and unsusbstituted PAHs predominated over alkylated PAHs. The PAH 

composition in the harbor sediments was similar to the PAH composition in coke and pitch from 

the Alcan smelter, as was the PAH composition in sediment samples collected from the Alcan B 

effluent lagoon. 
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The equihbrium partitioning (EP) theory predicts that hydrophobic organic compounds, including 

PAHs, will partition preferentially to sediment particles with high area-to-volume ratios and high 

organic matter content (foe). In the present work, a correlation between PAH levels and foe was 

only significant for highly contaminated sites proximate to the Alcan smelter. Contrary to the EP 

predictions, PAH levels were not correlated with foe at the less contaminated sites. It has been 

suggested that at highly contaminated sites, the PAHs may be associated with particles of soot, 

coke and pitch. These particles also have high values of foe- Therefore the correlation between 

PAH levels and foe at the contaminated sites may indicate that the PAHs remain associated with 

the particles with which they were deposited into the sediments (rather than partitioning into the 

sediment organic matter). 

Distribution of PAHs among different sediment particle size fractions (PSFs) was investigated in 

sediments collected from seven locations. Only two sites (CD2, CD3), both located in close 

proximity to the aluminum smelter, exhibited differential distribution of PAHs among PSFs. At all 

other sites, PAHs were uniformly distributed among sediment PSFs. At site CD3 the distribution 

of perylene and retene among sediment PSFs was opposite to the trend observed for all the other 

PAHs. Perylene and retene were enriched on smaller sediment particles, whereas levels of the 

other PAHs were highest in the larger PSFs. This observation indicates that the source of 

perylene and retene to CD3 is different from the source of the other PAHs. Both perylene and 

retene may be formed from diagenesis of organic material, although for both compounds the 

formation reactions are not well understood. Retene has also been associated with effluent 

discharges from pulp mills. 
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Alkylated and unsubstituted PAHs were determined in sections from a sediment core collected 

from Giltoyees Inlet. Concentrations of the unsubstituted PAHs are highest in the top part of the 

core, and declined to a constant low level below 45 cm. The PAH composition in the upper part 

of the core is typical of combustion generated PAHs, and is similar to the PAH composition in 

other harbor sediments in the Kitimat fjord system. The sediment core was not dated. However, 

if it is assumed that the increase in PAH concentrations at depths between 20 and 45 cm coincides 

with the commencement of operations at the Alcan smelter in 1954, an approximate sedimentation 

rate of 0.25-0.5 cm per year is estimated. This estimate is well within the range of values 

calculated for recent uncompacted sediments in the Kitimat fjord system. 

In the lower portion of the core, below a depth of 45 cm, perylene levels remain fairly constant 

and account for ca. 70% of the total unsubstituted PAHs. Most of the PAHs typical of 

combustion mixtures are absent below depth 45 cm, therefore, it must be concluded that perylene 

in the lower core arises from diagenesis. However, perylene levels in the upper sections of the 

core co-vary with the other (combustion generated) PAHs. Therefore, most of the perylene in the 

upper core is associated with combustion generated inputs. 

Accumulation of PAHs was investigated in the soft-shelled clam Mya arenaria, collected from 

four beaches within the Kitimat Fjord system. PAHs were detected in the clams (0.8-5.7 mg/kg) 

and the sediments (0.02-125 mg/kg) from all four beaches. The PAH composition was similar in 

clams and sediments, and was characteristic of combustion generated PAH inputs. However by 

using principal components analysis (PCA) it was shown that samples from the four sites could be 

differentiated based on PAH composition. Specifically, sites in close proximity to the Alcan 

smelter have a greater proportion of HPAHs than do the other sites. Furthermore, the PCA 
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showed that sediment samples and clam samples from a given location have different PAH 

compositions. The proportions of fluoranthene, chrysene and benzo(e)pyrene are enriched in 

clam samples compared to sediments, whereas phenanthrene and fluorene are depleted. Lipid and 

organic-carbon-normalized biota sediment accumulation factors (BSAFs) were calculated for the 

four beaches. At three of the four beaches, mean BSAFs were between 0.3-2.8, which is close to 

the theoretical equihbrium value of 1.7 predicted by the EP theory. However, at Hospital Beach 

the mean BSAF was only 0.02. The EP theory, therefore, does not adequately describe 

partitioning of PAHs between sediments and biota at Hospital Beach. Hospital Beach sediments 

have very high absolute levels of PAHs, deposited from smelter effluents, atmospheric emissions, 

and spillage of raw materials. It was suggested that PAHs from thse sources may have limited 

bioavailabihty. Additionally, the high levels of PAHs at this site may stimulate PAH metabolism 

in Mya arenaria. 

In general, the environmental studies at Kitimat supported the hypothesis that PAHs in this system 

have limited bioavailabihty. This was evident in the failure of the EP theory to predict PAH 

partitioning at highly contaminated sites, and also in the lack of discernible changes in the PAH 

profile that would be expected due to biodegradation or weathering. It was suggested that the 

differences in PAH composition between samples that were observed, were the result of the 

mixing of various PAH sources, each with a different PAH composition. There was only limited 

evidence for alteration of the PAH composition from any given source by environmental 

processes including weathering or biodegradation. 

In terms of future studies, it may be useful to investigate a marine environment contaminated with 

oil derived PAHs which are expected to be more bioavailable than combustion generated PAHs. 
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Results could be compared with the present study, to determined whether the oil derived PAHs 

are indeed more susceptible to biodegradation and weathering. In the Kitimat system, it would be 

useful to obtain an improved inventory of PAH inputs, including atmospheric emissions from the 

Alcan smelter and from the Kitimat township itself. Inputs of PAHs from other industries may be 

important also. For example, it would be expected that the Eurocan pulp mill would discharge 

substantial amounts of non-regulated PAHs such as retene. It would also be interesting to 

investigate the fate of PAHs in the terrestrial environment. 

Metabolism of pyrene and 1-hydroxypyrene was investigated in two species of mollusk, Mya 

arenaria and Protothaca staminea. The metabolites hydroxypyrene, pyrene-1-sulfate, and 

hydroxypyrene-sulfate were identified. This study is the first to report the identification of PAH-

conjugates as PAH metabolites from members of the phylum Molluska. The particular 

metabolites identified suggest that mollusks metabolize PAHs by using similar biochemical 

pathways to those used by vertebrates for PAH metabolism. Pyrene-1-sulfate was also tentatively 

identified (on the basis of HPLC retention time) in extracts of Mya arenaria collected from 

Hospital Beach. 

An obvious extension of these studies would be to investigate the ability of mollusks to 

metabolize PAHs other than pyrene. It would be particularly interesting to investigate whether 

mollusks metabolize PAHs with low ionization potentials by different metabolic pathways (e.g. 

1 electron oxidations), as has been speculated by other authors (37). Quantitative aspects of PAH 

metabolism in mollusks could be investigated also, and this would be facilitated by the use of 

radio-labeled compounds. 
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The methodology used in the present work for analysis of PAH metabolites needs to be improved, 

especially with a view to detection of PAH metabolites in real world samples. The SPE 

methodology worked well for recovering metabolites from seawater, but it needs to be validated 

for environmental samples with high levels of suspended solids and dissolved organic matter. In 

addition, there is an expectation that any metabolites more polar than, for example, the pyrene-

sulfate conjugate, may not be quantitatively extracted by using this system. Synthesis of 

appropriate metabolite standards (e.g. pyrene-sulfate, or pyrene di-sulfate) would assist in the 

optimization of techniques for recovery of metabolites from environmental samples, and 

chromatographic clean-up of metabolite containing extracts. 
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