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Abstract

The microbiome of marine organisms contributes to host health and ecosystem processes
like nutrient cycling. Despite the importance to healthy ecosystems, little is known about the
dynamics and drivers of microbiome variation on marine hosts. In this dissertation, I use
longitudinal studies and field-based transplant experiments to assess the factors associated with
microbiome change on four coastal foundation species. In the intertidal macroalga Fucus
distichus, I characterize temporal dynamics and microbiome variation on host individuals. I show
seasonal turnover is a highly significant predictor of microbiome change. Local environmental
conditions and host developmental stage also explain some microbiome variation. I test
microbiome fidelity to geographically and phenotypically differentiated F. distichus by exposing
hosts to new abiotic conditions and microbial source pools. No immediate shifts in microbiome
composition occur in five-day transplant experiments, suggesting the established microbiome is
buffered against short-term environmental change. I test whether host filtering modulates the
shell microbiome of the mussel, Mytilus californianus, and find the microbiome is not specific to
living mussels. Instead, it is associated with abiotic conditions that vary across geographic
locations and elevation in the intertidal zone. In cultivated kelps, I test if outplanting kelp from
controlled hatcheries to open ocean sites alters the microbiome and if host and abiotic factors are
correlated with microbiome variation at cultivation sites. Host-species specificity was evident
throughout the cultivation process and outplanting is followed by high microbiome turnover.
Microbiome variation is more strongly correlated to season than abiotic differences between
cultivation sites. Altogether, my findings suggest abiotic factors and host identity influence
selective microbiome assembly on coastal foundation species. Seasonal microbiome turnover
iii

occurs in multiple hosts and coastal habitats, indicating microbes associated with the prevailing
conditions may commonly replace existing members of the microbiome over weeks to months.
Within host species, local abiotic conditions and host physiological state are correlated to
microbiome variation. This research broadens our understanding of the tempo of microbiome
turnover and factors predicting microbial community variation in marine foundation species. It
provides necessary foundational knowledge for a holistic understanding of host and ecosystem
response to changing oceans.
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Lay Summary

The microbial communities living on marine organisms, or the microbiome, play
important roles in host health. They also influence entire ecosystems as a part of food webs, by
recycling nutrients, and causing disease. Ocean conditions are changing, and we expect these
changes to impact which microbes are found in the microbiome. To understand the impacts of
ocean change on microbiomes, we need to determine how microbiomes vary normally,
especially as their hosts grow and the surrounding environment changes seasonally. I used longterm observations and experiments to study microbiome change in four coastal hosts. I show host
species identity and environmental conditions are significantly associated with microbiome
composition. I show limited microbiomes change over a few days but strong seasonal
microbiome change. This research provides new insights on normal microbiome variation in
marine hosts and contributes to a holistic understanding of healthy coastal ecosystems.
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Preface

The research conducted in this dissertation has been published or is the process of being
published in a peer-reviewed journal. It was carried out in collaboration with other scientists.
Below I detail the contributions and publications corresponding to each data chapter.

Chapter 2: Temporal and inter-individual microbiome variation in an intertidal seaweed
This study was originally conceived and designed by Laura Parfrey, Matt Lemay, and
Patrick Martone. Rebecca Piercey collected most of the field data with support from me, Laura
Parfrey, and Matt Lemay. I conducted the molecular laboratory work with support from Rebecca
Piercey. I carried out all bioinformatics analyses. The statistical analyses were run with support
from Florent Mazel. I wrote the manuscript and created the figures under the guidance of Laura
Parfrey and Florent Mazel. All authors provided valuable feedback and revisions of the
manuscript. A version of this chapter has been submitted as:

Davis, K.M., Mazel, F., Lemay, M.A., Piercey, R.S., Martone, P.T., & Parfrey, L.W. (2022)
Temporal and inter-individual microbiome variation in an intertidal seaweed. In preparation.

Chapter 3: The microbiome of the intertidal macroalga Fucus distichus is site‐specific and
resistant to change following transplant
This study was conceived and designed by me with input from Laura Parfrey. I collected
the data, performed the molecular laboratory work, and carried out all bioinformatics analyses.
The statistical analyses were run by me with support from Florent Mazel. I wrote the manuscript
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and created the figures under the guidance of Laura Parfrey and Florent Mazel. All authors
provided valuable feedback and revisions of the manuscript. A version of this chapter has been
published as:

Davis, K. M., Mazel, F., & Parfrey, L. W. (2021). The microbiota of intertidal macroalgae Fucus
distichus is site‐specific and resistant to change following transplant. Environmental
Microbiology, 23(5), 2617-2631.

Chapter 4: Factors shaping epibiotic microbial assemblages on mussels in the rocky
intertidal zone
This study was originally conceived and designed by Alyssa Gehman and Christopher
Harley. Alyssa Gehman, Keith Holmes, and Olivia Schaefer collected the field data. I conducted
the molecular laboratory work and carried out all bioinformatics analyses. I ran the statistical
analyses. I wrote the manuscript and created the figures under the guidance of Laura Parfrey,
Alyssa Gehman, and Christopher Harley. All authors provided valuable feedback and revisions
of the manuscript. A version of this chapter will be submitted as:

Davis, K. M., Parfrey, L.W., Harley, C.D.G., Schaefer, O., Holmes, K., & Gehman, A.L. (2022)
Factors shaping epibiotic microbial assemblages on mussels in the rocky intertidal zone. In
review.
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Chapter 5: Successional dynamics of the cultivated kelp microbiome
This study was originally conceived and designed by me and Laura Parfrey. Allison
Byrne, Logan Zeinert, and Cosmo Roemer collected most of the field data with support from me
and Michael Wright. I conducted the molecular laboratory work, bioinformatics, and statistical
analyses. I wrote the manuscript and created the figures under the guidance of Laura Parfrey. All
authors provided valuable feedback on the manuscript. A version of this chapter will be
submitted as:

Davis, K.M., Byrne, A., Davis, J., Roemer, C., Wright, M., Zeinert, L., Parfrey, L.W. (2022).
Successional dynamics of the cultivated kelp microbiome. In review.
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Chapter 1: Introduction

The research presented here explores variation in the microbiome of marine foundation
species in coastal ecosystems. Foundation species are organisms that have significant ecological
impacts on their surrounding environment (Ellison, 2019), such as canopy forming macroalgae
and sessile invertebrates. They create three-dimensional habitat, provision nutrient resources, and
shape overall community structure. The microbiome is a collection of diverse microbial taxa and
their associated genetic material found on or inside a eukaryotic host. This research focuses
specifically on the microbiome of external host surfaces, which directly interface with the
surrounding environment and are expected to be under some influence of spatial or abiotic
factors (Schellenberg and Clarke, 2020). The microbiomes of marine foundation species affect
ecosystem functioning, from the health and development of individual hosts (Morris et al., 2016;
Ghaderiardakani et al., 2017; Ziegler et al., 2017; Woznica and King, 2018) to the perpetuation
of coastal biogeochemical cycles (Azam and Malfatti, 2007; Pfister and Altabet, 2019). Coastal
ecosystems are currently undergoing major changes due to climate-related and anthropogenic
stressors (Harley et al., 2006; Halpern et al., 2008). Identifying, understanding, and predicting
the consequences of these changes on ecosystem functioning requires increased knowledge of
the capacity for host-microbiome associations to withstand or undergo change (Shade et al.,
2012; Trevathan-Tackett et al., 2019; Wilkins et al., 2019). In this introductory chapter, I
summarize existing research on the dynamics and factors associated with microbiome variation
in coastal marine foundation species. I identify two major knowledge gaps in our understanding
of host-microbiome associations in changing coastal oceans: 1) whether host-associated
microbial communities are generally stable or undergo natural turnover and 2) whether abiotic or
1

biotic factors are the dominant influence over microbiome composition. Finally, I provide an
overview of how my dissertation research aims to fill these gaps through observational and
experimental studies on the microbiome of four marine foundation species.

1.1

Stability versus turnover in coastal marine microbiomes
Host-microbial associations in marine environments take many forms. There are classic

examples of mutualistic symbioses in marine habitats involving one host and one symbiont
species, like the Hawaiian bobtail squid and luminous Aliivibrio fischeri (McFall-Ngai and Ruby,
1991; Nyholm and McFall-Ngai, 2021) or sulfur-oxidizing bacteria in the gills of lucinid clams
(Dando et al., 1986). More often, hosts engage in complex associations with diverse and
dynamic microbial assemblages comprising the microbiome, especially on external host surfaces
(Schellenberg and Clarke, 2020). Identifying the specific interactions, or the underlying
metabolic exchanges, between hosts and microbes in these high diversity communities is
difficult. Still, microbial communities on marine hosts are distinct from surrounding free-living
environments (Roth-Schulze et al., 2016; Thompson et al., 2017; Lemay et al., 2021) and often
host species-specific (Hernandez-Agreda et al., 2018; Lemay, Martone, Keeling, et al., 2018;
Dunphy et al., 2019; Offret et al., 2020) suggesting there is determinism in microbiome
assembly. Within species-specific microbial assemblages, there can be a mix of stable or ‘core’
members (Risely, 2020) and other intermittently present members which are only observed in
association with particular environmental conditions, microbiome states, or host traits
(Hernandez-Agreda et al., 2018). Characterizing stable and temporally variable members of the
microbiome can provide insights for future research exploring the nature of specific hostmicrobe interactions and their ecological functions.
2

Variation in microbiome composition is attributed to both positive and negative outcomes
of symbiosis. Changes that cause the microbiome to diverge in diversity or structure compared to
stable or healthy states are often referred to as states of “dysbiosis,” and are commonly
associated with host stress or disease (Egan and Gardiner, 2016). Under stressful environmental
conditions, host vulnerability to invasion by specific pathogens can increase (Case et al., 2011;
Miller and Richardson, 2015) or microorganisms present in a healthy microbiome can become
opportunistic pathogens (Burge et al., 2013; Kumar et al., 2016; Meistertzheim et al., 2017;
Zozaya-Valdés et al., 2017). Yet, changes or flexibility in the microbiome have recently been
proposed as mechanisms that facilitate environmental acclimatization and increase host
resilience in changing oceans (Ghaderiardakani et al., 2020; Voolstra and Ziegler, 2020). In this
case, changes in the microbiome could expand host physiological capacities, thereby broadening
environmental tolerances (Dittami et al., 2016; Duarte et al., 2018). Human-directed change of
the microbiome on macroalgae and corals has also been shown prevent disease (Rosado et al.,
2019; Li et al., 2021) or bolster host growth (Ghaderiardakani et al., 2017; Zhang et al., 2021),
and may be a valuable tool to support conservation and culture of marine hosts (French et al.,
2021). Understanding the outcomes of microbiome change on host and ecosystem functioning
holds exciting potential but remains a challenge in these complex systems.
Generalizations regarding the degree of stability in microbiomes of healthy hosts are
limited by conflicting patterns of microbiome variation over time and across species. For
example, a dominant habitat-forming kelp in Australia has considerable microbiome stability
within geographic regions despite seasonal changes in environmental conditions (Phelps et al.,
2021). Some corals and other macroalgae show distinct successional or seasonal microbiome
turnover (Lachnit et al., 2011; Glasl et al., 2016; Sharp et al., 2017; Serebryakova et al., 2018;
3

Weigel and Pfister, 2019). Lack of high-resolution sampling of individuals has required
researchers to rely on inference from population-wide patterns at infrequent time points (e.g.,
monthly or yearly) to characterize temporal microbiome dynamics. The question remains: Is the
microbiome of healthy marine hosts, or host individuals, stable over time? And if not, what is the
extent and tempo of microbiome change?

1.2

Biotic versus abiotic factors associated with microbiome change
Abiotic factors such as temperature, light, and seawater chemistry (e.g., salinity and

nutrients) significantly structure the temporal dynamics of free-living seawater microbial
communities (Cram et al., 2015; Ward et al., 2017). The microbiome on marine hosts is assumed
to be assembled from microbes in seawater and other microbial “source pools” on nearby
substrates and hosts (Lemay, Martone, Keeling, et al., 2018; Cleary et al., 2019). Thus, changes
in the abiotic environment and microbial source pools can determine which microbes are
available to colonize a host. Correspondingly, experimental manipulations of abiotic conditions,
like temperature, have elicited significant microbiome change in diverse marine foundation
species (Mensch et al., 2016; Li et al., 2018; Minich et al., 2018; Ahmed et al., 2019).
The selective influence of a host can also shape microbiome assembly and turnover.
Specific microbial taxa may be enriched or excluded from host surfaces based on the chemical
composition of host tissues or exudates (Saha et al., 2011a; Lachnit et al., 2013; Longford et al.,
2019; Saha and Weinberger, 2019). For example, polysaccharides abundant on the surfaces and
tissues of marine hosts fuel the metabolism of many heterotrophic bacteria. Variation in the types
of polysaccharides produced by hosts can favor microbes with different metabolic capabilities
(Roth-Schulze et al., 2016; Raimundo et al., 2021; Robbins et al., 2021). Host morphological
4

characteristics (Lemay et al., 2020) may also influence the microbiome, through modification of
the local environment (e.g. diffusive boundary layer (Noisette and Hurd, 2018)) or via
biochemical differences in tissue types (Paix et al., 2020). There is evidence for tissue-specific
microbiomes on macroalgae (Lemay et al., 2021), corals (Pollock et al., 2018), and bivalves
(Musella et al., 2020). Host health and immune responses (de Oliveira et al., 2017; Qiu et al.,
2019; Posadas et al., 2021) as well as defense compounds produced by the host or members of
the microbiome (Egan et al., 2000; Lachnit et al., 2010; Longford et al., 2019) seem to further
impact microbiome composition.
Host selective factors can vary depending on interactions with the local environment and
temporal changes in host biology. On coral reefs, the abundance and composition of available
polysaccharides lead to seasonal shifts in microbiome composition and function (Glasl et al.,
2020). In macroalgae, seasonal variation in the dominant polysaccharide exudates and cell wall
components (Dethier and Williams, 2009; Schiener et al., 2015; Starko et al., 2018) is
hypothesized to contribute to temporal variation in the surface microbiome composition (Lachnit
et al., 2011; Goecke et al., 2013). Similarly, seasonal shifts in the surface metabolites of the
brown alga, Taonia atomaria, are correlated with increased seawater temperature and changes in
microbiome composition (Paix et al., 2019). There is also evidence that some coral and
macroalgae shed their surface mucus on cyclic or seasonal timescales leading to a reset in
microbiome succession (Halat et al., 2015; Esther Rickert et al., 2016; Glasl et al., 2016). Thus,
host factors that influence microbiome composition and dynamics may be tied to abiotic
conditions or may be inherent to the biology of the host.
This raises the question: What is the contribution of abiotic factors versus host factors to
microbiome change over time? If host factors are the dominant selective filter shaping
5

microbiome assembly and turnover, then we might expect the microbiome to resist change when
hosts are exposed to new microbial source pools or environmental conditions. Determining if
microbiome composition is sensitive to shifts in host or abiotic factors can provide insights on
the resiliency of marine foundation species to environmental change and inform future
mechanistic studies of host-microbiome interactions.

1.3

Research objectives
A better understanding of the tempo and drivers of microbiome variation in marine

foundation species is necessary for a holistic understanding of healthy ecosystems and ecosystem
response to changing oceans. Here I use a combination of longitudinal studies and experimental
manipulations to determine the timescale of microbiome change in four ecologically important
invertebrate and macroalgal hosts from intertidal and subtidal habitats. I assess the relative
contribution of abiotic and biotic factors to observed microbiome change in these hosts. The
specific goals of this research are:
1. Conduct a longitudinal study to identify the timescale of natural microbiome variation on
individual hosts.
2. Experimentally test the stability of the microbiome when the host is exposed to new microbial
source pools.
3. Experimentally test the role host biology plays in assembling a specific microbiome under
varying abiotic conditions.
4. Conduct a longitudinal experiment to test if the microbiome acquired in early life is
maintained over time, even when the host is subsequently exposed to different abiotic conditions
and microbial source pools.
6

Chapter 2: Temporal and inter-individual microbiome variation in an
intertidal seaweed

2.1

Introduction
Marine microbes form complex associations with macroorganisms (Wilkins et al., 2019).

The host organism likely represents protective and/or selective microbial habitats that are distinct
from free-living habitats. In turn, microbes colonizing a host may directly or indirectly influence
host health (Egan and Gardiner, 2016; Sweet and Bulling, 2017; Zozaya-Valdés et al., 2017;
Longford et al., 2019), productivity (Marshall et al., 2006; Tarquinio et al., 2018; Mayer Pinto et
al., 2021), and nutrient availability in the ecosystem (Moulton et al., 2016; Pfister and Altabet,
2019; Zhang et al., 2019). Consequently, the ecosystem functions attributed to coastal foundation
species arise from the interactions between host organisms and the associated microbial taxa and
genes, or the microbiome (Trevathan-Tackett et al., 2019; Wilkins et al., 2019). The microbiome
for a given host species, however, can vary within and across host populations (Dunphy et al.,
2019; Pfister et al., 2019; Weigel and Pfister, 2019; Schellenberg and Clarke, 2020).
Understanding the factors that shape microbial diversity on marine hosts and the cascading
effects of microbiome activity on host and ecosystem functioning are key priorities in the field
(Trevathan-Tackett et al., 2019; Wilkins et al., 2019).
Marine macroalgae (i.e. seaweeds) are foundation species and models for understanding
host-associated microbiome assembly and dynamics in coastal ecosystems (Egan et al., 2013;
van der Loos et al., 2019). Seaweed-associated microbes vary with host species (Lemay et al.,
2020; Quigley et al., 2020), host physiological condition (Case et al., 2011; Marzinelli et al.,
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2015; Minich et al., 2018; Longford et al., 2019; Qiu et al., 2019), disease (Zozaya-Valdes et al.,
2015b; Longford et al., 2019), life history stage (Lemay, Martone, Hind, et al., 2018), and
environmental factors (Alexandra H Campbell et al., 2015; Marzinelli et al., 2018; Weigel and
Pfister, 2019). Despite high taxonomic variability, some studies have observed consistency in the
functional gene potential of seaweed microbiomes (Burke et al., 2011; Roth-Schulze et al.,
2016). This suggests host-microbial interactions may be maintained by associations with
functionally redundant taxa that are adapted to specific host or abiotic conditions. The factors
driving high taxonomic variability in seaweed microbiomes and the extent to which variation is
predictable or idiosyncratic across a population are poorly understood.
Microbial communities on macroalgae usually show few taxa that are prevalent across
samples while the remainder of the community is highly diverse and responds dynamically to the
surrounding environment (Hernandez-Agreda et al., 2018; Capistrant-Fossa et al., 2021). The
prevalent taxa, or core microbiome, are expected to depend on host niches and are considered
more likely to engage in essential metabolic exchanges with the host (Shade and Handelsman,
2012). The functions and drivers of the responsive portion of the microbiome are less clear. The
responsive microbiome may be selectively assembled from a temporally variable environmental
source pool, like from seawater (Fuhrman et al., 2006; Gilbert et al., 2012; Ward et al., 2017), or
may be influenced by host physiological attributes, such as growth stage or reproductive status
(Tapia et al., 2016; Serebryakova et al., 2018; Wu et al., 2018; Sacristán-Soriano et al., 2019;
Lemay et al., 2021). Much of our knowledge on the assembly of macroalgal microbiomes is
focused on bacteria, but interactions with eukaryotic microbes may also shape the community
dynamics (Chow et al., 2013) on macroalgal hosts and influence important ecological functions
like carbon cycling (Armstrong et al., 2000). High temporal resolution, repeated microbiome
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sampling of host individuals is essential to gain insights on the contributions of environmental
variability, microbe-microbe interactions, and host physiological cues to macroalgal microbiome
assembly and variation.
In this study we used a habitat-forming, brown seaweed to characterize the microbiome
on specific host individuals and across the host population over time. We sampled multiple
trophic levels and the functional gene potential of the microbiome to characterize how different
aspects of the microbiome respond to changes in host and abiotic factors. Our study focuses on
the intertidal seaweed host, Fucus distichus, because it is widespread and accessible in the
intertidal; the ecology is well studied (Ang, 1991; Wright et al., 2004; Dethier and Williams,
2009; Wahl et al., 2011); it exhibits year-round growth and reproductive capacity (Ang, 1991);
its location in the intertidal exposes it to strong seasonal variation in abiotic conditions; and there
are a growing number of studies exploring spatial and temporal microbiome variation for this
host species and its congeners (Lachnit et al., 2011; Stratil et al., 2013; E. Rickert et al., 2016;
Mensch et al., 2016; Capistrant-Fossa et al., 2021; Davis et al., 2021).
Disentangling the effect of seasonal turnover from host development on the microbiome
can be difficult because many seaweed species display distinctive seasonal growth cycles (Schiel
and Foster, 2006). In Fucus distichus, however, individuals of different developmental stages
occur in the population throughout the year, allowing host factors and seasonality in the
environment to be partially decoupled as predictors of microbiome variation. Previous
microbiome of studies of fucoids have found seasonally distinct compositions (Lachnit et al.,
2011; Serebryakova et al., 2018) while others have shown the microbiome to be relatively stable
on the time-scale of days (Quigley et al., 2020; Davis et al., 2021). The tempo of taxonomic
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turnover on F. distichus is not well understood and it is unclear if microbial gene functions
change in concert with temporal taxonomic turnover.
To assess temporal and within-population microbiome dynamics on Fucus distichus, we
marked specific host individuals in the field and repeatedly sampled the bacteria (16S
amplicons), eukaryotes (18S amplicons), and gene functions (shotgun metagenomics) on each
individual during a 10-month period. Additional juvenile individuals were included throughout
the study to parse the contribution of host development and seasonal turnover to microbiome
variation. We compared the seasonal dynamics of the F. distichus microbiome to dynamics of
the surrounding microbial source pools of seawater and rock biofilms, which lack host-driven
biological filtering. Characterizing the tempo and drivers of microbial turnover within and
among F. distichus individuals provides foundational knowledge that can yield insights on the
mechanisms and functions underlying seaweed-microbial interactions. Such interactions can be
further explored to understand their contribution to ecosystem-functioning and the vulnerability
of host-microbial associations to rapidly changing coastal oceans.

2.2
2.2.1

Material and methods
Host and site characteristics
Fucus distichus (Phaeophyceae, Fucales) occurs abundantly in the high- and mid-

intertidal zones of the northeastern Pacific, ranging from southern California to Alaska. F.
distichus is perennial and individuals generally live for 1–3 years (Ang, 1991). Throughout the
year, the duration of air exposure at low tide and the environmental conditions during periods of
air exposure vary significantly for this host. In winter months (November through January), the
lowest low tides occur primarily at night and in April through August, low tide exposure occurs
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during daylight hours (Wright et al., 2004) leading to increased temperature and UV stress
during exposed periods. Changes in tidal exposure due to season as well as spatial position in the
intertidal zone differentially impact growth, reproduction and chemical composition of
individuals in a F. distichus population (Ang, 1991; Wright et al., 2004; Dethier and Williams,
2009). The age of an individual is positively correlated with the length of its longest blade (Ang,
1991) (Appendix A - Figure 1). Larger individuals also tend to have more dichotomies
(branches), but the number of dichotomies is not the preferred metric for Fucus age or growth
because of susceptibility to blade breakage (Keser and Larson, 1984). Reproductive thalli of F.
distichus are found throughout the year (Ang, 1991) and individuals can remain reproductive
yearlong (Wright et al., 2004).

Figure 1. Map and aerial image of the study site and representative images of Fucus distichus sampled.
A) Location of quadrats within the F. distichus bed; B) Study site location on Quadra Island, BC,
Canada; C) Example of juvenile F. distichus and in situ UFI identification marker; D) Example of
mature F. distichus; E) Example of reproductive F. distichus.
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For this study, five permanent quadrats (0.5m2), representing subsamples of the
population, were established in the intertidal zone at the Hakai Institute Field Station, Quadra
Island, British Columbia, Canada (50.1154, -125.2206) in 2017 (Figure 1A-B). Quadrats within
the F. distichus bed were located semi-randomly, with an attempt to maximize accessibility for
sampling while also minimizing variation in the tidal elevation of the host population. Effort was
also made to establish quadrats in locations that had approximately 100% F. distichus canopy
cover at the start of the study. The furthest distance between quadrats was approximately 65m
and quadrats ranged from ~0m to 1m below vertical datum (CGVD 28 HT 2.0). Within each
quadrat, five F. distichus individuals were marked with a unique Fucus identifier (UFI) in marine
epoxy (Z-spar) attached to rock substrate next to the individual’s holdfast (e.g., Figure 1C-E).
The marked and resampled host individuals were frequently damaged and lost all together,
presumably by wave activity, other abiotic stressors like desiccation, or biotic mechanisms such
as grazing (Haring et al., 2002; Dethier and Williams, 2009). When a focal F. distichus
individual was lost, we marked and began sampling the microbiome of the smallest proximal F.
distichus; thus, our study included individuals of different sizes and reproductive status within
the same quadrat and time point (Figure 2). Canopy cover of F. distichus was measured during
each sampling event by placing a 0.5m2 PVC frame with a 10x10 grid over each quadrat and
using visual estimation of grid squares containing F. distichus to determine percent coverage.
High resolution temperature loggers were permanently attached in each quadrat to
document seasonal and daily temperature variation at the site (see abiotic data collection for
details). The greatest daily variation in mean maximum temperature occurred during summer
months between times when the temperature logger was exposed to air at low tide and
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submerged in seawater at high tide (Appendix A - Figure 2). Quadrats 4 and 5, located higher in
the intertidal than quadrats 1-3, had significantly more variable daily temperature ranges
(Appendix A - Figure 2). Quadrats 4 and 5 also experienced greater loss of canopy cover over
time (Appendix A - Figure 2) which likely represents a positive feedback where loss of canopy
cover exposed more rock substrate and led to increasingly elevated temperatures.

Figure 2. Variation in Fucus distichus size and reproductive status over time for specific individuals and
across the population.

2.2.2

Sample collection
The surface microbial community of F. distichus individuals was characterized every two

weeks using 16S rRNA gene and 18S rRNA gene amplicon sequencing and shotgun
metagenomics. Briefly, the longest blade was rinsed with 0.22um filtered, sterile seawater for 10
seconds to remove transient environmental microbes and then rubbed at the apical, meristematic
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tip with a Puritan® sterile swab for 10 seconds. The meristem tissue was targeted for sampling
because this is the site of newest tissue growth, most recent microbial colonization, and avoids
potential microbial community differences attributed to tissue age (Weigel and Pfister, 2019;
Lemay et al., 2021). Swabs were deposited in individual 2ml cryovials (VWR), placed in coolers
on ice and upon return to the laboratory, stored at -80˚C until DNA extraction. Trait data for F.
distichus individuals were collected at each sampling event including length of the longest blade,
number of dichotomies and number of reproductive apices. Photos of F. distichus individuals
were taken at each sampling to record host condition (e.g., grazer-inflicted or other damage and
desiccation). Microbial samples from the surrounding environment were taken to provide
information about the potential source community of bacteria and eukaryote colonizers of F.
distichus. Swab samples were taken, as described above, of the “bare” rock substrate within each
quadrat. Rock substrate provides a reference for how surrounding abiotic surfaces are colonized
in the absence of biological filtering. Five water samples were collected from adjacent surface
seawater during each sampling event to characterize the water column microbial community.
Seawater samples were collected in sterile 500ml plastic bottles (Nalgene) and upon returning to
the lab, filtered onto a 0.22µm Sterivex™ filter (EMD Millipore) using a Cole-Parmer
MasterFlex L/S peristaltic pump; filters were in stored in sterile bags (Whirl-pak) at -80˚C.

2.2.3

Abiotic data collection
Temperature and salinity were measured at each sampling using the YSI Pro Plus

Multiparameter Instrument with Quatro cable (model: 6050000, and 605790, respectively)
deployed 30cm below the seawater surface at the waterline closest to the quadrats. Intertidal
temperatures are known to vary on small spatial and temporal scales (Helmuth and Hofmann,
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2001; Dethier and Williams, 2009) so each quadrat was equipped with a Thermochron ibutton
temperature logger (model: DS1921G) to record variation among quadrats and one Onset TidbiT
v2 temperature logger (UTBI-001) was deployed to record ambient temperatures. The ibuttons
recorded the temperature at 2-hour intervals for the duration of the study (10 months).

2.2.4

DNA extraction
DNA was extracted from swabs and filters using the Qiagen DNeasy PowerSoil HTP 96

DNA extraction kit (QIAGEN, Hilden, Germany) following the manufacturer’s recommended
protocol. DNA was extracted from the seawater samples collected on Sterivex™ filters using the
DNeasy® PowerWater® Sterivex™ Kit (QIAGEN, Hilden, Germany) according to
manufacturer’s recommended protocol.

2.2.5

16S rRNA gene and 18S rRNA gene amplicon sequencing
PCR amplification for bacterial and archaeal DNA targeted the V4-V5 region of the 16S

rRNA gene using primers, 515f: 5’–GTGYCAGCMGCCGCGGTAA–3’ and 926r: 5’–
GGACTACNVGGGTWTCTAAT–3’ (Comeau et al., 2011). PCR amplification for eukaryotic
DNA targeted the V4 region of the 18S rRNA gene using primers, E572f: 5’–
CYGCGGTAATTCCAGCTC–3’ and E1009r: 5’–AYGGTATCTRATCRTCTTYG–3’ (Comeau
et al., 2011). Amplicon library preparation and sequencing with Illumina MiSeq using pairedend (2 × 300 bp) v3 chemistry was performed at the Integrated Microbiome Resource (IMR),
Centre for Comparative Genomics and Evolutionary Bioinformatics (CGEB) at Dalhousie
University according to published protocols (André M. Comeau et al., 2017).
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Quality filtering, trimming, dereplication, chimera removal, inference of true amplicon
sequence variants (ASVs), and taxonomic assignment against the SILVA database (v.1.3.2) was
done with DADA2 (Callahan et al., 2016). For DADA2 processing the filter and trim step was
set to a minimum read length 150bp forward and 120bp reverse. Reads were truncated after a
quality score of less than or equal to two. Reads with higher than 8 forward and 10 reverse
maxEE "expected errors" were discarded. Chimera detection was done using the pooled method.
Singletons in each sample and sequences with less than 100 reads across the entire dataset were
removed. For the 16S rRNA gene amplicon dataset, reads unassigned at the domain-level and
reads assigned as chloroplast or mitochondria were removed for downstream analyses. For the
18S rRNA gene amplicon dataset reads unassigned at the domain-level and reads assigned to the
host family, Fucales, were removed for downstream analyses. Sequence data is available from
the European Nucleotide Archive under project accession: PRJEB50052.

2.2.6

Shotgun metagenomics
Shotgun metagenomic libraries were constructed for a subset of samples. We specifically

selected samples of F. distichus individuals with the longest consecutive sampling coverage to
capture intra-individual differences and host changes that could explain dynamics of microbial
functional traits over time. Five F. distichus individuals, three rock substrate and three seawater
samples were sequenced at each of four time-points (n= 20 F. distichus, n= 12 Rock, n= 12
Seawater). Metagenomic libraries were prepared with the Illumina Nextera XT kit. 150-bp
fragments were sequenced on an Illumina NextSeq 550 at the IMR facility at Dalhousie
University. Quality statistic generation, paired-end read merging, and quality filtering were
performed on the raw sequencing reads via the SqueezeMeta pipeline (Tamames and Puente16

Sánchez, 2019). Annotation of genes sequences to the Kyoto Encyclopedia of Genes and
Genomes (KEGG) IDs was conducted in SqueezeMeta and assignment of KEGG ID orthologs to
KEGG level B and KEGG level C categories was done with the collapse_table.py script from
FAPROTAX (Louca, Parfrey, et al., 2016). Metagenomic data is available from the European
Nucleotide Archive under project accession: PRJEB50052.

2.2.7

Statistical analyses
All statistical analyses were performed using R version 3.6.2 (R Core Team, 2019). 16S

rRNA amplicon datasets were rarefied to 5000 reads per sample and 18S rRNA amplicon
datasets were rarefied to 1000 reads per sample for most downstream analyses. For metagenomic
reads (KEGG Orthologs), abundances were square root transformed for most downstream
analyses. Differences in microbiome structure among habitat types (F. distichus, rock substrate,
or seawater), sampling date, or host traits were analyzed with the vegan package (Oksanen et al.,
2019) using PERMANOVA with 999 permutations on Bray-Curtis dissimilarities and visualized
using non-metric multidimensional scaling plots made with phyloseq (McMurdie and Holmes,
2013) and ggplot2. To test for significant differences in microbial communities between specific
habitats we used pairwise PERMANOVAs on Bray-Curtis dissimilarities with the wrapper
function pairwise.adonis for vegan (Martinez Arbizu, 2020); p-values were adjusted with the
Benjamini–Hochberg correction for multiple comparisons. We used month of sampling as our
measure of time in the PERMANOVA analysis. This aided visualization in NMDS plots and
minimized the impact of samples missing for individual F. distichus. We used quadrat as a
random variable that represents small-scale variation in space and in environmental conditions
across the population. For host traits, we used the presence of one or more receptacles to indicate
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reproductive activity and length of the longest blade as a coarse metric of size and age. We also
conducted statistical analyses using number of dichotomies of the host as an alternative metric of
host size which captures host three dimensional structure. The length of the longest blade and
the number of dichotomies for a host were positively correlated (p-value < 0.001; SI Figure 1);
so, we present only length of the longest blade in our models as a predictor of host development
and size because this metric is generally better correlated with host age (Ang, 1991).
We tested for differences in microbial community composition within a host individual
and across the population over time by comparing Bray-Curtis dissimilarity between pairs of
samples from different sampling days. The same approach was used to assess differences in
community composition at single timepoints. Here, we made pairwise comparisons of samples
taken on the same day from within the same quadrat. We also assessed community similarity of
pairs of samples taken from the whole population on the same day. Plotted dissimilarity values
were assessed visually for differences.
To identify microbial ASVs or gene functions (KEGG level B and C) that were
significantly associated with each habitat type (F. distichus, rock substrate, or seawater), we
applied indicator species analysis, IndVal (Cáceres and Legendre, 2009). Indicator species
analysis determines significant associations based on the fidelity and specificity of a taxa or gene
function to a group, in this case, habitat type. Fidelity is the probability of being found in all
samples of a given group, and specificity is the probability being found in only one group given
its presence in that group.
We visualized the dynamics of compositional turnover on an individual (UFI) and across
the population by plotting the relative abundance of the most abundant taxa or gene functions

18

over time. For population-level plots, we calculated the mean relative abundance across all
samples taken at each timepoint and present the summary value in stacked bar plots.
Two samples taken at different times are predicted to harbor microbial communities that
are less similar than two samples taken at the same time based on the time-decay relationship.
The time-decay relationship should lead to a decreasing relationship of community similarity
over time. However, if there is a seasonality effect, two samples taken at different times in the
same season (e.g., 10 months apart) should be more similar than two samples taken at different
times in different seasons (e.g., 6 months apart). As a result, there would be a non-linear time
decay relationship. To test for this, we added a quadratic term to the mantel test of the
relationship between microbial community similarity and the time elapsed between samples. We
tested the significance of the quadratic term using randomization in the MRM approach
(Lichstein, 2006) and the function MRM in the ecodist package. We also recorded the number of
days apart which the community similarity values switched from decreasing to increasing using
the fitted coefficients of the MRM model.
Code for the statistical analyses can be found at https://github.com/katherine-mdavis/FucusTimeseries

2.3

Results
We collected longitudinal data on the microbiome of Fucus distichus and the surrounding

rock substrate and seawater every two weeks from March 2017 to January 2018. After quality
filtering and removal of low coverage samples the dataset included 227 Fucus distichus, 95 rock
substrate, and 43 seawater samples. Shotgun metagenomics was conducted on a subset of
samples: 96 F. distichus, 48 rock substrate, and 40 seawater samples.
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We found the Fucus distichus microbiome to be distinct from surrounding habitats.
Habitat type was the most important factor explaining overall differences in microbial
community composition and functions across the dataset (Figure 3). Seawater, rock substrate and
F. distichus harbored distinct bacterial communities (Figure 3A) (PERMANOVA 16S: df = 2, F
= 42.25, p-value < 0.001), eukaryotic communities (Figure 3C) (PERMANOVA 18S: df = 2, F =
14.89, p-value < 0.001) and functional repertoires (Figure 3E) (PERMANOVA metagenomics:
df = 2, F = 15.95, p-value < 0.001). Pairwise comparisons showed the microbiome of F.
distichus was more similar to biofilm communities on rock than to planktonic communities in
seawater both in terms of microbial taxa and functional gene categories (Appendix A - Table 1).
We used indicator species analysis to determine which taxa or gene functions were
statically associated with differences between habitat types. Bacterial genera significantly
associated with F. distichus included Blastopirellula, Granulosicoccus, Litorimonas,
Croceitalea, Rubritalea, Roseibacillus, Hellea, and Dokdonia (IndVal statistic > 0.75; p-value <
0.001); many of these taxa are commonly found on seaweeds (Appendix A - Table 2). 18S rRNA
amplicon sequence data, which capture protists as well as epiphytic algae and animals, revealed
weaker associations between eukaryotes and F. distichus compared to bacteria (no genera at
IndVal statistic > 0.75). At a lower threshold (IndVal >0.5) there were twenty-one eukaryotic
taxa significantly associated with F. distichus, including seaweeds (Ulvaphyceae, Ulvella,
Halothrix, Pylaiella), animals (Harpacticoid copepods), ciliates (Aspidisca and Trochilia)
(Appendix A - Table 3). Although seaweeds and invertebrate animals are not typically
considered members of the microbiome, we include them here because these organisms have
microscopic life forms. We acknowledge, however, that the detection of these organisms could
have resulted from free DNA shed into the environment by excretion or other biological
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processes. There were more bacterial and eukaryotic genera specifically associated with rocks
and seawater compared to F. distichus (Appendix A - Table 2 and 3). Functional genes, as
defined by KEGG level C categories, significantly (p-value < 0.01) associated with F. distichus
included those involved in biosynthesis of secondary metabolites, signaling molecules, cell
motility, antibiotic resistance, membrane transport, and carbohydrate metabolism (Appendix A Table 4). Significant differences between habitats were primarily driven by variation in the
relative abundance and seasonal turnover of sequences assigned to specific KEGG categories
(Appendix A - Figure 5). The percentage of shotgun metagenomic reads mapped to KEGG IDs
also differed significantly by habitat type. The majority of unmapped reads occurred in rock and
seawater samples (Welch test p-value < 0.001) (Appendix A - Table 5).
The Fucus distichus microbiome was not composed of a stable set of bacterial or
eukaryotic ASVs at the population level. No ASVs (based on 16S rRNA or 18S rRNA
amplicons) were present on all individuals in the population at all time points sampled. Although
we detected no taxa with one hundred percent prevalence on F. distichus at the ASV level, we
found the population-level F. distichus microbiome consisted of the same dominant bacterial
genera across individuals. At a given timepoint, there were differences in the relative abundance
of the dominant bacterial genera among host individuals (Appendix A - Figure 3) but the
overarching temporal patterns were similar across the F. distichus population (Appendix A Figure 3). For eukaryotes, there was higher variability than in the bacterial community when
considering either ASVs or the dominant families found on F. distichus over time (Figure 4B;
Appendix A - Figure 4).
We tested for stable members of the microbiome on individual hosts through time and
found high turnover in ASVs overall. The mean prevalence of an ASV on a single host
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individual was in 14.03% (bacteria) and 21.4% (eukaryotes). While no bacterial ASVs were one
hundred percent prevalent on any host individual that was repeatedly sampled more than five
times during the study, some taxa were consistently present on specific individuals over time.
The most prevalent bacterial ASV occurred in 91.67% of samples of the host with the unique
Fucus identifier (UFI) UFI25 (99.52% sequence similarity to uncultured Granulosicoccus
isolated from the surface of F. vesiculosus; GU451366.1 (Lachnit et al., 2011)). For eukaryotes,
18S rRNA gene amplicons from Balanus glandula (barnacle), Zaus unisetosus (copepod), and
Cylindrotheca closterium (pennate diatom) were 100% prevalent on three unique host
individuals. The next most prevalent protist ASVs occurred in 83.33% of samples of host UFI16
(93% sequence similarity to uncultured Aspidisca ciliate (Laurin et al., 2008)) and UFI35 (100%
sequence similarity to Pseudoperkinsus tapetis isolated from oyster and sea cucumber hosts in
Barkley Sound, BC (Marshall and Berbee, 2010)).
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Figure 3. Bray–Curtis dissimilarity of Fucus distichus and environmental microbial communities visualized
with NMDS showing microbiome variation correlated with habitat type (A, C, E) and month of sampling (B,
D, F).

Strong seasonal variation in the Fucus distichus microbiome is apparent in the NMDS
plots (Figure 3B, D, F) and in time-decay plots (Figure 4). For a given host individual and across
the population, samples taken from consecutive months (e.g. January and February) or months
closer together in the year were more similar than samples taken further apart (e.g. January and
August) (Figure 5). Microbial community similarity did not, however, strictly decrease over
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time. Samples taken more than four to five months apart became increasingly more similar over
time instead of more dissimilar. This parabola-shaped time-decay relationship (Mantel test, pvalue < 0.001) was observed for both bacterial and eukaryotic communities in all habitat types
(Figure 4) albeit more weakly in rock substrate. Microbial communities on rock substrate had
consistently low community similarity between sampling dates. In contrast to the taxonomic
composition, the microbial gene functions were highly similar and temporally consistent for
samples from each habitat type (Appendix A - Figure 5). Despite the higher similarity of
functional genes compared to taxa, the relative abundances in functional gene profiles exhibited
statistically significant variation over time on F. distichus and in seawater (Figure 3F; Appendix
A - Table 6).
While the Fucus distichus microbiome is predominately correlated with time or season,
the host individual is also a significant predictor of microbiome composition (two factor
PERMANOVA analysis with month and individual, Table 1). Taxa summary plots of the
dominant genera illustrate the layered influence of seasonality and community stability on
individual hosts (Appendix A - Figure 3 and 4). The relative abundances of common genera
change over time across the whole population; for example, Granulosicoccus decreases in late
summer while Dokdonia increases (Appendix A - Figure 3). Within the population-level trends,
compositional summary plots for F. disitchus individuals show distinct compositions with some
taxa that are relatively stable over time (Appendix A - Figure 3). To further probe the stability of
the microbiome on host individuals compared to the host population, we compared microbiome
similarity (1 – Bray-Curtis dissimilarity) at a single timepoint as well as over time between
individuals, quadrats, and across the population. The microbiome of a focal individual was most
similar to other host individuals sampled at the same timepoint, especially within the same
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quadrat. This inter-individual similarity value for a given date was greater than the mean
community similarity on one focal individual over time (Figure 5). High inter-individual
similarity at a single timepoint, despite differences in host size or reproductive status, suggests a
strong influence of local environmental conditions on the microbiome. Over time, however,
microbiome similarity was highest on a given focal individual and lowest when comparing
samples from across the entire population. This indicates each individual F. distichus is
colonized by a unique microbiome with its own successional trajectory, but the tempo of
community turnover is similar across the population (Figure 5).
We asked to what extent host factors and the local environment are correlated to withinpopulation variation in the F. distichus microbiome. We used quadrat as a measure of the local
environment, the length of each focal individual’s longest blade as a proxy for host size and age,
and the presence of receptacles anywhere on an individual to represent reproductive maturity of
the host (see methods for details). We found quadrat explained the second largest share of
variation (after month of sampling) in the taxonomic composition of the F. distichus microbiome
for both 16S and 18S amplicons (Table 1). Reproductive status and host size were also
significant explanatory factors. Reproductive status and size both explained a significant and
larger share of variation for bacteria. For eukaryotes, length of the longest blade had more
significant explanatory power (Table 1). There were significant interactions between month of
sampling and host factors for bacterial and eukaryotic community composition (Table 1).
Overall, eukaryotic communities were more variable than bacterial communities and had less
variation explained by temporal, host, or environmental factors (Table 1).
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Figure 4. Pairwise sample comparisons showing the time-decay relationship of community similarity across
habitats and Fucus distichus individuals. Each point represents a pairwise sample comparison of community
similarity (1 - Bray-Curtis dissimilarity) as a function of how many days apart the samples were taken for the
Fucus distichus population or surrounding rock and seawater habitats (A, B) or within longitudinally sampled
Fucus distichus individuals (UFIs) (C, D). Panels A and C are bacteria communities (16S); B and D are eukaryote
communities (18S).
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Figure 5. Comparisons of microbiome similarity (1 - Bray-Curtis) on host individuals and across
the Fucus distichus population in contrast to microbial communities in the surrounding
environment. Longitudinal comparisons are between samples taken on different dates. Snapshot
comparisons are between samples taken on the same date.
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0.0197

0.001

***

Month:Longest blade length

8

2.693

0.3366

1.6478

0.0359

0.001

***

Quadrat:Longest blade length

4

1.389

0.3473

1.7002

0.0185

0.002

**

Reproductive status:Longest blade length

1

0.364

0.3644

1.7839

0.0049

0.021

*

Month:Quadrat:Reproductive status

12

2.845

0.2371

1.1608

0.0379

0.045

*

Month:Quadrat:Longest blade length

22

5.407

0.2458

1.2032

0.0721

0.007

**

Month:Reproductive status:Longest blade length

6

1.488

0.248

1.2141

0.0198

0.057

.

Quadrat:Reproductive status:Longest blade length

3

0.925

0.3082

1.5088

0.0123

0.011

*

Month:Quadrat:Reproductive status:Longest blade length

5

1.086

0.2172

1.0635

0.0145

0.305

Residuals

108

22.059

0.2043

0.2941

Total

222

74.995

1

Month:Quadrat

Eukaryotes (18S)
Df

SumsOfSqs

MeanSqs

F Model

R2

p-value

Significance

Month

9

16.477

1.8308

5.6045

0.2124

0.001

***

Quadrat

4

3.268

0.8171

2.5013

0.0421

0.001

***

Reproductive status

1

0.428

0.4279

1.31

0.0055

0.083

.

Longest blade length

1

0.538

0.5377

1.646

0.0069

0.01

**

26

11.78

0.4531

1.387

0.1518

0.001

***

Month:Reproductive status

8

2.628

0.3285

1.0055

0.0339

0.461

Quadrat:Reproductive status

4

1.658

0.4144

1.2686

0.0214

0.017

Month:Longest blade length

8

2.193

0.2741

0.8391

0.0283

0.987

Quadrat:Longest blade length

4

1.469

0.3672

1.1241

0.0189

0.114

Reproductive status:Longest blade length

1

0.354

0.3544

1.0849

0.0046

0.282

Month:Quadrat:Reproductive status

12

4.078

0.3398

1.0402

0.0526

0.27

Month:Quadrat:Longest blade length

19

5.668

0.2983

0.9133

0.0731

0.959

Month:Reproductive status:Longest blade length

6

2.314

0.3857

1.1806

0.0298

0.011

Quadrat:Reproductive status:Longest blade length

2

0.716

0.3582

1.0966

0.0092

0.227

Month:Quadrat:Reproductive status:Longest blade length

1

0.507

0.5069

1.5517

0.0065

0.007

72

23.52

0.3267

0.3031

178

77.596

1

Month:Quadrat

Residuals
Total

*

*

**

Signif. codes: 0 ‘***’ 0.001 ‘**’ 0.01 ‘*’ 0.05 ‘.’ 0.1 ‘ ’ 1

Table 1. The contribution of temporal, spatial, and host factors to variation in microbiome diversity (BrayCurtis) among Fucus distichus samples using PERMANOVA.
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2.4

Discussion
We investigated the sources of variation in the microbiome of a F. distichus population

and on specific host individuals over time. We show that seasonal temporal turnover is strongly
associated with F. distichus microbiome composition as well as the non-host-associated biofilm
and planktonic microbial communities in the surrounding environment. Within the context of
seasonal turnover, we find that variation in the F. distichus microbiome is further correlated to
differences in the local environment, host individuals and host developmental traits.
Our finding that habitat type is a dominant selective filter for the taxonomic and
functional composition of intertidal microbial communities is consistent with findings from other
coastal environments (Roth-Schulze et al., 2016; Lemay, Martone, Keeling, et al., 2018). Within
each of the three habitats sampled, there is strong temporal turnover in microbial taxa and, to a
lesser extent, functional repertoire. This suggests seasonal filtering by abiotic factors occurs
widely among microbial habitats in the intertidal zone, consistent with findings from other
macroalgae (Sieburth and Tootle, 1981; Lachnit et al., 2011; Stratil et al., 2013; Saha et al.,
2014), marine foundation species (Sharp et al., 2017; Weigel and Erwin, 2017) and seawater
microbial communities (Gilbert et al., 2012; Cram et al., 2015; Ward et al., 2017).
We aimed to understand the tempo of microbiome turnover on F. distichus and to
determine if microbial gene functions change in concert with taxonomic turnover. We found a
synchronous effect of time on the F. distichus microbiome across the host population, consistent
with observations of population-level turnover in other host-associated microbiomes (Kolodny et
al., 2019; Stone and Jackson, 2021). Recruitment of microbes specifically adapted to seaweedassociated niches from seasonally variable source pools (Gilbert et al., 2012; Ward et al., 2017)
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may be responsible for this effect. Throughout this work we refer to recruitment as it is used in
the biofilm literature, meaning the active colonization and community assembly on a surface,
agnostic of the surface type, host-, or microbial-control over this activity (Dang and Lovell,
2016). We found the timescale of turnover on individual F. distichus hosts and across the host
population is weeks to months, consistent with previous experimental work reporting relative
stability of the Fucus microbiome over days to weeks (Quigley et al., 2020; Davis et al., 2021).
We predict that the biofilm on F. distichus is a protective habitat which buffers microbes against
shorter-term abiotic variation occurring over hours to days, such as throughout tidal cycles.
Further research is needed to understand the generality and mechanisms of short-term stability in
host-associated microbial communities in highly variable intertidal environments.
In contrast to the variation in microbial taxa observed on F. distichus, we found microbial
functions to be highly consistent across individuals with small but significant population-level
changes in relative abundance of gene functions seasonally. High functional consistency is
congruent with previous findings from phylogenetically diverse macroalgae in other ecosystems
(Roth-Schulze et al., 2016) and seasonality is an emerging pattern in ocean and coastal
metagenomes (Glasl et al., 2020; Yoshitake et al., 2021). It is possible that the microbial
functions consistently maintained through time provide insurance against stochastic population
fluctuations or seasonal loss of taxa in the F. distichus microbiome (Rosenfeld, 2002; Biggs et
al., 2020). Describing the persistent functions in the F. distichus microbiome can aid in
identifying ecological interactions between the host and its associated microbial community. A
portion of the gene functions we characterized are undoubtedly consistent across habitats and
over time because they are essential components of all microbial life and/or have high
phylogenetic conservatism (Louca et al., 2018). However, not all microbial genes sequenced
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here via shotgun metagenomics were annotated by the KEGG database (Appendix A - Table 5),
indicating that some functions of the F. distichus microbiome have not yet been characterized,
similar to metagenomes sequenced from ocean microbial communities (Sunagawa et al., 2015)
and animal hosts (Youngblut et al., 2020). These undescribed functions could represent
microbial traits that are responsive to changes in host factors, that shape symbiotic interactions
with the host, and/or that drive important ecological processes, such as carbon cycling. Further
culture-based and (meta)genome assembly-based research is needed to describe and understand
the relationship between microbial taxa, specific uncharacterized gene functions, and putative
contributions they make to host and ecosystem functioning.
While the time effect was the strongest measured correlate to F. distichus microbiome
variation, we specifically aimed to understand if any component of the F. distichus microbiome
is stable over time and what factors are associated with microbiome variation between host
individuals. We did not find evidence stability at the ASV-level across the population. There
were also very few ASVs with high prevalence on an individual over time. The lack of a
temporally stable microbiome on F. distichus contrasts with some terrestrial crop plants
(Stopnisek and Shade, 2021), marine bivalves (Neu, Hughes, et al., 2021), and corals
(Hernandez-Agreda et al., 2018) where tens of ASVs persist on all members of a host population
over time. The common assumption is that taxa with 100% prevalence on the same individual
through time or in the population represent obligate symbioses, whether mutualistic or parasitic.
The lack of highly prevalent ASVs in this population indicates Fucus-microbe associations are
facultative and responsive to environmental change. The microbial colonizers of F. distichus are
likely broadly adapted to seaweed-associated niches, supported by the observation that many of
the prevalent genera on F. distichus, such as Granulosicoccus and Blastopirellula, are shared
31

across seaweed species (Lage and Bondoso, 2014; Lemay, Martone, Keeling, et al., 2018;
Capistrant-Fossa et al., 2021). These taxa are likely adept at utilizing host-derived, complex
polysaccharides (Martin et al., 2015; Faria et al., 2018), forming biofilms (Bengtsson and
Øvreås, 2010), and tolerating the high oxygen environment of the seaweed tissue surface
(Weigel and Pfister, 2020).
We initially hypothesized that sources of inter-individual microbiome variation could
arise from 1) stochastic differences among hosts that are maintained over time or 2) differences
that are associated with host developmental traits (i.e. size or reproductive status) which vary
consistently but asynchronously across the population. Both appear to be correlated with the
Fucus distichus microbiome. We found higher levels of community similarity within an
individual over time compared to the population (Figure 4) and high variability between
individuals pointing towards stochastic differences that are maintained by priority effects
(Fukami, 2015). We also found host factors, including size and reproductive status, explained
small, albeit significant, amounts of variation in microbial community composition. These
findings indicate microbial community assembly on F. distichus may be shaped by both
stochastic recruitment and deterministic filtering attributed to host biology. We propose that the
order of stochastically and deterministically arriving taxa influences the unique successional
trajectory on a given host and our observations reveal the tempo of this succession is relatively
consistent across the host population.
Interestingly, the host factors statistically associated with taxonomic composition of the
F. distichus microbiome differed for bacteria and eukaryotes. For eukaryotes, size of the host
was the measured biological factor that explained the most variation in this study. This suggests
the age of the host tissue or structural complexity of the host may be important to habitat
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formation for eukaryotic taxa. Similar results have been found in the anatomical and
morphological features of other macroalgae (Christie et al., 2009; Lemay et al., 2020, 2021). For
bacteria, however, reproductive status also contributed significantly to compositional variation.
We hypothesize that chemical defenses, which could be specific to or differentially abundant in
reproductive tissue relative to other host tissues (Van Alstyne et al., 1999; Hemmi et al., 2005),
exert a stronger selective filter on bacteria compared to overall structural complexity or size of
the host like for eukaryotes.
In keeping with a strong relationship between environmental context and the F. distichus
microbiome, we found evidence for a significant spatial effect on the taxonomic composition of
the F. distichus microbiome at the quadrat level. Data from high resolution temperature loggers
provided evidence for significant temperature variation among quadrats (Appendix A - Figure 2).
The disparate canopy cover loss between the quadrats also suggests a gradient of host-stress
across the studied population (Appendix A - Figure 2). Taxonomic variation in the microbiome
on F. distichus individuals in different quadrats, separated by a few meters, could potentially be
caused by temperature differences and thermal preferences of microbes (Yung et al., 2015;
Mensch et al., 2016). Other abiotic factors that vary across spatial scales of centimeters to meters
in the intertidal, such as wave action, insolation and desiccation, can also change the levels of
stress in F. distichus individuals within in a population (Haring et al., 2002; Dethier and
Williams, 2009). Consequently, significant taxonomic differences in the microbiome between
host individuals in different quadrats could be a direct result of spatial habitat heterogeneity or an
indirect result of variation in host stress levels (Qiu et al., 2019).
There was a significant amount of unexplained microbiome variation in the host
population that could be due to unmeasured temporal, spatial, or host factors. For example,
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seasonal alterations in host storage compounds could drive changes in the microbiome. Brown
macroalgae, including Fucus species, store carbon as mannitol and laminarin, which support
growth during times of reduced photosynthesis (Lehvo et al., 2001). Dethier and Williams
(2009) found that the major storage compound in F. distichus shifts from mannitol in spring, to
laminarin in fall. While host tissue chemistry and physiology were not measured in this study,
we expect seasonal shifts between mannitol and laminarin storage to occur in F. distichus at our
study site. These shifts could selectively favor different microbial taxa or metabolic pathways,
similar to the strong seasonal effects seen in the microbiome other Fucus species (Esther Rickert
et al., 2016) and macroalgae in coral reef ecosystems (Glasl et al., 2020). Polyphenolic defense
compounds like phlorotannins could also account for some of the unexplained variation in the F.
distichus microbiome, as phlorotannins can vary within Fucus populations, particularly between
juveniles and adults (Pavia et al., 2003; Dethier and Williams, 2009). These and other surfaceassociated compounds have been shown to exert seasonal deterrent effects on specific microbes
and other colonizing organisms (Lachnit et al., 2013; Saha and Wahl, 2013). Further, grazing
pressure can affect regulation of host defense compounds (Van Alstyne, 1988; Rohde et al.,
2004) and temporal variation in grazing could have cascading effects on host-associated
microbial communities (Tan et al., 2020). Unfortunately, we did not measure grazing or record
variation in grazer abundance among quadrats in this study. Further research, for example in
controlled laboratory or mesocosm settings, will be needed to parse out how the abiotic
environment, host biotic interactions and host tissue chemistry influence spatial and temporal
variation in the F. distichus microbiome.
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2.5

Conclusion
In summary, we show that the taxa and gene functions of the microbiome of an intertidal

foundation species are strongly correlated to seasonal abiotic variation. Layered within seasonal
turnover, our findings suggest habitat heterogeneity at the quadrat scale coupled with stochastic
recruitment and priority effects may produce within-population microbiome differences. We
show host factors such as size and reproductive status are statistically associated with variation in
the microbial assemblages on different F. distichus individuals. In contrast to the unique and
temporally variable microbial taxa associated with individual hosts, we find far less gene
function turnover in the population-wide microbiome. As seaweed hosts and their associated
microbiomes come under heightened stress from climate and anthropogenic change (Marzinelli
et al., 2018; Minich et al., 2018), a baseline understanding of the temporal dynamics and factors
associated with microbiome taxonomic and functional composition in healthy seaweed
populations, as provided here, is critical to track impacts of environmental change.
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Chapter 3: The microbiome of Fucus distichus is site-specific and resistant to
change following transplant

3.1

Introduction
There is widespread evidence of host species-specificity in the microbial communities

associated with diverse marine eukaryotes, suggesting that selective mechanisms maintain hostmicrobial associations that are distinct from microbial assemblages in the surrounding
environment (e.g. seawater, sediment, other organisms) (Adair and Douglas, 2017; Cleary et al.,
2019). These host-associated microbes can play roles in modulating growth, settlement, nutrition
and defense in marine organisms (Egan and Gardiner, 2016; Morris et al., 2016; Apprill, 2017;
Ugarelli et al., 2017; Woznica and King, 2018) but microbial functions important to host biology
or biogeochemical processes are often performed by diverse and functionally redundant
microbial taxa (Burke et al., 2011; Roth-Schulze et al., 2016; Louca et al., 2017). Within a host
species there can be seasonal turnover in the taxonomic composition of associated microbes (the
microbiome) (Bengtsson et al., 2010; Lachnit et al., 2011; Serebryakova et al., 2018) and
variation across geographic and/or environmental gradients (Pantos et al., 2015; Pfister et al.,
2019; Weigel and Pfister, 2019; Schellenberg and Clarke, 2020). This taxonomic variation in
time and space suggests the environment plays a strong role in the composition of hostassociated microbial communities (Adair and Douglas, 2017; Louca et al., 2018). In keeping
with a strong role of the environment and its influence on a shared microbial source pool, the
strength of microbiome host specificity is often reduced for host species in sympatry (Lemay,
Martone, Keeling, et al., 2018; Cleary et al., 2019). Yet, other factors are also known to
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influence the microbiome, including host genetics (Griffiths et al., 2019; Díez‐Vives et al.,
2020), phenotypic traits (Carrier and Reitzel, 2018; Lemay et al., 2020), organismal behaviors
(Pratte et al., 2018), as well as biotic interactions such as microbial cooperation or competition
(Coyte et al., 2015). Identifying the contribution of extrinsic (e.g. abiotic conditions and source
pool of potential microbial colonizers) versus intrinsic (e.g. host traits and biotic interactions)
factors to the diversity and structure of the microbiome within and among host species and in
changing environments is a major priority in microbial ecology (Trevathan-Tackett et al., 2019;
Wilkins et al., 2019).
Alterations in the microbiome have been linked to disease (Zozaya-Valdes et al., 2015a;
Kumar et al., 2016; Zozaya-Valdés et al., 2017; Qiu et al., 2019) and stress responses
(Marzinelli et al., 2015; Minich et al., 2018) of many marine hosts and could potentially disrupt
biogeochemical cycles (Moulton et al., 2016; Säwström et al., 2016; Pfister et al., 2019) and
marine food webs (Campbell et al., 2014). Changes in the microbiome can also positively impact
the host through protective effects (Longford et al., 2019; Rosado et al., 2019) or facilitation of
adaptation (Dittami et al., 2016; Lynch and Hsiao, 2019; Voolstra and Ziegler, 2020). Hosts
populations may further benefit from microbiome turnover via functional redundancy where
microbial functions essential to the host are maintained through associations with diverse
microbial taxa from the same functional guild (Burke et al., 2011; Louca, Jacques, et al., 2016).
As it is unclear how changing ocean conditions will impact marine hosts or their microbiome,
characterizing how marine microbiomes differ across sites with varying environmental
conditions and assessing the stability of the microbiome in response to alterations in the
environment is a critical step towards understanding and predicting outcomes of change on hostassociated microbial communities.
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Intertidal macroalgae are informative host systems for studying natural variation in the
microbiome because these organisms experience marked variation in abiotic conditions on short
timescales (i.e., tide cycles) and short distances (i.e., high versus low intertidal zone) in addition
to longer seasonal timescales and larger geographic distances. Intertidal macroalgae are also
phenotypically diverse and display trait plasticity across intertidal gradients (Johannesson et al.,
2012; Mueller et al., 2015) which could selectively influence the microbiome (Balakirev et al.,
2012). Further, functional redundancy is increasingly studied in the microbiome of marine
macroalgae (Burke et al., 2011; Roth-Schulze et al., 2016, 2018), yet there is limited existing
research on how microbiomes vary across the mosaic of habitats and changing environmental
conditions experienced by members of the same intertidal, macroalgal host species.
Here we focus on Fucus distichus, an ecologically important species of macroalgae in the
northeastern Pacific. It is often the dominant primary producer in the high to mid- intertidal zone
of rocky shores and forms dense canopies which serve as habitat for diverse organisms. Fucus
distichus thrives across a wide range of intertidal conditions and displays phenotypic variation
corresponding to environmental conditions (Schonbeck and Norton, 1978; Blanchette, 1997;
Dethier and Williams, 2009). Early attempts to propagate other Fucus species in the absence of
microbes were unsuccessful or showed irregular growth, suggesting microbes are essential for
host development and survival (Fries, 1984, 1993). The microbiomes of other Fucus species
show temporal and spatial variation (Stratil et al., 2013; Saha et al., 2014, 2020; Quigley et al.,
2020) and regulation via surface metabolites and defense compounds produced by the host (Saha
et al., 2011b; Saha and Wahl, 2013; Saha and Weinberger, 2019). This existing research
indicates associations with microbes are important to the ecology of fucoid hosts, but little is
known about microbial communities on F. distichus throughout the intertidal zone.
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We characterized the microbiome on F. distichus from multiple habitats within a small
geographic area (< 5 km). We hypothesized that environmental variation, and the corresponding
host morphological variation across F. distichus habitats, would be accompanied by
compositional differences in the microbiome because of the selective filters exerted by differing
abiotic conditions. We used common garden and reciprocal transplant experiments to test the
stability of associations between F. distichus and the microbiome. Field-based transplant studies
are a crucial yet underutilized tool to understand host-microbiome associations in ecologically
realistic conditions (Greyson-Gaito et al., 2020). We hypothesized that the microbiomes of
transplanted F. distichus would rapidly shift to reflect the contemporary environment of the host
because environmental conditions pose a strong selective filter and also alter the microbial
source pools available to colonize the host. Characterizing the interactions between foundation
species and their microbiomes, particularly in highly variable intertidal habitats, is a necessary
step towards understanding how host-microbiome associations and their ecosystem functions
will respond to environmental fluctuations associated with changing oceans (Smale and
Wernberg, 2013; Harris et al., 2018; Trevathan-Tackett et al., 2019; Wilkins et al., 2019).

3.2
3.2.1

Materials and methods
Site and Fucus distichus morphotype description
We sampled F. distichus from five sites within the Hakai Lúxvbálís Conservancy at the

Hakai Institute’s Calvert Island Ecological Observatory on Calvert Island, BC, Canada in June
2018 (Figure 6). The high intertidal, wave-exposed site at West Beach (WB high) is
characterized by F. distichus with short blades that twist slightly (morphotype A). This high
intertidal morph grows attached to boulders, approximately 1m above mean lower low water
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(MLLW) (Appendix B - Figure 1). The low intertidal, wave-exposed site at West Beach (WB
low) is characterized by F. distichus with deeply forked receptacles, long blades and a flat
growth habit (morphotype C). WB low F. distichus grows attached to large boulders
approximately 1m below MLLW (Appendix B - Figure 1). The WB low site has the highest
macroalgal diversity of all sites in this study (Lemay et al., 2018). WB high and WB low sites
are in the same boulder field on West Beach, with a clear vertical zonation pattern between F.
distichus morphs (personal observation). The high intertidal morph is separated from the low
intertidal morph by a zone of boulders and cobble where little to no F. distichus grows
(Appendix B - Figure 1). A high intertidal, wave-exposed site was sampled at the opposite end of
West Beach (WB west wall). The WB west wall F. distichus has short, twisting blades
(morphotype A) and grows on boulders and vertical rock walls 0-1m above MLLW (Appendix B
- Figure 1).

Figure 6. Map of sampling sites on Calvert Island, BC (colored circles) and corresponding Fucus distichus
morphotypes. High intertidal sites with morphotype A are North Beach (grey), West Beach west wall (teal),
West Beach high (light blue). The high intertidal site with morphotype B is Pruth Bay (yellow). The low intertidal
site with morphotype C is West Beach low (dark blue).
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The North Beach (NB) F. distichus is from a high intertidal, wave-exposed site on the
north end of Calvert Island (Figure 6). This is a short-bladed, twisting morph (morphotype A)
growing on rock walls approximately 1m above MLLW (Appendix B - Figure 1). The Pruth Bay
(PB) F. distichus occurs in a shallow, protected bay with a freshwater stream at the head of the
bay. F. distichus at this site has wide blades with undulate margins and upright growth habit
(morphotype B) and is found attached to cobble in the high intertidal, 0-1m above MLLW
(Appendix B - Figure 1). Similar morphological differentiation between habitats is well
documented within other species of Fucus (Anderson and Scott, 1998; Scott et al., 2001; Kucera
and Saunders, 2008).

3.2.2

Common garden experiment
For the common garden experiment, we combined F. distichus from the five sites

described above in a controlled environment (Appendix B - Figure 1) to see if individual
microbiomes converged to a common composition when the microbial source pool and
environmental conditions were homogenized. F. distichus (n=10) were collected from each site
by selecting individuals that could be easily dislodged without damaging the holdfast (e.g. F.
distichus growing attached to small barnacles). All individuals were roughly the same size; less
than 10cm long at the longest blade. Collected individuals were brought back to the lab, rinsed
with 0.22µm filtered sterile seawater and sampled by rubbing the first 2-3cm from the apical tip
(the site of new growth) with a Puritan® sterile swab for 10 seconds to characterize the initial
microbial community (sample day 1). Swabs were deposited in individual 2ml cryovials (VWR)
and stored at -80˚C until DNA extraction.
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A random subsample of individuals (n = 8 per site) were attached to small, 10% bleach
sterilized rocks (~7cm in diameter) using Splash Zone Epoxy (Z-Spar, New Jersey, USA) and
allowed to air dry until the epoxy hardened (~ 1hr). Samples from each site were marked with a
unique identifier on the rock substrate using enamel paint. Each experimental unit (sterile rock
with attached F. distichus individual) was randomized in a continuous flow seawater table to
account for variability in experimental conditions (Appendix B - Figure 1). Seawater was
pumped directly from Pruth Lagoon at the Calvert Island Ecological Observatory dock
(51°39'17.2"N,128°07'45.1"W). The seawater table was completely drained for three to four
hours every day to mimic tidal exposure. Light was provided by natural light through one
window and four 75W fluorescent bulbs. Light averaged 499 ± 20.2 umol/m2/s at the light
source, 9.24 ± 1.65 umol/m2/s at the top of the seawater table, and 7.80 ± 1.38 umol/m2/s below
the seawater surface. F. distichus individuals in the flow-through table were sampled daily for
five consecutive days by rinsing a blade with 0.22µm filtered sterile seawater for 10 seconds to
remove transient environmental microbes and then rubbed at the first 2-3cm from the apical tip
(the site of new growth) with a Puritan® sterile swab for 10 seconds. The sterilized rock
substrate was swabbed in a 2-3cm2 patch as above to see how biofilm communities developed on
an abiotic surface in the common garden. Swabs were deposited in individual 2ml cryovials
(VWR) and stored at -80˚C until DNA extraction. Experimental F. distichus individuals were
routinely inspected visually for tissue necrosis or other evidence of negative effects of the
experimental conditions but none were observed. On average, individuals in the common garden
increased in length of the longest blade by 0.80 ± 0.52mm over five days (0.16mm/day).
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3.2.3

Reciprocal transplant experiment
We tested if strong differences in environmental conditions and associated biotic

interactions are correlated with F. distichus microbiome composition with a reciprocal transplant
experiment. We asked if transplanting F. distichus hosts from one habitat to a new habitat would
lead to the acquisition of a different microbiome, more similar to the F. distichus microbiome of
the new habitat, either by transmission from the new abiotic environment (e.g., seawater or
rocks) or nearby F. distichus native to the new habitat. We compared compositional stability (or
change) of the F. distichus transplants to the biofilm communities on the rock substrate where F.
distichus individuals were attached. Rock substrate represents an abiotic surface which also has
an environmentally acquired microbial community but lacks biologically driven selective
filtering. As a result, we hypothesized that transplanted rock substrate would be more readily
influenced by the abiotic conditions and microbial source pool of the new environment than F.
distichus transplants.
Two sites on Calvert Island, BC with marked differences in physical and ecological
characteristics and distinct F. distichus morphotypes were selected for the reciprocal transplant
experiment: Pruth Bay (PB) and West Beach low intertidal zone (WB low) (Figure 6). These
sites are the same as included the common garden experiment, but different individuals were
selected for the transplant experiment. PB and WB low are separated by approximately 15 km of
coastline and due to the geography and prevailing ocean currents, these sites are expected to have
limited seawater exchange in the short term (hours to days). At each site, juvenile F. distichus
individuals (non-reproductive; length of longest blade from holdfast 5-8cm) growing attached to
rocks 30cm or smaller in diameter, were selected for transplanting (n = 16 F. distichus
individuals per site; n = 8 rocks per site). Selected F. distichus individuals were sampled by
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rinsing the length of a thallus blade with 0.22µm filtered sterile seawater for 10 seconds to
remove transient environmental microbes and then rubbed along the first 2-3cm from the apical
tip with a Puritan® sterile swab for 10 seconds. Swabs were deposited in individual 2ml
cryovials (VWR), placed in coolers on ice and, upon return to the lab (4 hours or less after
collection), stored at -80˚C until DNA extraction. The rock substrate to which these individuals
were attached was gently scraped with a sterile blade to remove other macroalgal species and
sessile invertebrates and then rinsed and sampled by swabbing a 2-3cm2 patch as detailed above.
Transplanted rocks were marked with unique identifiers using enamel paint for identification in
the field. Additional rocks with attached juvenile F. distichus individuals were selected, marked
and swabbed, but not transplanted (n= 16 individuals per site); these served as origin site
controls. Transplants (F. distichus attached to rocks) were moved to the non-native, destination
site in 5-gallon buckets and swabbed again at time of transplant (day 0). Transplants and
unmanipulated F. distichus comparisons were swabbed every 24 hours within two hours of the
lowest low tide for five consecutive days. Corresponding rock substrate swabs were also
collected at each sampling.

3.2.4

DNA extraction and 16S rRNA gene amplicon sequencing
DNA was extracted from swabs and filters using the MoBio PowerSoil®-htp 96 well

DNA extraction kit (Carlsbad, CA) following the manufacturer’s recommended
protocol. Extracted DNA was sent to Integrated Microbiome Resource (IMR), Centre for
Comparative Genomics and Evolutionary Bioinformatics (CGEB) at Dalhousie University for
PCR amplification and library construction. Primers targeted the V4-V5 region of the 16S rRNA
gene for bacteria and archaea, 515f: 5’–GTGYCAGCMGCCGCGGTAA–3’ and 926r: 5’–
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CCGYCAATTYMTTTRAGTTT –3’ (Comeau et al., 2011). Amplicon library preparation and
sequencing with Illumina MiSeq using paired-end (2 × 300 bp) v3 chemistry was performed at
the Integrated Microbiome Resource at Dalhousie University, Halifax, Nova Scotia, Canada
according to published protocols (André M Comeau et al., 2017). Quality filtering, trimming,
dereplication, chimera removal, inference of true amplicon sequence variants (ASVs), and
taxonomic assignment against the SILVA database (v.1.3.2) was done with DADA2 (Callahan et
al., 2016).
For DADA2 processing the filter and trim step was set to a minimum read length of
150bp forward and 120bp reverse. Reads were truncated after a quality score of less than or
equal to two. Reads with higher than 8 forward and 10 reverse maxEE "expected errors" were
discarded. Chimera detection was done using the pooled method. Singletons and 16S reads from
chloroplast or mitochondria were removed for downstream analyses. We detected signals of
contamination in our amplicon sequencing reads from mammalian gut microbiomes. All samples
that contained more than one ASV from any member of Clostridia or Negativicutes were
excluded from downstream analysis, as those taxonomic groups are known to be prevalent in the
mammalian gut but not in marine ecosystems. Sequences and metadata are deposited in the
European Nucleotide Archive (ENA) under the project accession PRJEB42717.

3.2.5

Statistical analyses
All statistical analyses were conducted in R (R Core Team, 2019; version 3.6.2). 16S

amplicon data were rarefied to 1500 reads per sample. To test for differences among bacterial
communities between morphotypes and sample sites, we performed permutational analysis of
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variance (PERMANOVA) on Bray-Curtis dissimilarities of initial samples from both
experiments using the vegan package (Oksanen et al., 2019) in R.
To test for differences in microbiomes of samples originating from different habitats in
the common garden experiment, we used PERMANOVA on Bray Curtis dissimilarity and
performed independent analyses for each sampling day (initial sample before individuals were
placed in the common garden, two days, and five days after the start of the experiment). To test
for significant differences in microbiome composition between specific sites of origin or
morphotypes at the start and end of the common garden experiment we used pairwise
PERMANOVAs with Bray Curtis dissimilarities using the wrapper function pairwise.adonis for
vegan (Martinez Arbizu, 2020) and adjusted p-values with the Benjamini–Hochberg correction
for multiple comparisons. Community differences by site and sampling day in the common
garden were visualized with principal coordinates analysis (PCoA) using the phyloseq
(McMurdie and Holmes, 2013) and vegan (Oksanen et al., 2019) packages in R.
If microbial community composition in the common garden became homogenized across
all F. distichus individuals over time, we would expect microbial community dissimilarity
between samples from different sites to decrease from the start of the experiment to day five and
to increase between samples originating from the same site over time. To test for this, we used
the Jaccard dissimilarity metric, based on the presence or absence of bacterial ASVs, for F.
distichus individuals from each of the five sites. We used paired t-tests of Jaccard distance to
determine if more ASVs were shared between F. distichus individuals originating from the same
site or between those originating from different sites at the start (day 1) or end (day 5) of the
common garden experiment. We used indval analysis from the indicspecies package (Cáceres
and Legendre, 2009) to identify ASVs that were indicative of each site of origin (WB low, WB
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high, WB west wall, NB, PB) as well as ASVs that were shared among all F. distichus in the
common garden at initial sampling and on day five of the experiment. The indval analysis
assesses the relationship between ASV occurrence or abundance values from a set of samples
and the classification of the same samples into groups, which may represent habitat types,
sampling points, experimental treatments, etc. The method calculates an IndVal index value
based on specificity, or the proportion of samples of in a group where the ASV is found, and the
fidelity, or the proportion of the number of individuals (abundance) of the ASV that are in the
group (Dufrêne and Legendre, 1997). An index value is calculated for every ASV in each group
and then ASVs with the highest association value for a particular group are identified using
permutation tests to assess the statistical significance of the relationship.
To test for differences among bacterial communities between treatments in the reciprocal
transplant experiment, we used PERMANOVA on Bray Curtis dissimilarity for transplanted
samples (transplants) compared to F. distichus native to the transplant location or site of origin
(controls). To visualize the PERMANOVA results, we conducted principal coordinates analysis
(PCoA) using the phyloseq package. Independent PERMANOVAs were performed on samples
from each sampling day (initial sample to 5 days after the start of the experiment) with treatment
as the explanatory variable. To determine if microbial communities on transplanted F. distichus
changed in compositional similarity relative to F. distichus controls from the site of origin or
destination site over time, we used ANOVA on a linear model of pseudo-F statistics from
PERMANOVAs regressed against sampling day.
In the reciprocal transplant experiment, we wanted to know if bacterial ASVs specific to
one site (PB or WB low) readily colonized F. disitichus which were transplanted to that site. We
used indval analysis to identify specific bacterial ASVs that prevail in a site of origin (PB or WB
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low) while being absent or having low/irregular abundance elsewhere, suggesting a significant,
stable and site-specific association with F. distichus at that origin or indicator site. After
identifying significant indicator ASVs for each site of origin (PB and WB low controls), we
examined the relative abundance of significant indicator ASVs on F. distichus individuals from
the transplant treatments to determine if indicator ASVs colonized individuals transplanted to the
indicator site (increased in relative abundance) or were lost from individuals transplanted away
from the indicator site (decreased in relative abundance).
All PERMANOVA analyses were run with 999 permutations. All R code associated with
these analyses is available on GitHub: https://github.com/katherine-m-davis/Fucus_transplant.

3.3
3.3.1

Results
Fucus distichus microbiome composition is correlated with site and host

morphology.
We examined the microbiome composition on the surface of 52 F. distichus individuals
from five sites on Calvert Island, British Columbia, Canada, by comparing in situ
unmanipulated, initial samples from our two independent experimental studies conducted in the
same week. These samples included the high intertidal, wave-exposed host morphotype A at
three sites: West Beach (WB) high (n = 7), WB west wall (n = 8), North Beach (NB) (n = 7); the
high intertidal, wave-protected morphotype B at one site: Pruth Bay (PB) (n = 17); and the low
intertidal, wave-exposed morphotype C at one site: WB low (n = 13) (Figure 6). Each site is
characterized by a distinct physical habitat (Appendix B - Figure 1). Morphotype and site
explained significant variation in microbiome composition (PERMANOVA: morphotype
pseudo-F2,47 = 18.591, p-value < 0.001; morphotype:site pseudo-F2,47 = 4.552, p-value < 0.001).
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We examined the effect of site alone by testing for a site effect within the one morphotype that
was sampled at multiple locations separated by hundreds of meters to kilometers.

Figure 7. Fucus distichus microbiomes in the common garden remain differentiated by site over time.
PCoA of Bray-Curtis dissimilarities for F. distichus microbiomes in the common garden from initial sampling
on day 1 (circles) and final sampling on day 5 (stars).

The high intertidal, wave-exposed morphotype A (sampled at WB high, WB west wall, and NB)
also showed significant variation in microbiome composition among sites (PERMANOVA:
pseudo-F2,19 = 4.086, p-value < 0.001) (Figure 7). We sampled underlying rock substrate for a
subset of sampling sites (PB and WB low) and found that F. distichus microbiomes (PB, n = 23;
WB low, n = 17) were significantly different from biofilm communities on rocks sampled at
those sites (PB, n = 15; WB low, n = 17) (PERMANOVA: pseudo-F1,70 = 18.605, p-value <
0.001) (Fig. 4A). Rock biofilm communities also showed significant site-specificity
(PERMANOVA: pseudo-F1,34 = 15.059, p-value < 0.001).
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3.3.2

Differences in Fucus distichus microbiome compositions are maintained in a

common environment.
To determine if a shared microbial source pool and consistent environmental conditions
would result in F. distichus individuals converging to a common microbiome, regardless of site
of origin, we performed a common garden experiment. From the individuals sampled in situ, we
selected a subset of 8 individuals from each of the five sites, transported them to the lab, and
attached them to sterilized rocks (see Experimental procedures; Appendix B - Figure 1). At the
start of the experiment (sample day 1), before transplanting them into a common flow-through
seawater tank, we confirmed that F. distichus microbiomes from each site of origin were
statistically different from F. distichus microbiomes from every other site, in agreement with
above. There was no significant effect of experimental manipulation and transportation to the lab
[PERMANOVA: pseudo- F4,27 = 6.958, p-value < 0.001] (Figure 7). The most abundant ASVs
associated with F. distichus from each site were predominantly from the same families:
Flavobacteriaceae, Rhodobacteraceae, Rubritaleaceae, Saprospiraceae, and Thiohalorhabdaceae;
although the relative abundances of dominant genera within these families varied by site (Figure
8A). After five days in a common environment, differences in microbiome composition between
sites remained significant (PERMANOVA: pseudo-F4,20 = 5.787, p-value < 0.001) (Figure 7).
Strikingly, we did not observe convergence to a similar or shared microbiome composition over
time (Figure 7 and 8A).
We used pairwise comparisons of microbial community composition on F. distichus
individuals from the same site versus between individuals from different sites to determine if
more ASVs were shared between sites after five days in the common garden compared to
original microbiome compositions at the time of collection from the field. If all F. distichus
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individuals were colonized by the same microbial taxa in the common garden, or if microbes
were transmitted between hosts from different sites, we would expect to see significant increases
in community similarity between samples from different sites over time. Pairwise comparisons
of Jaccard beta-diversity, a metric based on presence/absence of shared ASVs, showed more
shared ASVs for individuals from within the same site than comparisons between hosts from
different sites; these results were similar at the start and end of the experiment (Figure 8B).
When comparing Jaccard metrics from the initial day in the common garden to day five, paired ttests showed no significant change in beta-diversity within or between sites, with the exception
of comparisons between PB and other sites and comparisons within WB low and WB west wall.
The samples from WB low became significantly more dissimilar to each other from day one to
day five in the common garden (Figure 8B; Appendix B - Table 1).
Indicator species analysis was used to identify ASVs that had colonized all individuals in
the common garden, regardless of site of origin, by the end of the experiment (day 5). Indicator
species analysis assesses the specificity and fidelity of ASVs to specific sites or groups of sites
via permutation tests (see Experimental procedures) (Cáceres and Legendre, 2009). We found
few ASVs that indiscriminately colonize F. disitchus regardless of site of origin (Appendix B Table 2), these included members of Bdellovibrionaceae. Most indicator ASVs were
significantly associated with specific sites of origin, even at the end of the experiment (Appendix
B - Table 2). These indicator ASVs belong to clades typically associated with Fucus species and
other marine macroalgae, including Saprospiraceae, Granulosicoccus, and Piruellaceae
(Appendix B - Table 2) (Bondoso et al., 2017; Parrot et al., 2019; Weigel and Pfister, 2019). The
site-specificity of indicator taxa further highlights the strong distinction between F. distichus
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microbiomes from different sites and the persistence of those distinct microbial communities
throughout the experiment.

Figure 8. Broad taxonomic groups are common to all Fucus distichus sampled but compositional differences
based on the presence/absence of specific ASVs (as measured by the Jaccard dissimilarity index) are greater
between sites than within sites at the start and end of the common garden experiment. A) Stacked bar plots of
the most abundant ASVs on F. distichus, grouped by family and genus. Each column represents an individual F.
distichus sample; samples are ordered by day of sampling and grouped by origin site. The first number of x-axis
labels is sampling day, the second number is a unique F. distichus identifier. B) Jaccard dissimilarity values for
pairwise comparisons of F. distichus microbiome samples from within the same site or between different origin sites
at the initial sampling (1) and fifth, final day in the common garden (5). We represent between-site comparisons for
each site independently, plotting the dissimilarity values between a focal site and all the others. Asterisks indicate a
significant difference in Jaccard dissimilarity between initial and final time points for a given site based on paired ttests.
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3.3.3

Differences in Fucus distichus microbiome and rock biofilm communities are

maintained following transplantation to novel environments.
To determine if the stability observed in the common garden experiment translates to
natural conditions, we performed in situ transplantation between the two sites with the most
divergent environmental conditions: high intertidal protected bay (PB) and low intertidal waveexposed site (WB low). Among the individuals initially sampled in situ, we selected a subset of
16 individuals (and 8 rocks) from each of the two sites to transplant. Some samples of specific
individuals and timepoints during the experiment were lost in the field to natural processes such
as wave action and grazing. Others were excluded to due to poor sequencing quality or sample
contamination (for details see Experimental procedures), and ultimately, we analyzed 162 highquality samples (103 F. distichus and 59 rock samples taken over the 5-day experiment). We
observed resistance to rapid change in the biofilm community of F. distichus individuals (Figure
9B) and rock substrate (Figure 9C) following transplant to a new environment. Over the course
of the experiment, both F. distichus and rock biofilm microbial communities remained more
similar in composition to controls in the native, origin site than to F. distichus individuals (or
rock substrate) in the environment to which they were transplanted (i.e., transplanted
microbiomes stayed clustered with microbiomes of the origin site rather than the destination site)
(Figure 9B and C) (Appendix B - Figure 2). For transplants from PB to WB low, we found no
significant difference in microbial community composition over time (all 3 days) on F. distichus
(n = 13) or rocks (n = 9) (PERMANOVA PB->WB low rock transplants by sample day: pseudoF1,7 = 0.913, p-value = 0.543, brown shapes in Figure 9C; PB->WB low F. distichus transplants
by sample day: pseudo-F1,11 = 1.391, p-value = 0.164, brown shapes in Figure 9B). In contrast,
for transplants from WB low to PB, we found a significant difference in microbial community
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composition over time (over all 6 days) on F. distichus (n = 47) and rock (n = 15)
(PERMANOVA WB low ->PB rock transplants by sample day: F1,13 = 2.415, p-value = 0.016,
green shapes in Figure 9C; WB low->PB F. distichus transplants by sample day: F1,45 = 5.102, pvalue < 0.001, green shapes in Figure 9B). We also compared the pseudo-F statistic of
PERMANOVA models that compare F. distichus microbiomes composition to origin and
destination site controls across sampling days with regression; we found no significant
relationship between pseudo-F statistic and day of sampling at either site (Appendix B - Figure
3). This supports our finding that transplanted hosts did not become progressively, and
significantly, more similar (i.e. less differentiated and smaller pseudo F-value) to F. distichus
hosts native to the destination site over time.
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Figure 9. Microbial communities on Fucus distichus and rock substrate from wave-protected and waveexposed habitats are distinct and experimental transplants remain more similar to the origin site than to the
destination site. A) PCoA plot based on Bray-Curtis dissimilarity of microbial communities on unmanipulated
F. distichus and underlying rock substrate from wave-exposed West Beach low (WB low) and protected Pruth
Bay (PB). PCoA plots of reciprocally transplanted (WB low -> PB and PB -> WB low) and unmanipulated
controls at each site (WB low -> WB low and PB -> PB) over time (initial sample = day 0 to final sample =
day 5) for B) F. distichus and C) rock substrate.

Indicator species analysis found numerous ASVs significantly associated with F.
distichus from both WB low and PB (Figure 9). The majority of ASVs significantly associated
with an origin site (indicator group) did not rapidly colonize F. distichus transplanted to that
indicator site. Instead, most ASVs identified as indicators from the origin site remained
associated with transplants originating from that site when transplanted to the new environment
(Figure 10). Visual inspection revealed few indicator ASVs from the destination site that
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consistently colonized individuals transplanted there; for example, Rhodobacteraceae ASV29
and ASV37 and Saprospiraceae ASV332 characteristic of WB low colonized transplants from
PB; Flavobacteriaceae ASV4, Rubritaleaceae ASV25, and Saprospiraceae ASV177 characteristic
of PB notably colonized transplants from WB low (Figure 10; Appendix B - Table 3). Instead,
we noted shifts in the community of F. distichus originating from WB low and transplanted to
PB were characterized by a systematic loss of taxa. Taxa that were lost on WB low to PB
transplants included ASVs from Leucothrix, Granulosicoccus, Rubritalea, and unknown
members of Saprospiraceae and marine group NS11-12 (Figure 10). A similar loss of ASVs was
not apparent in transplants from PB to WB low.

Figure 10. Indicator ASVs for a given site do not readily colonize Fucus distichus transplanted to that site.
ASVs (with family and genus-level taxonomic assignments) significantly associated with Pruth Bay (PB, yellow
label) or West Beach low intertidal (WB low, dark blue label) with an Indval statistic ≥ 0.9 (SI Table 3 for all
indicator ASVs). Each column represents an individual F. distichus sample. Samples are grouped by treatment
(transplant or unmanipulated control), origin location and sampling day following transplant (initial = 0 to final
= 5). The higher relative abundance an ASV is in a sample, the darker the grey rectangle. Relative abundance of
ASVs per sample were square root transformed to better visualize right-skewed abundance distributions.
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3.4

Discussion
We investigated variation in the surface microbiome of Fucus distichus with three

distinct morphotypes from five sites that are separated by small spatial distances on Calvert
Island, BC, Canada (Figure 6). Morphological variation in F. distichus is correlated with
prevailing environmental conditions such as wave exposure and vertical position in the intertidal
(Coyer et al., 2009; Pearson et al., 2010; Wahl et al., 2011). Much like macroalgal morphology,
microbial communities are also shaped by environmental conditions at local (Weigel and Erwin,
2016; Pfister et al., 2019; Quigley et al., 2020) and regional spatial scales (Campbell et al., 2015;
Marzinelli et al., 2018; Weigel and Pfister, 2019). We predicted that abiotic factors and
correlated host characteristics across sites influence the source pool of microbes colonizing F.
distichus such that microbiome composition would be differentiated in accordance with host
morphology. As expected, morphotype A individuals from three high-intertidal, wave-exposed
sites hosted microbiomes that were more similar to each other than to morphotype B or C (Figure
7). The clear differences we observed between F. distichus microbiomes from WB low
(morphotype A) and WB high (morphotype C), sites that are separated by only tens of meters,
emphasizes the role selective filtering by local environments (e.g. host morphology and/or tidal
height) plays in establishing microbiome differences on F. distichus compared to other
mechanisms such as dispersal. Unexpectedly, we also found strong and significant differences in
microbiome composition by site within a single morphotype, morphotype A, for sites separated
by hundreds of meters to kilometers (Figure 6 and 7). The site-specific microbiome on F.
distichus with the same morphology is surprising as macroalgal hosts at these sites are likely
experiencing similar wave action, seawater immersion time and UV exposure due to their
position at roughly the same tide height. It is possible that more subtle differences in local abiotic
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conditions, such as levels of desiccation, UV exposure, and temperature extremes, known to vary
within an F. distichus population and throughout a tidal cycle (Joux et al., 1999; Wright et al.,
2004; Rothrock and Garcia-Pichel, 2005; Alster et al., 2018), could affect the success of specific
microbes on a host individual. Host factors, such as morphological complexity (Lemay et al.,
2020), exudate composition (Bengtsson et al., 2011; Saha et al., 2011b; Parrot et al., 2019), and
tissue chemistry (Dethier and Williams, 2009; Weigel and Pfister, 2020) that vary across space
(Van Alstyne, 1988; Saha and Wahl, 2013) and season (Esther Rickert et al., 2016) in Fucus
species can also promote or inhibit the growth of particular microbes (Stratil et al., 2013; Saha et
al., 2014) and drive the significant variation in microbiomes within F. distichus we report. We
expect that the varied microbial taxa contributing to intraspecific differences in the microbiome
are filling similar ecological roles on F. distichus; functional consistency and taxonomic
variability are commonly observed in the microbiome of macroalgae (Burke et al., 2011; Louca,
Jacques, et al., 2016; Roth-Schulze et al., 2016, 2018; Louca et al., 2018) and in other systems
(Louca et al., 2016, 2018). Whether intraspecific differences in microbiome composition would
be maintained after abrupt environmental change is not well known.
To test the stability of site-specific differences in F. distichus microbiome composition in
the face of changing environmental conditions we used experimental transplants. We
hypothesized that transplantation to a common garden would homogenize site-specific
microbiome differences due to rapid community turnover driven by selective filtering imposed
by the common abiotic environment (Hernandez-Agreda et al., 2017; Marzinelli et al., 2018;
Lemay et al., 2018; Weigel and Pfister, 2019), recruitment from a shared microbial source pool,
or transmission between hosts. We can reject this hypothesis, at least for short time scales (hours
to days), as we found that microbial communities on F. distichus originating from different sites
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did not converge to a shared composition in our common garden environment. Site-specific
microbiome differences remained significant after five days; showing that resident F. distichus
microbiome are not quickly replaced or outcompeted in new environmental conditions. The
constructed environment of our common garden had continuous flow of natural seawater but did
not fully mimic the variation typical of natural intertidal habitats and microbial source pools.
Thus, we used reciprocal transplants in the field to investigate the stability of the F. distichus
microbiomes in ecologically realistic conditions (Greyson-Gaito et al., 2020). Again, we found
that existing differences by site of origin were resistant to change over the six-day experiment
(Figure 9) and significant differences in the microbiome by site of origin persisted. Further, we
found little evidence that bacterial taxa significantly associated with the new (destination) site
colonized transplants (Figure 10). This implies the microbiome of F. distichus does not rapidly
turnover in response to altered environmental conditions or microbial source pools at both the
community level and with respect to individual bacterial taxa. Surprisingly, we observed this
pattern of site-specificity and resistance to immediate colonization by microbes in a new
environment in both F. distichus and the underlying rock substrate. Again, these results point to
selective filtering by local abiotic conditions and priority effects (Fukami, 2015) or the dynamics
of biofilm turnover as factors that shape the structure and stability of marine surface-associated
microbial communities whether they are on living hosts or inert substrates such a rock.
Biofilm dynamics may be a particularly important determinant of the timescale of
turnover in host-associated microbial communities. Rapid microbiome turnover, on the order of
hours to days, has been demonstrated for highly disturbed or previously uncolonized host
surfaces and substrates in marine systems including corals (Ziegler et al., 2017, 2019);
macroalgae (Rao et al., 2006; Longford et al., 2019); seagrass (Wang et al., 2021); artificial
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macroalgal substrates (Lemay et al., 2020; Weigel and Pfister, 2020); and marine particles (Datta
et al., 2016). Long-term observations of transplanted marine hosts with mature and
unmanipulated biofilms see more gradual microbiome turnover, if any. In these studies,
transplanted microbiomes often become more similar to the new, destination environment on the
timescale of months or years (Ziegler et al., 2017, 2019). In some cases, however, long-term
microbiome change is attributed to seasonal turnover (Weigel and Erwin, 2017) or effects of
transplantation (Alexandra H Campbell et al., 2015; Casey et al., 2015; Uren Webster et al.,
2020) while signatures of origin-site specificity are maintained. In this study, where we do not
find evidence of rapid microbiome turnover, we propose that new colonization of mature biofilm
communities could be constrained by slow microbial growth and recruitment rates (Kirchman,
2016) as well as competition and antagonism among microbes. We surmise that transplantation
to a new environment did not represent a disturbance to the biofilm community severe enough to
facilitate rapid colonization by new microbial taxa. There is evidence for antagonism among
microbes also defending Fucus species against new microbial colonization; for example, by
antibiotic producing Rhodobacteraceae (Dogs et al., 2017). We observed high prevalence and
relative abundance of Rhodobacteraceae and other microbes in the F. distichus microbiome that
have been shown to produce antibiotics (Wiese et al., 2009; Singh et al., 2015; Chakraborty et
al., 2017), suggesting active competitive strategies may be a stabilizing force against taxonomic
turnover in new environments (Hibbing et al., 2010). More experimental studies on microbiallymediated mechanisms of microbiome assembly are needed to understand the importance of
biotic interactions in the structure and stability of the macroalgal microbiome.
We predict that natural microbial community turnover occurring on longer timescales of
weeks to months might eventually lead to shifts in microbiome composition on experimentally
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transplanted F. distichus. In support of this prediction, we observed a trend toward increasing
similarity to the destination environment in the transplants that were sampled for a longer
duration (WB low to PB = 6 days) compared to the reciprocal transplants of PB to WB low
which were sampled over 3 days (Figure 9B).
There is an emerging pattern across marine systems of greater resistance to turnover in
microbiomes originating from more variable environments following experimental manipulation.
Subtidal sponges show greater turnover following transplant than sponges from the more
variable intertidal environment (Weigel and Erwin, 2017); corals adapted to cooler, more
constant thermal regimes show greater turnover following transplant than corals adapted to hotter
and more variable thermal regimes (Ziegler et al., 2017, 2019); and offshore, surface
bacterioplankton communities show greater turnover in response to environmental change than
bacterioplankton from more dynamic nearshore waters (Wang et al., 2020). Our findings of
general stability in the microbiome of host species adapted to highly dynamic intertidal
environments, are congruent with this pattern. Within our study, F. distichus individuals that
underwent the greatest amount of microbiome change following transplant to a new environment
were from the WB low site (Figure 8B; Figure 9B). Fucus distichus from the WB low intertidal
site experience overall more stable conditions compared to individuals at higher intertidal sites.
These individuals and their associated microbes are exposed to the air for less time during a
given low tide event and also experience fewer low tide cycles overall, resulting in decreased
exposure to desiccation and temperature extremes (Wright et al., 2004; Wahl et al., 2011). Thus,
exposure to environmental variation, even within a single host species, may influence the
sensitivity of associated microbial communities to environmental change. Correspondingly, we
observed a loss of some taxa significantly associated WB low on transplants from WB low to PB
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but not on transplants from PB to WB low. This suggests certain ASVs may be more sensitive to
environmental change, even on time scales of a few days, especially if they are adapted to less
variable abiotic conditions. Additional experiments run for longer durations and specifically
designed to test if adaptations to more variable environments decrease sensitivity to
environmental change are needed to better understand the timescales and drivers of microbiome
turnover on macroalgae.

3.5

Conclusion
In conclusion, we have shown that Fucus distichus hosts a surface microbiome that

differs significantly over small spatial scales (meters to kilometers), probably in response to
different environmental conditions (e.g., wave action, tidal exposure, salinity) and/or host factors
(e.g., physiology, tissue chemistry). Following transplantation to a new, natural environment or
controlled common garden we found the microbiome of this intertidal host is stable over a short
period of time (5 days). Our findings imply that the native and site-specific microbiome is
resistant to invasion by microbes from distinct microbiomes on conspecific hosts or novel
environmental source pools. Our findings expand current understanding of microbial community
assembly in highly variable environments and show surprising stability of the microbiome in
response to environmental change over a few days to a week. Future work on macroalgae and
other systems are needed to test the generality of our findings and the hypothesis that variable
environments harbor microbial communities that are more resilient in the face of changing
environmental conditions.
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Chapter 4: Factors shaping epibiotic microbial assemblages on mussels in the
rocky intertidal zone

4.1

Introduction
Mussels are important intertidal foundation species. The microbial communities living on

or in mussels, i.e. the microbiome, play a central role in host health as well as nitrogen and
carbon cycling (Pfister, 2007; Heisterkamp et al., 2013; Pfister and Altabet, 2019) in coastal
ecosystems. The intertidal zone where mussels live is a heterogeneous habitat with abiotic
gradients of temperature, salinity, nutrients, ultraviolet (UV) light, wave action, and rainfall
(Connell, 1972; Helmuth and Hofmann, 2001; Harley and Helmuth, 2003). The position of a
mussel within the intertidal zone can affect its physiology (Place et al., 2012) and biotic
interactions (Paine, 1974; Lubchenco, 1980); all of which could influence the microbiome.
Characterizing the abiotic and biotic drivers of host-microbiome associations in foundation
species, like mussels, is critical for understanding the contribution of the microbiome to diverse
physiological and ecological functions. It can also aid in predicting the potential outcomes of
environmental change on host-microbiome associations (Wilkins et al., 2019).
Mussels have long been a model of ecological zonation in the intertidal (Paine, 1966,
1974) and are increasingly susceptible to mass mortality events (Harley, 2008; Seuront et al.,
2019) and other climate change related stressors (Frölicher et al., 2018). Thus, natural
populations of intertidal mussels represent a valuable system for studying host-microbiome
associations across heterogenous environmental gradients which are under heightened pressures
from climate change. Previous studies of the mussel microbiome have investigated the microbial
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diversity of internal tissues and fluids (Li et al., 2018; Vezzulli et al., 2018), especially in
relationship to disease-causing agents (Li et al., 2019), because of their economic value and
impacts on human health (Rubiolo et al., 2019). Less is known about the factors shaping the
epibiotic shell microbiome which serves as an interface or protective cover between mussels and
the abiotic environment.
Some constituents of the mussel shell microbiome, endolithic cyanobacteria, have
received research attention because of the role these organisms play in host survivability.
Endolithic cyanobacteria are parasitic microbes that bore into mussel shells causing decreased
shell thickness and strength. The energetic costs to repair shell damage can compromise mussel
growth, byssal attachment strength, and increase mortality (Kaehler, 1999; Zardi et al., 2009).
The boring activity by endolithic cyanobacteria removes the dark, outer periostracum of mussel
shells exposing the light gray prismatic layer. The lighter-colored, eroded shells reflect UV
radiation and the porosity of eroded shells helps mussels retain more water compared to
uneroded mussel shells (Gehman and Harley, 2019). Consequently, high levels of endolithic
cyanobacteria infestation and resultant erosion reduce stressful heat gain and mussel mortality
during high temperature events at low tide (Zardi et al., 2016; Gehman and Harley, 2019). Thus,
the parasitic shell-boring cyanobacteria become mutualistic in a context-dependent manner
during intense thermal stress (Gehman and Harley, 2019). There is some evidence that
infestation by endolithic cyanobacteria increases with elevation in the intertidal zone because
photosynthesis of these organisms is enhanced by the prolonged exposure to light (Marquet et
al., 2013). The relationship between endolithic cyanobacteria abundance, shell erosion, and
intertidal elevation in the northeastern Pacific is not well understood and the composition of
endolithic cyanobacteria assemblages on mussel shells in this region have not yet been examined
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using molecular tools (Bower et al., 2002). We characterized the cyanobacterial assemblages on
the California mussel, Mytilus californianus, using 16S rRNA amplicon sequencing and
examined the relationship between host, parasite, shell erosion and overall microbiome
composition across elevation gradients in the rocky intertidal zone at four sites in British
Columbia, Canada.
It is possible that host biology acts as a selective filter on microbial colonization of
mussel shells, as demonstrated for the internal compartments of diverse hosts (Woodhams et al.,
2020) and protective outer layers of marine host species like corals (Glasl et al., 2016). For
example, the biochemical composition (Bers et al., 2006) or microtopographies (Bers et al.,
2005) of an intact periostracum or waste products excreted by the host (Pfister et al., 2014) could
influence which microbes colonize mussel shells. Alternatively, the shell may represent a
calcium carbonate surface on which the microbiome is strictly shaped by abiotic factors that
constrain microbial growth or productivity (Palinska et al., 2017). Experimental manipulation is
a necessary tool for determining the role of host control and abiotic variation in shaping the
composition of the mussel shell microbiome.
In this study, we experimentally tested the hypothesis that shell microbiome composition
and shell erosion caused by endolithic cyanobacteria is influenced by the biology of a live host.
We transplanted uneroded pairs of live and killed mussels across an intertidal elevation gradient
at four sites and characterized the shell microbiome 2-3 months later using 16S rRNA gene
amplicon sequencing. We predicted 1) that the shells of transplanted live mussels would be less
susceptible to erosion by endolithic cyanobacteria and 2) that the microbiome on live mussel
shells would be significantly different than the microbiome on killed mussel shells when exposed
to different abiotic conditions because of the selective filtering of microbes by host biology.
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4.2
4.2.1

Materials and methods
Experimental conditions

Figure 11. Map of mussel transplant sites.

Mussel transplant experiments were conducted in 2017, at four sites around
coastal British Columbia, Canada that are dominated by the California mussel, Mytilus
californianus (Figure 11). Two sites were on Calvert Island near the Hakai Institute
Ecological Observatory: one on the north side of the island (Crazytown, Table 2) and one
on the west side of the island (Platform 6 ¾, Table 2). The other two sites were located
on Vancouver Island; Otter Point in Sooke and Bluestone Point near the Bamfield Marine
Sciences Centre (Table 2).
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Site

Region

Latitude

Longitude

Initial experimental
pairs (n)

Transplant date

Microbiome
sampling date

(2017)

(2017)

Live
(n)

Killed
(n)

Unmanipulated
controls (n)

Microbiome samples analyzed

Bluestone
Point

Vancouver
Island

48.82304

-125.1617

11,10

28 April,
27-28 June

18-Sep

19

24

10

Otter Point

Vancouver
Island

48.35714

-123.8231

11,12

26-27 April,
21,23-24 June

18-Sep

19

22

11

Crazytown

Calvert Island

51.66751

-128.1333

19

26-28 May

21-Sep

14

13

15

Platform 6
and 3/4

Calvert Island

51.63939

-128.1525

23

26-30 April

20-Sep

12

13

10

Table 2. Mussel transplant study locations, number of experimental transplants, key dates, and microbiome
sample numbers.

Individual mussels used in this experiment were collected from low elevation mussel
beds (donor beds) near the experimental transplant sites. Small mussels (25-30mm) with minimal
erosion (<20%) were selected for transplanting. Each individual experimental plot contained two
mussels: one live mussel set in epoxy in an orientation that allowed the shell to continue to open
and close, and one killed mussel with one half of the shell set into the epoxy so the exterior of
the shell faced outward. A total of 19 to 23 plots were established per site over a range of dates
between April and June 2017. Microbiome samples of transplanted and unmanipulated live
control mussels from the donor beds were taken in September 2017, at the conclusion of the
experiment (Table 2). Of the experimental plots sampled, 10 to 12 transplanted pairs per site had
sufficient amplicon sequencing read coverage for paired microbiome data analysis. Plots where
only one mussel from the experimental pair had sufficient read coverage were included in some
downstream analyses.

4.2.2

Abiotic measurements
Roughly half the experimental plots at each site were inlaid with iButton temperature

loggers which recorded temperature hourly during the study. Temperature data was extracted
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from each iButton and separated into measurements of exposed rocky substratum (subaerial) and
seawater (immersed) based on whether the plot was submerged during that measurement using
tide charts and the elevation (tide height) of the plot. For each plot, the average and 90th quantile
temperature values were calculated for subaerial and immersed time periods. Elevation in the
intertidal zone was calculated using tide charts, combined with measures of seawater height and
the height of each plot against the stationary position of a laser level. On Calvert Island,
elevation and tide height was measured using a combination of Real Time Kinematic (RTK)
positioning survey and drone based digital surface elevation models. Using a geographic
information system, we extracted elevation data for all survey plots and temperature loggers not
directly measured with the RTK survey.

4.2.3

Mussel and erosion data collection
The area of mussel shell eroded was quantified for each transplanted individual at the

start and end of the experiment. The eroded area of the upper mussel shell and the total area of
the upper mussel shell were measured using ImageJ () and used to calculate percent of shell area
eroded. Erosion rate (change in proportion eroded*w-1) was calculated based on start and end
values. Mussel shell length was measured in the field and growth rate (mm*week-1) was
calculated which demonstrated that live transplanted mussels maintained normal growth during
the experiment (Gehman and Harley, 2019).

4.2.4

Microbiome sample collection and DNA extraction
To characterize the microbiome of transplanted and live control mussels, we sampled the

shells in situ for 16S rRNA gene amplicon sequencing. Sampling involved rinsing each shell
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with 0.22μm filtered, sterile seawater for 10 seconds to remove transient environmental microbes
and then rubbing with a Puritan® sterile swab for 10 seconds. Swabs were deposited in
individual 2ml cryovials (VWR), placed in coolers on ice, and upon return to the lab (6 hours or
less after collection), stored at -80˚C until DNA extraction.

4.2.5

16S rRNA gene amplicon sequence processing
DNA was extracted from swabs using the MoBio PowerSoil®-htp 96 well DNA

extraction kit (Carlsbad, CA) following the manufacturer’s recommended protocol. Extracted
DNA was sent to Integrated Microbiome Resource (IMR), Centre for Comparative Genomics
and Evolutionary Bioinformatics (CGEB) at Dalhousie University for PCR amplification and
library construction. Primers targeted the V4-V5 region of the 16S rRNA gene for bacteria and
archaea, 515f: 5’–GTGYCAGCMGCCGCGGTAA–3’ and 926r: 5’–
CCGYCAATTYMTTTRAGTTT –3’ (Comeau et al., 2011). Amplicon library preparation and
sequencing with Illumina MiSeq using paired-end (2 × 300 bp) v3 chemistry was performed at
the Integrated Microbiome Resource at Dalhousie University, Halifax, Nova Scotia, Canada
according to published protocols (André M Comeau et al., 2017). Quality filtering, trimming,
dereplication, chimera removal, inference of true amplicon sequence variants (ASVs), and
taxonomic assignment against the SILVA database (v.1.3.2) was done with DADA2 (Callahan et
al., 2016). For DADA2 processing, the filter and trim step was set to a minimum read length of
150bp forward and 120bp reverse. Reads were truncated after a quality score of less than or
equal to two. Reads with higher than 8 forward and 10 reverse maxEE "expected errors'' were
discarded. Chimera detection was done using the pooled method. Singletons and reads assigned
as mitochondria were removed for downstream analyses.
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4.2.6

Statistical analyses
All statistical tests were conducted in R (R Core Team, 2019; version 3.6.2). 16S

amplicon sequencing data were rarefied to 1763 reads per sample. To test if the mussel shell
microbiome composition varied among geographic locations we compared Bray-Curtis
dissimilarity metrics of live control mussels using PERMANOVA in the vegan package
(Oksanen et al., 2019) and conducted pairwise comparisons between sites using the
pairwiseAdonis wrapper function (Martinez Arbizu, 2020). To determine if the shells of killed
mussels had different overall microbiome composition compared to live hosts, we used
PERMANOVA on Bray-Curtis dissimilarity metrics with sampling location as strata. All
PERMANOVA tests were conducted with 999 permutations. Differences in alpha diversity
between live controls from each of the sites were evaluated with Kruskal-Wallis tests for both
richness (total observed amplicon sequence variants (ASVs)) and Shannon-Weaver index (H’).
Differences in alpha diversity between live and killed mussel shells were quantified with paired
Wilcoxan tests for each of the four sites.
To examine the community structure and relative abundance of putative shell-boring
cyanobacterial taxa, we analyzed the relative abundance of reads assigned to cyanobacteria in
experimental treatments and geographic sites after excluding chloroplast sequences. Chloroplast
reads from micro- and macroalgae are assigned to the phylum cyanobacteria based on 16S rRNA
gene amplicon sequencing. We analyzed chloroplast sequences separately to gain an
understanding of eukaryotic algal colonizers on mussel shells which can also be endolithic
(Palinska et al., 2017). We tested for differences in the relative abundance of cyanobacteria reads
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and chloroplast reads between treatments at all sites combined and between treatments at each
site using Kruskal-Wallis tests.
We used IndVal analysis from the indicspecies package (Cáceres and Legendre, 2009) to
identify ASVs that were significantly associated with live or killed experimental transplants that
differed in shell erosion. We also identified taxa significantly associated with transplant and live
control hosts. The IndVal analysis assesses the relationship between ASV occurrence or
abundance values from a set of samples and classification of those samples into groups, which
may represent habitat types, sampling points, experimental treatments, etc. The method
calculates an IndVal index value based on specificity, or the proportion of samples in a group in
which the ASV is found, and fidelity, or the proportion of the counts of that ASV (abundance)
that are exclusive to the group (Dufrêne and Legendre, 1997). An index value is calculated for
every ASV, in every group, and the ASVs with the highest association value for a particular
group are identified using permutation tests to assess the statistical significance of the
relationship.
The envfit function in the vegan package was used to assess the contribution of site, shell
erosion, and abiotic variables to variation in the PCoA ordination of samples based on BrayCurtis dissimilarity values. The calculated or continuous abiotic variables included in the model
were intertidal elevation, immersed temperature (90th quantile values), and exposed temperature
(90th quantile values). A Mantel test was used to confirm the statistical significance of
correlations between continuous abiotic variables and microbial community similarity between
samples.
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4.3

Results
We sampled 46 live unmanipulated control and 136 experimentally transplanted mussels

across four geographic sites in British Columbia, Canada (Table 2). A total of 6647165 reads
were kept after processing via the DADA2 pipeline which included 5126 unique amplicon
sequence variants (ASVs).

4.3.1

Live mussels experience less erosion by endolithic cyanobacteria.
We tested whether shell erosion by endolithic cyanobacteria is potentially modulated by

live mussel hosts at four rocky intertidal sites. The area of mussel shell eroded over the course of
the experimental period was significantly lower for live transplants compared to killed
transplants across the dataset (Wilcoxan p = 0.0004; Figure 12A). Variation in erosion between
experimental treatments was driven by significant differences at Otter Point (p-value < 0.001)
and Crazytown (p-value = 0.031) (Appendix C - Figure 1). We used IndVal analysis to identify
bacterial taxa differentially associated with live and killed mussel transplants that experienced
significant differences in erosion at Otter Point and Crazytown. Killed mussel shells with
increased erosion were more likely to be colonized by uncharacterized Rhodobacteraceae and
Maribacter spp. Live mussel transplants with significantly less erosion than the killed transplants
were associated with Maribius spp (Appendix C - Table 1). The relative abundance of reads from
photosynthetic taxa (cyanobacteria and eukaryotic algae) did not differ between live and killed
mussel transplants (p-value = 0.17; Figure 12B). The relative abundance of reads from
potentially endolithic taxa did not differ between live and killed mussel transplants (Figure 12 C)
and was not significantly correlated with elevation in the intertidal zone (Pearson’s R, R2 =
0.059, p-value = 0.5; Appendix C - Figure 2 and 3).
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Figure 12. Paired Wilcoxan tests examining differences in A) percentage of shell area eroded, B) relative
abundance of 16S rRNA reads from all cyanobacteria and eukaryotic algae, and C) relative abundance of
16S rRNA reads from potentially endolithic taxa for pairs of live and killed mussel transplants.

4.3.2

Mussel shell microbiomes are correlated with abiotic factors rather than biotic

interactions.
We examined patterns of beta diversity across all four sites to understand the contribution
of geographic location to variation in the mussel shell microbiome. Site contributed significantly
to the structure of the mussel shell microbiome on unmanipulated live controls (PERMANOVA:
R2 = 0.200, pseudo-F = 3.49, p-value = 0.001; Appendix C - Figure 4) and pairwise comparisons
showed significant differences in composition between all sites except for between Crazytown
and Platform 6 & 3/4 (Appendix C - Table 2). Alpha diversity, as quantified by ASV richness
and Shannon-Weaver index (H’), was significantly higher in mussels from the donor beds on
Vancouver Island compared to those from Calvert Island (ASV richness: F = 43.22, p-value <
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0.001; H’: F = 27.19, p-value < 0.001). Site also explained significant variation in microbiome
beta-diversity of experimentally transplanted mussels based on the Bray-Curtis metric
(PERMANOVA: R2 = 0.079, pseudo-F = 5.059, p-value = 0.005; Figure 13).

Figure 13. Non-metric multidimensional scaling analysis of Bray-Curtis dissimilarity for mussel shell
microbiome samples.

Experimentally transplanted live and killed mussel shells did not have significantly different
microbial communities in terms of alpha diversity (Shannon-Weaver index (H’): p-value = 0.23;
ASV richness: p-value = 0.81) (Appendix C - Figure 5). Beta-diversity based on Bray-Curtis
dissimilarity was also not significantly different between live and killed transplanted mussels
(Figure 13; Table 3). The microbiome of transplanted mussels, regardless of host viability, was
significantly different from those of live control mussels (PERMANOVA: R2 = 0.040, pseudo-F
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= 7.506, p-value = 0.001; Table 3; Figure 13 and 14). IndVal analysis between transplant and
live control mussels identified many ASVs, including those assigned to Lewinella and
undescribed Rhizobiaceae, as well as Pleurocapsa, Phormidesmis and chloroplast ASVs as
significantly enriched on the shells of transplanted mussels (Appendix C - Table 3).

Figure 14. Bar plots of the relative abundance of dominant microbial families on mussel shells across sites
and treatments. Each bar represents an individual mussel shell sample. Samples from live and killed transplants
are arranged from left to right by increasing elevation in the intertidal zone. Samples from live control mussels
were all taken from the lowest extent of the mussel bed at each site.
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Treatment
comparison

Df

SumsOfSqs

F Model

R2

p-value

p-adjusted

killed vs live

1

0.304

0.863

0.006

0.6

1

killed vs live control

1

2.103

5.581

0.046

0.001

0.003

live vs live control

1

2.39

6.53

0.057

0.001

0.003

Table 3. Pairwise PERMANOVA results of Bray-Curtis dissimilarity between live transplants, killed
transplants, and live control mussels for all sites combined.

To understand the effect of abiotic conditions that vary within the intertidal zone on the
mussel shell microbiome, we tested for differences in diversity metrics on experimentally
transplanted mussels across the continuous range of intertidal elevations to which they were
transplanted. There was a significant negative relationship between alpha diversity and elevation
at Otter Point for the shell microbiome of both live and killed mussel transplants (Appendix C Figure 6). There was not a significant relationship between alpha diversity and elevation at any
other sites. The relationship between microbiome beta diversity, based on the Bray-Curtis metric,
and tidal elevation of mussel transplants was significant when considering all sites combined
(PERMANOVA: R2 = 0.047, pseudo-F = 6.64, p-value = 0.005; Appendix C - Figure 7).
To further explore the effects of biotic and abiotic variation on the mussel shell
microbiome, we examined the role of geographic location, shell erosion, intertidal elevation,
subaerial (substratum), and immersed (seawater) temperatures in explaining differences in the
composition of the mussel shell microbiome. Temperature data were collected for approximately
half of the transplanted mussel pairs at each site. There was, however, significant loss of
temperature loggers during the study, so we examined microbiome variation for a subset of
transplant pairs with available iButton temperature data (n = 21 pairs; Bluestone Point, n = 4;
Otter Point, n = 4; Crazytown, n = 7; Platform 6 & 3/4, n= 6). The variables site, intertidal
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elevation, 90th quantile immersed temperature and 90th quantile subaerial temperature explained
significant variation in the first two axes of the multi-dimensional ordination space for BrayCurtis dissimilarity of transplanted mussels (Table 4; Figure 15). A Mantel test confirmed
significant dissimilarity of shell microbiomes between mussel transplants of increasing distance
apart along vertical elevation gradients in the intertidal (p-value < 0.001). Measured shell erosion
was not significantly correlated to elevation of transplants in the intertidal zone (Pearson’s R, R2
= 0.028, p-value = 0.75) nor was it a significant predictor of microbiome differences (Table 4).

R2

p-value

Site

0.2361

0.001

Treatment

0.0173

0.426

Elevation

0.1434

0.027

Immersed temperature (90th quantile)

0.1298

0.035

Subaerial temperature (90th quantile)

0.3118

0.001

Shell area eroded (%)

0.0042

0.896

Table 4. Envfit results of the explanatory variables contributing to mussel shell microbiome dissimilarity
(Bray-Curtis) for transplanted mussels with available iButton data corresponding to the PCoA plot presented
in Figure 15.
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Figure 15. Drivers of dissimilarity in shell microbiome diversity among transplanted mussels.
Significant continuous explanatory variables (arrows) from Table 4 are displayed on the PCoA plot based on
Bray-Curtis metric. Plotted samples are transplanted mussels with available iButton temperature (T) data.

4.3.3

A few taxa dominate cyanobacteria assemblages on mussel shells.
We characterized the cyanobacterial assemblages on shells of Mytilus californianus to

understand the composition and distribution of these organisms in coastal British Columbia
(Appendix C - Figure 8). We found the relative abundance of cyanobacteria reads was higher on
transplants than live controls at the two sites on Vancouver Island (Appendix C - Figure 3) but
there was no difference in the relative abundance of cyanobacteria reads between live and killed
treatments across the dataset (Appendix C - Figure 3). The cyanobacteria assemblages were
dominated by reads from two genera, Pleurocapsa and Phormidesmis, which consistently
cooccurred at roughly the same ratio across the dataset (Appendix C - Figure 9). In a few
samples, Pleurocapsa was detected but Phormidesmis was not (Appendix C - Figure 8). The 16S
rRNA gene primers also amplify sequences from chloroplasts of eukaryotic algae, so we also
examined these communities on mussel shells because some marine eukaryotic algae are
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endolithic (Marcelino and Verbruggen, 2016). We found chloroplast reads were significantly
higher on experimental transplants compared to live controls (Appendix C - Figure 3) and
exhibited a significant negative correlation with tidal elevation (Appendix C - Figure 2).

4.4
4.4.1

Discussion
Erosion activity by endolithic cyanobacteria depends on host condition.
We hypothesized that live mussels would be less susceptible to erosion by endolithic

cyanobacteria because live hosts have the potential to influence cyanobacteria colonization and
erosion activity by modulating the shell surface. Such modulation could come from active shell
surface maintenance, alteration of the shell thermal environment via evaporative cooling, or
other biochemical mechanisms. In agreement with our hypothesis, we found significantly less
erosion on live mussel shells compared to paired killed transplants. This pattern was evident in
the significant differences in the percentage of shell eroded between live and killed mussel
transplants at two out of the four sites. The site-specificity of these results is supported by
findings that endolithic erosion rates can depend on abiotic conditions (Kaehler, 1999; Zardi et
al., 2009). Alternatively, abiotic factors that varied between sites could have weakened the
periostracum and facilitated erosion on killed mussel shells in a site-specific manner (Kaehler,
1999). Still, differences in erosion between live and killed mussels in some abiotic contexts
suggests that live mussels may have the capacity to influence the activity of shell-boring
parasites.
Interestingly, we did not find a significant difference in the relative abundance of
cyanobacterial reads between live and killed mussels at any site. We expected that increased
shell erosion would be correlated with a more abundant cyanobacteria community. It is possible
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that our sampling method did not capture endolithic cyanobacteria cells that are localized inside
small bore holes on highly eroded shells, leaving out a significant proportion of the
cyanobacteria community in the amplicon sequencing data.

4.4.2

Known endolithic taxa dominate cyanobacteria assemblages on mussel shells in the

northeastern Pacific.
The cyanobacteria assemblages on mussel shells were dominated by Pleurocapsa spp.
and Phormidesmis spp.; Pleurocapsa are usually late-successional stage endolithic taxa
(Ndhlovu et al., 2021). They have previously been described as members of endolithic
assemblages that are responsible for significant shell erosion in other mussel species (Kaehler,
1999). Phormidesmis are filamentous cyanobacteria with few records of endolithic activity in
marine hosts. Cooccurrence of these two taxa at a relatively consistent ratio on mussel shells, and
the infrequent observation of Pleurocapsa in the absence of Phormidesmis suggests that
Pleurocapsa may facilitate shell colonization by Phormidesmis. While we did not take samples
at the start of this experiment to examine this hypothesis, future research could take samples over
time to test for successional dynamics or facilitation in the algal communities on mussel shells. It
is not clear why relative abundance of the putative shell-boring taxa was not positively correlated
with measured shell erosion or intertidal elevation as predicted (Kaehler, 1999). It is possible that
recruitment dynamics of endolithic cyanobacteria might be confounded with the abiotic drivers
of their erosion activity. Since we selected low elevation mussels with little to no erosion for
transplantation, the experimental mussels could have had a very reduced endolithic community
at the start of the experiment, and thus cyanobacteria detected on transplanted mussels were
recruited to mussel shells over the course of the experiment. In this case, the microbiome
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samples may have been taken before significant erosion took place under site-specific abiotic
conditions. Abiotic factors including water movement and air temperature have previously been
shown to affect the distribution and activity of endolithic cyanobacteria (Kaehler, 1999).
Nonetheless, this study makes an important contribution showing Pleurocapsa, a known shell
boring cyanobacterium, dominates the 16S rRNA sequence reads of cyanobacterial assemblages
on California mussels in British Columbia, Canada which have not previously been characterized
using molecular techniques (Bower et al., 2002). It is noteworthy that we detected a high relative
abundance of chloroplast reads, many without family-level or finer taxonomic assignment, on
mussel shells across the dataset. Given that marine eukaryotic algae can also be endolithic
(Marcelino and Verbruggen, 2016; Pernice et al., 2019), it would be interesting to further
characterize phototrophic eukaryotic taxa on mussels to determine if these organisms are
euendoliths, contributing to shell erosion in the northeastern Pacific, or if their colonization of
mussel shells is merely facilitated by endolithic cyanobacteria.

4.4.3

Shell erosion and host condition are not significant predictors of the overall mussel

shell microbiome taxonomic structure.
We found differences among sites to be the most significant correlate with mussel shell
microbiome composition in unmanipulated controls. These results are aligned with observations
of strong differences in the microbiome of whole mussels between marine lakes and open marine
waters (Cleary and Polónia, 2018) and increasing dissimilarity in the gill and shell microbiome
of Mytilus californianus across a latitudinal gradient (Neu, Allen, et al., 2021). Microbiome
variation across spatial or geographic locations indicates that prevailing environmental
conditions and microbial source pools strongly impact mussel shell microbiome assembly.
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By transplanting mussels across elevations in the intertidal zone, we provide additional
evidence for the role of abiotic filtering in shaping the mussel shell microbiome. Particularly, we
show elevation, subaerial substratum temperature, and immersed seawater temperature, are
significantly associated with observed differences in the mussel shell microbiome. Intertidal
elevation has been shown to influence the digestive gland microbiome of oysters and clams in a
recent transplant study (Offret et al., 2020) and the microbiome of sympatric macroalgae (Lemay
et al., 2020; Quigley et al., 2020) and benthic microbial communities (Rothrock and GarciaPichel, 2005; Okamoto et al., 2022) are also shaped by geographic location and position in the
intertidal zone. We suspect that thermal or other abiotic factors that vary across intertidal
gradients can select for microbial taxa with distinct abiotic preferences (Yung et al., 2015) and
lead to spatial microbiome variation across the intertidal zone. For example, the mussel and
oyster gut microbiomes are shown to exhibit temperature-driven compositional convergence at
distinct geographic locations (Pierce and Ward, 2019). Likewise, the effect of intertidal abiotic
gradients is recognized to influence the distribution of macroorganisms and microeukaryotes
(Connell, 1972; Okamoto et al., 2022). Our research provides novel evidence for similar abiotic
structuring of microbial communities on the external surface of an intertidal foundation species.
The distinct shifts in transplanted mussel shell microbiomes observed at different elevations in
the intertidal zone may indicate the potential for future extreme weather events and predicted
ocean warming to dramatically impact the mussel shell microbiome and its ecological functions.

4.5

Conclusion
In this study we find experimental evidence of differential erosion by endolithic

cyanobacteria on killed mussel shells compared to on live hosts, suggesting some potential for
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host biology to influence erosion by shell-boring parasites. We identify potential endolithic
cyanobacteria taxa occurring broadly on mussel shells and surprisingly find the overall shell
microbiome composition is not affected by shell erosion or interactions with living hosts.
Transplanting mussels throughout an elevation gradient in the intertidal zone caused marked
shifts in microbiome composition for both live and killed hosts. Our findings demonstrate that
the shell microbiome of the California mussel is correlated more strongly to spatially variable
abiotic factors than biotic interactions with the host or shell-boring parasites. The results from
our experimental transplants further indicate that alterations in abiotic conditions have the
potential to significantly impact the mussel shell microbiome with unknown consequences for
host health and ecosystem functions.
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Chapter 5: Successional dynamics of the cultivated kelp microbiome

5.1

Introduction
Kelp are important primary producers and habitat-forming species in coastal ecosystems

(Teagle et al., 2017). Kelp tissues are colonized by diverse microbial communities with genetic
repertoires involved in vitamin synthesis, host settlement and developmental cues, defense and
stress responses, polysaccharide metabolism, and nutrient cycling. The functional capacity of the
kelp microbiome suggests it plays essential roles in both host biology and coastal
biogeochemical cycles (Ji et al., 2017; Vollmers et al., 2017; Lin et al., 2018). Thus, increased
knowledge of the composition and dynamics of kelp-microbial associations is critical to for a
holistic understanding of kelp health and coastal ecosystem functioning.
Globally, many kelp populations are in decline (Krumhansl et al., 2016). Some of the
factors negatively impacting kelp, like disease, fouling, marine heat waves, and anthropogenic
disturbance, also affect the kelp microbiome (Morris et al., 2016; Marzinelli et al., 2018; Minich
et al., 2018; Qiu et al., 2019; James et al., 2020; Zhang et al., 2020). In corals, marine foundation
species also facing global declines, the microbiome has been shown to mitigate effects of
negative stressors on the coral host. Extensive research on the composition, functions, spatial,
and temporal dynamics of the coral microbiome (reviewed in van Oppen and Blackall, 2019) has
helped identify specific microbial taxa or consortia that can be inoculated onto corals to enhance
host growth, survivability, or resilience (Rosado et al., 2019; Zhang et al., 2021). A similar
approach utilizing the microbiome to benefit kelp under changing ocean conditions holds great
promise (Ghaderiardakani et al., 2020), but additional research is needed to understand the
factors influencing kelp-microbial associations and microbiome assembly.
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Cultivation of kelp is gaining research attention as a method to restore declining kelp
populations (Wood et al., 2019) and to diversify the sustainable aquaculture sector (Grebe et al.,
2019). Kelp cultivation could be an ideal application of microbiome manipulation to enhance
production and restoration outcomes, but little is known about the composition and turnover of
the kelp microbiome during the cultivation process. The kelp cultivation process involves
collecting reproductively mature, parental sporophytes and releasing zoospores from parental
sorus tissue which settle onto seedstring in hatchery aquaria (Forbord et al., 2018) (Figure 16).
The microscopic kelp on seedstring are grown in filtered seawater (i.e., near-sterile conditions)
amended with artificial nutrients and light at the hatchery until they reach a target blade size as
juvenile sporophytes (Redmond et al., 2014). The macroscopic juvenile sporophytes are then
outplanted from the hatchery to anchored lines at open ocean cultivation sites where they
continue to grow in natural seawater (Forbord et al., 2018) (Figure 16). The hatchery would be
the easiest stage in the cultivation process for changing kelp-associated microbial communities
because of the controlled abiotic conditions, small scale, and protocols to reduce extraneous
microbial colonizers (i.e., microbial source pool). Changing the kelp microbiome in the hatchery
has the potential for long lasting impacts on the host. Evidence for this effect is based on findings
from corals (Damjanovic et al., 2019; Epstein et al., 2019) and terrestrial crops (Barret et al.,
2015; Walsh et al., 2021), where microbiome assembly in early life stages sets the overall
microbiome successional trajectory for the host. The microbiome on early life stages of kelp has
received little research attention, and it is not known if microbes colonizing juvenile kelp persist
on host tissues as they grow. It is also unknown if there are differences in cultivated kelp
microbiome dynamics across a range of ecologically and economically valuable kelp species that
differ in life history strategies and tissue chemistry. The limited previous studies have focused
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only on one species, Saccharina japonica (Zhang et al., 2020; Han et al., 2021). For microbiome
manipulation to be a useful tool in kelp cultivation, it is important to characterize the extent and
predictability of microbiome change throughout the cultivation process across a range of hosts.
This will allow assessment of whether microbial benefits can be transferred from controlled
conditions to complex ecological settings (Sessitsch et al., 2019; French et al., 2021).
In this study we tested whether microbes that colonize cultivated kelp in the hatchery
persist or shape microbial community succession over time. We hypothesized that the
microbiome of kelp in the hatchery would be low in taxonomic richness and very consistent
between replicate samples because the hatchery conditions are highly controlled compared to
natural seawater. We hypothesized that host species-specific microbiome differences would be
observed in the hatchery, despite the similar growing conditions. We expected that some host
species-specific microbial associations established in the hatchery would persist on hosts after
outplanting. We predicted those stable associations would be rare but detectable within a
background of overall microbiome change following outplanting to open ocean cultivation sites.
We hypothesized that microbiome change occurring after outplanting would involve an overall
increase in taxonomic richness and reflect different microbial source pools at each cultivation
site. We expected cultivation site-specific communities to emerge on outplanted kelp because
wild kelp show variation in microbiome composition driven by abiotic and regional factors
(Weigel and Pfister, 2019; Wood et al., 2022).
To test our hypotheses, we outplanted replicate seedstring spools of two brown algal
species, Saccharina latissima and Alaria marginata, grown in the same hatchery, to five
environmentally distinct cultivation sites in British Columbia, Canada. We sampled the hatchery
microbiome of the young sporophyte kelp and took samples at three timepoints (approximately
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every six weeks) after outplanting the kelp (Figure 16) to characterize microbiome changes
throughout the cultivation process at each cultivation site. We compared our results from BC to a
similar study in Washington, USA. This allowed us to assess the generalizability of our findings
in kelp originating from different parental populations that were grown in different hatchery and
field cultivation conditions. Understanding how different abiotic conditions affect kelp
microbiome assembly in cultivation is important because site selection is an integral part of kelp
cultivation or habitat restoration efforts (Bruhn et al., 2016). Identifying persistent microbial
associations and putative benefits in diverse environmental contexts will be necessary for
widespread adoption of kelp microbiome manipulation (Clouse and Wagner, 2021).

Figure 16. Overview of kelp cultivation and study sampling design.
Artwork of reproductive Saccharina latissima by Jungsoo Park.
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5.2
5.2.1

Materials and methods
Study area
Kelp seedstring cultures were started from spores obtained from wild parental

populations collected near Bamfield Marine Sciences Centre in British Columbia, Canada
(48.839, -125.140) and Hood Head in Washington, USA (47.883, -122.614). Settled spores went
through germination and fertilization on seedstring using batch culture in indoor aquaria at two
hatcheries: Canadian Kelp Resources (CKR), Bamfield, BC, Canada and Manchester Research
Station (MRS) NOAA Lab, Manchester, WA, USA. Kelp on seedstring were grown in the
hatcheries until they became macroscopic juvenile sporophytes (1-4 mm blade length). Juvenile
sporophytes of Saccharina latissima and Alaria marginata were outplanted at five sites in BC:
Site 1 and Site 2 in Loughboro inlet, Interfor, East West Bay, and Talbot Cove (Figure 17). The
BC Alaria marginata seedstring was outplanted 25-26 November 2020 and the Saccharina
latissima seedstring was outplanted 16-17 December 2020. In WA, Saccharina latissima
seedstring was outplanted to one site at Hood Head on 11 January 2019 (Figure 17).
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Figure 17. Map of kelp hatchery and field cultivation sites.

5.2.2

Microbiome sample collection
Seedstring microbiome samples were collected from juvenile sporophytes (1-4 mm blade

length) just prior to outplanting by swabbing a 3 cm2 area of the seedstring on PVC spools at
MRS with a sterile swab or by cutting 5 cm lengths of seedstring from CKR into sterile Whirlpak
bags. Hatchery seawater and aquarium tank walls were sampled at MRS to compare colonization
of living kelp tissue to the microbial source pools in seawater and non-host hatchery surfaces.
Seawater samples were collected from the hatchery aquaria by filtering 500ml of water through a
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0.22µm Sterivex filter (Millipore Sigma) using a sterile syringe. Tank wall swabs were collected
over a 5 cm2 area near the center of immersed vertical aquarium wall. In WA, outplanted kelp
were sampled two months after outplanting, on 21 March 2019, by rinsing meristematic tissue
(site of newest blade growth and recent microbial colonization) with 0.22µm filtered, autoclaved
seawater for 10 seconds and then swabbing 2 cm2 of the rinsed area with a sterile swab. In BC,
whole blades of outplanted kelp were collected into individual sterile bags during the February
and April 2021 sampling. At the final sampling for the BC study (22-24 June 2021), both swabs
and whole blade samples were taken to compare microbiome composition between swab and
whole-tissue sampling methods (Appendix D - Figure 1). Triplicate seawater samples were taken
at cultivation sites ~30cm below the surface and filtered onto Sterivex filters as described above.
Swabs of the cultivation line, on which the seedstring was outplanted, were used to characterize
and compare the microbiome of non-host substrate at the cultivation sites. Field collected swabs,
whole tissue samples and Sterivex filter cartridges were immediately placed on ice until return
from the cultivation sites (< 6 hrs) and then temporarily stored at -20ºC until transportation on
ice to the laboratory for long-term storage at -80ºC.

5.2.3

DNA extraction and 16S rRNA amplicon sequencing
DNA was extracted in random order from swabs, Sterivex filters, 2 cm lengths of

seedstring, and 2 cm2 pieces of meristematic tissue excised from frozen whole kelp blades with
sterile razor blades. DNA extraction was performed using the DNeasy 96 Powersoil Pro Kit
(Qiagen) following the manufacturer's guidelines. Extracted DNA was cleaned of PCR inhibitors
using the OneStep-96 PCR Inhibitor Removal Kit (Zymo Research) according to the
manufacturer’s protocol prior to PCR amplification. We used dual-index barcoded primers 515F
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and 806R to amplify the V4 region of the 16S rRNA gene (Apprill et al., 2015; Parada et al.,
2016) with the addition of a plastid peptide nucleic acid PCR blocking clamp (PNA Bio) to
minimize contamination from 16s rRNA sequences originating from chloroplasts in the
eukaryotic hosts (Lundberg et al., 2013). Agarose gel electrophoresis and a Qubit 2.0
Fluorometer (Thermo Fisher Scientific) were used to check the quality and quantity of
amplicons. PCR products were cleaned using the UltraClean 96 PCR Cleanup Kit (Qiagen) and
fluorometrically quantified using the Quant-iT PicoGreen dsDNA Assay Kit (Invitrogen) for
library pooling. A Bioanalyzer trace was performed at the BRC Sequencing Core, University of
British Columbia to assess the quality and target size of the pooled libraries before being sending
to the Hakai Institute Marna Genome Lab, Quadra Island, BC for sequencing via the Illumina
MiSeq Platform.

5.2.4

16S rRNA gene amplicon sequence processing
To process demultiplexed raw paired-end sequencing reads, primers sequences were

removed using Cutadapt (Martin, 2011). We then used the DADA2 pipeline (Callahan et al.,
2016) with sequences filtered and trimmed using the following settings: (truncLen=c(250,180),
maxEE=c(2, 2), truncQ=2, maxN=0, rm.phix = TRUE). Error learning, sequence inference, and
chimera removal were performed as recommended and we used the DADA2 naïve Bayesian
classifier method with the SILVA (Quast et al., 2013) version 138.1 training set for taxonomic
assignment of the resulting amplicon sequence variants (ASVs). Raw 16S rRNA sequences will
be available at the European Nucleotide Archive (project accession # PRJEB52544). For
downstream analyses, ASVs not assigned as bacteria, ASVs with less than 20 total reads across
the dataset, ASVs present in only one sample, and ASVs assigned as chloroplast or mitochondria
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were removed. This yielded ~2 million total bacterial reads from 2574 ASVs with an average of
5152 reads per sample (range 403–50069 reads) after quality filtering.

5.2.5

Statistical analyses
Statistical analyses were conducted in R (version 4.1.2) and visualizations were made

using ggplot2 (Wickham, 2016). Diversity metrics were calculated with phyloseq (McMurdie
and Holmes, 2013) on samples rarefied to 1000 reads. Differences in alpha diversity between
hatchery and outplanted samples were assessed using Welch’s t-tests. To test for differences in
microbiome composition between host species, hatchery location, cultivation location, month of
sampling or between host tissue and surrounding microbial communities, PERMANOVA on
Bray-Curtis dissimilarities were conducted with the vegan package (Oksanen et al., 2019) using
999 permutations. The percentage of microbial community turnover for each host species from
the BC study was calculated using pairwise sample comparisons of the Jaccard metric between
samples from the hatchery and samples from each month of sampling (February, April, June);
samples from all cultivation sites were pooled by month. Differences in the percentage of
community turnover over time were assessed with Kruskal-Wallis tests.

5.3

Results
To understand microbiome dynamics on cultivated kelp, we first characterized the

microbial communities colonizing juvenile kelp sporophytes on seedstring at the hatchery stage.
We found species-specific differences in microbiome composition for Saccharina latissima and
Alaria marginata reared in the same hatchery in BC (PERMANOVA: pseudo-F = 5.1239, R2 =
0.26793, p = 0.001) (Figure 18). Microbiome composition differed significantly between S.
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latissima sporophytes on seedstring in WA and BC (PERMANOVA: pseudo-F = 15.287, R2 =
0.649, p = 0.006) (Figure 18). These S. latissima originated from different parental sources in
different years and were reared in different hatcheries. In the WA hatchery, samples were taken
of the surrounding microbial source pools and non-host associated biofilms and showed the
microbiome of seedstring kelp was significantly different from bacterial communities in the
hatchery seawater and on aquaria surfaces (PERMANOVA: pseudo-F = 5.277, R2 = 0.540, p =
0.013) (Appendix D - Figure 2). Despite the significant differences between host- and non-host
associated microbial communities in the WA hatchery, the magnitude of variation was smaller
than the variation between seedstring S. latissima microbiome samples from the two different
hatcheries, indicating a strong influence of paternal microbiome and/or hatchery microbial
source pools on microbiome assembly.

Figure 18. Non-metric multidimensional scaling plot of Bray-Curtis dissimilarity between samples of
kelp in the hatchery and after outplanting to cultivation sites.
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Figure 19. Alpha diversity metrics A) ASV richness and B) evenness between hatchery kelp samples and
outplanted kelp samples taken at the cultivation sites. Significant differences in the group means are
indicated by asterisks; ns = not significant.

We hypothesized that the microbiome on outplanted kelp would be significantly different
from hatchery kelp because outplanted kelp is exposed to more variable microbial source pools
in natural seawater. We confirmed alpha diversity was significantly lower in seawater samples
(representing the source pool) from the hatchery compared to at the cultivation sites (Figure 19).
Microbiome samples of A. marginata from the hatchery had lower taxonomic diversity but equal
evenness compared to outplanted samples at the cultivation sites. For S. latissima, patterns of
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alpha diversity between samples from the hatchery and cultivation sites differed between BC and
WA (Figure 19). In BC, there was no difference in richness but greater evenness in the
microbiome on S. latissima from the hatchery compared to on outplants. In WA, both hatchery
and outplanted S. latissima microbiomes had similar richness and evenness. We observed
significant shifts in microbiome composition on both kelp species after outplanting (Table 5)
(Figure 18). The microbiome on kelp meristem tissue at cultivation sites was significantly
different from source pool microbial communities in the surrounding seawater and non-host
biofilms on cultivation lines (PERMANOVA: pseudo-F = 12.325, R2 = 0.122, p = 0.001)
(Appendix D - Figure 2). The seawater microbial source pools at the BC cultivation sites were
significantly different from one another (PERMANOVA: pseudo-F = 2.042, R2 = 0.405, p =
0.034). In support of our hypothesis, we observed significant microbiome variation explained by
cultivation site for outplanted kelp of both species (Table 5) (Figure 20A). For outplanted kelp,
there was also a significant effect of time, based on month of sampling, on the microbiome
composition (Figure 20B) and a significant interaction between sample month and cultivation
site (Table 5).
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Figure 20. Non-metric multidimensional scaling plot of Bray-Curtis dissimilarity between samples of kelp in
the hatchery and after outplanting to cultivation sites. The same plot is shown with samples colored by A)
cultivation site and B) month of sampling.

pseudo-F value

R2

p-value

Hatchery seedstring vs outplant meristem
Saccharina latissima
Alaria marginata

12.27
5.81

0.126
0.104

0.001
0.001

Outplanted Saccharina latissima
Sample month
Cultivation location
Sample month * cultivation location

5.05
3.28
2.42

0.185
0.12
0.134

0.001
0.001
0.001

Outplanted Alaria marginata
Sample month
Cultivation location
Sample month * cultivation location

6.15
5.34
2.76

0.153
0.265
0.137

0.001
0.001
0.001

Table 5. Results of PERMANOVA on Bray-Curtis dissimilarity showing factors associated with microbiome
variation in Saccharina latissima and Alaria marginata corresponding to PCoA plot in Figure 20.
.

To quantify the extent of microbiome change over time from the hatchery to the
cultivation sites, we calculated the percent of microbial community turnover in each month of
sampling using pairwise sample comparisons of the Jaccard metric. On average, less than 2% of
ASVs were maintained from the hatchery to the first sampling, which was two months after
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outplanting. The microbiome on outplanted kelp became significantly more different from the
hatchery microbiome over time, with less than 0.5% of ASVs from the hatchery found on
outplanted kelp at the final sampling in June (Figure 21). The ASVs that persisted from the
hatchery to the cultivation sites included members of Colwellia, Sphingorhabdus and unassigned
Saprospiraceae on S. latissima (Appendix D - Figure 3). For A. marginata, the persistent ASVs
included unassigned members of Rhodobacteraceae and Saprospiraceae as well as Sulfitobacter
and Paraglaciecola (Appendix D - Figure 4). These persistent ASVs were generally found in
low relative abundance on outplanted hosts (Appendix D - Figure 3 and 4). No ASVs were
detected with 100% prevalence over time on either host species. The most prevalent ASV on A.
marginata was an ASV from the genus Lewinella detected at 55% sample prevalence. The most
prevalent ASVs on S. latissima were ASVs from the genera Litorimonas and Persicirhabdus
detected at 75% sample prevalence.

Figure 21. Percentage of total bacterial ASVs shared between the microbiome of kelp in the hatchery and
on outplanted kelp at each month of sampling. Points represent the mean and standard deviation of pairwise
sample comparisons using the Jaccard metric. P-values indicate significant differences by month based on
Kruskal-Wallis tests.
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5.4

Discussion
This research aimed to 1) characterize the extent and predictability of microbiome change

throughout the kelp cultivation process and to 2) understand the contribution of host species and
abiotic conditions to microbiome variation in cultivated kelps. Based on research from terrestrial
crop plants (Barret et al., 2015; Walsh et al., 2021) and marine foundation species like corals
(Damjanovic et al., 2019), we expected the early life stages of cultivated kelp, in controlled
hatchery settings, to be an ideal target for microbiome manipulation.
We found kelp cultivated on seedstring in two hatcheries had unique microbiomes. This
is consistent with a recent study on the cultivated kelp Saccharina japonica, which found
compositional differences in the microbiome of hatchery kelp compared to the microbial
communities on reproductive parental sorus tissue and outplanted juvenile sporophytes (Han et
al., 2021). We noted that there was less variation between kelp and non-host-associated
microbial communities in the same hatchery than between microbiomes of S. latissima cultivated
in different hatcheries, suggesting that hatchery microbial source pools play an important role in
microbiome assembly. It is likely the release of kelp spores in the hatchery facilitates
transmission of microbial taxa from the parental sorus tissue to the early life stages of kelp either
directly or horizontally through the water column by modifying the species pool in the hatchery,
similarly to the findings from Chen and Parfrey (2018). Further studies are needed to
characterize hatchery microbial communities in the absence of kelp tissue or in the presence of
antibiotics to deepen our understanding of how cultivation methods influence the assembly of
hatchery microbial source pools and the microbiome of developing kelp. The lack of research on
gametophyte and juvenile sporophyte kelp microbiomes, combined with our findings, highlights
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the need for studies on the contribution of horizontal and vertical transmission to kelp
microbiome assembly.
We found S. latissima and A. marginata, kelp from different families reared in the same
hatchery with the same or similar seawater microbial source pools, were colonized by distinct
microbial taxa. Host species-specificity is commonly observed in the microbiome of mature,
sympatric wild kelp (Weigel and Pfister, 2019) and other macroalgae (Lemay et al., 2020).
While the inclusion of these two host species in our study design was opportunistic, it presented
a unique opportunity to examine microbiome assembly on kelps with different tissue properties
and life history strategies (Schiel and Foster, 2006), known to be associated with distinct
microbiome compositions (Lemay et al., 2018). The strong role of host-species identity in the
hatchery indicates that vertical transmission from parental tissue, host genetics or host
biochemistry (Wood et al., 2022) may contribute to the selective assembly of kelp microbiomes.
Discovering potential microbiome-derived benefits to the host and determining how these
benefits are affected by the transition from controlled settings to field cultivation sites, where
abiotic conditions and biotic interactions vary, is a key priority in the field of microbiome
manipulation (Sessitsch et al., 2019). Studies on wild populations of brown macroalgae have
found that portions of the microbiome can be maintained when hosts are transplanted to different
locations with new microbial source pools (Campbell et al., 2015; Davis et al., 2021). We
speculated that kelp-microbe associations persisting from the hatchery to the cultivation sites
would indicate the potential for hatchery-stage microbiome manipulation to have lasting effects
on the host. A small number of ASVs from the hatchery were present on hosts after outplanting,
despite large overall shifts in microbiome composition at the cultivation sites. The ASVs from
the hatchery found on outplanted kelp, including members of Rhodobacteraceae and
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Saprospiraceae, are common in kelp and macroalgal microbiomes (Weigel and Pfister, 2019;
Lemay et al., 2020, 2021). They are likely well adapted to host associated niches (e.g.
metabolizing host-derived compounds (Florez et al., 2017; Schultz-Johansen et al., 2018)) and
may produce antimicrobial compounds (Wiese et al., 2009) that could shape microbiome
composition and successional dynamics. Sulfitobacter and members of Rhodobacteraceae
synthesize vitamin B12 and growth promoting hormones (Simon et al., 2017) which could be
also be important to kelp growth and cultivation outcomes. It is also possible that these
frequently co-occurring taxa are parasitic or context-dependent pathogens. For example, a
member of the Rhodobacteraceae, Nautella italica R11, is known to cause bleaching disease in
some red macroalgae at high temperatures (Case et al., 2011). Either way, these bacteria are
interesting targets to isolate and test for their effects on kelp growth and other metrics of
cultivation success using experimental co-culturing approaches.
Our findings indicate microbial communities on juvenile kelp sporophytes reared in
controlled hatcheries may be highly susceptible to outcompetition by microbial colonizers from
new microbial source pools. Newly grown meristematic kelp tissue generally has lower
microbial diversity (Weigel and Pfister, 2019; Lemay et al., 2021) and microbial cell density
(Ramírez-Puebla et al., 2022) which could facilitate the establishment of introduced microbial
colonizers on juvenile kelp sporophytes. Both the composition, timing, and the quantity of
microbial inoculants used in manipulation trials may be important in determining successful
establishment and persistence of beneficial taxa on outplanted kelp (Aleklett et al., 2022). Also,
while these early colonizing taxa may not persist throughout host development, they may shape
community successional trajectories that impact host biology and cultivation outcomes over time
via priority effects (Maignien et al., 2014; Fukami, 2015).
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We documented significant microbiome variation corresponding to the month of
sampling for both outplanted kelp species. This temporal signal, combined with the low number
of ASVs prevalent across the datasets, indicates microbiome turnover or community succession
is a predominant feature of the cultivated kelp microbiome. Similar seasonal turnover has been
observed in the microbiome on wild kelp populations (Lachnit et al., 2011; Weigel and Pfister,
2019) and other brown macroalgae (Serebryakova et al., 2018; Davis et al. in review). We expect
seasonal turnover is associated with changes in the seawater microbial community combined
with selective colonization influenced by host growth and tissue chemistry. Kelps exhibit
seasonal variation in tissue composition and polysaccharide production (Schiener et al., 2015;
Starko et al., 2018) which could preferentially select microbial colonizers with different
metabolic preferences over time (Lachnit et al., 2013; Rickert et al., 2016). Understanding how
the consistent temporal microbiome dynamics we observed 1) affects microbially-mediated
cultivation outcomes and 2) influences the timescale appropriate for establishing or detecting
change using microbiome manipulation will be essential moving forward.

5.5

Conclusion

In conclusion, we show that host identity and microbial source pools are correlated to
microbiome composition in cultivated kelp. We provide a baseline understanding of temporal
microbiome dynamics throughout the kelp cultivation process. Our findings are encouraging for
future research aimed at identifying specific microbial taxa or consortia that can improve kelp
growth or resistance to disease and other stressors. by demonstrating the hatchery stage is a
viable target for microbiome manipulation.
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Chapter 6: Conclusion

Host-microbiome interactions are important to the health of marine organisms and
ecosystem functioning. Understanding the impacts of changing ocean conditions on specific
hosts or entire coastal ecosystems thus requires insights on the stability of host-microbiome
associations. The results presented here indicate that microbiomes of healthy marine foundation
species exhibit consistent temporal turnover under natural conditions (Chapter 2 & 5). Three
brown macroalgal species from distinct phylogenetic lineages, in both intertidal and subtidal
habitats, showed significant microbiome change correlated to the month of sampling. In Fucus
distichus, strong seasonal turnover was evident despite inter-individual variation in microbiome
composition and population-wide differences in host growth rates and developmental stages
(Chapter 2). For Saccharina latissima and Alaria marginata, significant monthly turnover in
microbiome composition was observed at distinct cultivation sites across multiple years (Chapter
5). These findings are in line with patterns observed in seawater (Cram et al., 2015; Ward et al.,
2017) and diverse marine (Sieburth and Tootle, 1981; Lachnit et al., 2011; Bierlich et al., 2018;
Glasl et al., 2020) and terrestrial hosts (Grady et al., 2019; Kolodny et al., 2019). The proclivity
for turnover in the microbiomes of diverse marine foundation species is significant for two
reasons. First, the microbiome is often proposed to be a sentinel for host health and
environmental change (Glasl et al., 2017, 2019; Trevathan-Tackett et al., 2019). Future studies
should be aware of seasonality in developing microbiome-based indicators or drawing
conclusions about microbiome dissimilarity from samples taken at different points in time.
Second, natural turnover indicates the established microbiome can acquire new taxa or replace
existing taxa over time. Colonization and establishment of new microbes that are better adapted
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to the prevailing environmental conditions could help maintain important host-microbiome
interactions under predicted climate change (Voolstra and Ziegler, 2020).
Through experimental manipulations, I show the timescale for microbiome stability versus
change differs. In the short-term, i.e., hours to days, the microbiome may resist colonization from
new microbial source pools (Chapter 3). Over longer timescales, i.e., weeks to months, the
microbiome of marine foundation species restructures significantly (Chapter 4 & 5). In transplant
studies of the California mussel, Mytilus californianus, the epibiotic shell microbiome showed
significant differentiation along elevation gradients in the intertidal after two to three months
(Chapter 4). Similarly, microbiomes of the cultivated kelps, Saccharina latissima and Alaria
marginata, were significantly altered by exposure to natural seawater communities two months
after outplanting from the hatchery (Chapter 5). The timescales of microbiome stability versus
change provide important ecological context for interactions within the microbiome as well as
microbiome assembly and succession on individual hosts. For example, potential bacterial
colonizers that are selected for by the contemporary abiotic conditions may be slow to
outcompete existing, established members of the microbiome, leading to perceived resistance to
change on short time scales. On longer timescales, new microbial colonizers have the potential to
coexist with or outcompete existing members of the microbiome leading to detectable
community succession.
I also explored the influence of local abiotic conditions on the microbiome at single
points in time. I show regional sites, which are home to different F. distichus phenotypes, had
significantly different seawater microbial source pools as well as unique F. distichus microbiome
compositions (Chapter 3). Hatchery raised juvenile S. latissima and A. marginata acquired sitespecific microbiomes as they matured at different open-ocean cultivation locations (Chapter 5),
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demonstrating site-specific differences can arise even when individuals start with roughly the
same microbiome composition. Site-specific differences within the two kelp species were not,
however, the most significant predictor of microbiome variation. I show microbiome variation
within a population of F. distichus, depends on the host’s location within randomly selected
quadrats (Chapter 2). There was greater microbiome similarity among hosts within the same
quadrat than in different quadrats. These local differences could be correlated with the measured
quadrat-level variation in temperature, or other unmeasured abiotic factors that varied across the
F. distichus bed. Further, experimentally changing the position of California mussels within the
extent of their natural bed, was associated with microbiome differentiation across an elevation
gradient in the intertidal zone (Chapter 4). Intertidal elevation is positively correlated with
abiotic stress (Connell, 1972), providing support for within-population microbiome
differentiation also being correlated to shifts in local abiotic conditions. These findings are
aligned with previous observational and experimental studies in subtidal marine foundation
species, such as seagrass (Ettinger et al., 2017; O’Connor et al., 2022) and kelp (Pfister et al.,
2019), where distinct microbiome compositions were found on host individuals in the interior
versus at the edge of seagrass or kelp beds. In these studies, microbiome variation across host
beds is attributed to differences in water chemistry, current, and other local conditions. Taken
together, my findings suggest abiotic factors play a role in structuring regional microbial source
pools and also contribute to within-population microbiome variation.
Local abiotic factors can also indirectly influence the microbiome via changes in host
condition (Marzinelli et al., 2018). In this research I attempted to examine the specific
contribution of host factors to microbiome composition. I show host species identity strongly
shapes the microbiome of two co-cultivated kelps; consistent with findings from wild macroalgal
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communities (Lemay et al., 2020). Saccharina latissima and Alaria marginata had unique
microbiome compositions when grown in the same controlled hatchery settings, with roughly the
same microbial source pool (Chapter 5). The species-specific differences became more
pronounced when the kelps were outplanted to cultivation sites with high diversity, natural
microbial source pools. There is emerging evidence that host phenotypes or genotypes play a
role in host-microbiome associations across a range of marine (Griffiths et al., 2019; Jackrel et
al., 2020; Wood et al., 2022) and terrestrial hosts (Kwong et al., 2017; Fitzpatrick et al., 2018;
Wagner, 2021). The mechanisms of host-specific microbiome assembly are unknown and
complicated by interactions with the environment, but likely related to biochemical and
morphological traits, life history, and/or vertical transmission. Results from the cultivated kelp
study (Chapter 5) could suggest a contribution of the parental microbiome to early microbiome
assembly but additional experimental studies are needed to confirm microbiome heritability. The
kelp hatchery is an ideal target for future research on horizontal versus vertical transmission of
the microbiome because the parental kelp sorus tissue microbiome (pseudo-vertical source) and
hatchery seawater microbial community (horizontal source) can be characterized independently
to understand the contribution of each to the microbiome on early life stages of kelp.
Variation within host species-specific microbiomes is common (Marzinelli et al., 2015;
Thomas et al., 2016; van Oppen and Blackall, 2019) and the factors driving variation are poorly
understood (Trevathan-Tackett et al., 2019). Disentangling the contribution of abiotic and biotic
factors to within-population microbiome variation is challenging because these factors are often
correlated. For example, host developmental phenology is linked to seasonal abiotic cues. I tried
to decouple the effects of seasonal factors from host development by sampling the microbiome
of juvenile and mature F. distichus individuals concurrently for almost one year. I show host size
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and reproductive status are significant predictors of F. distichus microbiome composition,
independent of time of the year (Chapter 2). Changes in host biochemistry or morphology may
associated with size and reproductive status may favor specific microbial taxa. For example,
distinct microbiomes are associated with heteromorphic life stages in the red algal genus
Mastocarpus (Lemay et al., 2018). The extent to which different microbial taxa perform distinct
functional roles associated with host ontogeny, as in some coral (Bernasconi et al., 2019; Epstein
et al., 2019) and amphibian hosts (Kueneman et al., 2015), remains to be determined.
I explicitly tested the effect of host biology on microbiome assembly in M. californianus
by examining the shell microbiome of paired live and experimentally killed mussels.
Surprisingly, the shell microbiome was not different between live and killed hosts (Chapter 4)
indicating that host biology is not a strong predictor of microbiome composition in this system. I
hypothesize that within-species filtering of the microbiome depends on metabolically active
surfaces. For example, tissues of marine macroalgae, sponges, and animals are metabolically
active; they exude carbon compounds, secondary metabolites or elicit immune responses that can
promote or deter microbial colonization (Saha et al., 2011a; Longford et al., 2019; Woodhams et
al., 2020; Posadas et al., 2021). In comparison, the organic periostracum of mussel shells is
biogenic but probably not highly active metabolically (Checa, 2000). Similarly, seagrass leaves,
which are coated in a waxy cuticle, appear to be less selective surfaces for microbial colonization
compared to root tissues which actively secrete carbohydrates (Ettinger et al., 2017; Fahimipour
et al., 2017). Thus, the degree of biological or physiological activity of a host surface may
influence the level of determinism in microbiome assembly.
I hypothesize that priority effects play a role in establishing and maintaining individual
microbiome differences, even in the context of predictable temporal succession. Priority effects
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arise when early colonizing taxa change resource availability or local conditions in a way that
impacts which taxa can subsequently establish in a community (Fukami, 2015). Priority effects
have been shown to play an essential role in the assembly of the phyllosphere and rhizosphere
microbiome in plants (Carlström et al., 2019; Leopold and Busby, 2020) and the carbon-rich
phycosphere surrounding phytoplankton cells (Majzoub et al., 2019). The surface of macroalgae,
being rich in photosynthetic exudates, is analogous to the phycosphere, phyllosphere or
rhizosphere and results across studies in this work are aligned with priority effects shaping the
microbiome on macroalgal hosts (Nappi et al., 2022). For example, priority effects are likely at
play for established microbiomes that resist colonization by microbes from new microbial source
pools in transplanted F. distichus (Chapter 3). The maintenance of individual differences within
the F. distichus population over time is also indicative of early colonizers shaping successional
trajectory via priority effects (Chapter 2). To explicitly test for priority effects in marine hosts,
additional experiments are needed.
An exciting avenue of future research is to understand if priority effects in microbiome
assembly and succession can influence microbiome functioning and have consequential impacts
on the host, especially related to the ability to respond to environmental change. For example,
priority effects may ensure that essential microbial functions are sustained even in suboptimal
environmental conditions (Rosado et al., 2019). If functionally similar environmental microbes
with greater abiotic tolerances can establish within or replace members of a pre-existing
microbiome this could enable hosts to broaden their realized ecological niche. Priority effects
may also play an important role in preventing disease (Litvak and Bäumler, 2019; Longford et
al., 2019) and fouling (Nasrolahi et al., 2012; Goecke et al., 2013) in marine foundation species.
Kelp cultivation (Chapter 5) is an ideal system to further explore the role of priority effects on
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microbiome assembly and to test for potential benefits to the host. Specific experiments could be
conducted to: 1) test the contribution of the parental kelp microbiome to gametophyte and
sporophyte microbiome assembly in the hatchery using different parental populations and
sterilized versus unsterilized sorus tissue; 2) inoculate specific bacteria taxa during spore release
and quantify the establishment of inoculated bacteria in microbiome and measure the persistence
of inoculated taxa in the microbiome after outplanting or exposure to other environmental
change; 3) assess beneficial effects of inoculated bacteria on host growth, abiotic tolerances, or
influence over microbiome succession in natural seawater or defined microbial source pools; 4)
challenge known microbiome compositions with pathogens or fouling organisms to detect
protective effects of the microbiome; 5) establish a consistent minimal microbiome in culture
(e.g. using antibiotics) which can be used to explore microbiome functions under different
abiotic conditions or biotic interactions with introduced bacteria. These future research directions
will enhance our ability to predict how climate change will affect the microbiome of important
marine species and their ecosystem functions. They are also necessary in the development of
microbiome-based strategies to support marine conservation and sustainable aquaculture.
In conclusion, I show that abiotic factors and host identity are broad selective filters for
microbiome assembly on coastal foundation species. Within a host species, local abiotic
conditions and host physiological state are correlated with microbiome variation. Consistent
community turnover, despite individual variability, occurs across a range of hosts and habitats
suggesting marine hosts have the capacity to acquire new microbes over time. It is possible
these new colonizers are better adapted to the prevailing abiotic conditions. I propose that
priority effects maintain variation between individual microbiomes despite temporally consistent,
seasonal succession. The findings presented here make a significant contribution to identifying
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and understanding the factors structuring the microbiome of marine foundation species. This
foundational knowledge represents an important step towards microbiome-based approaches for
monitoring, restoring, and cultivating ecologically and economically important marine species in
changing oceans.
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Appendix A - Figure 1. Correlation between length of the longest blade (mm) and total dichotomies for
measured individuals in the Fucus distichus population.
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Pairwise t-tests of daily temperature range
(ºC) between quadrats

Appendix A - Figure 2. Variability in temperature and host canopy cover over time among quadrats.
A) Seasonality in maximum and minimum daily temperature values recorded by iButton temperature
loggers in each quadrat. B) Summary of daily temperature ranges and table of p-values from pairwise t-tests
between quadrats with significant differences in bold. C) Percent F. distichus canopy cover in each quadrat
over time.
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Appendix A - Figure 3. Relative abundance of dominant bacteria genera over time on Fucus distichus.
Barplots are summarized A) across the population at each timepoint and B) on focal individuals over time.
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Appendix A - Figure 4. Relative abundance of dominant eukaryote taxa over time on Fucus distichus.
Barplots are summarized A) across the population at each timepoint and B) on focal individuals over time.
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Appendix A - Figure 5. Relative abundance of the most abundant KEGG level C categories summarized by
habitat type. Bars represent summary values of samples from each month.
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Df

SumsOfSqs

F Model

R2

p-value

p-adjusted

Pairwise 16S
Fucus vs Rock
Fucus vs Water
Rock vs Water

1
1
1

0.254
0.281
0.053

326.236
321.144
416.657

0.497
0.535
0.726

0.001
0.001
0.001

0.003
0.003
0.003

Pairwise 18S
Fucus vs Rock
Fucus vs Water
Rock vs Water

1
1
1

0.017
0.031
0.028

29.839
57.207
64.965
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0.289
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0.001
0.001

0.003
0.003
0.003

Pairwise Metagenomics
Fucus vs Rock
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Rock vs Water
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0.242

8.444
20.617
18.432
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0.392
0.480
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0.003
0.003
0.003

Appendix A - Table 1. Pairwise PERMANOVA analysis of microbiome beta-diversity (Bray-Curtis) between
habitat types.
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Appendix A - Table 2. Indicator analysis (IndVal) results by habitat type for 16S rRNA amplicon sequences
aggregated at the genus level. Significant results with an Indval statistic > 0.6 are presented.
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Appendix A - Table 3. Indicator analysis (IndVal) results by habitat type for 18S rRNA amplicon sequences
aggregated at the genus level. Significant results with an Indval statistic > 0.6 are presented.
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Appendix A - Table 4. Indicator analysis (IndVal) results by habitat type for shotgun metagenomic sequences
aggregated at KEGG level C. Significant results with an Indval statistic > 0.7 are presented.
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Appendix A - Table 5. Games-Howell post-hoc test for percent of shotgun metagenomic reads mapped
according to habitat type.

Appendix A - Table 6. The contribution of time to variation in microbiome functional (KEGG) diversity
(Bray-Curtis) for each habitat type using PERMANOVA.
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Appendix B - Chapter 3: Supplementary information

Appendix B - Figure 1. Benthic contour maps and aerial photographs of sampling sites. 0m is the MLLW line and
brown contours are every 1m; tan contours are every 0.25m. A) North Beach (NB), morphotype A; B) West Beach west wall
(WB west wall), morphotype A; C) West Beach high (WB high, morphotype A; D) Pruth Bay (PB), morphotype B; E) West
Beach low (WB low), morphotype C; F) Experimental setup for the common garden. Red arrows in C) and E) indicate zone
at WB without F. distichus growth, separating morphotypes A and C.
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Appendix B - Figure 2. Fucus distichus and rock biofilm communities are distinct and stable following
transplant to a new environment. Stacked bar plots of the most abundant ASVs on rock substrate and Fucus
distichus from reciprocal transplant experiment. Each column represents an individual sample; samples are ordered
by day of sampling and grouped by site of origin. The first number of x-axis labels is sampling day, the second
number is a unique sample identifier.
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Appendix B - Figure 3. Microbial communities on F. distichus transplants do not become more differentiated
from unmanipulated controls at the native origin site over time or more similar to controls at destination site
over time. ANOVA on linear regressions of pseudo-F values over time for WB low -> PB transplants and controls at
the destination site (p-value = 0.054) or origin site (p-value = 0.630); PB -> WB low and controls at the destination site
(p-value = 0.728) or origin site (p-value = 0.597).
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Appendix B - Table 1. Pairwise comparisons of compositional dissimilarity (Jaccard) of Fucus distichus
microbiome samples from within the same site and between a focal site and all other sites at the start (day 1)
and end (day 5) of the common garden experiment.
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Appendix B - Table 2. Indicator analysis for ASVs significantly associated with site(s) of origin in the
common garden. Specific indicators were identified for each site at initial sampling (day 1) and final
sampling (day 5) in common garden as well as for all possible combinations of sites and time points using
the indicspecies package in R (Cáceres and Legendre, 2009). The Indval statistic is comprised of A,
specificity, and B, fidelity of an ASV.
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Appendix B - Table 3. Indicator analysis for ASVs on Fucus distichus significantly associated with origin sites
in the reciprocal transplant experiment. Specific indicators were identified for each site based on initial samples (day
0) and unmanipulated controls at West Beach low or Pruth Bay over the 5 day experiment using the indicspecies
package in R (Cáceres and Legendre, 2009). The Indval statistic is comprised of A, specificity, and B, fidelity of an
ASV.

149

Appendix C - Chapter 4: Supplementary information

Bluestone Point

80

Wilcoxon, p = 0.76

Otter Point

Wilcoxon, p = 4.7e-05

Crazytown

Wilcoxon, p = 0.031

Platform 6 and 3/4

Wilcoxon, p = 0.53

Shell area eroded (%)

60

40

20

0

-20
live

killed

live

killed

live

killed

live

killed

Appendix C - Figure 1. Wilcoxan tests comparing percentage shell erosion for pairs of live and killed
transplanted mussels at each site.
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Appendix C - Figure 2. Relative abundance of reads per sample plotted as a function of A) percentage of host
mussel shell eroded and B) intertidal elevation for potentially endolithic cyanobacteria and as a function of C)
percentage of host mussel shell eroded and D) intertidal elevation for eukaryotic algae (chloroplasts).
Intertidal elevation is expressed as meters above Canadian chart datum.

151

Appendix C - Figure 3. Differences in the relative abundance of potentially endolithic cyanobacteria reads
between A) treatments and B) treatments grouped by site. Differences in the relative abundance of chloroplast reads
between C) treatments and D) treatments grouped by site. Statistically significant differences based on Kruskal-Wallis tests
are displayed above the groups being compared.
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Appendix C - Figure 4. Non-metric multidimensional scaling analysis of Bray-Curtis dissimilarity for
microbiome samples of live control mussel shells.
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Appendix C - Figure 5. Wilcoxan tests examining differences in A) ASV richness and B) Shannon-Weaver
(H’) metrics of microbiome alpha diversity between live and killed transplanted mussel shell pairs.
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Appendix C - Figure 6. Relationship between elevation in the intertidal zone (expressed as meters above
Canadian chart datum) and A) ASV richness and B) Shannon-Weaver (H’) metrics of microbiome alpha
diversity between live and killed transplanted mussel shell pairs at each site.
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Appendix C - Figure 7. Non-metric multidimensional scaling analysis of Bray-Curtis dissimilarity
for transplanted mussel shell microbiome samples by elevation in the intertidal zone expressed
continuously as meters above Canadian chart datum.
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Appendix C - Figure 8. Relative abundance of the dominant cyanobacteria and chloroplast reads across the
dataset. Each bar represents an individual mussel sample. Live and killed transplant samples are ordered from
left to right by low to high elevation in the intertidal zone

157

Appendix C - Table 1. IndVal results for live versus killed transplants at Otter Point and Crazytown where
the percentage of mussel shell eroded was significantly different between transplant treatments.

Appendix C - Table 2. . Pairwise PERMANOVA results of Bray-Curtis dissimilarity by site for the
microbiome on live control mussels.
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Appendix C - Table 3. IndVal results for ASVs significantly associated with transplants versus live control
mussels for all sites combined.
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Appendix D - Figure 1. Nonmetric multidimensional scaling plot of Bray-Curtis dissimilarity between
bacterial communities on kelp meristem in BC taken by swabbing or by extracting from whole tissue at the
final sampling in June 2021 and corresponding PERMANOVA tests.
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Appendix D - Figure 2. Nonmetric multidimensional scaling plot of Bray-Curtis dissimilarity between
bacterial communities on kelp versus in seawater and on non-host substrates (aquaria surfaces or cultivation
lines) from the hatchery and cultivation sites in A) Washington and B) British Columbia.
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Appendix D - Figure 3. Stacked barplots showing A) the relative abundance of dominant bacterial genera
from the hatchery on Saccharina latissima seedstring and field cultivated S. latissima as well as in the
surrounding seawater and B) the dominant bacterial genera from kelp meristematic tissue at the cultivation
sites compared to hatchery seedstring and seawater samples. X-axis labels represent sampling site (NIC = BC
hatchery, EW Bay = East West Bay, Int = Interfor, Tal = Talbot Cove, NOAA = WA hatchery, HH = Hood Head) and
unique sample number. Samples are arranged chronologically by month of sampling.
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Appendix D - Figure 4. Stacked barplots showing A) the relative abundance of dominant bacterial genera
from the hatchery on Alaria marginata seedstring and field cultivated A. marginata as well as in the
surrounding seawater and B) the dominant bacterial genera from kelp meristematic tissue at the cultivation
sites compared to hatchery seedstring and seawater samples. X-axis labels represent sampling site (NIC = BC
hatchery, EW Bay = East West Bay, Int = Interfor, Tal = Talbot Cove) and unique sample number. Samples are arranged
chronologically by month of sampling.
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