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Abstract
Transcription factors are proteins that bind at promoter and enhancer sites to
regulate gene expression. In this thesis, I used NMR spectroscopy and other methods to
investigate the structural and biophysical basis of DNA binding by two eukaryotic
transcription factors that are crucial in the development of lymphocytes, Pax5 and Ets1.
In chapter 2, I describe how the two subdomains comprising the bipartite DNAbinding Paired domain of Pax5 cooperate to mediate transcriptional regulation. The Nterminal subdomain recognizes DNA sequences in a highly specific manner, whereas the Cterminal subdomain shows little sequence discrimination. The more rigid C-terminal
subdomain binds DNA primarily though non-specific electrostatic interactions. In contrast,
association with specific DNAs by the dynamic N-terminal subdomain involves relatively
large and compensating changes in enthalpy and entropy that point to structural
rearrangements upon binding. I propose that the distinct behaviors of the subdomains
allow the Pax5 protein to rapidly scan non-specific genomic DNA while retaining specificity
for functional regulatory sites.
In chapter 3, I expand our understanding of the structural and thermodynamic basis
of Ets1 autoinhibition. Previously it was reported that an intrinsically disordered serinerich region (SRR) interacts transiently with the adjacent ETS domain to attenuate DNA
binding. Although forming a dynamic fuzzy complex, I was able to use NMR spectroscopy
and X-ray crystallography to provide a detailed mechanism for this inhibitory interaction.
In particular, I exploited a trans peptide system to show that the SRR uses a combination of
electrostatic and hydrophobic-driven interactions to sterically block the ETS domain DNAbinding interface. I also show how phosphorylation of the SRR strengthens its association
with the ETS domain. Altogether, these results explain how the activity of Ets1 is regulated
at the level of DNA binding through post-translational modifications that impinge upon the
SRR.
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Collectively, my thesis research uncovers many mechanisms that transcription
factors use to regulate gene expression, and how they depend on the biophysical properties
encoded by their amino acid sequence.
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Lay summary
The genetic information found in our DNA must be carefully read by molecules
called transcription factors. This process is tightly controlled and very important for
cellular health. The goal of my thesis was to understand how two of these DNA readers,
called Pax5 and Ets1, carry out their functions. Using different biophysical experiments, I
investigated how distinct parts of Pax5 recognize the DNA molecule, and found that they
cooperate in unexpected ways that are likely to speed up scanning background DNA to find
functionally important gene sequences. I also studied how the reading activity of Ets1 is
adjusted though a process called autoinhibition that allows a dimmer-switch response to
changing cellular conditions. Overall, my research contributes to a greater understanding
of how transcription factors are able to read our genetic information correctly to ensure
the well-being of a cell.
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Preface
Chapter 2 is based on research that I conducted at the University of British Columbia
(UBC) in collaboration with Dr. Lawrence McIntosh, Dr. Mark Okon, Mr. Florian Heinkel,
and Ms. Trisha Barnard. Chapter 3 reflects a collaboration with Dr. Lawrence McIntosh, Dr.
Mark Okon, Ms. Chang Sheng-Huei Lin, Mr. Karlton Scheu, and Dr. Michael Murphy.
The majority of sections 2.3.1 and 2.3.2 have been published (Cecilia PerezBorrajero, Mark Okon, Lawrence P. McIntosh, "Structural and dynamics studies of Pax5
reveal asymmetry in domain stability and DNA binding by the Paired domain" Journal of
Molecular Biology, 428: 2372-2391, 2016), and reformatted for this thesis with minor
changes. The Pax5 expression plasmids used in this study were generated by Mr. Kevin
Zhang under the supervision of Dr. Geneviève Desjardins. Dr. Mark Okon provided
technical assistance with NMR experiments. Dr. Lawrence McIntosh assisted with research
design, data analysis, and editing of the manuscript. I wrote the manuscript and was
responsible for research design, experimental work, and data analysis.
Currently, I am preparing a second manuscript on additional unpublished results
incorporated into Chapter 2, sections 2.3.1 and 2.3.2. Mr. Florian Heinkel conducted the
molecular dynamics simulations found in section 2.3.1. With my supervision, Ms. Trisha
Barnard cloned and conducted expression tests for Pax5 protein constructs outside the
Paired domain (section 2.3.3). The remainder of the experimental work, research design,
and data analysis was conducted by myself, with assistance from Dr. Lawrence McIntosh.
Chapter 3 is also currently being prepared for publication. I was responsible for the
bulk of the research design, experimental work, and data analysis. Ms. Chang Sheng-Huei
Lin in the laboratory of Dr. Michael Murphy provided technical assistance with
crystallization of the protein complex described in section 3.3.2. She also solved and
refined the structure, with help from Dr. Anson C.K. Chan, Dr. Jason C. Grigg, and Dr.
Michael E. P. Murphy. Dr. Mark Okon provided key assistance with NMR experiments. Mr.
Karlton Scheu conducted the 31P titrations with my guidance (section 3.3.1). Dr. Lawrence
P. McIntosh helped with research design and data analysis.
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Chapter 1: Introduction
1.1 Eukaryotic gene transcription
The process of transcription determines which set of genes will be expressed in a
cell at any one time. Modulating transcription therefore allows organisms to develop,
maintain cellular homeostasis, and adapt to changing cellular and environmental
conditions. The complexity of organisms is correlated to the sophistication in their gene
regulatory mechanisms [1]. In eukaryotes, several RNA polymerases (RNAPs) and
thousands of proteins, including general and specific transcription factors (TFs), have been
identified to be responsible for gene activation or repression [2]. This complexity
contributes to the distinct expression patterns observed in differentiated cells with
otherwise identical genetic make-up, and highlights the importance of fine-tuning the
levels of gene products in a cell.
In eukaryotic systems, gene transcription has three main stages: initiation,
elongation, and termination. The first step involves assembly of the pre-initiation complex
(PIC), followed by unwinding of the double-stranded DNA to create an open complex
(transcriptional “bubble”) (Figure 1.1) [3]. In the case of mRNA transcription, this is
catalyzed by RNAP II, which must clear the transcriptional start site following initiation
(also called promoter escape). Subsequently, elongation proceeds and an mRNA molecule
is produced by RNAP II according to its DNA template [3]. During termination, the nascent
mRNA molecule is released and RNAP II dissociates from the DNA [4]. Although all three
stages are critically regulated, only initiation is directly dependent on the cooperative
action of TF proteins.
The eukaryotic PIC is a large protein assembly consisting mainly of RNAP, the
general TFs such as TFIID, gene-specific TFs, and co-factors including histone modifiers,
and chromatin remodelers [5] (Figure 1.1). In order to form a PIC capable of transcription,
promoter and enhancer DNA elements are recognized in a concerted fashion by general
and gene-specific transcription factors. These in turn are able to recruit key protein
1

complexes such as the Mediator and the enhanceosome, which further recruit and stabilize
the PIC to promote transcription (Figure 1.1) [5, 6]. Once stably recruited, RNAP II
unwinds about four turns of the DNA with the help of the general transcription factor
TFIIH, and is poised to clear the transcriptional start site [7].

Figure 1.1: Assembly of the PIC and associated proteins at eukaryotic promoters. Shown is a
cartoon representation of the general arrangements of components that allow transcription
initiation. Promoter architectures vary depending on the gene and may include the TATA-box, the
initiator (Inr), and enhancer DNA elements (green). Although not shown, downstream promoter
elements can also be found near the +30 bp position from the transcriptional start site [7]. General
TFs (GTFs; blue) typically associate with the proximal promoter regions (e.g. TATA box). Genespecific TFs (red) and associated co-activators (orange) localize to enhancer elements. The
Mediator (yellow) stabilizes the PIC by linking distal enhancer elements to the transcriptional start
site. Positioning of the RNAP II complex (purple) is aided by the Mediator and the GTFs.
Nucleosomes (brown) are an intricate part of this process, and although not shown, chromatin
remodeling and histone modifying proteins must also act to allow passage of the transcriptional
bubble accompanying RNAP II. This figure was inspired by representations of the PIC found in
references [6] and [7].
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Any of the above-mentioned stages of transcription can be controlled by
mechanisms that fine-tune the timing and extent of RNA production [3]. For instance, the Cterminal domain of RNAP II undergoes extensive phosphorylation, which greatly influences
promoter escape and elongation (reviewed in [8]). It is not clear which step (if any) is
predominantly regulated and rate-limiting [9], and the answer may depend on the cell type
and specific gene in question. Nevertheless, assembly of an open PIC is required for
transcription, as it localizes RNAP to the transcriptional start site. In eukaryotes, the
presence of nucleosomes and other higher-order DNA structures impede the passing of the
transcriptional bubble [10]. Chromatin remodelling complexes and histone modifiers such
as SWI/SNF are therefore also necessary to liberate DNA binding sites necessary for
transcription initiation and elongation. The RNAP II C-terminal tail can coordinate this
process by recruiting histone modifiers as it moves along the DNA [8].

1.2

Eukaryotic transcription factors

1.2.1

General features and classification
Roughly 6 % of the human proteome consists of TF proteins [11] that are crucial in

ensuring the high fidelity of gene expression. They are typically characterized by at least a
DNA-binding domain (DBD) and a transactivation domain (TAD), responsible for
localization to chromatin and co-factor recruitment, respectively [5]. These proteins are
broadly classified into two groups based on their biological function. An estimated ~ 200300 are general TFs involved in the transcription of most genes in the cell [5, 11]. In
contrast, upwards of ~ 2000 gene-specific TFs each mediate transcription of a relatively
small number of targets [5, 11]. Pax5 and Ets1 are both gene-specific TFs that cooperate in
the development of B-cells that make up the lymphatic system [12].
Gene-specific TFs can be further divided into two categories according to their
regulation and gene targets. Constitutively-active TFs are typically responsible for
controlling the transcription of “house-keeping” genes and may be ubiquitously expressed
3

across many tissue types. Regulatory TFs, which are often tissue-specific, respond to
intracellular or extracellular cues and control transcription of more specialized genes [5,
11]. These are generally viewed as being responsible for cellular responses to change. For
example, the tumor suppressor p53 is up-regulated in response to DNA damage [13], and
cytoplasmic TFs, such as the NFκΒ factor translocate to the nucleus upon being activated by
cytokine signaling [14]. In most cases, regulatory TFs bind DNA and activate transcription
[5]. However, many transcription factors can act both as positive and negative regulators,
and some, such as ETV6, are transcriptional repressors [15]. Regulatory TFs are often
associated with illnesses such as cancer, characterized by an imbalance of gene products
necessary for proper cellular division [16, 17]. Thus, learning about their mechanisms of
up-stream regulation and down-stream activity is critical for understanding the diseases
linked to their misregulation.
1.2.2

Biophysical and structural characteristics
Eukaryotic TFs are modular in nature, containing discrete domains that often can be

replaced by similarly-acting regions derived from other proteins [18, 19]. In 1985 it was
shown that the DBD of GAL4 (a yeast protein) could be substituted by that of LexA (a
bacterial protein), resulting in the GAL4-mediated activation of LexA target genes [20].
Since then, many studies have shown that different regions in TFs can be “mixed and
matched” to generate functional proteins with new properties. Naturally occurring
chromosomal translocation events can also result in fusion oncoproteins in which the DNAbinding and transactivation activities are derived from different TFs, leading to aberrant
protein activity. One such example is the fusion oncoprotein Pax5-ETV6, which is strongly
implicated in B-cell acute lymphoblastic leukemia (B-ALL) [21]. The presence of this
protein, in which the DNA-binding Paired domain of Pax5 is fused to the nearly full-length
ETV6 (a member of the ETS TF family), results in B-cell developmental arrest [21].
Partly because of this modularity, structural characterization of TFs has been
marked by the “divide and conquer” approach, whereby stand-alone functional domains
(such as the DBD) are studied in isolation. However, TFs exhibit a relatively high
4

proportion of intrinsically disordered polypeptide regions linking these domains [22, 23],
and thus few full-length TFs have been characterized structurally by traditional
approaches. The transactivation domains (TADs), in particular, are often composed of low
sequence complexity regions rich in polar and disorder promoting amino acids [19]. For
instance, the TADs of well-known TFs VP16, GCN4, and CREB do not fold in the absence of
protein partners [10].

These domains recruit members of the basal transcriptional

machinery; however, save for a handful of well-studied examples like p53, very little is
known about how TADs function in eukaryotic systems [10, 19].
1.2.3

DNA-binding domains
A wide variety of DBDs are used by eukaryotic TFs to recognize DNA (Figure 1.2).

By far, the most common fold is the zinc-finger (ZNF) C2H2 domain, which is present in
more than 50 % of known TFs [11]. Other very common DBDs include homeodomains
(HDs), basic helix-loop-helix (bHLH), basic leucine zipper (bZIP), Forkhead-type domains,
and the winged helix-turn-helix (wHTH) domain present in Ets1 (Figure 1.2). In the
majority of cases, the DBD contains an α-helix (named the recognition helix) that fully or
partially occupies the major groove of DNA to allow sidechain-base interactions, including
hydrogen bonding. Additional interactions to the sugar/phosphate backbone are provided
by adjacent loops, such as the ‘turn’ and ‘wing’ present in wHTH domains. Although much
less commonly observed, β-sheets can also bind the major groove of the DNA, as seen in the
case of the transposon Tn916 [24]. More commonly, architectural TF proteins can bind the
minor groove and induce large phosphodiester backbone conformational changes [25]. The
TATA-binding protein (TBP), for example, uses β-sheets to dramatically bend DNA through
hydrophobic-driven contacts [25]. Finally, some DBDs, such as the HD of Isl1, are
marginally folded in the absence of DNA and only acquire stable structure upon association
[26].
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Figure 1.2: Overview of the most common DNA-binding domain folds. Representative
structures belonging to various DBDs families (red) are shown bound to DNA (grey). The most
common of these is the ZNF-C2H2 domain, which is stabilized by coordination of Zn+2 ions by
histidine and cysteine side chains. Shown is the mouse Zif268 protein (top, left). The HD family is
represented by Antennapedia from Drosophila melanogaster (D. melanogaster, top and middle).
This family is characterized by a three-helix bundle, in which the first two helices arrange nearly
parallel to one another, and the third helix recognizes DNA. The bHLH family is exemplified by
PHO4 from yeast (top, right). These homo/heteromeric domains are characterized by two helices
mediating DNA recognition and dimerization that are separated by a loop. The bZIP family includes
mouse CREB (bottom, left). Dimerization of this domain is mediated by leucine residues that form
stable hydrophobic-driven interactions. The Forkhead (bottom, middle) and wHTH domains
(bottom, right) are represented by human FOXN1 and Ets1, respectively. In both cases, an α-helix
inserts into the major groove of the DNA. This figure was made using PyMol [27] from available
PDB [28] structures.
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1.2.4

Binding site recognition by transcription factors
Proteins and DNA molecules interact using a combination of non-covalent

interactions, loosely classified as electrostatic, hydrogen bonding (direct or watermediated), dipolar (e.g. van der Waals), and hydrophobic [29]. Because DNA is polyanionic,
it is not surprising that many DNA-binding proteins are enriched in positively-charged
amino acids such as arginine and lysine that contribute to recognition through favorable
Coulomb attraction [30]. In addition, polar amino acids like glutamine and asparagine
mediate hydrogen bonding and are very commonly observed in protein/DNA interfaces
[31]. The aromatic side chains of phenylalanine and histidine can also stack with the DNA
bases, thereby contributing to non-specific nucleic acid recognition [32]. In spite of these
general trends, no specific pairing between protein side chains and DNA bases universally
explains the formation of these complexes [29]. Instead, structural studies have found a
wide variety of mechanisms (and thermodynamic contributions) used by these molecules
to associate stably [29, 33]. Interestingly, the protein/DNA interface is not exclusively
polar, but contains a high proportion (~50%) of aliphatic groups that may contribute to
binding via hydrophobic and van der Waals interactions [30]. Although the individual
energetic contribution of each of these types of interactions is relatively weak, the additive
effect of many such contacts can result in most TFs recognizing cognate DNA with subnanomolar affinity (i.e. equilibrium dissociation constant KD < 10-9 M) [32].
Unlike other types of nucleic acid structures (such as folded single-stranded RNA),
the DNA duplex is a relatively uniform double helix. Fine sequence discrimination
mechanisms must therefore be at play to recognize important regulatory sites [34].
Specificity can result from direct readout of the pattern in hydrogen bond
donors/acceptors and methyl groups that are present in the grooves of the DNA. For
example, two arginine residues (Arg392, Arg395) and a histidine (His396) in the DNA
recognition helix of ETV6 form hydrogen bonds with the invariant 5’-GGA-3’ bases that
defines the ETS binding motif [35]. In closely-related Ets1, two arginine residues and a
tyrosine mediate the same function [36].
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In addition, indirect readout of sequence-dependent DNA features such as its
geometry, dynamic properties, and electrostatic potential also provides binding specificity
[32, 37]. DNA sequences that are rich in AT bases, for instance, have relatively narrow
minor grooves with strongly negative electrostatic potential, and arginine side chains often
recognize these grooves specifically [37]. In addition, the flexibility of TA-rich DNA
sequences are thought to facilitate binding by proteins such as TBP and EcoRV which
deform the regular DNA geometry upon association [38].
TFs can also bind non-specific DNA with micromolar affinity. This generally involves
favorable electrostatic contacts, as well as non-specific base stacking between aromatic
side chains and the nucleic acid bases [32]. Histone proteins use this type of mechanism to
recognize DNA in a general manner, allowing relatively unbiased chromatin structure
formation [29]. Multiple studies have shown that non-specific protein-DNA complexes use
the same canonical interface involved in specific DNA recognition, but the extent of the
structural rearrangements is smaller ([35, 39, 40] among others). Non-specific complexes
are instead characterized by weaker association, greater dynamic properties, and a larger
number of water molecules found at the protein-DNA interface [39, 41]. Generally
speaking, the release of water molecules from the DNA and protein surfaces upon
association contributes favorably to the entropic change of binding and to surface
complementarity, and this occurs to a greater extend in specific complexes relative to nonspecific ones [29, 34].
1.2.5

DNA search mechanisms
A key question in the field of gene regulation is how TFs locate cognate regulatory

DNA sites (KD < 10-9 M) in a vast excess of non-specific DNA to which they still bind with
moderate affinity (KD ~ 10-5 M) [32]. Even after accounting for chromatin-modulated
accessibility, TFs are estimated to exist in the presence of ~ 1.5 mM possible binding sites
of 10 base pairs (bp) each [42]. This issue is particularly important in higher organisms
because eukaryotic TFs often recognize relatively short and degenerate core DNA sequence
motifs of ~ 6 - 8 bp [32] that statistically occur at relatively high frequency throughout the
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genome. In addition to buffering the pool of TFs within the nucleus, non-specific
interactions facilitate the DNA search for high-affinity cognate sites.
Movement along DNA is thought to occur through a combination of one-dimensional
(1D) and three-dimensional (3D) mechanisms of diffusion that allow these proteins to
rapidly interrogate a large number of non-specific sites and thereby locate cognate
promoter or enhancer sequences (Figure 1.3) [43].

Figure 1.3: Mechanisms of facilitated diffusion of TFs on DNA. (a) TFs can slide along the DNA
for short distances (50-100 bp) while loosely associated with the negatively charged double helix.
(b) Rapid dissociation and re-association to the DNA molecule allows the TF to “hop” or “jump”
along the DNA. (c) The presence of multiple DBDs facilitates the intersegmental transfer or
“monkey bar” mechanism that contributes to sampling of DNA regions close in space. This figure
was inspired by similar schematics found in [44].

The 1D ‘sliding’ mechanism involves the loose association of a TF with DNA that still
allows rotationally coupled translational diffusion along the helical grooves [45]. This has
been proposed to reduce the dimensionality of the search process and thereby help locate
TFs on cognate sites that are near (~ 50 - 100 bp) the initial non-specific binding region
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[46-49]. Sequence-independent electrostatic interactions between TFs and DNA aide in this
process by providing a relatively uniform (isopotential) binding interface between the two
molecules [50].
If the TF dissociates from DNA fully (i.e. into bulk solution) and rebinds at nearby
sites, it is said to ‘hop’ (< 10 bp) or ‘jump’ (>100 bp) between locations [42, 49]. This 3D
diffusion search mode allows TFs to bind at more distant sites, thereby increasing the
diversity of sites that are sampled and avoiding local traps [43, 49, 50]. Indeed, DNAbinding proteins such as UL42 [51] and EcoRV [52] have been shown to exhibit these types
of movements along the DNA. However, much work needs to be done to establish whether
these observations are widely applicable to DNA-binding proteins and TFs specifically. New
developments in the field of single-molecule fluorescence microscopy are helping to clarify
the nature of these processes and establish their contribution to TF kinetics in real time
[53].
The presence of multiple ordered domains, or even intrinsically disordered regions
in a TF that can recognize DNA can also influence the search mechanism significantly [32].
For example, proteins with bipartite DBDs or intrinsically-disordered regions with some
affinity for DNA, such as Oct-1 and HoxD9, have been shown to use the “monkey bar”
intersegmental transfer mechanism, in which two distinct regions of the protein contact
separate DNA molecules at once [54, 55]. Intersegmental transfer allows TFs to associate
with DNA sites close in space, yet far in sequence. As a result, the TF molecule is not
confined

to

one

chromosome,

but

can

potentially

associate

with

distant

promoter/enhancer sites.
1.2.6

Mechanisms that regulate DNA binding by transcription factors
Broadly speaking, regulation of TF activity can be thought to occur on two levels: i)

at the gene/mRNA level leading to the presence of a functional TF protein, and ii) at the
protein level. Both layers of regulation ultimately influence the ability of a given TF to bind
DNA and recruit co-factors as required to activate or repress transcription cognate genes.
Here, I will focus on the control elements acting on the TF protein itself and the various
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mechanisms that influence DNA binding affinity and specificity. These are summarized in
Figure 1.4.

Figure 1.4: Mechanisms that regulate DNA binding by TFs. Diagrammatic representation of
some of the multiple mechanisms that may contribute to fine-tuning of the transactivation potential
of TFs (red). In the presence of an activating intracellular signal in the cytoplasm (yellow),
autoinhibition may be relieved and allow translocation of the TF to the nucleus. Post-translational
modifications such as phosphorylation, represented by a “P”, may promote transcription, for
example by allowing recruitment of protein partners that stabilize binding to DNA. Gene
transcription often occurs in the presence of nucleosomes (brown) that organize naked DNA into
higher order structures.

1.2.6.1

Cellular localization
The compartmentalization present in eukaryotic cells provides a simple mechanism

to modulate DNA binding, for example, by restricting the TF molecule to the cytoplasm in
the absence of a stimulus. The control of localization is common in TFs that rapidly relay
cell receptor signals to the nucleus, as in the case of the NFAT proteins [5]. Activation of T11

cell receptors causes a rise in intracellular Ca+2 concentrations, which in turn activates the
calcineurin phosphatase. Dephosphorylation of cytoplasmic NFAT by calcineurin results in
translocation of the former to the nucleus, where it activates genes responsive to T-cell
signalling [5]. In addition, ligand binding events and accompanying conformational changes
can also affect the localization of TFs that respond to metabolites such as sugars and amino
acids [10]. The galactose response in yeast involving Gal3, Gal4, and Gal80 is a prime
example of this type of regulatory switch [56]. In the presence of galactose, Gal3 is able to
interact with the transcriptional inhibitor Gal80, which under non-inducing conditions,
represses Gal4. The interaction between Gal3 and Gal80 results in the translocation of the
inhibitor to the cytoplasm, thereby activating the Gal4 targets that metabolize galactose
[57].

1.2.6.2

Chromatin structure
In the nucleus, binding by TFs is also typically constrained by higher order

chromatin structures that occlude many potentially available DNA sites. ATP-dependent
nucleosome remodelling enzymes such as SWI/SNF are therefore crucial in allowing the
appropriate enhancer and promoter elements to be free to associate with TFs [10]. These
enzyme complexes shift the position of nucleosomes along DNA by changing the
supercoiling of the helical strands [58]. In addition, histone chaperones and acetylases help
in ‘reshuffling’ nucleosome structures either by facilitating their translocation or by
weakening histone-DNA interactions [59]. Of note, some TFs, termed “pioneers” are able to
associate with nucleosome-bound DNA and can activate silent chromatin by recruiting the
appropriate co-factors [60]. The Forkhead protein FoxA is one such case. The DBD of FoxA
binds a surface of DNA not contacted by the nucleosome, while an additional C-terminal
domain stabilizes the interaction by associating with the histones [61]. FoxA is then able to
recruit proteins such as histone acetylases that further open the chromatin for
transcription [61].
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1.2.6.3

Post-translational modifications
PTMs regulate virtually every aspect of cellular function, including transcriptional

activity. One of the most common and versatile modifications found to regulate TF function
is phosphorylation, which involves the addition of a phosphoryl group to the side chains of
tyrosine, threonine, or most commonly, serine. As a result, neutral residues become
negatively charged (~ -2) and bulkier, with various consequences on protein structure and
protein-protein interactions [62]. These include conformational changes, co-factor
recruitment, altered ligand/DNA binding properties, protein degradation, and distinct
cellular localization, to name a few (see [63] for review). A delicate balance between the
action of "writer" kinases and "eraser" phosphatases that add or remove phosphoryl
groups provides a refined layer of regulation of protein activity in the cell. This is
highlighted by the more than ~500 kinases and ~200 phosphatases encoded in the human
genome [64].
Phosphorylation of the cyclic AMP response element (CRE)-binding protein (CREB)
at Ser133 is a well-known example of regulation via phosphorylation. Full transcriptional
activity of CREB is only accomplished when this particular residue is modified, and
multiple cellular signaling events can converge at this site [65]. Phosphorylation of
additional residues along CREB, such as Ser142, can alter the effect of the Ser133
modification [65]. Thus, the combination of multiple PTMs with distinct consequences on
protein activity results in highly regulated function.
Another common PTM occurring in TFs is the addition of the small ubiquitin-like
modifier, SUMO. In contrast to phosphorylation, SUMOylation involves the covalent
attachment of a small protein (~ 12 kDa) to a lysine sidechain. Akin to the addition of
ubiquitin, SUMOylation involves the action of E1 activating, E2 conjugating, and E3 ligating
enzymes [66]. Unlike ubiquitination, however, which often targets TFs for degradation
through the proteasome pathway, SUMOylation is mostly associated with transcriptional
inhibition through recruitment of co-repressors such as histone deacetylases and Daxx [67,
68]. In the case of the latter, SUMO-interacting domains have been identified that likely
mediate interactions with many SUMO-modified TFs [69]. The addition of SUMO likely
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results in the formation of large protein-protein interaction interfaces that recruit cofactors involved in transcriptional regulation.
Besides the above mentioned examples, TFs can be modified by a myriad of other
PTMs, such as acetylation, O-GlnNAcylation, methylation, and lipidation, to name only a
few. Finally, although not strictly considered a PTM, TFs are also sensitive to intracellular
cues such as pH and reductive potential, which may alter the protonation or oxidation state
of side chains. For example, two members of the Pax family of TFs, Pax5 and Pax8, have
been shown to be sensitive to oxidation, which alters their ability to bind DNA by changing
the reduced state of cysteine [70].

1.2.6.4

Autoinhibition
The activity of a protein is regulated by autoinhibition if removal of one region of

the polypeptide chain causes an increase in the activity of another, such as ligand binding
or catalysis (reviewed in [71]). In the case of eukaryotic TFs, autoinhibitory mechanisms
may regulate DNA-binding affinity or transactivation potential. Key to autoinhibition is the
spatial proximity of the regulatory elements, which provides “on-site” control of protein
activity [71]. This feature enables very rapid responses to cellular cues, as it does not
depend on the diffusion of trans-acting molecular effectors. Instead, TFs that are
autoinhibited may quickly become active/inactive upon disruption/reinforcement of the
autoinhibitory mechanism, for example due the presence or absence of PTMs. Multiple
members of the ETS family of transcription factors have now been shown to be
autoinhibited by regions flanking the DBD using a combination of steric and allosteric
mechanisms [72-74]. This additional layer of regulation results in specific and refined
transcriptional activity.
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1.2.6.5

Protein partnerships
A hallmark of eukaryotic gene expression is combinatorial control by multiple TFs.

Partnerships among TFs can influence both DNA-binding affinity and specificity by
providing stabilizing contacts and inducing conformational changes of the TF proteins and
the DNA [32, 75, 76]. In fact, many in vivo promoter and enhancer sites for TFs do not
conform well to their in vitro sequence motifs defined using isolated DBDs [32, 76]. For
instance, an in vivo investigation using ChIP-seq of the zinc-finger protein KLF3 compared
DNA-binding by the isolated DBD, the full-length protein, and a mutant lacking the ability to
recruit an associated co-repressor [77]. The authors found that the types of sequences
bound and the location of these binding sites along the gene (e.g. at promoters or introns)
varied significantly among the three versions of the protein.
A well-characterized example of combinatorial binding is the B-cell specific
interaction of Pax5 and Ets1 on the mb-1 promoter DNA [12, 75, 78, 79]. Neither TF is able
to recognize this binding site with particularly high affinity. However, key contacts between
the N-terminal β-hairpin of Pax5 changes the positioning of Tyr395 in the DNA recognition
helix of Ets1, thereby enabling non-canonical base-specific contacts with the mb-1
promoter. The change in conformation of this residue allows Ets1 to recognize a distinct
DNA sequence that does not fully conform to its known motif, thereby altering binding
specificity. In addition, the cooperative interaction among all three molecules increases the
stability of this complex and the affinity of both Pax5 and Ets1 for DNA.
A key determinant of TF partnerships is the DNA molecule itself [76]. The spacing
and relative positioning of recognition motifs greatly influence the types of interactions
that can be made in the presence of multiple TFs. In a study by Jolma and co-workers [76],
the available structures of ternary TF complexes were analyzed to determine the basis for
altered specificity found in TF pairs. This study found that in ~ 95 % of cases, the DNA
molecule mediated the contacts necessary for complex formation, highlighting its role as a
molecular scaffold. Thus, the cellular context provides a richness of interactions between
DNA and co-factors that ultimately direct assembly of a stable PIC capable of transcription
at unique binding sites.
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In summary, TFs are crucial in specifying the genes that are transcribed in a cell.
These proteins use their DBDs to locate target sites on available chromatin, in a process
that must be tightly regulated to ensure cellular viability. Studying these mechanisms in
detail will therefore help our understanding of gene regulation and diseases that may
result when these fail.

1.3 Research questions and goals
The roles of TF proteins are intricately connected to their biophysical properties.
The overarching goal of my thesis is to understand how the structural and dynamic
properties of eukaryotic TFs determine their DNA-binding and regulatory mechanisms. For
this purpose, I characterized two regulatory TFs that are crucial in the normal function of
immune cells. In Chapter 2, I focused on the DNA binding mechanisms of Pax5, a protein
that is required in B-cell development, and which is commonly mutated in B-cell
malignancies. In Chapter 3, I investigated Ets1, a transcription factor whose function is
crucial in T-cell activation. In this case, I studied the role of an intrinsically disordered
region of this protein in regulating DNA association. My aim was to understand the
underlying mechanisms used by these two proteins to associate with DNA in a controlled
manner.
1.3.1

Investigating the biophysical properties of human Pax5 and its DNA-binding

mechanisms
Pax5 belongs to a highly conserved family of developmental TFs characterized by an
N-terminal DBD of ~128 amino acids called the Paired domain (PD) [80]. In humans, this
small family consists of nine members (Pax1 - 9) with crucial roles in embryogenesis and
cell differentiation [81]. The DBD of Pax5 is bipartite, containing N- and C-terminal
subdomains that cooperate to bind DNA (Figure 1.5). This type of DBD architecture lends
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itself to unique binding properties, since separate regions can contribute differentially to
association with DNA.
One important question my research sought to address was the relative ability of
each subdomain to associate with DNA in a specific versus non-specific manner. While
conducting these studies, I found that the flexible N-terminal subdomain had very specific
DNA sequence requirements for association, relative to the more rigid and promiscuous Cterminal subdomain [40]. The distinct dynamic and DNA-binding properties of the
subdomains prompted me to question the underlying basis for these differences. Thus, I
also conducted biophysical studies designed to determine the mechanisms behind the
observed differences in DNA binding by the Pax5 PD subdomains. In addition, I was
interested in whether functionally mapped domains of Pax5 outside the PD could adopt
stable secondary structures, or whether the remainder of Pax5 was mostly disordered.
Answers to these questions are provided in Chapter 2 of my thesis.

Figure 1.5: Domain organization of Pax5. A schematic of the relative position of different
domains in the human Pax5 protein is shown. This includes the bipartite N-terminal DNA-binding
Paired domain (PD), the octapeptide motif (OP), a region of homology to homeodomains (HD), a
transactivation domain (TAD), and a C-terminal inhibitory module (IM). Approximate amino acid
boundaries are provided above the cartoon and are derived from multiple previous studies
(reviewed in [82]). The PD of Pax5 is composed of N-terminal and C-terminal helical subdomains
joined by a linker of ~ 20 residues. The crystal structure of the PD of Pax5 bound to DNA and Ets1 is
shown (PDB: 1MDM, the Ets1 molecule was removed for simplicity).
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1.3.2

Understanding the DNA-binding autoinhibitory mechanism of Ets1
Ets1 is an important transcriptional regulator and proto-oncogene highly expressed

in lymphocytes [83]. Multiple PTMs have been identified in Ets1 that fine-tune its activity
(Figure 1.6) (reviewed in [83]). Upon activation of T-cells, for example, intracellular
calcium concentrations increase, leading to the activation of calmodulin-dependent kinase
II (CaMKII). This kinase phosphorylates Ets1 at serine residues present in the intrinsically
disordered serine-rich region (SRR) preceding the

DNA-binding ETS

domain.

Phosphorylation of the SRR reduces DNA binding by Ets1 dramatically; however, the
structural basis for this mechanism was only partly understood. The goal of my studies on
Ets1 was to elucidate the basis for the interaction between the phosphorylated SRR region
and the ETS domain, and thereby better explain how the function of Ets1 is regulated by
disordered sequences adjacent to its DNA-binding domain. Answers to these questions are
provided in Chapter 3 of my thesis.

Figure 1.6: Domain organization of Ets1 and selected PTMs. Shown is the domain organization
of the full-length Ets1 molecule. The Pointed (PNT) domain functions in transcriptional activation
by mediating protein-protein interactions [84]. The C-terminal ETS domain is responsible for DNA
binding. Phospho-acceptor sites are indicated by the letter P and are shown at approximate
mapped sites along the protein. Ets1 activity is downregulated by at least two processes (red):
CaMKII phosphorylation in the SRR region, which decreases DNA binding, and modification with
SUMO, which recruits transcriptional co-repressors. In contrast, phosphorylation by the MAP
kinases and the presence of partners such as Pax5 and Runx1 activate transcriptional activity
(shown in green). For simplicity, other PTMs identified in Ets1, including ubiquitination and
acetylation, are not shown [83]. The model of full length Ets1 was generated by Dr. Cameron
Mackereth using the published coordinates for the PNT domain (PDB: 2JV3) and the inhibited ETS
domain (PDB: 1R36). For illustrative purposes, the remaining residues were simply built as an
extended polypeptide without any additional energy minimization. I made minor color changes of
this model to generate the figure using PyMol [27].
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Chapter 2: Biophysical characterization of Pax5 and its DNAbinding mechanisms
2.1 Overview
The eukaryotic transcription factor Pax5 or B-cell specific activator protein (BSAP)
is central to B-cell development and has been implicated in a large number of cellular
malignancies resulting from loss- or gain-of-function mutations. The DNA-binding Paired
domain (PD), in particular, is a hot spot for chromosomal rearrangements and diseaseassociated genetic changes. In this chapter, I characterize the human Pax5 protein and its
DNA-binding mechanisms, using a combination of NMR spectroscopy, isothermal titration
calorimetry (ITC), circular dichroism (CD) spectroscopy, and molecular dynamics (MD)
simulations. I found that the PD folds as two independent helical bundle subdomains
separated by a conformationally disordered linker. The N-terminal ~ 30 residues are also
disordered as determined by chemical shift analysis and amide relaxation experiments. The
two subdomains of the PD differ in their dynamics and DNA-binding properties. The Cterminal subdomain (CTD) is ~ 10 fold more protected from amide hydrogen exchange
(HX) than the N-terminal subdomain (NTD). MD simulations support the dynamic nature of
the NTD, and highlight motions of the DNA recognition helix. In spite of being more
dynamic, the NTD is resistant to chemical and thermal denaturation relative to the CTD, as
measured by CD spectroscopy. These and other observations described in this chapter,
point to a flexible NTD subdomain which behaves as a “molten globule”. This stands in
contrast to the more rigid CTD.
Upon binding DNA, the dynamic properties of the PD become significantly
dampened. In particular, the N-terminal residues become folded, and the highly conserved
linker region becomes rigid. I also found that DNA binding by the NTD is highly specific,
relative to the CTD, as evidenced by the ability of the NTD to discriminate cognate versus
non-specific DNA-binding sites. These interactions of the NTD with cognate DNA are not
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solely reliant on electrostatic contributions and are driven by large favorable enthalpy
changes that offset comparable losses in entropy. On the other hand, the more rigid CTD
primarily depends on electrostatic effects in order to recognize both cognate and nonspecific DNA. HX experiments and MD simulations indicate a greater reduction in motions
of the NTD than the CTD upon DNA binding. The inverse relationship between subdomain
dynamics and specificity suggests that conformational plasticity is needed for Pax5 to form
high affinity interactions with its cognate DNA sites. In addition, the distinct behaviors of
the NTD and CTD may enable efficient searching of non-specific genomic DNA by Pax5
while also retaining specificity for functional regulatory sites.
The remainder of Pax5 appears to be intrinsically disordered by NMR chemical shift
analysis, and does not adopt any stable secondary structure in the absence of protein
partners. In addition, the putative partial homeodomain of Pax5 does not interact with
DNA, and may instead be a site for protein-protein interactions. These data, in combination
with sequence-based structure predictions, point to regions of Pax5 outside the PD being
natively unstructured and serving as docking surfaces for other components of the
transcriptional machinery.

2.2 Introduction
2.2.1

Structural insight from the Paired box (Pax) family of proteins
The Pax family of transcription factors control tissue patterning and organ

formation during early development, and are found across the animal kingdom, from
sponges to humans [85-87]. Nine Pax genes have been identified in mammals, with critical
roles in embryogenesis and cell differentiation, as demonstrated by a number of congenital
syndromes associated with mutations in pax gene loci [86, 87]. For example, mice deficient
in Pax3 do not survive gestation and fail to develop the circulatory system [80]. In humans,
mutations in this gene can cause Waardenburg syndrome, a rare genetic disordered
characterized by hearing deficiencies and abnormal melanocyte formation [80]. Similarly,
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other Pax genes have been found to be crucial in the formation of the eyes (Pax6), the
kidney (Pax2), the thyroid (Pax8), and the thymus (Pax1) (reviewed in [80]).
The defining feature of this ancient family of transcription factors is the highlyconserved N-terminal DNA-binding region of ~128 amino acids known as the Paired
domain (PD) [12, 85-88]. The Pax proteins can be divided into four subgroups based on the
presence of additional conserved features, such as the homeodomain (HD) and octapeptide
(OP) motif, believed to be present in the ancestral Paired gene (Figure 2.1) [85, 86, 89].
The second subgroup, for example, includes Pax5 and contains the OP motif and a region of
partial homology to the HD [89].

Figure 2.1: Domain organization and subgroups of the nine identified mammalian Pax
proteins. The nine paralogs can be subdivided into four groups (I-IV) based on amino acid
sequence homology [85]. All family members share a highly conserved DNA-binding PD consisting
of ~ 128 residues. Shown are schematic representations of the relative positioning of regions of
high sequence similarity found across the family. The asterisks (*) highlight domains of human Pax
proteins that have been characterized structurally, and are shown in Figures 2.2 and 2.3. The
transactivation domains (TADs) have not been included for simplicity. However, they are found at
the C-termini of the proteins, and can vary in length. The cartoon representations are not drawn to
scale. Pax proteins differ in the number of amino acids and the spacing between the regions shown.
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Regions of high sequence similarity in the Pax family of transcription factors such as
the PD have been structurally characterized by NMR spectroscopy and X-ray
crystallography. The PDs of human Pax5, human Pax6, and D. melanogaster Paired were
crystalized in complex with DNA (Figure 2.2) [12, 90, 91], whereas the unbound PD of
human Pax8 was characterized using NMR spectroscopy (Figure 2.2) [92]. These
structural studies showed that the PDs of Pax proteins are composed of a bipartite DNAbinding domain consisting of two helical subdomains joined by a linker of ~ 20 residues.
Superposition of these structures showed very high structural conservation, with ~ 1.5 Å
backbone root-mean square deviations (RMSDs) between the PDs of Pax5 and Pax6. This is
not surprising given the ~ 75 % amino acid sequence identity between these two domains.
Helix-turn-helix (HTH) motifs in the N-terminal subdomain (NTD, also called PAI) and Cterminal subdomain (CTD, also called RED) bind the major groove of DNA at sites
separated by approximately one turn of the phosphodiester backbone. Additional minor
groove contacts are provided by a short N-terminal β-hairpin and adjacent loops, as well as
the linker.
At the start of my thesis research, only the PDs of Pax6 and Pax8 had been
characterized in the absence of DNA. Early studies using CD spectroscopy indicated that
these PDs had low α-helical content, which increased upon DNA binding [93, 94]. In
contrast, using NMR spectroscopy, Codutti et al. [92] demonstrated that the unbound Pax8
PD adopts stable conformation similar to that of other PD proteins studied in complex with
DNA [12, 90, 91]. However, the authors noted weak tertiary contacts in the helical
subdomains of Pax8, and the absence of the N-terminal β-hairpin found in crystals of
PD/DNA complex (Figure 2.2). Thus, we initially lacked consistent insights into the
biophysical properties and structural dynamics of the PDs in the Pax family, as well as their
DNA-binding mechanisms.
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Figure 2.2: Paired domains characterized to date by X-ray crystallography and NMR
spectroscopy. The crystal structures of paralogous PDs (sequence conservation > 60%) of Paired
(fruit fly), Pax5, Pax6, and Pax8 (human) were determined in their DNA-bound or free forms [12,
90-92]. These structures showed that the PD is a conserved bipartite DNA-binding domain
composed of NTD and CTD subdomains. The helices forming the subdomains are labeled, along
with the β-hairpin motif where present. The crystal structure of Pax5 also contains the
transcriptional partner Ets1 contacting the NTD and additional DNA, omitted here for clarity.

In addition to the N-terminal PDs which define the family, Pax proteins belonging to
groups III and IV also contain a HD that is involved in DNA binding and protein interactions
[95]. The three-dimensional (3D) structures of three Pax HDs have been described thus far
[95, 96], and are shown in Figure 2.3a. These structures, which superimpose very closely,
form a three-helix bundle using the helix-turn helix (HTH) motif characteristic of HDs [97].
In the case of Pax5 and members of the same subfamily, there is a region of high sequence
similarity only to the first helix of these domains (Figure 2.3b).

23

Figure 2.3: Homeodomains of Pax proteins characterized to date. The HDs in this family are
structurally similar and exhibit a characteristic helix-turn-helix (H2-H3) motif. (a) Left and middle
panels: X-ray crystallographic structures of the human Pax3 and fruit fly Paired HDs in complex
with DNA [95, 96]. Although the DNA strands are not shown for ease of comparison and clarity, the
recognition helix H3 binds the major groove of DNA. Right panel: NMR spectroscopically derived
structure of the HD of human Pax6 determined in the absence of DNA. All structures superimpose
closely, indicating that the overall HD fold does not change significantly upon binding DNA. (b) The
full-length protein sequences of five human transcription factors from diverse families known to
contain HDs were aligned with that of human Pax5. The numbers below the alignment correspond
to Pax5 residues. Although residues within the ~ 220-250 region of Pax5 share some apparent
homology with helix 1 (H1) of the HD, there is sequence little relationship to the helix-turn-helix H2
and H3. Residues fully (orange) or moderately (yellow) conserved in 5 or more members are
highlighted.

However, the homology is only partial and does not extend to the DNA-recognition helix.
Therefore, at the start of my work it was unclear whether in the case of Pax5, this segment
was able to adopt a defined structure and recognize DNA, and if not, what its role in
transcriptional regulation was.
Aside from the PD and HD regions, other conserved features of the Pax family have
not been structurally characterized to date. The OP or eh1 motif is a short (7-8 residues)
region present in some members of the Pax family, including Pax5, as well as other families
of HD-containing transcription factors [98]. This motif has been shown to interact with the
Groucho/TLE family of transcriptional repressors in several species [99]. How this
interaction may contribute to transcriptional silencing is not well-understood. However,
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there is evidence that upon recruitment, Groucho proteins interact with histone
deacetylases (HDACs), thus localizing DNA-modifying proteins that contribute to a
repressed chromatin state [99].
Finally, Pax proteins contain proline-rich TADs at their C-termini. Secondary
structure prediction algorithms suggest that these domains are intrinsically disordered,
save for small regions with α-helical propensity. This is supported by the relatively high
content of proline and polar residues (e.g. serine and threonine) in the TAD of Pax5,
residues known to promote disorder in protein regions (more details about intrinsic
disorder in section 3.2.1). However, the structural and biophysical mechanisms mediating
the recruitment of proteins promoting transcriptional activation and silencing by the TADs
of Pax proteins remain unknown.
2.2.2

Pax5
Pax5 or B-cell specific activation protein (BSAP) was first identified for its DNA-

binding ability and expression in immature B-cells [100]. In cooperation with Pax2, Pax5 is
important in the formation of the central nervous system during mouse embryonic
development [101-104]. In adult organisms, Pax5 drives differentiation and maturation of
B-cells, serving both as an activator of B-cell-specific genes (e.g., CD19, mb-1, and Blnk) and
a repressor of alternative developmental programs [105-108]. As such, Pax5 is considered
a “commitment” factor, without which cells retain the potential to develop along alternative
hematopoietic pathways (e.g. to become T-cells) [109].
Not surprisingly, aberrant Pax5 activity has been implicated in a large number of Bcell malignancies and other non-hematopoietic cancers, where it can act as oncogene or
tumor suppressor depending on the cellular context (reviewed in [108]). In the latter case,
a reduction in Pax5 function can lead to B-cell acute lymphoblastic leukemia [110-112],
whereas re-establishment of Pax5 expression ameliorates the malignant phenotype [113].
Genome-wide DNA-binding studies have been crucial in understanding the function
of Pax5 in B-cell development. A study published in 2012 identified ~20,000 and ~15,000
DNA-binding sites for Pax5 in pro-B and mature B cells, respectively, corresponding to ~
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40 % of the total number of nuclease hypersensitive regions identified in these cells [114].
However, only ~ 360 genes were found to change in expression level by more than 4-fold
upon deletion of Pax5 [114]. These data indicated that, in most cases, DNA binding by Pax5
is not sufficient to alter gene expression levels and other regulatory factors are needed.
Partnerships with proteins such as Ets1 and Grg4, as well as specific DNA promoters that
allow high-affinity complex formation, must be critical for ensuring proper activation and
repression of Pax5 gene targets in vivo [12, 89, 115, 116].
This chapter focuses on the DNA-binding PD of Pax5, which is a hotspot for disease
mutations. Interestingly, the PD is retained in at least 15 chromosomal rearrangements
resulting in Pax5 fusion proteins [109]. In addition, a study found that the vast majority of
mutations in mouse models of B-cell acute lymphoblastic leukemia were located in the PD
[117]. These mutations are expected to disrupt DNA-binding activity of Pax5, thereby
preventing complete B-cell differentiation and leading to tumorigenesis.
Previous studies investigating DNA binding by Pax5 have shown that the consensus
site of the Pax5 PD is extended (~ 15-20 bases) and somewhat degenerate and thus not
well defined (Figure 2.4) [81, 114, 118]. This is consistent with the structures of Pax
proteins in complex with DNA shown above, in which several regions of the PD are in close
proximity to the DNA. However, the relative contributions of the two subdomains and the
linker to DNA binding and specificity by Pax proteins was unclear and seemed to be context
dependent. For example, in the case of Paired from fruit fly, the NTD appeared to be
functionally dominant in the activation of genes involved in embryonic patterning, since
deletion of the CTD had no phenotypic effect in vivo [119]. In addition, mutations in the
DNA-binding domain affecting fly viability could be rescued with the NTD region of the
protein alone [90]. Although a few reports agreed on the dominance of the NTD in DNA
binding by Paired [120, 121], more recently, the CTD was found to be necessary for proper
mating response in flies [122]. The importance of this subdomain in cooperating for target
DNA recognition had also been recognized for Pax5 [81], Pax6 [123], and Pax8 [94, 124].
Therefore, the individual subdomains seemed to have different roles in associating with
DNA. However, given the similar structures and DNA recognition modes of the NTD and
CTD subdomains, the reasons underlying these differences were unknown.
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In this chapter, I used NMR spectroscopy and other biophysical techniques, as well
as MD simulations (in collaboration with Mr. Florian Heinkel), to investigate the structure,
dynamics, and stability of the PD of Pax5, as well as regions encompassing the partial HD
and the putative TAD. In addition, I used NMR spectroscopy ITC to conduct DNA-binding
studies and relate these biophysical properties to function. My main findings, presented
below, advance our understanding of the underlying biophysical mechanisms used by Pax5
to bind DNA and regulate gene expression.

2.3 Results
2.3.1

Biophysical properties of the DNA-binding Paired domain of Pax5

In solution, the PD of Pax5 folds as two independent helical subdomains
I initially collected

15N-HSQC

spectra of three bacterially-expressed fragments of

this transcription factor: Pax51-92 containing the NTD and flanking regions, Pax576-149
containing the linker and CTD, and Pax51-149 spanning the entire PD (Figure 2.4a). The two
subdomain constructs showed dispersed amide peaks characteristic of folded structures, as
well as sharp signals exhibiting random coil 1HN shifts (~ 8 to 8.5 ppm), diagnostic of
conformational disorder (Figure 2.4b). In addition, the corresponding amide 1HN-15N
signals of the smaller protein fragments (Pax51-92 and Pax576-149) overlaid closely with
those of Pax51-149 (Figure 2.4b), indicating that the NTD and CTD are structurally
independent and can adopt the same fold whether in isolation or connected covalently to
form the full-length PD. Consistent with this conclusion, the

15N-HSQC

spectrum of

15N-

labeled Pax51-92 was not perturbed upon addition of unlabeled Pax576-149 (not shown).
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Figure 2.4: The subdomains of Pax51-149 fold as independent helical bundles. (a) Boundaries
of the protein fragments used in this study. Colored rectangles indicate the NTD and CTD helical
bundles. The DNA-binding consensus sequence of the PD according to the JASPAR CORE database
[125] is also shown. Bases present in more than 50% of the sequences within this dataset are
written explicitly, with those most conserved (> 75%) underlined. The x represents less than 50%
preference for any particular base. (b) Overlaid 15N-HSQC spectra of the three Pax5 fragments
collected at pH 6.5 and 25 °C. Residues Arg50, Glu113, and Ile83 are labeled as examples. The close
overlap of dispersed signals from the two subdomain fragments and the full-length PD indicates
that the NTD and CTD are structurally independent. In contrast, the sharp signals with poorly
dispersed 1HN shifts near 8 to 8.5 ppm arise from conformationally disordered amides flanking the
helical bundles. (c) In the absence of DNA, the Pax5 PD consists of two independent helical bundle
subdomains flanked by conformationally disordered residues. Shown are normalized α-helical and
β-strand propensities per residue based on the MICS analysis [126] of backbone 13Cα/13Cβ/13CO/15N
chemical shifts for Pax51-92 (yellow, left), Pax576-149 (red, right), and Pax51-149 (blue, bottom). The
solid black lines denote the RCI-S2 values for each residue, with lower values indicating greater
predicted conformational disorder. The top cartoon shows the secondary structure (black arrows
for β-strands, rectangles for α-helices) of the PD observed in a crystallized Pax5/Ets-1/DNA
complex (PDB: 1MDM).
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The assigned chemical shifts of backbone 1HN,

15NH, 13Cα, 13Cβ,

and

13CO

nuclei in

Pax51-92, Pax576-149, and Pax51-149 (assigned spectra shown in Appendix A.1-A.3) were
used to calculate secondary structure propensities, as well as random coil index-squared
ordered parameters (RCI-S2) according to the MICS algorithm [126]. This analysis revealed
that in solution, the NTD and CTD of Pax5 form well-ordered 3-helix bundles (Figure 2.4c).
The predicted secondary structures of the individual subdomains did not change in the
context of the full PD, and agree closely with those observed in the crystal structure of the
Pax5/Ets-1/DNA complex (PDB ID: 1MDM) [78]. However, the N-terminal ~ 30 residues of
Pax51-92 and Pax51-149 lacked any persistent secondary structure and exhibited low RCI-S2
values, indicative of conformational flexibility. Although residues 25-27 showed β-strand
propensity, the overall chemical shift analysis indicates that the small β-hairpin (residues
19-21 and 25-27) seen in the crystal structure of the Pax5/Ets-1/DNA complex is dynamic
and not stably formed in either free Pax51-92 or Pax51-149. This conclusion is supported by
amide HX and

15N

relaxation studies presented below. The linker residues in all three

fragments were also found to be disordered, with random coil chemical shifts and hence
low RCI-S2 parameters. Consistent with the spectral comparisons in Figure 2.4b, these data
suggest that the two subdomains do not interact with one another, but rather behave as
“beads-on-a-string” to form the full PD.
Upon binding DNA, the β-hairpin and linker region become ordered
To characterize the potential changes in structure and dynamics that occur upon
DNA binding by the PD, I assigned the backbone chemical shifts of amide-protonated
2H/15N/13C-labeled

Pax51-149 in complex with a 25 bp DNA duplex corresponding to the

high affinity variant of the CD19 promoter, CD19-2_Ains (Figure 2.5 and Appendix A4)
[81]. The majority of the amides in the protein exhibited chemical shift perturbations
(CSPs) in the presence of DNA (Figure 2.5a, c). However, based on chemical shift analysis
using the MICS algorithm, the α-helical content of the complex remained very similar to
that of the free protein (Figure 2.5b). In contrast, the RCI-S2 values of the linker and the Nterminal residues increased to match those in the helical bundles. This indicates that the
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protein backbone in these regions becomes more ordered when bound to DNA (Figure
2.5b). In addition, the β-hairpin and linker regions showed slightly increased β-strand
propensities. In the case of the linker, this most certainly reflects its restriction to an
extended conformation and not the formation of a β-sheet. However, in the case of the Nterminal region, residues Gln22 and Asn29, which are part of the β-hairpin turn and loop
leading to helix 1, respectively, showed large increases in turn propensities (Figure 2.6).
This suggests that the β-hairpin and adjacent turns are stabilized upon DNA binding and
supports previous observations that this region makes crucial contacts with DNA [12, 9092].
Amide CSPs due to binding of the CD19 DNA were mapped onto the crystal structure
of the PD in the Pax5/Ets1/DNA ternary complex (Figure 2.5c, PDB: 1MDM) [12, 78]. The
largest CSPs localized to amides in the β-hairpin and adjacent loops, the recognition helix
(H3) of the NTD, the linker region, and the recognition helix (H6) of the CTD. This is in close
agreement with the DNA contacts observed by X-ray crystallography. In particular,
residues Gln22, Gly30, Val90, and Trp112, which exhibited very high CSPs, all contact the
phosphate backbone or make hydrogen bonds with the bases of the DNA (Figure 2.5c).
The NTD is less protected from amide HX than the CTD
Protein dynamics play a critical role in DNA binding by transcription factors [127,
128]. Thus, I measured amide HX rates to study the local and global motions of the Pax5 PD
in its free and DNA-bound states. Initially, lyophilized Pax51-149 was resuspended in D2O at
pH* 7.0 and 25 °C and its protonation levels were monitored by NMR spectroscopy. In the
first 15N-HSQC spectrum, recorded only ~10 minutes after resuspension, the vast majority
of the amide signals were absent (Figure 2.7a). Nearly all of the remaining ~ 13 residues
with detectable signals localized to the helical regions of the CTD (Figure 2.7b). Although
amides within the unstructured N-terminal and linker regions were expected to exchange
rapidly under these conditions, it was surprising that the entire NTD also exhibited little HX
protection.
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Figure 2.5: The β-hairpin and linker become ordered upon binding DNA. (a) Comparison of
15N-HSQC spectra of Pax51-149 free (blue) and bound to the CD19 DNA (orange). Numerous amide
signals, including those from residues flanking the helical bundles, change chemical shifts in the
presence of DNA. (b) The backbone 13Cα/13Cβ/13CO/15N/1HN chemical shifts of free and CD19-bound
Pax51-149 were assigned (Appendix A4). Shown are the normalized α-helical and β-strand
propensities, as well as RCI-S2 values, per residue based on these shifts using the MICS algorithm
[126]. The top cartoon indicates the secondary structure of the PD as in Figure 2.4. Although the
secondary structure of the PD does not change upon DNA binding, the β-hairpin and linker regions
become substantially more ordered as evidenced by their increased RCI-S2 values. (c) The amide
1HN-15N chemical shift perturbations (CSPs, ppm) resulting from DNA binding are plotted (top) and
mapped onto the cartoon representation of the PD (bottom, from PDB ID: 1MDM). Blank values
correspond to prolines or amides with unassigned signals. Residues with values above 0.3 ppm
(dashed line) are highlighted in green, and those for which there is no information or the CSP is
below 0.3 are in blue. The largest CSPs localize to amides within the DNA recognition helices H3
and H6, the linker, and the β-hairpin region.
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Figure 2.6: The β-hairpin structure is stabilized upon binding CD19 DNA (a) Type I and (b)
type II turn propensities obtained from a MICS analysis of backbone chemical shifts [126] show that
residues Gln22 and Asn29 flanking the β-hairpin adopt chemical shifts consistent with the ordering
and stabilization of this small secondary structure. Gln22 is located in the loop between the two βstrands and Asn29 forms a turn into helix 1 of the NTD.
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Figure 2.7: The CTD of Pax51-149 is more protected from amide HX than the NTD. (a) Pax51-149
was lyophilized and resuspended in D2O to monitor the decay in amide 1HN-15N signal intensity due
to protium-deuterium exchange. Shown are overlaid 15N-HSQC spectra of Pax51-149 in H2O buffer
(open blue, pH 6.5, 25 °C) and ~ 10 min after resuspension in D2O (solid cyan, pH* 7.0 and 25 °C).
Peaks in the latter are assigned. (b) Amides that have not fully exchanged after this time localize
primarily to the CTD and are highlighted in cyan on a cartoon representation of the PD derived
from the Pax5/Ets-1/DNA crystal structure (PDB: 1MDM). (c) Upon binding DNA, the entire PD
becomes more protected against HX. Protection factors (PFs) for free Pax51-149 obtained from either
slow protium-deuterium exchange at pH* 6.0 and 15 °C or fast CLEANEX-PM protium-protium
exchange at pH 5.6, 6.3, or 8.0 and 25 °C were plotted in blue or cyan (the latter highlighting those
most protected from HX in panel (a)). In grey are the corresponding PFs of the PD in the DNAbound state, measured at pH* 6.60 and 15 °C using protium-deuterium exchange. Missing data
corresponds to prolines, residues with overlapping amide chemical shifts, or residues with
exchange rate constants outside of the measureable experimental ranges of the two approaches.
The top cartoon indicates the secondary structure of the PD.

To better quantitate the HX behavior of Pax51-149, protium-deuterium exchange
experiments were repeated at pH* 6.0 and 15 °C. The reduced sample pH* and temperature
enabled measurements of HX rate constants for many amides (~ minutes-hours timescale).
In parallel, I conducted magnetization transfer CLEANEX-PM experiments at pH 5.6, 6.3
and 8.0 (25 °C) to measure more rapid protium-protium HX (~ seconds timescale). The fit
exchange rate constants for each backbone amide, kHX-obs, were compared to those
predicted for Pax51-149 (kHX-pred) as a random coil polypeptide under the same conditions
[129-131]. The calculated amide protection factors PF = kHX-pred/kHX-obs from HX and/or
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CLEANEX-PM experiments are shown in Figure 2.7c. In accordance with their random coil
chemical shifts and hence low RCI-S2 values, amides in the linker and terminal regions had
PFs ~ 1. This indicates that these residues (which include those forming the β-hairpin
when DNA-bound) do not adopt stable hydrogen-bonded conformations. In contrast,
residues forming helices in the N- and C-terminal subdomains had PFs of ~ 100 and ~
1000, respectively. Assuming hydrogen exchange in the bimolecular kinetic limit (EX2
conditions) and that the most protected amides in each subdomain exchange via global
unfolding [132], these PFs correspond to ΔG°unfolding = RTln (PF) values of only ~ 2.6
kcal/mol and ~ 4.0 kcal/mol for the N- and C-terminal subdomains, respectively (Table
2.1). Thus, relative to well-folded globular proteins with PFs typically in the range of 104 to
107 [74, 133, 134], neither subdomain is highly stable against fluctuations leading to HX.
Nevertheless, the CTD of Pax51-149 is more protected than the NTD.
Upon binding DNA, the entire PD becomes more protected from HX
To gain complementary dynamic insights, I also performed HX experiments on the
Pax51-149/CD19 complex at pH* 6.60 and 25 °C. Relative to the unbound state, amides
throughout the protein became significantly more protected from exchange (Figure 2.7c).
Of particular note, residues in the β-hairpin and linker regions had PFs ~ 103 in the bound
state, versus ~ 1 in the free state, indicating the stabilization of intra- or intermolecular
hydrogen bonds. This is consistent with the structure of the PD in the Pax5/Ets1/DNA
ternary complex. For example, the amides of Leu23 and Phe27 in the β-hairpin donate
hydrogen bonds to Asn21 and Gly19, respectively, whereas those in the linker region (e.g.
G85) interact with DNA. Furthermore, many amides throughout the NTD and CTD helical
bundles of the Pax51-149/CD19 complex had PFs > 107 when bound to CD19 DNA,
representing dramatic increases of at least 105 or 104-fold, respectively, relative to the free
protein. These data hint that the stabilities of the helical bundles become similar when
bound to cognate DNA. However, due to the very slow exchange behavior of the PD/DNA
complex, I can only provide minimum PFs for the most protected amides. Therefore, I
cannot rule out that the subdomains have different stabilities in the bound state. In
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addition, exchange could occur within the bound state and/or via transiently unbound
forms of the protein. Nevertheless, these HX measurements demonstrate that Pax51-149 is
dramatically stabilized upon binding a cognate DNA sequence. Studies using molecular
dynamics (MD) simulations below provide further insight into the dynamic properties of
the subdomains in their DNA-bound state.
The NTD is more stable to chemical and thermal denaturation than the CTD
The HX experiments described above revealed that the subdomains have distinct
biophysical properties. To further examine this, I used CD spectroscopy to conduct thermal
and chemical denaturation studies. As shown in Figure 2.8a, I found that both the NTD and
CTD had CD spectra characteristic of α-helical structures with ellipticity minima at 222 nm,
as well as random coil character. The latter I attribute to the linker and β-hairpin regions,
which are unfolded in the DNA-free state. I used the CD signal at 222 nm to monitor the
unfolding of the subdomains as a function of temperature. Heat denaturation of both the
NTD and CTD was a reversible process with little hysteresis (not shown). Surprisingly, the
NTD had a significantly higher midpoint unfolding temperature (TM) of 67 ± 0.5 °C relative
to the CTD, which had a TM of 58 ± 0.5 °C (Figure 2.8b, Table 2.1). However, the unfolding
transition of the CTD was more cooperative than that of the NTD, which showed a more
gradual loss in α-helical content as the temperature was increased. The fit ΔH0unfold values
for the NTD and CTD were 30 ± 1 kcal/mol and 41 ± 2 kcal/mol respectively, indicating
that the NTD requires less heat to denature, in spite of its higher TM. These values are
affected by the change in heat capacities upon unfolding, which were not determined (see
below), and therefore represent estimates of ΔH0unfold.
In order to obtain a ΔG0unfold under conditions to match the HX experiments (15 °C),
it is necessary to know the difference in the heat capacities of the folded and unfolded
states of the proteins (ΔCp0). This can often be extracted from thermal denaturation curves
measured as a function of sample pH [135]. Unfortunately, over the pH of range 5.6 - 7.8,
the TM and ΔH0unfold values of the subdomains did not change significantly, thus precluding
determination of their ΔCp0 values. Although not pursued during my thesis studies,
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differential scanning calorimetry is an alternative approach for obtaining these
thermodynamic parameters.
In parallel, I studied protein stability using guanidinium hydrochloride (GuHCl) as a
chemical denaturant (Figure 2.8c). The midpoint concentrations of GuHCl required to
obtain equilibrium populations of 50 % unfolded protein were found to be ~ 2.7 M and ~
1.9 M for the NTD and CTD, respectively. The ΔG°unfold of the NTD and CTD were calculated
to be 2.9 ± 0.1 kcal/mol and 2.4 ± 0.1 kcal/mol, respectively, by extrapolating ΔGunfold
measurements at each denaturant concentration to GuHCl-free conditions (Figure 2.8c,
Table 2.1). Therefore, the NTD was also more stable than the CTD to chemical
denaturation, as measured by loss in secondary structure. The m-value of unfolding [136],
which is equal to the negative slope of ΔGunfold versus [GuHCl], was steeper in the case of
the CTD, relative to the NTD (1.24 kcal/mol-M versus 1.06 kcal/mol-M). This value is
typically related to the change in accessible surface area of the protein upon unfolding
[136]. The fact that this m-value is greater in the case of the CTD may indicate that it has a
more extensive hydrophobic core than the NTD. This is in agreement with qualitative
observations of side chain packing in the crystal structures which show that the CTD has
more aliphatic side chains mediating internal contacts (not shown).
The ΔG0unfold values determined for the NTD by HX and by chemical denaturation are
comparable (Table 2.1), suggesting that they are reporting the same conformational
equilibrium. In contrast, the ΔG0unfold value determined for the CTD by HX appears
anomalously high. This is somewhat difficult to reconcile, and may imply that the
predominantly unfolded state of the CTD still contains some residual structure under the
HX experimental conditions, that leads to increased protection from exchange.
In summary, whereas the NTD requires higher temperatures and denaturant
concentration to unfold, the transition is broader and less cooperative than observed in the
CTD. These results suggest that the NTD is more dynamic than the CTD, and is consistent
with the NMR-derived HX data showing that the NTD readily undergoes conformational
fluctuations to enable solvent contact by its amide hydrogens [40].
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Figure 2.8: The NTD of Pax5 is more resistant to heat and chemical denaturation than the
CTD. (a) CD spectra of purified Pax51-92 and Pax576-149 proteins (10 µM) in NMR sample buffer (see
Methods) at pH 6.5 and 25 °C. Both subdomains exhibited characteristic CD spectra of helical and
disordered regions. (b) The CD signal at 222 nm was monitored as the sample temperature was
increased gradually from 25 °C to 95 °C. The resulting curves were fit to determine the indicated TM
values and the enthalpies of denaturation, ΔH0unfold (Table 2.1). Relative to the NTD, the CTD
unfolds at a lower TM, yet in a more cooperative manner and with a higher ΔH0unfold. (c) The CTD is
also more sensitive to GuHCl denaturation. The ellipticity at 222 nm was monitored as a function of
denaturant concentration (left panel). The midpoint GuHCl unfolding concentrations, [GuHCl]50%
were ~ 1.9 M GuHCl for the CTD and ~ 2.7 M for the NTD. A plot of ΔGunfold at each denaturant
concentration (right panel) derived from the fraction unfolded allows extrapolation to the ΔG0unfold
under non-denaturing conditions. From these calculations, the ΔG0unfold values at 0 M GuHCl are
estimated to be 2.9 and 2.4 kcal/mol for the NTD and CTD, respectively.
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Table 2.1: Midpoint unfolding temperatures and thermodynamic parameters of
unfolding of the subdomains of Pax51-149 as determined by CD and HX.

Pax5
subdomain
NTD
CTD

TM (°C) a
67.0 ± 0.5 °C

ΔH0unfold
(kcal/mol) a
30 ± 1

ΔG0unfold
(kcal/mol) b
2.9 ± 0.1

m-value
(kcal/mol-M) b
1.06 ± 0.04

ΔG0unfold
(kcal/mol) c
2.6 ± 0.4

58.0 ± 0.5 °C

41 ± 2

2.4 ± 0.1

1.24 ± 0.06

4.0 ± 0.5

Derived from CD-monitored heat denaturation experiments. Errors were estimated from
goodness of fit using GraphPad Prism.
b Derived from extrapolation of ΔG0
unfold values to 0 M GuHCl using CD spectroscopy. The errors
correspond to standard deviations derived from linear regression analysis.
c Derived from HX measurements, assuming the EX2 limit [137], and by averaging the largest
protection factors found in the α-helices. Errors were estimated using the standard deviation of
these values.
a

Amide 15N relaxation experiments describe sub-nanosecond timescale motions in the PD of
Pax5
To characterize the sub-nanosecond timescale dynamics of the PD, I collected amide
15N

relaxation data (T1, T2, and heteronuclear NOE) of Pax51-149 in the absence and

presence of DNA (Figure 2.9). In its free form, amides throughout the helical bundle
subdomains had relatively uniform T1 and T2 lifetimes and heteronuclear

15N-NOE

values

of ~ 0.75. This is indicative of well-defined helical structures and limited motions of the
1NH-15N

bonds in the sub-nanosecond timescale [138]. On the other hand, amides within

the N-terminal ~ 30 residues and linker regions of free Pax51-149 showed distinctly long
amide T2 lifetimes and low or negative heteronuclear NOE values. Together with their
random coil chemical shifts, low RCI-S2 values, and PFs ~ 1, these data clearly demonstrate
that these regions of Pax51-149 are conformationally disordered in the sub-nanosecond
timescale in the absence of DNA. In contrast, when bound to DNA, the relaxation properties
of the linker and the N-terminal residues more closely match those of the helical
subdomains. Thus, in contrast to the "beads-on-a-string" behavior of free Pax51-149, the
entire PD becomes well-ordered when in complex with DNA.
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Figure 2.9: Sub-nanosecond timescale motions of Pax5 using amide 15N relaxation
experiments. Shown are (a) T2, (b) T1 and (c) heteronuclear NOE relaxation data of free (blue)
and DNA-bound (orange) Pax51-149, confirming that the linker and N-terminal residues are
conformationally mobile in the absence of DNA, with unusually long T2 lifetimes and low or
negative NOE values. However, these regions become ordered when bound, with relaxation
parameters similar to those of the NTD and CTD helical amides. The * denote clipped histogram
bars for residues Asn148 and Gln149 with T2 (and NOE) values of 0.44 s (-0.6) and 0.80 s (-0.8) for
the free protein and 0.80 s (-0.3) and 1.2 s (-0.8) for the complex, respectively.
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Fitting the relaxation data measurements (T1, T2,

15N-NOE)

for the most ordered

amides in Pax51-149 to the model-free formalism using Tensor2 [139] yielded rotational
correlation times for isotropic global tumbling of 8.9 and 8.2 ns for the NTD and CTD,
respectively. Although the assumption of isotropic rotation is an oversimplification, these
values are consistent with the similar masses of the NTD and CTD regions within the ~ 17
kDa Pax51-149 protein fragment, and the fact that the two subdomains are separated by a
flexible linker. Theoretical calculations of correlation times for the separate subdomains
based on the crystal structure (PDB: 1MDM), using hydroNMR [140] yielded correlation
times of 4.3 and 5.2 ns for the NTD and CTD subdomains respectively. On the other hand,
the full PD was predicted to have a correlation time of 19 ns. These data are consistent with
the free PD having rotational diffusion motions between that of two completely
independent subdomains (~ 4 - 5 ns) and a rigid body (i.e. the PD in the DNA-bound
conformation, ~ 19 ns). In the bound state we obtained a correlation time of 24 ns for a
near axially symmetric prolate ellipsoid, with the z-axis lying along the DNA. This value is
compatible with the increased mass of ~ 32 kDa for the 1:1 Pax51-149/DNA complex.
Molecular dynamics simulations shed light into the dynamic properties of the subdomains
To better understand the dynamic nature of the subdomains, we ran MD simulations
on the core helical bundle structures without the flexible termini, Pax534-77 (NTD) and
Pax592-142 (CTD). These simulations were based on the crystal structure of Pax5 determined
in complex with DNA and Ets1 (PDB: 1MDM) [12], after removal of both the DNA and Ets1
molecules, followed by energy minimization. The simulations were run for 920 ns and the
free subdomains remained stable throughout (not shown). Not surprisingly, we found that
the average Amber B-factor (ABF) for backbone Cα atoms was lower for those in helices
and higher for those in the interconnecting loops of the subdomains (Figure 2.10). The
ABF value is related to the mean-squared deviation of atomic positions during the
simulation, and is an indication of motions involving the backbone Cα atom. Interestingly,
the DNA recognition helix H3 of the NTD was found to be more dynamic in this timescale,
relative to the recognition helix H6 in the CTD. While most residues in H6 had an ABF value
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bellow 15 Å2, residues in H3 were mostly above this value. As discussed below, the
subdomains have different DNA-binding specificities, and the differences in the
nanosecond timescale motions of the recognition helices observed by MD simulations may
provide clues as to why.

Figure 2.10: MD simulations shed light into dynamics of the Pax5 subdomains. Simulations
for the isolated subdomains were run for 920 ns each using AMBER 14 [141], in the absence of
DNA. (a) The average Amber B-factor (ABF) of the Cα atoms for each residue was plotted as a
function of residue number for Pax534-77 (NTD) and Pax592-142 (CTD). The helical boundaries of the
subdomains are shown in yellow and red rectangles above the graph for the N-terminal and Cterminal regions, respectively. As expected, the helices of the subdomains exhibited lower
fluctuations than the interconnecting loops. Interestingly, the ABF values of the NTD recognition
helix H3 are larger than those of the corresponding H6 in the CTD. The dotted line represents an
ABF value of 15 Å2, and is shown as a visual aid for both subdomains. (b) The ABFs are mapped
onto the crystal structures of the subdomains. Greater thickness and brighter colors in the cartoon
representation of the helices indicate larger ABFs.
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In addition, we performed cross-correlation analysis of the motions of these Cα
atoms to examine how the helices of the subdomains couple their movements [142]. In this
analysis, if two atoms move exactly in the same direction, they have a perfectly-correlated
value of +1. In contrast, atoms moving in opposite directions are defined as having a
correlation value of -1. We found that in the CTD, the helices forming the subdomain had
motions that were more associated, indicated by the relatively large number of residues
exhibiting positive correlation within the same helices (Figure 2.11a). However, in the
case of the NTD, the positive correlations within helices were not as pronounced,
particularly for longer-range (4 - 5 residues) associations. In fact, the recognition helix H3
of the NTD is divided into two distinct regions by this analysis, due to a kinking motion
occurring at Gly70 (Figure 2.11b). As a result, the N- and C-terminal portions of the
recognition helix H3 move in different directions. The flexible nature of the glycine residue,
with more allowed torsional rotamers, may facilitate this motion. In contrast, the CTD does
not contain any glycine residues in its sequence. Altogether, the dynamic behavior of the
subdomains, in particular that observed in the DNA recognition helices H3 and H6, are
distinct in the timescale observed by the MD simulations.
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Figure 2.11: Cross-correlation analysis of the isolated subdomains explores coupled motions
of the NTD and CTD. (a) The cross-correlation of the Cα atoms for each residue was plotted as a
function of residue number in the NTD (left) and the CTD (right). The color gradient from dark red
to dark blue corresponds to correlation values linearly scaled to the maximum and minimum values
from +1 (positively correlated) to -1 (negatively correlated). Motions in helices of the NTD are more
poorly correlated than those in the CTD, as indicated by the number and extent of positive
correlations in these regions. The helical regions are indicated with black boxes in each case. (b)
The DNA recognition helix H3 of the NTD undergoes a kinking movement mediated by Gly70, which
likely results in the negative correlation observed between the N- and C-terminal portions of the
helix.
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Upon binding DNA, the dynamic properties of the subdomains are differentially dampened
To study the DNA-bound complex by MD, I chose the high-affinity CD19 DNA
sequence as used for NMR studies above (Table 2.2, Figure 2.5). This simulation was run
for 920 ns and allowed investigation of the motions in the DNA-bound state of Pax5
(Figure 2.12). Consistent with the NMR studies described above, we found that motions
throughout the PD became significantly dampened upon association with DNA. In addition,
we found that motions in the NTD become more reduced than those in the CTD, relative to
the free state of the subdomains (Figure 2.12). This finding indicated that upon binding,
the NTD undergoes greater changes in structural dynamics, and is consistent with
thermodynamic measurements of DNA binding (below).
Finally, we also analyzed how motions in the PD are correlated in the DNA-bound
state (Figure 2.13). Overall, we found that motions in all helices were more strongly
coupled relative to those in the free subdomains, which is consistent with increased
structural definition in the complex. For example, motions within the helices forming the
subdomains, including helix H3 of the NTD, had strong positive correlations. This is
indicative of reduced dynamics in the subdomains and consistent with all the experimental
results shown in this chapter. The analysis also highlights regions in the PD that become
specifically coupled in the DNA-bound state. For example, the loop separating strands S1
and S2 in the β-hairpin had strong positive correlations with the C-terminus of H2. Upon
folding, the β-hairpin is in close proximity to this region (Figure 2.12b, 2.13), suggesting
that H2 may contribute to the stability of this structure, aside from favorable contributions
due to contacts with DNA. In addition, the N-terminus of the linker and the loop leading to
H1 are positively correlated and also found in close proximity in the DNA-bound state
(Figure 2.12b, 2.13).
In summary, the results in this section shed light into the structural and dynamic
properties of the free and DNA-bound PD of Pax5, and highlight the changes that occur
upon binding. I also showed that the two helical subdomains have distinct dynamic and
biophysical properties, which, as explored below, are related to their distinct DNA-binding
behaviors.
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Figure 2.12: MD simulations investigating the DNA-bound state of the PD of Pax5. A 920 ns
MD simulation of the DNA-bound Pax5 PD (residues 19-142) complex was run. Motions throughout
the PD, and in particular the NTD, become significantly dampened upon formation of the complex.
(a) In blue and orange are the Amber B-factors (ABFs) of Cα atoms of the isolated free subdomains
and the DNA-bound full-length PD, respectively, plotted as a function of the residue number. The
free subdomain boundaries are as in Figure 2.10. In the bound state, Pax5 residues 30-74 (NTD)
and 92-141 (CTD) are shown. The linker was omitted from the analysis for ease of comparison with
the free subdomains. (b) The motions are plotted graphically in the model of the Pax5 PD/CD19
complex. Greater thickness and brighter colors in the cartoon representation of the helices indicate
larger ABFs. The secondary structure elements are indicated. Dashed circles highlight regions with
coupled motions in the DNA-bound state shown in Figure 2.13.
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Figure 2.13: Cross-correlation analysis of the DNA-bound state of the Pax5 PD. The crosscorrelation of motions in the PD/CD19 complex for residues 19-142 were plotted as a function of
the residue number. As in Figure 2.11, the color gradient from dark red to dark blue corresponds
to correlation values ranging from +1 (positively correlated) to -1 (negatively correlated). This
analysis highlights possible stabilizing contacts between regions of the PD specific to the bound
state. For example, the β-hairpin region is positively correlated to the C-terminus of H2, hinting at
possible stabilizing contacts in the DNA-bound state. In addition, the loop leading to H1 and the Nterminus of the linker are positively correlated. These regions are indicated as dashed circles in the
figure, and highlighted in the cartoon structure shown in Figure 2.12 above. The secondary
structure elements are indicated with black boxes as in Figure 2.11.
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2.3.2

Mechanisms of DNA binding by Pax5

Both subdomains of Pax51-149 contribute to overall binding affinity towards CD19 DNA
To determine the relative contribution of each subdomain to DNA binding, I
measured the equilibrium dissociation constants (KD values) of Pax51-149, Pax51-92, and
Pax576-149 for the full CD19 DNA or its half-sites, CD19-N and CD19-C (Figure 2.14 and
Table 2.2). The latter were defined based on approaches including sequence comparisons,
mutagenesis, and chemical modification studies from previous reports [81, 143]. Using an
electrophoretic mobility shift assay (EMSA), the KD value of Pax51-149 for CD19 DNA was
determined to be 5 ± 2 nM (Table 2.3, Figure 2.15). In contrast, the individual Pax51-92 and
Pax576-149 fragments bound their respective half-site DNAs with KD values of 2.7 ± 0.9 µM
and 13 ± 3 µM, respectively, as measured by ITC (Table 2.3, Figure 2.16). The change of
more than 3 orders of magnitude in the KD value for Pax51-149 versus those for the two
fragments indicates that both contribute to the overall affinity for the full-length CD19
DNA. This is expected for multivalent interactions involving the bipartite PD and an
extended DNA sequence. Surprisingly, Pax1-92 did not measurably bind the CD19-C half-site,
whereas Pax576-149 bound both the CD19-N (12 ± 1 µM) and CD19-C (13 ± 3 µM) half-sites
with similar moderate affinities (Table 2.3, Figure 2.16). As discussed below, the DNAbinding specificity of Pax5 appears to be set by the NTD, which discriminates cognate and
non-specific binding sites.
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Figure 2.14: Schematic representation of PD protein segments used for DNA-binding studies.
Shown diagrammatically are the different fragments of the Pax5 PD used to dissect its DNA-binding
mechanisms. In blue is the full-length Paired domain (Pax51-149). Regions including only the Nterminal subdomain (NTD) or C-terminal subdomain are shown in yellow and red, respectively. The
top cartoon indicates the secondary structural elements found in the bound state of the PD.

Table 2.2: Oligonucleotides used for DNA-binding studies.
Name
CD19 a
CD19-N a
CD19-N+ a
CD19-C a
mb-1 b
mb-1-N b
mb-1-C b
GTCACTCAG
G(T)5(A)5C
T(G)5(C)5A

Sequence
5’-CGGTGGTCACGCCTCAGTGCCCCAT
3’-GCCACCAGTGCGGAGTCACGGGGTA
5'-GGTGGTCACGCC
3'-CCACCAGTGCGG
5’-GGTGGTCACGCCTCAGTG
3’-CCACCAGTGCGGAGTCAC
5'-TCAGTGCCCCAT
3'-AGTCACGGGGTA
5'-GTGCCGGAGATGGGCTCCAGTGGCCCT
3'-CACGGCCTCTACCCGAGGTCACCGGGA
5'-GAGATGGGCTC
3'-CTCTACCCGAG
5'-GCTCCAGTGGCC
3'-CGAGGTCACCGG
5’-GTTTTCCAAAACCTTTTCCAAAAG
3’-CAAAAGGTTTTGGAAAAGGTTTTC
5'-GTTTTTAAAAAC
3'-CAAAAATTTTTG
5'-TGGGGGCCCCCA
3'-ACCCCCGGGGGT

Length
25
12
18
12
27
12
12
24
12
12

a Corresponding

to CD19-2_Ains [81]. The approximate half-sites for the NTD and CTD are denoted
as -N and -C, respectively. Methylated G residues that disrupt binding are highlighted in bold blue
[81].
b Corresponding to the mb-1 promoter sequence in the Pax5/Ets-1/DNA complex [12]. Base pairs
contacted directly in the major groove by Pax5 are highlighted in bold red.
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Figure 2.15: Quantification of the interaction between Pax51-149 and full-length CD19 DNA.
(Left) EMSA assay used to quantitate the interaction. The lower band corresponds to free Alexa
Fluor 647 fluorescently-labeled CD19 DNA and the upper band corresponds to the Pax51-149/CD19
complex. The resulting binding curve derived from this gel is shown on the right. The fraction
bound was calculated as the ratio of band intensity of the Pax51-149/DNA complex to total DNA band
intensities, and plotted as a function of total protein concentration (right). Two independent data
sets, each measured twice on separate gels, were fit to a simple 1:1 binding model and the results
were averaged to yield the reported KD value ± standard deviation of 5 ± 2 nM. The assay was
carried out in 20 mM MES, 100 mM NaCl, 6 mM MgCl2, 6 mM DTT, 0.2 mM EDTA, 200 µg/mL bovine
serum albumin and 10 % glycerol at pH 6.5 and 4 °C.
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Figure 2.16: The subdomains exhibit different sequence preferences for CD19 half-sites. The
DNA-binding subdomains of Pax5 have similar affinities for their corresponding CD19 half-sites.
However, the CTD can associate with both half-sites, whereas the NTD only binds its cognate CD19N sequence. The equilibrium dissociation constants for (a) Pax51-92 and (b) Pax576-149 towards the
CD19-N and CD19-C half-sites were measured by ITC experiments. The top panels contain the raw
buffer-corrected data with the heats produced at each injection of concentrated protein into DNA
solution. The bottom panels show the corresponding Wiseman plots of integrated heats. The curves
were fit with Origin to a simple 1 to 1 binding model and the resulting values for dissociation
constant (KD), enthalpy change (ΔH0), and entropy change (ΔS0) are indicated on the graph. The
stoichiometry was set to 1 by adjusting the protein concentration of the subdomains. This allowed
reliable KD determinations (see Methods). Addition of Pax51-92 to CD19-C DNA yielded very small
heat changes and the titration data were not fit. These measurements were carried out in 20 mM
MES, 100 mM NaCl, 0.5 mM EDTA, 2 mM DTT, and 6 mM MgCl2 at pH 6.5 and 25 °C.
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DNA binding was also monitored by

15N-HSQC

experiments. Pax51-149 bound the

CD19 DNA sequence in the slow exchange limit (bound spectrum shown in Figure 2.5a and
Appendix A4). That is, the exchange rate constant between the free and bound states of
the protein (kex = kon[DNA] + koff) was much smaller than the chemical shift difference
between these two states, |Δω| (reviewed in [138]). As a result, the 1HN-15N signals of the
free protein disappeared upon titration with DNA, while new signals from the bound
protein concomitantly appeared. Such tight binding effectively precludes the determination
of a KD value by NMR spectroscopy. However, it is in agreement with that of 5 nM measured
by EMSA. Upon titration of Pax51-92 with its CD19-N half-site, many amides exhibited
binding in the intermediate-slow exchange regime (Figure 2.17a). With kex ≲ |Δω|, this
behaviour is characterized by moderate shifting and significant broadening of the 1HN-15N
signals (in most cases to the point of disappearance), followed by sharpening and
reappearance with new chemical shifts over the course of the titration. Such exchange
broadening also precluded the extraction of a KD value. However, given the weak affinity
measured by ITC (KD ~ 3 µM) for the Pax51-92/CD19-N interaction (Table 2.3), severe
broadening was somewhat unexpected. As explained below, this may be the result of large
chemical shift changes (|Δω|), and relatively slow association and dissociation kinetics (kon
and koff). In contrast, Pax576-149 bound the CD19-C half-site in the fast-intermediate
exchange regime where kex ≳ |Δω| (Figure 2.17b). This is characterized by moderate
broadening and progressive changes of amide signals from their unbound position as DNA
is initially added, followed by the sharpening of amide signals at the bound chemical shift
position as saturation is reached. In reasonable agreement with ITC data, fitting of the
NMR-monitored titration curves (not shown) yielded a KD value of 26 ± 5 µM for Pax576-149
with the CD19-C half-site (Table 2.3).
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Figure 2.17: The subdomains of Pax51-149 exhibit different binding properties for DNA halfsites. Shown are 15N-HSQC-monitored titrations of the CD19 half-sites unto (a) 15N-labeled Pax51-92
and (b) Pax576-149, as well as the mb-1 promoter half sites into (c) 15N-labeled Pax51-92 and (d)
Pax576-149. Pax51-92 bound CD19-N in the slow-intermediate exchange regime, such that some amide
signals initially shifted and broadened to disappearance, and then reappeared with new chemical
shifts, shown enclosed in dotted circles. In contrast, Pax51-92 bound the mb-1-N half-site weakly,
exhibiting signal broadening, but no substantial chemical shift changes even after addition of more
than 3 molar equivalent of DNA. Pax576-149 bound both half-sites in the fast exchange limit, allowing
determination of the KD values listed in Table 2.3. The molar ratios of protein:DNA are indicated by
the color codes, and selected assignments provided. Solid arrows indicate the amide chemical shift
changes from the free to the bound states. Dotted arrows are included for amides that initially
disappear and reappear outside the spectral window shown.
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Table 2.3: Equilibrium dissociation constants (KD values) for Pax5-DNA interactions.
Protein

DNA

Pax51-149
Pax51-92

CD19 (25 bp)

mb-1 (27 bp)

GTCACTCAG (24 bp)

5 ± 2 nM b

2.4 ± 0.5 nM e

binding detected d, f

CD19-N

CD19-N+

CD19-C

mb-1-N

G(T)5(A)5C

T(G)5(C)5A

2.7 ± 0.9 µM c, h

0.95 ± 0.1 µM c, g

weak c, d

weak d

weak d

weak d

Pax51-77

N.D.

2.4 ± 0.2 µM c, g

N.D.

N.D.

N.D.

N.D.

Pax532-92

85 ± 30 µM d

34 ± 4 µM c , g

N.D.

N.D.

N.D.

N.D.

CD19-N

CD19-C

mb-1-C

G(T)5(A)5C

T(G)5(C)5A

10 ± 1 µM c, g, h

13 ± 3 µM c, h

380 ± 120 µM d

380 ± 95 µM d

155 ± 20 µM d

63 ± 0.9 µM c, g
Pax576-149

26 ± 5 µM d
a Sequences

listed in Table 2.2.
by EMSA.
c Determined by ITC at 25 °C.
d Determined by NMR spectroscopy at 25 °C; weak binding is estimated to be > 500 µM.
e From Fitzsimmons et al. [79] using a 34 bp DNA duplex.
f Exchange broadening precluded the estimation of a KD value.
g Derived from one ITC measurement. Errors represent goodness of fit.
h These values differ somewhat from those previously published in Perez-Borrajero, C. et al., 2016, J. Mol. Biol. because a more reliable
method of fitting the ITC data was employed after publication (see Methods), and more measurements of these interactions were
conducted.
N.D.: not determined
b Determined
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My results also indicated that, whether separated or linked, the NTD and CTD bound
the CD19 half-sites via the same general interfaces as identified in the Pax5/Ets-1/DNA
ternary complex by X-ray crystallography (Figure 2.18) [12]. Although I did not assign the
spectrum of the Pax51-92/CD19-N complex, new dispersed signals appearing around 9 to 10
ppm upon addition of DNA matched those with largest CSP in the N-terminal region of the
Pax51-149/CD19 complex (Figure 2.5a, 2.18a, and Appendix A4). Furthermore, a plot of
the relative loss of amide signal intensities from the free state of Pax51-92 upon addition of
CD19-N indicated that residues throughout the helical bundle and the preceding β-hairpin
were perturbed (Figure 2.18a).
In the case of Pax576-149, most assignments for the bound state could be obtained by
tracking 1HN-15N signals over the course the titration. Amides showing the largest CSPs
upon binding CD19-C also matched those most affected in the complex of Pax51-149 with
CD19 (Figure 2.18b). Not surprisingly, the linker residues showed greater CSPs in the
context of the full PD rather than the subdomains. For example, Lys87 had a CSP value of
0.82 ppm in the Pax51-149/CD19 complex (Figure 2.5c), but only 0.49 ppm in the Pax576149/CD19-C

complex (Figure 2.18b). Thus, the high affinity of the PD in Pax51-149 for CD19

DNA arises from the combined binding of the NTD and CTD to their respective half-sites,
augmented by positioning the ordered linker to lie along the intervening DNA minor
groove.
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Figure 2.18: The NTD and CTD of Pax5 contact specific and non-specific DNAs using similar
binding interfaces. (a) Shown are the changes in unbound state signal intensities upon addition of
~ 1 molar equivalent of the indicated DNAs to Pax51-92. The dilution-corrected intensities are
relative to initial reference spectra (I1:1/Iref). The amides affected by DNA span the helical bundle of
Pax51-92, including the β-hairpin. Signals from many amides had different chemical shifts when
bound to CD19-N, and hence unbound signals decreased to near baseline values. The mb-1-N and
palindromic sequences had more moderate effects, yet the most perturbed amides still clustered
near helix H3. (b) The CSPs of Pax576-149 after addition of the various DNAs to near saturation are
plotted as a function of residue number. Residues in helix H4 and the preceding linker, helix H5, and
the recognition helix H6 showed the greatest CSPs, thus defining the DNA-binding interface.
Addition of CD19-C caused the largest CSPs, followed by the palindromic sequence T(G)5(C)5A.
During the titrations with these sequences, we were unable to track residues Val90, Trp112, Ile138,
and Arg140 due to the large chemical shift differences of their free versus bound forms. This is
consistent with their behavior in the Pax51-149-CD19 complex and highlights the importance of these
residues in contacting the DNA.
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The subdomains of Pax51-149 contribute differently towards binding mb-1 DNA
The mb-1 promoter is a well-characterized binding site for the partnership of Pax5
and Ets-1 [12, 79, 144-146]. Although this DNA sequence does not conform closely to the
Pax5 consensus sequence [81], upon addition of the 27 bp mb-1 DNA duplex to Pax51-149, I
also observed slow exchange behavior in

15N-HSQC

spectra (bound spectrum shown in

Figure 2.19). Thus, consistent with a KD ~ 2.4 nM reported by Fitzsimmons et al. [79],
Pax51-149 can bind this sequence with high affinity, even in the absence of Ets-1. I also
investigated the binding of the mb-1 half-sites to the Pax5 fragments by NMR spectroscopy
(Table 2.3). Pax51-92 interacted very weakly with the mb-1-N half-site, showing only small
CSPs even in the presence of a 3-fold molar excess of DNA (Figure 2.17c). Due to these
small spectral changes, I was unable to determine a KD value for the Pax51-92/mb-1-N
interaction. Nevertheless, 1HN-15N intensity losses were observed for amides throughout
the helical bundle, and the effect was most pronounced for those clustering near helix H3
(Figure 2.18a). This suggests that the recognition helix H3 is also involved in the weak
association of Pax51-92 with mb-1-N. In contrast, Pax576-149 bound the mb-1-C half site in the
fast exchange regime (kex ≫ |Δω|) with no significant line broadening (Figure 2.15d). A KD
value of 380 ± 120 µM was obtained by fitting the titration data (Table 2.3). Amides
showing the largest CSPs mapped to the same surface of Pax576-149 affected by addition of
the CD19-C half-site (Figure 2.18b), indicating that the CTD uses a common binding
interface to interact with the mb-1 and CD19 DNAs. Although the CD19-C and mb-1-C
sequences are more similar to one another than are the CD19-N and mb-1-N sequences
(Table 2.2), the overall behaviours of the NTD and CTD towards these half-site DNAs are
strikingly different. In particular, the NTD shows greater DNA sequence discrimination
than the CTD.
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Figure 2.19: Pax51-149 binds specific and non-specific DNAs. Shown are overlaid 15N-HSQC
spectra of 15N-labeled Pax51-149, free or in the presence of the DNA duplexes CD19, mb-1, and the 24
bp pseudo-palindrome G(T)4(C)2(A)4(C)2(T)4(C)2 (A)4G (Table 2.2). The DNA to protein molar
ratios were 1:1, 3:1 and 3.6:1, respectively. Binding occurred in the slow exchange limit for specific
complexes involving CD19 and mb-1, whereas exchange broadening was observed over the course
of the titration with the pseudo-palindromic sequence (Table 2.3). The spectra of the specific
complexes are similar, showing well dispersed amide signals in the 9 to 10 ppm region not seen in
the free protein. However, the pseudo-palindromic complex also showed chemical shift
perturbations. This demonstrates that Pax51-149 associates with this non-specific DNA sequence,
albeit more weakly than with specific DNAs. Although only the spectrum of Pax51-149/CD19 was
assigned, representative signals within the dashed ovals likely arise from the same amides in all
three complexes (Pax51-149/CD19, Pax51-149/mb-1, and Pax51-149/pseudo-palindrome) and localize
to the CTD. On the other hand, 1HN-15N signals within boxes are similar in the specific Pax51149/CD19 and Pax51-149/mb-1 complexes, but absent in the non-specific Pax51-149/pseudopalindrome complex. These correspond mostly to amides in the NTD and linker regions. Thus, the
CTD appears to bind all three DNAs similarly, whereas the NTD discriminates between specific and
non-specific DNAs. All spectra were collected at reduced salt concentration (20 mM MES, 20 mM
NaCl, 2 mM DTT, 0.5 mM EDTA, pH 6.5).
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Contribution of the β-hairpin and linker to DNA binding
To assess the contribution for DNA-binding affinity of the N-terminal β-hairpin
region of the PD, I also expressed

15N-labeled

Pax532-92 lacking the residues required to

form this hairpin structure. The amide 1HN-15N chemical shifts of this protein were almost
identical to those of Pax51-92, indicating that the helical bundle remained stable in the
absence of residues 1 to 31, which are disordered (not shown). Upon addition of CD19-N
DNA to Pax532-92, I observed similar residues being perturbed as a result of binding as seen
with Pax51-92 (Figure 2.20). However, the exchange behavior became faster, consistent
with weaker affinity for DNA. Fitting the NMR-monitored titration curves yielded a KD of 85
± 30 µM (Table 2.3).

Figure 2.20: Deletion of the β-hairpin weakens DNA binding by the NTD. Shown are 15N-HSQCmonitored titrations of 15N-labeled Pax532-92 with (a) CD19-N and (b) non-specific palindromic
DNA. Pax532-92 bound CD19-N in the near fast exchange limit, allowing the determination of a KD
value of 85 ± 30 μM (averaged from the fit titration curves of 10 residues; Table 2.3), In contrast,
Pax51-92 bound this specific half-site DNA with higher affinity (2.7 ± 0.9 μM) and in the
intermediate-slow exchange regime (Figure 2.17). Both Pax51-92 and Pax532-92 only weakly
interacted with the non-specific DNA, and thus the β-hairpin does not impair binding. In these
spectra, the molar ratios of protein:DNA are indicated by the color codes, and selected assignments
are provided. Solid arrows indicate the amide chemical shift changes from the free to the bound
states. Dotted arrows are included for amides that initially disappear and reappear outside the
spectral window shown.
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This is ~ 30-fold larger than the value of 2.7 ± 0.9 μM measured by ITC for Pax51-92 to the
CD19-N DNA, and thus the N-terminal β-hairpin region of the PD indeed contributes to its
net DNA binding affinity.
To explore the contribution of the linker separating the subdomains to affinity, I
chose a sequence with 6 additional base pairs relative to the CD19-N half site. This
sequence, denoted CD19-N+, guaranteed enough space for association of the extended
linker (Table 2.2). Using ITC, I measured the KD of association of this DNA duplex to be
0.95 µM, 2.4 µM, and 34 µM for Pax51-92, Pax51-77(lacking the linker), and Pax532-92 (lacking
the β-hairpin), respectively (Table 2.3, Figure 2.21). Therefore, the linker and β-hairpin
increase affinity for the CD19-N+ site by ~ 2.5-fold, and ~ 35-fold, respectively. This is
consistent with the ~30-fold increase in affinity afforded by the β-hairpin for the shorter
CD19-N site (above). In addition, this suggests that the linker is not a passive spacer
between the subdomains, but also contributes to DNA-binding even in the absence of the
CTD.

Figure 2.21: Contribution of the linker and β-hairpin to DNA binding. The equilibrium
dissociation constants of Pax51-92, Pax51-77, and Pax532-92 towards the CD19-N+ DNA duplex were
measured by ITC experiments (Table 2.3). The linker, deleted in Pax51-77, contributes to binding by
~2.5 fold, while the β-hairpin, deleted in Pax532-92, contributes ~ 35 fold to affinity. The raw ITC
data was treated as in Figure 2.16. These measurements were carried out in 20 mM MES, 100 mM
NaCl, 0.5 mM EDTA, 2 mM DTT, and 6 mM MgCl2 at pH 6.5 and 25 oC.

59

The two subdomains of Pax51-149 differ in non-specific DNA binding
Since the vast majority of genomic DNA does not correspond to Pax5 regulatory
sites, we also investigated PD binding to non-specific DNA sequences by NMR
spectroscopy. I initially used a 24 bp pseudo-palindrome (GT4C2A4C2T4C2A4G, Table 2.2)
for studies with Pax51-149. Exchange broadening occurred over the course of the titration of
unlabeled DNA duplex into 15N-labeled Pax51-149, demonstrating that the PD is able to bind
DNA sequences that do not conform to a consensus site (bound spectrum shown in Figure
2.19). This broadening also precluded spectral assignments and the estimation of a KD
value (Table 2.3). Nevertheless, in the presence of 3.6 molar excess of this pseudopalindromic DNA duplex, several amides had dispersed chemical shifts similar to those
observed in the spectra of the CD19 and mb-1 complexes (Figure 2.19). Although only
tentatively assigned, these amides were mostly located in the CTD. In contrast, the
dispersed signals from NTD amides seen with the two specific complexes were absent in
the spectrum of the non-specific complex (Figure 2.19). This indicates that the CTD
primarily mediates binding of Pax51-149 to the pseudo-palindromic DNA.
To further dissect the contribution of the subdomains to non-specific DNA binding, I
chose two simple 12 bp palindromic sequences for titrations with Pax51-92 and Pax576-149
(Table 2.2). Surprisingly, Pax51-92 exhibited minimal CSPs upon addition of nearly 3-fold
molar excess of either the

5’G(T)5(A)5C3’

or

5’T(G)5(C)5A3’

duplexes (Figure 2.22a).

Accordingly, I estimate KD values greater than 500 µM for Pax51-92 with either of these
palindromes (Table 2.3). Nevertheless, residues throughout the helical bundle region
showed patterns of reduced amide signal intensities similar to those seen with the CD19-N
and mb-1-N DNAs (Figure 2.18a). Therefore, Pax51-92 interacts with non-specific and
specific DNA via the same canonical DNA-binding interface. This conclusion is also
supported by the observation that the few amide signals with clear CSPs upon titration
with either palindrome, such as Cys64, Ser61, and Leu69, map to this interface. Addition of
the T(G)5(C)5A palindromic duplex to Pax532-92 lacking the β-hairpin region also did not
result in any substantial spectral perturbations (Figure 2.22b). Parenthetically, this
eliminates the formal possibility that residues 1-31 inhibit DNA binding by the NTD.
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Figure 2.22: In contrast to the CTD, the NTD subdomain of Pax51-149 only weakly interacts
with non-specific DNA. The addition of the two palindromic DNAs to (a, b) 15N-labeled Pax51-92
and (c, d) Pax576-149 was monitored by 15N-HSQC experiments. The protein:DNA molar ratios are
indicated by the color codes, and selected assignments are provided. Pax51-92 was only modestly
perturbed by the presence of excess DNA with small amide intensity changes plotted in Figure
2.18a. On the other hand, Pax576-149 bound both palindromes in fast exchange and exhibited large
amide CSPs, as shown in Figure 2.18b. Solid arrows show the direction of the amide chemical shift
perturbation from free to bound states. Dotted arrows indicate amide shifts that cannot be tracked
or reappear outside the spectral window shown. Fitting the latter titrations yielded the KD values in
Table 2.3.

Unlike Pax51-92, Pax576-149 bound both palindromic DNAs in the fast exchange limit
and exhibited large CSPs (Figure 2.22c, d). Fitting the titration data of Pax576-149 yielded KD
values of 380 ± 95 µM for G(T)5(A)5C and 155 ± 20 µM for T(G)5(C)5A, respectively (Table
2.3). In addition, the patterns of CSPs exhibited by Pax576-149 upon addition of the two
palindromic DNAs were similar to those due to binding the mb-1-C and CD19-C half-sites
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(Figure 2.18b), and the magnitude of the CSP correlated with the strength of the
interaction (CD19-C > T(G)5(C)5A > mb-1-C ~ G(T)5(A)5C).
This indicates that the CTD also binds specific and non-specific DNA using the same
interface, encompassing the N-terminal portion of helix H4 and the entire recognition helix
H6. As well, the KD values for these non-specific palindromic DNAs were only ~ 10- to 20fold higher than for the cognate CD19-C half-site. Thus, in contrast to the NTD, the CTD
exhibits only modest sequence specificity.
Thermodynamic parameters of DNA binding by the subdomains
In addition to KD (or equivalently, ΔG0), ITC provides a direct measure of the
enthalpy change (ΔH0) and a calculated entropy change (ΔS0) for a binding equilibrium.
Along with heat capacity changes (ΔCp0) from the temperature dependence of ΔH0, these
thermodynamic parameters can help provide insights into factors such as conformational
transitions and the burial of hydrophobic groups that underpin binding affinity and
specificity [147, 148]. Therefore I used this technique to investigated association of the
Pax5 subdomains to their respective CD19 half sites. As summarized in Table 2.4 and
Figure 2.23, the Pax5 subdomains showed very distinct thermodynamic behaviors. In the
case of the NTD, binding is driven by large favorable enthalpy changes that counteract large
entropy losses.
In the case of the CTD, the compensating entropy and enthalpy contributions are
smaller and at 15 °C, binding of the CD19-C duplex is even slightly entropically favorable.
As will be discussed below, this is consistent with a view that the more dynamic NTD
undergoes a greater loss of conformational entropy upon DNA binding than does the more
rigid CTD.
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Figure 2.23: Thermodynamics of DNA binding by the Pax5 subdomains. (a) The temperaturedependent thermodynamic parameters for the binding of Pax51-92 (NTD; yellow) and Pax576-149
(CTD, red) to their corresponding CD19 DNA half-sites are shown in bar graph format (20 mM MES,
100 mM NaCl, 0.5 mM EDTA, 2 mM DTT, 6 mM MgCl2 at pH 6.5). (b) The heat capacity changes
upon bindings, ΔCp0, were calculated from the slopes of ΔH0 versus temperature plots. Linear
regression analysis was used to estimate the error in the fit ΔCp0 values, and these are indicated on
the plots.

Table 2.4: Temperature-dependent thermodynamic parameters for the Pax5
subdomains binding their CD19 half-site DNAs.

Pax5
subdomain /
DNA
NTD /

Temperature
(°C)

KD *
(µM)

ΔH0
(kcal/mol)

ΔS0
(cal/mol-K)

15

1.1 ± 0.1 a

-27.0 ± 0.2 a

-67 a

CD19-N

25

2.7 ± 0.9 b

-30 ± 1 b

-75 ± 5 b

35

6.3 ± 0.1 a

-33.0 ± 0.2 a

-84 a

CTD /

15

7.0 ± 0.5 a

-5.1 ± 0.1 a

6a

CD19-C

25

13 ± 3 b

-10 ± 1 b

-10 ± 4 b

35

19.0 ± 0.7 a

-13 ± 0.2 a

-21 a

Derived from one measurement. Errors correspond to goodness of fit for ΔH0 only.
The averages and standard deviations of five measurements.
* Determined at pH 6.5, 100 mM NaCl.
Note: the stoichiometry value (N) was set to 1 by floating the protein concentrations of the
subdomains. This analysis provided reliable fit parameters (see Methods).
a

b
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For both subdomains, increasing temperature from 15 °C to 35 °C resulted in
increasing KD values (Table 2.4, Figure 2.23). This, of course, is expected for exothermic
binding equilibria. Heat capacity changes (ΔCp0) of -305 ± 10 and -405 ± 9 cal/mol-K for
Pax51-92 (NTD) and Pax576-149 (CTD) binding to their respective CD19 half-sites were
calculated from linear plots of ΔH0 versus temperature. This approach assumes that ΔCp0 is
approximately constant over the small temperature range studied. Although difficult to
interpret mechanistically, these large negative ΔCp0 values are consistent with those
measured for other transcription factor-DNA binding interactions [149-151].
Ionic strength dependence of DNA binding by the Pax5 subdomains
Analyzing the dependence of the association constant (KA = 1/KD) on ionic strength
is useful for dissecting the contributions of ionic and other contacts to DNA binding by
transcription factors [152]. Therefore, I measured with ITC the affinities of Pax51-92 and
Pax576-149 for their respective CD19 half-sites as a function of NaCl concentration, while
keeping the MgCl2 concentration constant at 6 mM. As expected, increasing the ionic
strength resulted in weaker DNA binding (Figure 2.24a, Table 2.5). Furthermore, both the
NTD and CTD exhibited similar dependencies on the NaCl concentrations, with log(KA)
versus log[NaCl] plots having slopes of -3.1 ± 0.5 and -3.4 ± 0.5, respectively (Figure
2.24a). This slope, which corresponds to the net number of counter-ions released upon
binding [152], indicates that the subdomains make a similar number of electrostatic
contacts with their DNA half-sites. Although the inclusion of divalent Mg+2 ions in the
binding reactions may conflate the analysis due to their favorable interactions with DNA,
such a result is consistent with the similar predicted isoelectric points of the subdomains
(10.2 and 10.6 for the NTD and CTD, respectively). In addition, both subdomains have
similar numbers of positively charged side chains in close proximity to the DNA
phosphodiester backbone in the crystal structure of bound Pax5 (PDB: 1MDM).
However, the salt-independent component contributing to affinity is larger for the
NTD, relative to the CTD, as evidenced by the different y-axis intercepts. Stated
equivalently, the interaction between the CTD and CD19-C was significantly weaker at NaCl
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concentrations of 400 mM (KD ~ 1800 µM), relative to the NTD and CD19-N pair under the
same conditions (KD ~ 120 µM) (Figure 2.24a, Table 2.5). At even higher ionic strengths
(i.e. 500 mM NaCl), binding by the CTD was not detected, whereas the NTD measurably
bound its DNA half-site (not shown). Electrostatic and ionic contacts therefore appear to be
crucial in driving DNA recognition by the CTD. In contrast, although similarly affected by
the salt concentration, DNA binding by the NTD also relies on additional contributions.
Parenthetically, a comparison of 15N-HSQC spectra of the subdomains at 100 mM NaCl and
500 mM NaCl shows that both are well folded under these conditions, and thus these
differences are not due to factors such as salt-induced denaturation (Appendix B).

Figure 2.24: The electrostatic contributions to DNA binding by the subdomains of Pax5. (a)
The KD values for the Pax5 subdomains with their respective CD19 half-sites were measured with
ITC as a function of ionic strength, set by the concentration of NaCl (20 mM MES, 0.5 mM EDTA, 2
mM DTT, 6 mM MgCl2 at pH 6.5 and 25 °C). The NTD has higher affinity for its half-site and can rely
on non-electrostatic contacts relative to the CTD, for which DNA binding is almost completely
abolished in 400 mM NaCl. Error bars correspond to the standard deviation of at least two
measurements (see table below). (b) A plot of log(KA) versus log[NaCl] estimates the net number of
counter-ions released upon binding. Both subdomains depend roughly equally on the ionic strength
of the solution. However, the non-ionic contribution to binding, represented by the y-intercept, is
stronger in the case of the NTD. The errors estimates were derived from linear regression analysis
of the data points shown.
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Table 2.5: Ionic strength-dependent thermodynamic parameters for the Pax5
subdomains binding their CD19 half-site DNAs.

Pax5
subdomain /
DNA
NTD /

[NaCl]
(mM)

KD *
(µM)

ΔH0
(kcal/mol)

ΔS0
(cal/mol-K)

100

2.7 ± 0.9 a

-30 ± 1 a

-75 ± 5 a

CD19-N

200

8.7 ± 0.2 a

-28 ± 0.5 a

-72 ± 2 a

300

41 ± 4 a

-26 ± 1 a

-66 ± 3 a

400

120 ± 12 a

-23 ± 0.5 a

-60 ± 2 a

CTD /

100

13 ± 3 a

-9.5 ± 1 a

-10 ± 4 a

CD19-C

200

70 ± 15 a

-8.6 ± 0.5 a

-9.5 ± 1 a

300

320 ± 80 a

N.D.b

N.D.b

400

~ 1800 b

N.D.b

N.D.b

The averages and standard deviations of least two measurements by ITC.
Due to weak binding, these values were either estimated or not determined (N.D.).
* Determined at pH 6.5, 25 °C.
Note: the stoichiometry value (N) was set to 1 by floating the protein concentrations of the
subdomains. This analysis provided reliable fit parameters (see Methods).
a

b

Collectively, the results presented in this section show that the two subdomains
have very distinct DNA-binding properties. The NTD recognizes specific DNA through
enthalpically favorable contacts that offset relatively large entropic losses. These could
reflect structural rearrangements and a dampening of dynamics accompanying complex
formation. In contrast, DNA recognition by the CTD is much less specific and dependent
primarily on electrostatic contacts. The distinct recognition mechanisms of the subdomains
suggest they may have different roles in localizing the PD to DNA (more details in the
Discussion). For example, the CTD likely allows for general localization of the PD on DNA,
whereas the NTD sets the specificity for regulatory sites.
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2.3.3

Beyond the Paired domain of Pax5

The partial homeodomain of Pax5 is disordered and does not bind DNA
Residues ~ 220-250 of human Pax5 share homology with the first helix of the HDs
present other Pax factors (Figure 2.3) [86]. However, this does not extend to the second
and third helices that form the DNA-binding HTH motif. Furthermore, sequence-based
secondary structure prediction algorithms indicate that this region of the protein should be
either disordered or have low α-helical content (not shown). To experimentally determine
whether Pax5 contains a fully folded HD, I expressed Pax5210-286, including the region of
homology and adjacent residues, in Escherichia coli (E.coli). This protein fragment formed
insoluble inclusion bodies. Upon isolation under denaturing conditions and subsequent
removal of GuHCl, the protein was prone to aggregation. However, in slightly acidic
solutions (pH ~ 5), the protein fragment was sufficiently soluble for NMR spectroscopic
studies. I found Pax5210-286 to be disordered in the conditions tested (20 mM MES, 50 mM 200 mM NaCl, 1 mM DTT, 1 mM EDTA, pH 5.1 - 6.5), as evidenced by the relatively narrow
distribution of 1HN signals in its

15N-HSQC

spectrum (Figure 2.25). The number of amide

peaks present was consistent with the number of non-proline residues in Pax5210-286. I also
observed that, while many peaks had comparable peak intensities, some residues were
exchange-broadened, resulting in relatively weak signals. This indicated a lack of
monodispersity in the sample, and suggestive of some intra- or intermolecular selfassociation under the conditions used for these NMR measurements.
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Figure 2.25: The putative partial HD of Pax5 is intrinsically disordered. The 15N-HSQC
spectrum of 15N-labeled Pax5210-286 shows narrow distribution of amide proton chemical shifts,
indicating this region of the protein is intrinsically disordered.

Although isolated Pax5210-286 does not adopt a stably folded conformation, it is
possible that folding is induced in the presence of DNA or other protein partners. To test
this, I added stoichiometric amounts of DNA duplex corresponding to the CTD mb-1 halfsite to 15N-labeled Pax5210-286. A lack of any 15N-HSQC spectral perturbations indicates that
Pax5210-286 does not associate with DNA non-specifically, at least in the absence of other
factors. Although the putative HD might fold in the presence of a yet unknown specific DNA
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sequence (other than the mb-1 half-site), most DNA-binding domains at least weakly bind
non-specific DNA sequences with μM-mM affinity and such binding is readily detectable
through NMR spectral perturbations.
I also tested the possibility that this region of Pax5 associates with the DNA-binding
PD in a regulatory fashion. This idea was based on the observation that disordered regions
often participate in intramolecular regulatory interactions with other domains within a
protein [153]. However, addition of excess unlabeled Pax51-149 to

15N-labeled

Pax5210-286

did not result in significant changes to the spectrum of the latter species (Figure 2.26a).
Finally, I tested the reported interaction between residues 626-740 of the Death
associated protein 6 (Daxx) and this HD region [154]. Upon addition of unlabeled Daxx626740

to

15N-labeled

Pax5210-286, no significant spectral perturbations were detected (Figure

2.26b). This indicates that the reported interaction may be dependent on additional
regions of the two proteins, and/or relies on post-translational modifications. In support of
this latter hypothesis, Pax5 contains one high-confidence consensus SUMOylation site at
Lys257 [155], and the C-terminal region of Daxx (residues ~ 720 - 740) has a well
characterized SUMO-interacting motif (SIM) [156, 157]. Therefore, it is possible that the
reported interaction involves the SIM of Daxx with a SUMO attached to Pax5.
In conclusion, despite partial sequence similarity with HD proteins, residues 210286 of Pax5 are intrinsically disordered in vitro and do not appear to interact directly with
DNA, the Pax5 PD, or the C-terminal region of Daxx. The function of this region of Pax5 thus
remains to be established.
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Figure 2.26: The partial homeodomain of Pax5 does not interact with the Pax5 PD or a Cterminal fragment of Daxx. (a) 15N-HSQC spectra of 15N-labeled Pax5210-286 in the absence (green)
and presence (orange) of excess unlabeled Pax51-149, corresponding to the PD. No significant
changes were observed, indicating these segments of the proteins are unlikely to make
intramolecular contacts in the context of native Pax5. (b) The similar 15N-HSQC spectra of 15Nlabeled Pax5210-286 in the absence (green) and presence (orange) of excess unlabeled Daxx626-740
shows that these protein fragments also do not interact.

The transactivation domain of Pax5 is disordered in vitro
To determine if other regions of Pax5, besides the N-terminal PD, were amenable to
structural studies, I also expressed and purified Pax5151-391. This fragment spans all regions
C-terminal to the PD (Figure 2.27). This protein fragment was found to be very prone to
aggregation, even at relatively low concentrations (~ 50 µM). I therefore used a fractional
factorial buffer screen similar to that described in [158], in order to determine additives
and conditions that would improve protein solubility. In general, chaotropic additives that
promote disorder reduced aggregation. These include GuHCl, arginine, and magnesium
salts. In contrast, buffer additives such as glycerol, sucrose, and polyethylene glycol, which
are thought to promote hydrophobic contacts [159], had detrimental effects on the quality
of the sample. In addition, I found that buffering the protein solution at pH values 1 - 2
units away from neutral reduced aggregation. With this knowledge, I was able to collect a
15N-HSQC

spectrum of Pax5151-391 under mildly denaturing conditions at pH 5.8 (Figure

2.27). The majority of the amide peaks had poor

1HN

dispersion, indicative of

conformational disorder. The number of peaks and uniform intensity of the signals were a
good indication that the sample was monodisperse under these conditions. A small fraction
of the peaks exhibited more dispersed 1HN signals, hinting that some regions may sample
non-random conformations. A more detailed analysis, including sequence specific main
chain 1H, 13C, and 15N chemical shift assignments, would be needed to identify these regions
and analyze their secondary structures.
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Figure 2.27: Pax5151-391 is predominantly disordered under mildly denaturing conditions.
15N-HSQC spectra of 15N-labeled Pax5151-391 shows narrowly distributed 1HN amide signals indicative
of an overall lack of persistent secondary structural elements under these conditions.

Finally, I also expressed and purified Pax5300-391, spanning the TAD, and a putative
IM [160] found at the C-terminus of the protein. The TAD of Pax5 (residues 304-358),
belongs to a class of TADs, rich in proline residues, that are thought to mediate interactions
with members of the basal transcriptional machinery [161]. Although the specific proteins
that are recruited by the TAD of Pax5 are not known, the histone acetyltransferase CBP is
suspected to interact with Pax5 via such a TAD [116]. This construct, which was rich in
polar residues, was well-behaved and not prone to aggregation. The 15N-HSQC spectrum of
Pax5300-391 under non-denaturing conditions shows that this region of the protein is
predominantly disordered in vitro (Figure 2.28). This was not surprising, given the

15N-

HSQC spectrum of the longer Pax5151-391 fragment.
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Figure 2.28: The proline-rich transactivation domain of Pax5 is predominantly disordered
under native conditions. 15N-HSQC spectra of 15N-labeled Pax5300-391 shows narrowly distributed
1H amide signals indicative of a lack of secondary structural elements under these conditions.

Overall, these data indicate that the entire C-terminal region of Pax5, including the
homeodomain homology region and the TAD, are mainly disordered, and any potential
helical structures are likely small or transient. This is consistent with the results of
sequence-based algorithms that predict secondary structures and intrinsic disorder. In
addition, I identified boundaries and conditions suitable for future study of regions of Pax5
that are disordered, yet may fold upon interactions with additional components of the
transcription machinery.
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2.4 Discussion
2.4.1

Structure of the Pax5 Paired domain and changes upon binding DNA
Based on backbone chemical shift,

15N

relaxation, and amide HX measurements,

Pax51-149, encompassing the PD and adjacent residues, folds as two independent 3-helix
bundles separated by a conformationally disordered linker. Similar to Pax8 [92], free Pax5
lacks any stable secondary structure in the region encompassing its first ~ 30 residues,
including the β-hairpin found in crystal structures of PDs bonded to DNA. This result is
consistent with MD simulations of Pax6 and DNA, which predict that the β-hairpin
structure requires stabilizing contacts provided by DNA [92]. Given the small number of
residues involved in the formation of the β-hairpin and the lack of tertiary contacts or
disulfide bonds, this result was not unexpected. The MD simulations presented herein also
suggest that contacts with the C-terminus of H2 in the NTD may also help stabilize this
hairpin, as evidenced by the positively correlated motions of these regions.
Motions throughout the PD become dampened upon formation of a high affinity
complex with DNA, as judged by

15N

relaxation, CSP analysis, HX measurements, and MD

simulations. For example, the PD exhibits an increase in protection factors of at least 3
orders of magnitude in its bound state. In addition, the linker and N-terminal β-hairpin
acquire dampened sub-nanosecond timescale motions comparable with the helices present
in the subdomains, indicating the formation of specific contacts with DNA that reduce
flexibility in this timescale. This is consistent with KD measurements using ITC and NMR, as
well as CSP analysis quantifying the relative contributions of these regions of the PD
towards association with DNA. In addition, MD simulations demonstrated that the dynamic
subdomains, and in particular the DNA-recognition helices, lose flexibility upon binding,
further contributing to our understanding of the structural and dynamic changes that occur
upon association.
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2.4.2

Stability of the subdomains of Pax5
Although well folded, I found that the helical bundles of the PD exhibited small PFs

in the range of only ~ 102 to 103. Thus, both the NTD and CTD are dynamic and readily
undergo conformational fluctuations detectable by HX. More importantly, the subdomains
differ in the extent of their dynamic behavior, with the CTD helices having PFs ~ 10 fold
greater than the NTD.
In complementary CD-monitored denaturation studies, the less protected NTD was
found to require higher temperature and denaturant concentration to cause secondary
structure loss, relative to the CTD. This result was somewhat surprising, as I expected the
more dynamic NTD to also globally unfold more readily. However, the NTD denatured over
a broader range of temperatures and GuHCl concentrations than the CTD, indicating a less
cooperative unfolding transition, and hinting at the presence of intermediates along the
unfolding pathway. The dynamic NTD may readily sample transient conformational states
that are susceptible to HX, leading to low protection factors that do not report on the fully
unfolded form of the subdomain. One way to help determine whether the subdomains have
unfolding intermediates is to compare the ΔH0unfold determined calorimetrically (using
differential scanning calorimetry) with the value determined using the van’t Hoff analysis
[162]. Discrepancies in these two values would suggest the absence of a thermodynamic
two-state transition between the folded and unfolded subdomains [162].
On a more quantitative level, I found that the extrapolated ΔG0unfold of the
subdomains obtained from HX and CD measurements do not compare very well (Table
2.1). These differences were not due to the pH of the measurements, as both types of
experiments were conducted over a range of pH from ~ 5.5 to 8, which did not seem to
affect stability (not shown). Discrepancies in the ΔG0unfold values obtained from the two
methods has been observed for other systems and may have a number of origins [163]. A
key caveat when interpreting these data in terms of stability is that the mechanisms of
exchange and unfolding of these subdomains, either under non-denaturing conditions
(examined by HX), or under increasing denaturing conditions (examined by CD) is not
known and may be different for each subdomain. For example, the most protected amides
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may exchange through sub-global, rather than global fluctuations, thus leading to an
underestimation of the overall stability of a protein. Alternatively, a protein may have
residual structure in its unfolded state, which could increase amide HX protection and lead
to an overestimation of ΔG0unfold. Also, exchange may not be following the EX2 limit that
must be assumed in order to calculate ΔG0unfold derived from HX measurements [137].
Although I saw a clear pH dependence in the rate of exchange of the subdomains (therefore
ruling out the EX1 limit), this relationship was not strictly first-order with respect to the
hydroxide ion concentrations, as would be expected in the strict EX2 limit for a basecatalyzed reaction (not shown).
In addition, it is unknown whether either subdomain contains intermediates in the
unfolding pathway which would lead to inaccuracies in the extrapolation of ΔG0unfold from
GuHCl denaturing curves. Although in a different timescale, MD simulations showed that
motions in the helices of the NTD were coupled to a smaller degree than those in the CTD.
Strikingly, Gly70 in the recognition helix H3 seems to facilitate a kinking motion that
disrupts the local secondary structure. Conceivably, one of these intermediates in the NTD
could involve partial unfolding of the C-terminus of H3, facilitated by a disruption in the
hydrogen bond pattern. In some systems, unfolding intermediates have been shown to be
present to a significant extent in the transition region and result in inaccurate stability
estimations from these denaturation studies [135, 163].
Furthermore, proteins tend to be more stable in D2O solutions used for HX
measurements of the most protected amides, relative to H2O used for CD spectroscopy
measurements. Depending on the protein, these isotopes effects can account for ~ 0.7 - 1.7
kcal/mol in increased stability measured in D2O relative to H2O solutions [164-167]. This
phenomenon is not expected to influence the subdomains differentially, due to their similar
size and overall structure. However, I did not determine stabilities of the subdomains in
D2O by CD spectroscopy-monitored thermal denaturation studies.
In summary, multiple factors such as the solvent used for measurements, the
validity of assuming a cooperative two-state transition between folded and unfolded states
without intermediates, and the assumption that the EX2 limit of exchange for both
subdomains holds, could all account for the apparent discrepancy in stability values
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calculated by HX and CD spectroscopy. Nevertheless, the NTD is clearly more dynamic than
the CTD, exhibiting lower protection factors, larger linewidths in

15N-HSQC

spectra, and a

broader transition from the folded to the unfolded states.
The reasons for these distinct biophysical properties are not obvious, as both
subdomains have similar helical bundle folds and charge distributions. However, the NTD
and CTD do not show any sequence similarity, and their tertiary structures do not
superimpose closely (backbone RMSD of ~ 2 Å in PDB ID: 1MDM). In addition, the helices
that form the NTD versus CTD bundles differ in length in all PD structures reported to date.
In particular, helix H2 is relatively short and predominantly polar, and does not contribute
substantially to the hydrophobic core of the NTD subdomain. In contrast, residues Ile99,
Ile114, and Leu118, which were found to be among the most protected from HX in Pax51149,

make hydrophobic and van der Waals contacts that likely contribute to the more rigid

CTD. As well, the loops separating the helices in each subdomain are longer in the CTD,
which may allow for better positioning of the helices relative to each other in order to
maximize tertiary contacts and minimize exposed hydrophobic surfaces. As discussed
below, the distinct nature of the subdomains may have important implications in their
DNA-binding mechanism.
2.4.3

The Pax5 subdomains contribute differently to DNA binding
The PD makes extensive contacts with DNA. Upon binding the CD19 duplex, amides

within the recognition helices of the NTD and CTD showed substantial 1HN-15N chemical
shift changes. The N-terminal β-hairpin and flanking loops, as well as the interdomain
linker, also exhibited large amide shift perturbations accompanied by reduced subnanosecond timescale mobility, indicative of structural ordering. Amides within the βhairpin, linker region, and both helical bundles also become markedly more protected from
HX. These changes are consistent with the X-ray crystallographic structure of the Pax5/Ets1/mb-1 ternary complex, in which the two recognition helices dock within the major
groove of DNA, while the β-hairpin/loop and intervening linker residues provide minor
groove contacts.
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My studies also showed that both the NTD and CTD contribute to the net affinity of
Pax5 for the CD19 DNA. The separate subdomains exhibited similar (~ 3 to 13 µM)
dissociation constants for their respective CD19-N and -C half-sites. As expected for
multivalent interactions, the binding affinity is much stronger (~ 5 nM) for the intact PD
with the full-length CD19 DNA. Surprisingly, the NTD interacted very weakly with all other
DNA sequences tested. Because most DNA-binding modules have at least some weak
affinity for random sequences due to electrostatic interactions with the phosphodiester
backbone, this result was rather unexpected [168]. In contrast, the CTD bound the two
CD19 half-sites with ~ 10 µM affinities, and bound the mb-1-C and two palindromic DNAs
with KD values between ~ 150 and 400 µM. Thus, unlike the NTD, the CTD showed only
modest sequence specificity and was able to measurably interact with all DNA sequences
tested. In agreement with these results, previous studies noted more variability in the DNA
sequences bound by the CTD relative to the NTD [81, 114]. It is also interesting to note that
one of the structures of the Pax5/Ets-1/DNA complex determined by X-ray crystallography
(PDB ID: 1K78) contained an extra CTD bound to a pseudo-consensus site present in the
DNA duplex [12].
The reason behind the disparity in DNA recognition by the NTD, which binds only
specific DNA sequences, and the CTD, which associates with DNA rather indiscriminately, is
further discussed below. Of note, both subdomains have similar predicted isoelectric points
(10.2 and 10.0 for Pax51-92 and Pax576-149, respectively) [169], and a similar number of
positive charges at their DNA-binding interfaces. Also, in the Pax5/Ets-1/mb-1 complex,
both subdomains provide comparable number of base-specific contacts, such as those
involving His62 and Asn29 in the N-terminal region and Ser133 and Arg137 in the Cterminal region. Most other contacts are to the DNA phosphodiester backbone, hinting that
indirect readout of the sequence-dependent DNA shape may be important for specificity
[38]. The β-hairpin and following loop, which make key contacts with DNA, are also likely
involved in setting the specificity of the N-terminal fragment of the PD for various
sequences.
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2.4.4

Relationship between protein dynamics and DNA-binding specificity
As described in this chapter, MD simulations in the nanosecond to microsecond

timescale of the free subdomains predicted that the recognition helix H3 of the NTD has
higher backbone motions relative to all other subdomain helices. Experimentally, the
subdomains did not exhibit detectable motions in the millisecond to microsecond
timescale, as probed using Carr-Purcell-Meiboom-Gill (CPMG) relaxation dispersion NMR
experiments (not shown). However, the HX and CD measurements discussed above showed
that the NTD undergoes more conformational fluctuations than the CTD in the absence of
DNA. Upon binding DNA, however, motions in the CTD and, even more so, the NTD become
significantly dampened. This is evidenced by a larger decrease in ABFs observed in the
bound state of the NTD relative to the CTD by MD simulations.
In addition, ITC experiments showed that the enthalpic and entropic components of
binding by the NTD to its DNA half-site were larger than those of the CTD to its site,
indicating the formation of energetically favorable contacts with DNA that accompany
significant losses in entropy. Intuitively, changes in conformation that result in unfavorable
entropic losses (e.g. a reduction in protein dynamics) might be driven by high enthalpies of
binding, which are in turn related to very specific contacts with DNA. Therefore, these data
collectively point to distinct mechanisms of DNA binding by the Pax5 subdomains.
The dynamic NTD seems to undergo the largest structural rearrangements upon
binding, which results in -hairpin folding and dampening of motions, accompanied by a
favorable enthalpy of binding. In the case of the CTD subdomain, greater rigidity may be
important in maintaining the orientation of positively charged residues involved in making
non-specific contacts. To test this hypothesis, structural characterization of the Pax5 PD in
the absence of DNA is required. However, this was beyond the timeframe of my thesis
research. Nevertheless, in support of this idea, the helical regions of the NTDs of DNAbound Pax5 (X-ray crystallography, PDB ID: 1MDM) and highly homologous DNA-free Pax8
(NMR spectroscopy, PDB ID: 2K27) do not align as well as their CTD helices. In addition,
Pax8 has a poorly-defined helix H3 that adopts only ~ 1.5 turns in its free state [92]. These
observations, in combination with the findings that the NTD is highly specific in
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recognizing DNA sequences, indicate that there may be a correlation between the extent of
conformational changes upon binding and increased DNA-binding specificity. The
increased dynamics and flexibility of the NTD may reduce the time spent in a DNA bindingcompetent conformation, which impacts both the thermodynamics and kinetics of DNA
complex formation, and therefore its specificity and affinity for non-specific and cognate
DNA sequences.
Folding and increased structural definition upon association with DNA has been
observed in many transcription factors [18, 149, 170]. In particular, the stabilization of αhelices coupled to complex formation, as observed for example in helix H3 of the Pax5 NTD,
seems to be a common feature. A recent study comparing the structures of free and DNAbound proteins in 90 cases where high-resolution data was available for both states, found
that larger conformational changes upon complex formation were associated with greater
specificity [171]. Why is this happening? An investigation of p53 complexed with DNA
found that although the affinity of this protein for specific versus non-specific DNA only
differs by ~ 10 fold, the kinetics of binding were very different [172]. The authors proposed
that structural rearrangements might alter the rate of association and dissociation, and
thereby be responsible for the differential recognition of DNA sequences [172].
Although I did not measure binding kinetics directly, my data also suggest that the
two subdomains exhibit different binding kinetics (kon and koff). For example, even though
both Pax51-92 and Pax576-149 had similar dissociation constants for their respective CD19
half-sites (~ 3 and 13 µM, respectively), they exhibited markedly different exchange
behaviors between their free and bound states. In the case of the NTD-containing fragment,
binding occurred in the intermediate-slow exchange regime (kex ≲ |Δω|), whereas the CTDcontaining fragment exhibiting mostly fast exchange (kex ≳ |Δω|). This effect cannot be
attributed to differences in |Δω| values alone, because several amide signals in the NTD
(e.g. Arg50 and Leu69) exhibited small chemical shift changes yet displayed slow exchange
behavior. Since the KD values (= koff/kon) are comparable for both fragments, this indicates
that the exchange rate constant kex (= kon[DNA] + koff) must be smaller for Pax51-92 than
Pax576-149. More strikingly, upon deletion of the β-hairpin residues at the N-terminus of the
PD, the KD value increased from ~ 13 µM to ~ 80 µM, yet this subdomain still showed
80

exchange broadening in the presence of CD19-N (Figure 2.20), indicating that the
exchange kinetics is slower for the NTD in spite of exhibiting weaker equilibrium binding
than the CTD. Therefore, greater conformational changes in the NTD of Pax5 may be
correlated with greater sequence specificity requirements due to slower exchange rates
between the free and bound states.
On a final note, the NTD, which carries two exposed cysteine residues in helices H1
and H2 near the DNA-binding interface, was found to be very sensitive to oxidation and
prone to aggregation (not shown). Addition of dithiothreitol (DTT) reducing agent partly
reversed this aggregation and restored the original protein fold. In contrast, Pax576-149,
which has one cysteine residue in the loop between helices H5 and H6, did not readily
aggregate under similar conditions. Several studies have linked PD proteins, including
Pax5, to redox regulation of transcriptional activity, whereby only the reduced forms of the
protein can bind to DNA. In its oxidized state, intramolecular disulfide bonds prevent
formation of the DNA complex [70, 92, 173]. In the case of Pax5, this process seems to be
mediated by the redox modulator APE/Ref-1 [70]. It is conceivable that the dynamic nature
of the NTD plays a role in this mechanism, allowing the cysteine residues to be more
susceptible to redox-induced modifications. In addition, the fact that the β-hairpin folds
upon binding DNA also means that the interactions it mediates (e.g. with Ets1 [12, 78])
should only occur in the context of DNA-bound Pax5. Therefore, interactions with protein
partners involving the NTD are likely very specific and context dependent. Altogether, this
is consistent with a regulatory role of the NTD and nearby β-hairpin, not only in setting
DNA-binding specificity, but also in redox sensing and in mediating protein-protein
interactions that fine-tune the activity of Pax5.
2.4.5

General model of DNA recognition by the PD and implications in biology
It is well established that sequence-specific transcription factors also associate with

non-specific DNA through electrostatic interactions with the phosphodiester backbone
[168]. However, in the case of the Pax5 PD, the specific and non-specific DNA recognition
functions seem to be found in two structurally independent subdomains. The lack of
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detectable binding to non-specific DNA by the NTD is somewhat perplexing, as discussed
above. The distinct roles of the NTD and CTD in DNA binding are summarized in a model of
DNA recognition in Figure 2.29. The more rigid CTD likely provides the initial low affinity
non-specific contacts to localize Pax5 on accessible regions of genomic DNA. Its
promiscuous binding may also readily enable one-dimensional sliding to rapidly scan
nearby sites [42, 174]. In contrast, the more dynamic NTD provides the needed
discrimination between cognate and non-specific sites. Additionally, the "beads-on-astring" architecture of the NTD and CTD may facilitate “monkey-bar” intersegmental DNA
transfer [55, 175], as observed in multi-domain transcription factors such as Oct-1 [54] and
Egr-1 [176].

Figure 2.29: Cartoon model of the proposed DNA-binding mechanism by the PD of Pax5. The

more stable CTD subdomain readily associates with non-specific DNA sequences. In the
presence of a specific cognate DNA sequence, the dynamic NTD also binds. Along with
interactions from the β-hairpin and linker, this yields a high-affinity Pax5/DNA complex
and may facilitate the “monkey-bar” mechanism used by other bipartite transcription
factors such as Oct-1.
An interesting question arising from these studies is whether the distinct roles of
the subdomains might be exploited by the cell for increased functionality. One might
predict that alternative splicing events in the PD would have significant effects on the DNA
binding properties of Pax proteins. Indeed, Pax8 can undergo a natural splicing event that
results in the insertion of a serine residue between the native amino acids Gly63 and Arg64
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that form part of the DNA recognition helix H3. This insertion abrogates binding by the
NTD of Pax8 and therefore changes DNA specificity by the PD [124]. Of note, the equivalent
residues in Pax5 are Gly70 and Arg71, which create the kink in the free Pax5 NTD observed
by MD simulations. This is consistent with the notion that helix H3 must fold properly upon
binding DNA in order to provide energetically favorable contacts. Similarly, a disease
mutation in the human Pax6 gene implicated in ocular abnormalities causes the disruption
of normal splicing events in this gene [123]. As a result, an alternative protein variant
containing a 14-residue insertion in the NTD abrogates normal DNA binding activity,
leading to defects in normal eye function [123]. In the case of Pax5, naturally occurring
isoforms present in B-cells have distinct transactivation properties [177, 178]. In
particular, two isoforms that result in truncated variants of Pax5 are distinguished by the
presence or absence of the NTD and have opposite effects in the activation potential of the
full-length protein [178]. Interestingly, the variant including the NTD suppresses Pax5
function in a dominant negative manner, whereas the variant lacking the NTD promotes its
activity [178]. Although the underlying mechanisms for these observations are unknown,
these results are consistent with my observations that the NTD is involved in setting the
specificity for binding sites, therefore likely competes for regulatory Pax5 binding sites. In
contrast, the CTD may weakly recruit proteins involved in transcriptional activation nonspecifically.
Overall, the studies described in this chapter provide useful insight into the possible
effects of alternative splicing events and mutations involving the subdomains of Pax
proteins. Due to their distinct biophysical properties and DNA-binding behaviors, changes
affecting either subdomain are predicted to have markedly differing effects.
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2.5 Materials and methods
2.5.1

Expression and purification of Pax5 fragments
The genes encoding all Pax5 fragments were cloned from the full-length Pax5 gene

(NCBI Gene ID: 5079) into the pET28-MHL vector (Addgene, plasmid #26096) using NdeI
and HindIII restriction sites. This vector encodes an N-terminal His6 affinity tag followed by
a TEV cleavage site. Unlabeled proteins were expressed in E.coli BL21 (λDE3) cells grown
in lysogeny broth (LB) media, whereas isotopically labeled proteins were produced using
M9 minimal media supplemented with 3 g/L 13C6-glucose and/or 1 g/L 15NH4Cl as the sole
carbon and nitrogen sources, respectively.
Uniformly 2H/13C/15N-labeled Pax51-149 was produced in M9 minimal media, using a
protocol modified from that published for preparing deuterated proteins [179]. Briefly, a
25 mL starter culture was grown to OD600 ~ 0.6 in LB media (H2O) at 37 °C. The cells were
then collected by centrifugation and resuspended in 75 mL of M9 media prepared with
99% D2O. Protonated additives for the M9/D2O media were dissolved in D2O and
lyophilized prior to use. The bacterial culture was allowed to reach OD600 ~ 0.6 and diluted
4-fold with fresh M9/D2O media. This was repeated until reaching the final culture volume
of 1 L.
Expression of Pax5 fragments was induced at OD600 ~ 0.6 with 0.5 mM IPTG,
followed by growth at 30 °C for 4-16 hours. After centrifugation, the cell pellet was frozen
at -80 ˚C, then later thawed, resuspended in denaturing buffer (4 M GuHCl, 20 mM sodium
phosphate, 0.5 M NaCl, 20 mM imidazole, pH 7.4) and sonicated to ensure complete lysis.
Denaturation also led to full amide protonation in the otherwise uniformly 2H/13C/15Nlabeled Pax51-149 protein sample. The cleared supernatant was applied to a Ni+2-NTA
HisTrap HP column (GE Healthcare). In cases where the protein is soluble under nondenaturing conditions, the column was washed with 20 mM sodium phosphate, 0.5 M NaCl,
20 mM imidazole at pH 7.4 to allow on-column refolding, followed by elution with 20 mM
sodium phosphate, 0.5 M NaCl, and 1 M imidazole at pH 7.4. In the case of aggregation84

prone Pax5210-286, the protein was eluted under denaturing conditions, and dialyzed against
native buffer (20 mM MES, pH 5.1, 200 mM NaCl).
The appropriate fractions were pooled and the His6 affinity tag cleaved with TEV
protease during a dialysis step against 50 mM Tris-HCl, 1 mM DTT at pH 8.0. Three (or two
in the case of Pax51-92) non-native amino acid residues (Gly-His-Met) remained at the Nterminus of each construct. The uncleaved protein and (His)6 tag products were removed
using a HisTrap HP column. A subsequent size-exclusion chromatography (Superdex 75, GE
Healthcare) or high performance liquid chromatography (HPLC) step was used to increase
sample purity and for buffer exchange. Unless noted otherwise, the final buffer used for
NMR experiments contained 20 mM MES, 200 mM NaCl, 2 mM DTT, and 0.5 mM EDTA at
pH 6.5. In the case of ITC and NMR-monitored DNA binding titrations, 6 mM MgCl2 was
included and the NaCl concentration was decreased to 100 mM. Samples were
concentrated with 3 kDa or 10 kDa MWCO centrifugal filters (EMD Millipore). Protein
concentrations were determined by ultraviolet absorbance at 280 nm using predicted
molar absorptivities based on protein sequence [169].
2.5.2

DNA oligonucleotides
The sequences of oligonucleotides used in this study are summarized in Table 2.2.

All single-stranded DNA oligonucleotides were purchased from Integrated DNA
Technologies. Non-palindromic complementary strands were mixed in a 1:1 ratio based on
the quantities reported by the vendor. All duplexes were annealed by heating to ~ 95 °C in
sample buffer (20 mM MES, 100 mM NaCl, 0.5 mM EDTA, 2 mM DTT, 6 mM MgCl2 at pH 6.5)
for 10 min, followed by slow cooling to room temperature. The resulting double stranded
DNAs were purified using size-exclusion chromatography with sample buffer (Superdex 75,
GE Healthcare) to remove single-stranded DNA and adjust the salt concentration. In the
case of the CD19 duplex used for EMSA, one strand (5'CGGTGGTCACGCCTCAGTGCCCCAT3’)
was 5’-labeled with Alexa Fluor 647 for detection. The two strands were mixed and
annealed as described above. Concentrations of the purified dsDNA were determined by
ultraviolet absorbance at 260 nm using predicted molar absorptivities [180]. The quality of
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several duplex DNAs was confirmed using 1H-NMR spectroscopy. In the resulting spectra,
the expected number of guanine and thymine imino proton resonances was observed as
single peaks between ~12 and 15 ppm.
2.5.3

General NMR spectroscopy methods
NMR experiments were performed using cryoprobe-equipped Bruker Avance III

500, 600 or 850 MHz spectrometers. Unless noted otherwise, protein samples were
concentrated to 0.3 - 0.8 mM in 95% NMR sample buffer (20 mM MES, 200 mM NaCl, 2mM
DTT, 0.5 mM EDTA, pH 6.5) with 5% lock D2O and data were collected at 25 °C. The spectra
were processed and analyzed using NMRPipe [181] and Sparky [182]. The backbone (13Cα,
13Cβ, 13CO, 15N,

and 1HN) chemical shifts were assigned using standard 1H-13C-15N scalar

correlation experiments [183]. In the case of amide-protonated 2H/13C/15N-labeled Pax51149

in complex with the 25 bp CD19 DNA duplex, the NaCl concentration was lowered to 20

mM and TROSY-based pulse sequences with 2H-decoupling were employed [184, 185].
Secondary structure propensity and RCI-S2 calculations were carried out using MICS [126].

2.5.3.1

Amide 15N relaxation
Amide 15N relaxation data (T1, T2, heteronuclear NOE) for Pax51-149, both free and in

complex with the CD19 DNA duplex, were collected using the Bruker Avance III 600 MHz
spectrometer with standard pulse sequences [186]. In the case of the DNA complex, the
NaCl concentration was lowered to 20 mM to improve spectral quality and increase
cryoprobe sensitivity. The T1 and T2 curves for well-resolved amide signals (peak intensity
versus relaxation time) were fit to single exponential decays using Sparky [182]. Errors
were estimated using a Monte Carlo approach. The heteronuclear 1H-15N NOE values were
calculated as the ratios of the peaks intensities in the NOE spectrum (5 s relaxation delay
followed by 3 s of 1H irradiation) versus a control reference spectrum (8 s delay without 1H
irradiation). The resulting data were fit with Tensor2 [139] to obtain global tumbling
correlation times and, in the case of CD19-bound Pax51-149, an anisotropic rotational
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diffusion tensor. Selected structural coordinates were taken from the PDB file 1MDM for
fitting of the diffusion tensor and for the calculations of rotation correlation times with
hydroNMR [140].

2.5.3.2

HX rate constants and protection factors
To obtain the HX rate constants of slowly exchanging amides, Pax51-149 in 500 µL of

NMR buffer (pH 6.5) was lyophilized. The dry protein sample was then resuspended in 500
µL of D2O and immediately placed in the spectrometer. 15N-HSQC spectra were collected at
25 °C in succession every 5 minutes, starting ~ 5 minutes after resuspension. However,
only a few amide signals were detected in the first spectrum collected. Therefore, the
experiment was repeated using NMR buffer at pH 5.5 and 15 °C to decrease the exchange
rate and enable quantitation of the HX rates for a greater number of amides. Protiumdeuterium exchange rate constants for residues with well-resolved 1HN-15N signals were
obtained using Sparky [182]. Peak intensities were fit to the equation It = I0 e−kHX−obs t ,
where It is the observed peak height at time t after resuspension in D2O, I0 is the fit initial
height, and kHX-obs is the fit exchange rate constant. In the case of the Pax51-149/CD19
complex, a similar procedure was performed at pH* 6.60 and 25 °C. The initial 5-min HSQC
spectrum was collected ~ 12 minutes after resuspension. The last spectrum was collected
approximately a month later and still contained many amide signals which had not decayed
sufficiently to obtain a reliable kHX-obs. Therefore, only a lower PF limit is provided in Figure
2.7 for these residues with kHX-obs < 1.8 x 10-7 s-1.
To obtain kHX-obs values for rapidly-exchanging amides for the free PD, I employed a
CLEANEX-PM sequence [187] using mixing times from 4 to 160 ms at 25 °C. Pax51-149
protein samples in NMR buffer at pH 5.6, 6.3, and 8.0 were used to maximize the number of
residues with detectable protium-protium exchange. The resulting growth curves were fit
to the equation
It
kHX-obs
=
{1-e(kHX-obs +R1 )t }
I0 kHX-obs +R1
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where It is the amide peak height for transfer time t, I0 is the corresponding height in the
reference spectrum (without 1H saturation and with a 12 s relaxation delay), and R1 is the
effective transverse relaxation rate constant. The fit kHX-obs were scaled by a factor of 1.4 to
account for the reduced magnetization of water.
Predicted exchange rate constants, kHX-pred, for a random coil polypeptide with the
Pax51-149 sequence under the corresponding solvent and temperature conditions were
obtained using the server program Sphere [129]. Protection factors (PFs) were calculated
as PF = kHX-pred/kHX-obs. Results from the protium-deuterium and CLEANEX exchange
experiments were combined to obtain PFs for many residues in Pax51-149. In cases where
two or more reliable PF values were available from complementary measurements, these
were averaged. This merging of PFs is based on the assumption that exchange occurs in the
commonly observed EX2 limit and that the stability of Pax51-149 does not change
substantially between sample pH values of 5.6 and 8.0 and between 15 °C and 25 °C [132].

2.5.3.3

NMR-monitored DNA-binding titrations
DNA duplexes and Pax5 protein fragments were prepared in 20 mM MES, 100 mM

NaCl, 0.5 mM EDTA, 2 mM DTT, 6 mM MgCl2, at pH 6.5. Small aliquots of concentrated DNA
(~ 1.5 mM) were added in a step-wise manner to 15N-labeled Pax51-92, Pax532-92, Pax576-149
and Pax51-149, initially at ~ 0.35 mM.

15N-HSQC

spectra were recorded at each titration

point. For all well-resolved residues exhibiting fast-exchange behavior, CSP values were
calculated as Δδ = [(0.14ΔδN)2 + (ΔδH)2]1/2, where ΔδN and ΔδH are the changes in chemical
shift for

15N

and 1HN respectively. These values were plotted as a function of DNA added.

The resulting titration curves were then fit with GraphPad Prism to the equation for a
simple 1:1 binding isotherm
2

𝛥𝛿𝑖 = 𝛥𝛿𝑠𝑎𝑡 (([𝑃] 𝑇,𝑖 + [𝐷] 𝑇,𝑖 + 𝐾𝐷 ) − √([𝑃] 𝑇,𝑖 + [𝐷] 𝑇,𝑖 + 𝐾𝐷 ) − 4[𝑃] 𝑇,𝑖 [𝐷] 𝑇,𝑖 ) /(2[𝑃] 𝑇,𝑖 )
where [P]T,i and [D]T,i are the total, dilution-adjusted concentrations of labeled protein and
unlabeled species, respectively, at each titration point i, and Δδsat is the CSP at saturation.
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The DNA concentration was treated as a variable and the fit macroscopic KD values include
possible binding at multiple independent sites and orientations within the duplex
oligonucleotides. The fit DNA concentrations were ~ 2 fold greater than the measured DNA
concentration for titrations of Pax576-149 with the mb-1-C and the two palindromic
duplexes, but not for the CD19-C duplex. This difference may reflect possible errors in the
determination of protein and DNA concentrations using predicted molar absorptivities,
and/or a stoichiometry other than 1:1 for DNA sequences that bind more weakly. However,
in all cases, the amide 1HN and 15N chemical shifts changed in a co-linear fashion with added
DNA, indicating a two-state macroscopic equilibrium between free protein and an
ensemble of bound states. The KD values obtained individually for 10 amide residues with
the most reliably fit titration curves were averaged to obtain the mean KD value ± standard
deviation as reported in Table 2.3.
2.5.4

CD spectroscopy
CD experiments were performed using a JASCO J-810 spectrometer. Unless

otherwise stated, purified protein samples were diluted to 10 µM for all measurements in
20 mM MES, 100 mM NaCl, 2 mM DTT, 0.5 mM EDTA, 6 mM MgCl2, at pH 6.5. Spectra were
recorded in the range 200-280 nm, in a 1 mm quartz cuvette at 25 °C.
For thermal denaturation studies, the cuvette was filled to capacity (~ 400 µL) to
minimize evaporative changes in concentration at higher temperatures. A water bath
accessory station was used to increase and decrease the temperature of the cuvette in 0.1
°C steps, while recording the CD signal at 222 nm. A total of 701 points were collected from
25 °C to 95 °C. The TM and ΔH0unfold values were obtained from fits of the resulting thermal
denaturation curves according to
−ΔH0 unfold ΔH0 unfold
+
RTm
e RT

ε222 (T) = εU (
)
−ΔH0 unfold ΔH0 unfold
+
RTm
1 + e RT
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where ε222 is the ellipticity at 222 nm in arbitrary units, T is the measured temperature at
each point, εU is the ellipticity at 222 nm of the unfolded state obtained by averaging the
last 10 to 20 points on the curve, R is the gas constant, and ΔH0unfold and TM are the fit
enthalpies of unfolding and midpoint unfolding temperatures, respectively. This equation
assumes a 2-state folding/unfolding equilibrium with a constant ΔH0unfold over the
transition region. In addition, this equation does not take into account temperaturedependent changes in the base lines, which were assumed to have small effects. The data
were fit using GraphPad Prism.
For chemical denaturation studies, re-crystalized GuHCl (kindly provided by Dr.
Fred Rosell) was used to make 19 samples of 10 M protein in the presence of 0 to 5.8 M
GuHCl. The final concentration of GuHCl was determined by refractive index, measured
using a polarimeter with CD buffer as the reference. The fraction of protein folded at each
point was calculated according to fU=

ε222 −εN
εU −εN

, where ε222 is the ellipticity at 222 nm at each

point, εN is the ellipticity of the native state obtained by averaging the first ~ 3 values of the
curve, and εU is the ellipticity of the unfolded state obtained in a similar manner. The
f

ΔGunfold at each point in the transition was obtained according to ΔGunfold = −RTln(1−fU ) .
U

The resulting line was fit using least squares regression, and the ΔG0unfold under native
conditions was obtained by extrapolating to 0 M GuHCl according to the equation ΔGunfold =
ΔG0unfold - m[GuHCl].
2.5.5

Electrophoretic mobility shift assay (EMSA)
Fluorescently labeled CD19 duplex was annealed as described above. Samples were

prepared using 10 nM labeled CD19 duplex in the presence of 0.08 nM - 120 µM Pax51-149 in
20 mM MES, 100 mM NaCl, 6 mM MgCl2, 6 mM DTT, 0.2 mM EDTA, 200 µg/mL bovine
serum albumin, and 10% glycerol at pH 6.5. After incubation at room temperature for 15
min, followed by cooling to 4 °C, the samples were resolved on native 13% polyacrylamide
gels and run in 0.5 X TBE buffer (45 mM Tris, 45 mM boric acid, 1 mM EDTA, pH 8.3) at 200
V and 4 °C for 1.5 hours. The DNA was visualized using a Typhoon Imager (GE Healthcare)
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and quantified with ImageJ. The fraction of DNA bound at each titration point, f b,i was
calculated to be DNAbound/(DNAfree + DNAbound) using the respective fluorescent band
intensities. The resulting titration curves from two independent experiments were fit with
GraphPad Prism to the expression
2

𝑓𝑏,𝑖 = (([𝑃] 𝑇,𝑖 + [𝐷]𝑇,𝑖 + 𝐾𝐷 ) − √([𝑃] 𝑇,𝑖 + [𝐷] 𝑇,𝑖 + 𝐾𝐷 ) − 4[𝑃] 𝑇,𝑖 [𝐷] 𝑇,𝑖 ) /(2[𝐷] 𝑇,𝑖 )
where fb,i is the fraction bound at each titration point i, and [P]T,i and [D]T,i are the total
protein and DNA concentrations. The reported results are the average KD values ± the
standard deviation of the two experiments.
2.5.6

Isothermal titration calorimetry
Experiments were performed using a MicroCal ITC200 (GE Healthcare) at 15-35 °C.

Both the DNA and protein samples were prepared in 20 mM MES, 100 mM NaCl, 0.5 mM
EDTA, 2 mM DTT, 6 mM MgCl2 at pH 6.5, unless otherwise specified. The sample cell
contained the DNA duplex at concentrations between 50 and 100 µM, whereas the syringe
contained Pax51-92, Pax532-92, Pax51-77, or Pax576-149 at ~ 1.4 mM. The following settings
were used: 20 or 25 injections, 1000 r.p.m. stirring speed, reference power set to 10, initial
delay 150 to 200 s, 2 s filter period, 1.5 to 1.8 µL of titrant per injection, and 100 to 120 s
delays between each point. The first injection (0.5 µL) was excluded from the analysis.
Quantification of the results and data analysis was performed using Origin software (GE
Healthcare). To account for heats of dilution, the experiment was repeated with buffer in
the sample cell and protein at the same concentration in the syringe. The heats of dilution
were fit by linear regression, and the interpolated values were subtracted from each point
in the titration experiment. The baseline-corrected binding isotherms were fit to a simple
1:1 model to yield the reported thermodynamic parameters and errors.
Initially, the protein and DNA concentrations were measured and used to derive the
fit ΔH0bind, ΔS0bind, stoichiometry (N), and KD values reported in Perez-Borrajero, C. et al.,
2016, J. Mol. Biol. This type of analysis is standardly used in fitting ITC binding isotherms.
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However, after publication I found that abnormally-high stoichiometry values (~2-3) were
common for Pax51-92, suggesting that the protein concentration might be overestimated. In
addition, the size of the DNA duplex used (12 bp) should not allow enough space for more
than one Pax5 molecule to bind. I also found Pax51-92 to be prone to aggregation and the
stoichiometry value calculated using this standard analysis was variable between protein
samples. As well, the extinction coefficient of Pax51-92 is relatively small (4470 M-1 cm-1),
which could contribute to inaccurate protein concentration measurements. For all these
reasons, I decided to rely on the DNA concentration measurement, which is more
dependable due to high extinction coefficients, and fix the binding stoichiometry to 1. With
this method, I was able to obtain reproducible KD values for the interaction between the
Pax5 subdomains and DNA, ranging from 1.9 to 4 µM in the case of Pax51-92, and 10 to 18 in
the case of Pax576-149 for their respective half-sites. The average and standard deviation of
five measurements are reported in Table 2.3, and vary somewhat from those previously
published.
2.5.7

Molecular dynamics simulations
Simulations of the NTD (Pax534-77) and the CTD (Pax592-142) subdomains were based

on the crystal structure of the PD in complex with the mb-1 promoter DNA and Ets1 (PDB:
1MDM) after removal of the DNA and Ets1 molecules. In the case of the DNA-bound state, a
model of the Pax519-142/CD19 complex was made by substituting the mb-1 duplex DNA
bases with the appropriate bases found in the high affinity CD19 DNA sequence (Table
2.2). This was accomplished using the mutagenesis function in PyMol [27]. Protonation
states of residue side chains were predicted using PROPKA3.1 [188] at a pH of 7. The
systems were solvated in an explicit, periodic TIP3P cuboid water box, and neutralized
with 3 Cl- ions (Pax534-77 and Pax592-142) and 31 Na+ ions (Pax519-142/CD19). The final
number of atoms was 12493, 12284 and 41062 for Pax534-77, Pax592-142 and Pax519142/DNA,

respectively. The corresponding box dimensions were 47.6 Å ∙ 49.8 Å ∙ 52.8 Å,

49.2 Å ∙ 49.9 Å ∙ 50.0 Å and 61.3 Å ∙ 95.7 Å ∙ 69.9 Å. The energy of the system was then
minimized by using 5000 steps of steepest descent minimization of just the solvent with
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the protein coordinates fixed, followed by 10000 steps for all atoms including the protein.
Subsequently, the systems were heated slowly from 0 to 300 K for 50 picoseconds. A one
nanosecond equilibration step was then performed before the beginning of the production
run simulations.
The simulation used an integration step size of 2 femtoseconds, and consisted of
920 ns of Langevin dynamics in the modified AMBER ff14SB all-atom force field using the
PREMD module in AMBER14 [141]. During the simulation, the pressure and temperature
were kept constant at 1 atm and 300 K, respectively. The SHAKE algorithm was used to
constrain bond lengths of atoms attached to hydrogens. Long-range electrostatic
interactions were accounted for using the particle-mesh Ewald sum. In addition, long-range
non-bonded interactions at a distance of > 10 Å were not considered.
Backbone (N, C, CO) RMSD time courses were calculated from the trajectories
aligned to the starting crystal structures as well using CPPTRAJ, a module of AMBER14.
This module was further used to calculate the per-residue backbone (N, C, CO) Amber Bfactors and they were mapped onto the structures and visualized using PyMol [27]. A
normalized cross-correlation analysis of C atoms was performed using CARMA [189].
2.5.8

Accession numbers
The NMR spectral assignments for Pax51-149 alone and in complex with CD19 DNA

have been deposited in the BioMagResBank under accession numbers 26730 and 26731,
respectively.
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Chapter 3: The biophysical basis of phosphorylation-enhanced
DNA-binding autoinhibition in Ets1
3.1 Overview

The eukaryotic transcription factor Ets1 is regulated by an intrinsically disordered
serine-rich region (SRR) that transiently associates with the adjacent ETS domain to inhibit
DNA binding. Autoinhibition is progressively reinforced by calmodulin-dependent kinase II
(CaMKII) phosphorylation of multiple serines within the SRR. In this chapter, I combined
NMR spectroscopy and X-ray crystallography to determine the physicochemical basis for
the phosphorylation-enhanced “fuzzy” interactions of the SRR with the ETS domain.
For these studies, I used a synthetic phosphopeptide corresponding to the wild type
SRR region (residues 279-295 in Ets1). I found that the SRR peptide interacts in trans with
a well-defined region of the ETS domain, encompassing the recognition helix H3, the Nterminus of H1, and flanking regions including an inhibitory helical bundle. This interaction
does not occur when the ETS domain is bound to a high-affinity canonical DNA duplex, and
supports a competitive steric mechanism of DNA-binding inhibition. In addition, I found
that increasing the hydrophobic, but not necessarily the aromatic character, of peptides
corresponding to the SRR promoted the interaction between the SRR and the ETS domain.
Furthermore, the interaction is dependent on the sequence of the SRR, and not simply on
its overall amino acid composition. In addition, the affinity of the SRR peptide for the ETS
domain decreases with increasing ionic strength, and in the absence of phosphorylation at
two key serine residues (pSer282 and pSer285), is weakened by ~ 10-fold. Thus, the
interaction is driven by the hydrophobic effect and enhanced electrostatically by
phosphorylation of serines adjacent to the SRR aromatic residues.
Although the wild-type SRR peptide is predominantly disordered in its free state,
residues surrounding the phosphoserines and aromatics exhibit backbone nuclear
Overhouser effects (NOE) patterns distinct from those in corresponding peptides lacking
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the aromatic residues and phosphate modifications. Using a combination of intra-and
intermolecular NOE-derived distance restraints, I calculated a structural ensemble of the
SRR peptide/ETS domain complex. This ensemble helps explain how the SRR mediates Ets1
autoinhibition by sterically blocking the DNA-binding interface of the ETS domain. Key
features of the NMR-derived ensemble were confirmed by an X-ray crystallographic
structure of a high-affinity fluorinated SRR mimic bound to a domain swapped ETS domain
dimer. Finally, I also found that the Ets1 SRR phosphopeptide binds to the ETS domain of
distantly-related PU.1, suggesting that features of the ETS domain mediating autoinhibition
are conserved in this family of transcription factors. Together, these data refine a model of
steric autoinhibition of Ets1 by an intrinsically disordered region, and help explain DNAbinding regulation.

3.2 Introduction
3.2.1

Intrinsically-disordered regions
Between 35 to 50% of eukaryotic proteins contain intrinsically disordered regions

(IDRs) which, due to their amino acid composition, do not adopt well-defined threedimensional structures under physiological conditions [190]. These regions have a high
proportion of disorder-promoting amino acids, such as Ala, Arg, Gly, Gln, Ser, Glu, Lys, and
Pro [191]. The amino acid bias present in IDRs results in highly flexible regions of proteins,
which possess a rich variety of biophysical properties (reviewed in [191-193]). For
example, IDRs characterized by a high net charge are classified as polyelectrolytes [194].
These tend to form extended conformational ensembles thought to result from chargecharge repulsion, and may function to provide specific (but dynamic) spacing between
structured domains [193, 194]. Other IDRs are roughly neutral (polyampholytes), and are
predicted to form relatively compact structural ensembles [195].
The amino acid composition, their repeating pattern, charge distribution, and in
general the position along the primary sequence all give IDRs particular chemical
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properties that can be exploited for biological functions [193]. Broadly speaking, these
functions can be divided into three non-exclusive categories: i) scaffolding and recruitment
of protein partners, ii) regulation via PTMs, and iii) conformational variability and
adaptability [196]. Consistent with these functions, IDRs have been found to be enriched in
scaffolding [197] and network hub protein complexes [198], where they aid in combining
signals from different pathways.
IDRs exploit a large number of binding mechanisms to associate with protein
partners. The resulting complexes can be viewed to lie along a continuum of dynamic
characteristics, from well-defined to highly heterogeneous [199]. At one end of the
spectrum are IDRs that become well-folded upon association with a co-factor, as has been
observed in the case of α-helical molecular recognition motifs (α-MoRFs) [199, 200]. The
motions found in these complexes are relatively small due to stabilizing contacts linked
with secondary structure formation. At the other end of the spectrum are so-called “fuzzy”
complexes that maintain a highly flexible nature upon association [193, 199, 201]. These
are characterized by relatively weak and transient interactions that interconvert rapidly
among energetically-similar conformations [199].
IDRs are particularly notable in TFs [22, 23] and proteins involved in control of key
cellular processes such as the cell cycle (reviewed in [193, 201, 202]). It is estimated that ~
80 to 95 % of eukaryotic transcription factors possess long stretches of IDRs [203]. For
example, the TADs of many eukaryotic TFs are disordered. These function by providing low
affinity multivalent interaction surfaces that localize members of the basal transcriptional
machinery [19]. Examples include the TADs of p53, c-Myb, and NFAT5 [204-206]. In
addition, structured domains in transcription factors, such as those involved in DNAbinding, can be “decorated” by adjacent IDRs that control activity. For instance, disordered
and flexible regions flanking the ETS domains of ETV1, ETV4, ETV5, and Ets1 inhibit DNA
association through steric and allosteric mechanisms [72, 73].
As hinted above, PTMs often occur in disordered regions [62], and those present in
TFs are not exempt. The conformationally flexible polypeptide chain allows access to
"writer" and "eraser" enzymes that catalyze side chain modifications, as well as "reader"
proteins that recognize the presence or absence of the resulting PTMs [62]. This enables
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the reversible modulation of protein function by IDRs [62]. In particular, IDRs present in
TFs are commonly the sites of phosphorylation, acetylation, methylation, O-GlcNAcylation,
ubiquitination, SUMOylation, and other such PTMs [191, 203]. The subtle calibration of TF
activity is particularly important in transcription factors responding to cellular stimuli [62].
The tumor suppressor factor p53, for instance, contains a disordered C-terminal region
that alters its lifetime, its DNA-binding affinity, and facilitates recruitment of co-factors
[207]. Phosphorylation, acetylation, and ubiquitination in this domain of p53 modify the
existing DNA-binding ability, and allow diverse intracellular signals to converge upon one
central protein [207].
Another interesting feature of IDRs is that they tend to be part of regions that are
naturally removed upon splicing, thereby contributing to multiple protein isoforms and
increased functional variability [22, 208, 209]. For example, of the seven isoforms of the
tumor suppressor BRCA1 for which there is structural information, six are splice variants
lacking regions contained in the intrinsically-disordered center domain, with the remaining
isoform being full-length BRCA1 [209]. The bias towards splicing sites is true of the
majority of proteins with known isoforms and intrinsic disorder analyzed by Romero and
colleagues [209].
Currently, a number of experimental and computational techniques such as NMR
spectroscopy, SAXS, and MD simulations have been used to describe the conformational
ensembles sampled by IDRs [204, 210, 211]. A notable study in which all three techniques
were combined was performed by Wells and colleagues describing the structure of p53 in a
tertiary complex with DNA and the Taz2 domain of the co-activator acetyltransferase CBP
[205]. In this work, the authors used X-ray and NMR-derived derived structures of globular
domains, in combination with residual dipolar coupling (RDC), SAXS, and binding
measurements, to derive tertiary and quaternary structural models of the arrangements of
the different molecules in the complex. Nevertheless, this study required the integration of
multiple approaches and many years of experimental work to define the “parts” of the
system [205]. In spite of great progress in the field, the flexibility found in IDRs makes a
detailed description of the populated conformations, both before and after association with
other proteins, still a challenging task, and in particular for large systems [211].
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3.2.2

Ets1
Ets1 is one of the best-studied members of the ETS family of eukaryotic

transcriptional regulators, which is comprised of 28 paralogs in humans [212]. It is mainly
expressed in lymphocytes and has crucial functions in the development and maintenance of
cells involved in immunity, such as B-cells, T-cells, and Natural Killer cells [83, 213].
Multiple cellular signaling pathways converge on dynamic and disordered regions of Ets1,
leading to its activation or inhibition [83].
Ets1 contains a conserved winged helix-turn-helix ETS domain that defines the ETS
family. This domain binds a 9 - 12 bp DNA sequence with a highly conserved 5’-GGA(A/T)3’ core flanked by more variable bases (reviewed in [212]). The recognition -helix H3 of
the ETS domain (i.e. the second helix of the helix-turn-helix motif) inserts into the major
groove of DNA, allowing direct hydrogen bonding between two invariant arginine
sidechains and two guanines (Figure 3.1a). Additional contacts to the phosphodiester
backbone are provided by the N-terminus of H1, the turn between H2 and H3, and the wing
between -strands S3 and S4.
Four helices appended to the ETS domain of Ets1 reduce its affinity for DNA by ~ 2fold [212]. This inhibitory module (IM) is composed of N-terminal helices HI-1 and HI-2
and C-terminal helices H4 and H5 interfaced with H1 of the ETS domain (Figure 3.1a).
Importantly, the module is distal to the DNA-binding surface. In an allosteric response to
association with either specific or non-specific DNA, the marginally-stable helices HI-1 and
HI-2 unfold, thereby contributing an energetic penalty to attenuate DNA-binding [214,
215].
Ets1 is further regulated by the SRR, a region composed of ~ 50 residues preceding
HI-1. Previously, our group showed that the SRR both stabilizes the IM and sterically
inhibits DNA binding by transiently associating with the recognition helix H3 of the ETS
domain [216, 217]. This results in a combined ~ 20-fold attenuation of DNA-binding. The
SRR is intrinsically disordered and is phosphorylated by CaMKII in response to calcium
signaling [218, 219]. An increasing number of phosphoserines in this region causes DNA
binding to become progressively weaker (up to ~ 1000-fold), thus tuning autoinhibition in
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a “rheostat” or "dimmer switch" manner [216]. Removal of the regulatory layer provided
by the IM and the SRR through alternative splicing, mutation (as seen with the oncoviral vEts) or protein partnerships, results in increased affinity for DNA [212].
Previous work by our group revealed that both phosphoserines and flanking
aromatic residues in the SRR contribute synergistically to Ets1 autoinhibition [72].
Although considerable progress has been made, due to the dynamic nature of the
interaction between the disordered SRR and the ETS domain, the physicochemical basis of
autoinhibition remained incompletely defined. Using a combination of NMR spectroscopy
and X-ray crystallography, I demonstrate that the SRR interacts with a surface of the ETS
domain that overlaps the DNA-recognition helix H3 and contacts the inhibitory helices.
This interaction is driven by a combination of the hydrophobic effect provided by aromatic
residues and favorable electrostatic contributions provided by phosphoserines and
adjacent aspartate/glutamate residues. Phosphorylation of serine residues in the SRR
peptide does not induce any persistent secondary structure. However, amino acids
surrounding the phosphoserines exhibit more restricted motions in the presence of the
aromatic residues. I present a detailed model of the ETS domain/SRR interaction and
discuss its implications towards the regulation of Ets1. Finally, I found that the Ets1 SRR
can also bind the ETS domain of PU.1, a divergent paralog that does not exhibit
autoinhibition. This raises the intriguing possibility that the Ets1 SRR may be capable of
inhibiting DNA binding by other members of the ETS family in trans.

3.3 Results
3.3.1

Phosphate-enhanced hydrophobic effect in Ets1 autoinhibition

The SRR peptide interacts with a surface region overlapping the ETS domain DNA-recognition
interface
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To characterize the region of Ets1 that associates with the SRR, I used a trans system
similar to that previously described [72]. This consists of an unlabeled peptide
corresponding to a truncated SRR (residues 279-295), along with
440

15N/13C-labeled

Ets1301-

containing the IM and ETS domain (Figure 3.1b). I denote the peptide, with blocked

termini and phosphorylated serine residues 282 and 285, as WT2P (Table 3.1). Although
the full SRR encompasses ~ 50 residues (244-300), a partial SRR with these two CaMKII
phospho-acceptor serines recapitulates most of the inhibition seen with wild-type Ets1,
and is well-suited for NMR spectroscopic studies [217].
Upon progressive addition of the WT2P peptide to Ets1301-440, a large number of
amide signals in

15N-HSQC

spectra of the protein shifted in the fast exchange regime

(Figure 3.2). This indicates relatively weak binding to the peptide under conditions of
moderate ionic strength (300 mM NaCl. As a complementary approach, I also monitored
changes in the 13C-HSQC spectra of Ets1301-440 upon peptide titration (Figure 3.3). Overall,
the 1H-13C shift perturbations of Cα, C, methyl and aromatic moieties were relatively small,
indicating that the tertiary structure of the protein is not significantly perturbed upon
binding. Importantly, residues exhibiting the largest 1H-13C and 1H-15N CSPs overlapped
closely, and collectively define the SRR-interaction interface of the ETS domain as an
extended surface encompassing the recognition helix H3, as well as H1 and portions of the
IM (Figure 3.1). This same interface was identified from a comparison of the
spectra of Ets1301-440 versus

2PEts1279-440,

15N-HSQC

with the latter species containing the

phosphorylated SRR in cis [217]. Furthermore, of the 24 residues exhibiting 1H-15N CSP
values > 0.05 ppm, one-third were in H3, and over half were hydrophobic (Val, Leu, Ile, Tyr,
and Trp). Therefore, in support of a steric model of autoinhibition [72, 217], the SRR
associates with a hydrophobic patch on the Ets1 ETS domain that overlaps its DNArecognition interface.

100

Figure 3.1: The SRR interacts with a well-defined surface of the ETS domain encompassing
the recognition helix H3 and flanking regions. (a) The ETS domain binds in the major groove of
DNA using a wHTH motif. The recognition helix H3 contains a tyrosine and two arginines that make
key hydrogen bonds with the core GGA bases. In the DNA-bound state, the inhibitory helices HI-1
and HI-2 are unfolded (adapted from PDB: 1MDM). (b) The trans system consists of unlabeled,
phosphorylated peptide corresponding to Ets1 residues 279-295 (red) along with 15N/13C-labeled
Ets1301-440, containing the core ETS domain (dark blue) and inhibitory helices (light blue). (c, d)
Amide 1H-15N CSPs of Ets1301-440 upon addition of the WT2P peptide at 5.3-fold molar excess in 300
mM NaCl (~ 80 % saturation, see Table 3.1). The largest changes (> 0.05 ppm, dashed line and
highlighted in red on the NMR-derived structure of free Ets1, PDB: 1R36) cluster around the
recognition helix H3, the loop leading to S3, and the N-terminus of H1. (e) Cα, Cβ, methyl and
aromatic moieties of Ets1301-440 were also monitored upon addition of the WT2P peptide to a 1:1
molar ratio in 100 mM NaCl (~ 85 % saturation, Figure 3.3). Residues with resolved signals
showing a 1H-13C CSP > 0.05 ppm are identified with red spheres.
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Figure 3.2: Amide chemical shift perturbations in Ets1301-440 upon addition of the WT2P
peptide. Overlaid 15N-HSQC spectra of 15N-labeled Ets1301-440 recorded upon titration with small
aliquots of the unlabeled WT2P peptide (Table 3.1). The peptide causes a large number of amide
signals in the protein to shift in fast exchange relative to the chemical shift timescale. Residues
exhibiting particularly large amide CSPs are labeled, and correspond to those in H3 (~ 392-399)
and nearby regions (see Figure 3.1c, d). Under the sample conditions (300 mM NaCl, KD ~ 140 µM),
the final protein: peptide molar ratio of 1:5.3 corresponds to ~ 80 % saturation of the Ets1301440/WT2P complex.

102

Figure 3.3: 1H-13C chemical shift perturbations in Ets1301-440 upon addition of the WT2P
peptide. Overlaid 13C-HSQC spectra of 15N/13C-labeled Ets1301-440 in the absence (blue) and
presence of 0.5 (purple) and 1.0 (red) molar equivalents of the unlabeled WT 2P peptide. Peaks in
the methyl (top), Cα (middle) and aromatic (bottom) regions shift in the fast exchange regime.
Overall, the peptide caused relatively small spectral perturbations, indicating that the Ets1 301-440
structure remained essentially unchanged. Residues exhibiting the greatest perturbations are
labeled and highlighted in Figure 3.1e. Due to spectral overlap, not all residues exhibiting large
CSPs were assigned. Under these conditions (100 mM NaCl, KD ~ 10 µM), the Ets1301-440/WT2P
complex is ~ 85 % saturated at the final titration point.
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Increased hydrophobicity strengthens the interaction between the SRR and the ETS domain
Within the SRR region, there are four aromatic residues shown previously to be
crucial for the phosphorylation-enhanced interaction with the ETS domain of Ets1 [72].
Mutation of these residues to alanine significantly impaired DNA-binding autoinhibition in
the intramolecular context of Ets1279-440, and also weakened the intermolecular association
of the SRR peptide to the ETS domain [72]. Are these tyrosine and phenylalanine residues
important due to their hydrophobic character, aromatic character, or both? How do they
cooperate with the adjacent phosphorylated serine residues? To answer these questions,
and better understand the nature of the ETS domain/SRR interaction, I expanded the trans
system to include peptides which retained the overall pattern of the wild-type SRR,
including phosphorylation sites, but had alternative residues at the four aromatic positions.
This resulted in a series of peptide variants with a wide range of hydrophobic and aromatic
properties (Table 3.1).
Titrations of the SRR peptide variants into

15N-labeled

Ets1301-440 were monitored

with 15N-HSQC spectra, allowing KD determination (Figure 3.4). In all cases, residues in the
protein exhibiting large amide CSPs clustered around the same region bound by the WT2P
peptide (Figure 3.5a, compare with Figure 3.1c). This indicates that the general features
of the SRR peptide are sufficient to direct binding to a common interface on the ETS
domain. Fitting of the titration data (Figure 3.4) yielded the equilibrium dissociation KD
values summarized in Table 3.1.
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Table 3.1: Sequence dependence of the SRR peptide interactions with Ets1301-440.
Peptide name

5fPhe2P*

Trp2P*
Leu2P*
Phe2P*
WT2P*
WT2P
Val2P*
Ala2P*
WT0P*
Trp0P*
Clus2P*

Sequencea

RVPSPFDSPFDFEDFPAALW

Relative
hydrophobicityb

Chargec

KD (µM)d

1

-6.5

9±6

P

P

0.88

-6.5

26 ± 8

P

P

0.88

-6.5

43 ± 5

P

P

0.90

-6.5

60 ± 15

P

P

0.65

-6.5

130 ± 35

P

P

-

-6.5

140 ± 20

P

P

0.69

-6.5

250 ±50

P

P

0.37

-6.5

930 ±170

0

0

-

-3

1200 ± 200

0

0

-

-3

N.D.

P

P

-

-6.5

N.D.

RVPS WDS WDWEDWPAALW
RVPS LDS LDLEDLPAALW
RVPS FDS FDFEDFPAALW
RVPS YDS FDYEDYPAALW
RVPS YDS FDYEDYPAAL
RVPS VDS VDVEDVPAALW
RVPS ADS ADAEDAPAALW
RVPS YDS FDYEDYPAALW
RVPS WDS WDWEDWPAALW
RPDS DES DYPYVALYAFW

Residues in bold correspond to the four aromatic positions substituted in the peptide variants.
The presence or absence of phosphorylation at Ser282 and S285, as found in CaMKII-modified Ets1,
is indicated by 2P or 0P, respectively. The pentafluoro-phenylalanines in 5fPhe2P* are denoted as F.
Clus2P* is a peptide with clustered charged and hydrophobic residues. The * denotes a non-native Cterminal tryptophan used for quantitation.
b Hydrophobicity calculated relative to the 5fPhe2P* peptide, set to 1 (see Methods).
c Approximate net charge of the peptides, with blocked termini, at pH 6.5, assuming - 1.5 for pSer,
- 1 for Glu/Asp, and + 1 for Arg.
d Determined from 15N-HSQC monitored titrations in 300 mM NaCl, 20 mM MES, pH 6.5, 28 °C.
N.D.: not determined. Addition of Trp0P* and Clus2P* peptides caused protein aggregation.
a
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Figure 3.4: Determination of the dissociation constants (KD) between the SRR peptide
variants and Ets1301-440 from 15N-HSQC monitored titrations. Plotted are the amide 1H-15N CSP
values of Leu341 (●) and Leu389 () as a function of volume of peptide added to 15N-labeled
Ets1301-440 (300 mM NaCl, 20 mM MES, pH 6.5, 28 °C). The KD values reported in Table 3.1 represent
the mean ± standard deviation of the individual fit KD values (solid curves) for 10 such amides. The
quantities of protein (initially ~ 280 M in ~ 400 L) and peptide (~ 2.5 mM stock solution) varied
in each experiment and thus the molar ratios of peptide to protein are not exactly comparable
among the graphs. Data points outside the x-axis maximum of 400 µL are not shown for the Val2P*
and WT0P* titrations.
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Increasing the hydrophobic nature of the peptides resulted in tighter binding to
Ets1301-440 in the order 5fPhe2P* > Trp2P* > Leu2P* > Phe2P* > WT2P* > Val2P* > Ala2P*. Therefore
hydrophobicity, and not strictly aromaticity, is important for the interaction (Figure 3.5b).
For example, the Leu2P* peptide bound the ETS domain with greater affinity than the WT2P*
peptide, even though the phenylalanine and three tyrosine residues in the latter were all
replaced by leucines. The fact that the exact sequence was not important in localizing the
peptide, and that multiple variants had relatively high affinity for the ETS domain, also
indicated that the association between the SRR and Ets1301-440 is driven by the hydrophobic
effect, rather than van der Waals interactions with more stringent stereochemical
constraints. Finally, since 5fPhe is very hydrophobic, yet has reduced aromatic ring electron
density, I concluded that -cation interactions do not dictate formation of the SRR/ETS
domain complex [220].
I also tested a peptide with the same amino acid composition as the WT2P*, but with
the negatively charged pSer, Asp, and Glu residues in one contiguous block, followed by the
hydrophobic residues. Upon addition of this clustered peptide (Clus2P*), Ets1301-440
aggregated, and I was unable to determine a KD value for the interaction (Table 3.1).
Nevertheless, this result suggests that functional interaction between the ETS domain and
the SRR is dependent on the sequence pattern, and not simply the amino acid composition,
of the phosphopeptide. Similarly, addition of the Trp0P* peptide, which is very hydrophobic
and lacks phosphorylation, also caused protein aggregation, thus precluding a KD
determination (Table 3.1).
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Figure 3.5: Increased hydrophobicity strengthens the interaction between the ETS domain
and the SRR phosphopeptides. (a) Addition of phosphorylated peptide variants to 15N-labeled
Ets1301-440 caused large CSPs in the same region of the protein as affected by the WT 2P peptide (300
mM NaCl; cf. Figure 3.1c). Shown are 1H-15N CSP values for representative cases of the Ala2P* (cyan,
1:14.5 protein:peptide ratio, ~ 60 % saturation), Trp2P* (orange, 1:5, ~ 95 %) and 5fPhe2P* (black,
1:4.5, ~ 98 %) peptides variants. (b) The NMR-derived KD values obtained from titrations with the
phosphorylated peptides plotted as a function of hydrophobicity relative to the 5FPhe2P* peptide,
which was arbitrarily assigned a value of 1. The scale was based on side chain hydrophobicity
values for the 20 standard amino acids [221], and predicted partition coefficients (octanol/water)
of Phe relative to 5FPhe [222, 223]. The dashed line is drawn as visual aid to highlight the trend. This
overall trend does not change with other hydrophobicity scales (not shown).
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Electrostatic interactions with phosphoserines are also important for SRR association to the
ETS domain
The absence of phosphorylation in the WT0P* peptide resulted in a ~ 10-fold
decrease in binding affinity to Ets1301-440 (Table 3.1). This is consistent with previous
studies showing that phosphorylation at Ser282 and Ser285 is important for binding of the
SRR peptide, as well as for autoinhibition of Ets1 [72, 216, 217]. To gain further insights
into the nature of these interactions, I carried out NMR-monitored titrations as a function
of NaCl concentration. Increasing ionic strength caused binding of the phosphorylated
WT2P* peptide to Ets1301-440 to be weakened significantly (Table 3.2). This highlights an
electrostatic contribution to their interaction. Based on the slope of plot of log K A (= 1/KD)
versus log [NaCl], I estimated that the net equivalent of two to three counter-ions are
released upon association of this SRR peptide with the ETS domain (Figure 3.6) [152].
In addition to two phosphoserines, the SRR contains three aspartates, one
glutamate, and one arginine that could contribute to electrostatic binding. To confirm that
the phosphate groups are involved in the association with the ETS domain, the changes in
the

31P

signals of the WT2P peptide upon titration with Ets1301-440 were also monitored.

These signals were assigned to pSer282 and pSer285 via 3JPH scalar couplings with the
phosphoserine 1Hβ nuclei (Figure 3.7a). As shown in Figure 3.7b, the 31P signals deriving
from the phosphoserine residues in both major (trans Val280-Pro281) and minor (cis)
conformers of the peptide shifted downfield upon addition of the protein, with pSer285
exhibiting the largest CSP.
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Table 3.2: Increasing ionic strength weakens the Ets1301-440/WT2P* interaction.
Name

Peptide sequence

[NaCl] (mM)

KD (µM)

WT2P*

RVPSPYDSPFDYEDYPAALW

50

~ 2a

200

33 ± 9

300

130 ± 35

Deviation from the fast exchange limit and estimated tighter binding precluded reliable fitting of
the 15N-HSQC monitored titration data.
a

Figure 3.6: The interaction between the SRR peptide and the ETS domain is dependent on
ionic strength. Titrations of the WT2P* peptide into 15N-labeled Ets1301-440 were carried out under
conditions of differing ionic strength (0.05 M NaCl, 0.2 M NaCl, 0.3 M NaCl). From the resulting
binding isotherms, the association constants (KA) were calculated. Based on the slope of log (KA)
versus log [NaCl], an estimated 2-3 ionic contacts are being made between the two molecules [152].
The error estimates were obtained from linear regression analysis.
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Figure 3.7: The phosphate groups on the WT2P peptide are involved in the interaction with
Ets1301-440. The changes in 31P chemical shifts arising from the phosphate groups in pSer282 and
pSer285 were monitored upon addition of unlabeled Ets1301-440 to the WT2P peptide. (a) The 31PHSQC spectrum of the WT2P peptide in the absence of Ets1 (5 mM MES, 50 mM NaCl, pH 6.5, 28 °C)
is shown. The peaks were assigned using correlations between the phosphoserine phosphate and
1Hβ nuclei via 3JPH couplings. The * identify signals arising from a minor population of the peptide
with a cis Val280-Pro281 amide. (b) The 31P signals of the pSer282 and pSer285 phosphate groups
in the WT2P peptide shift downfield upon addition of Ets1301-440. A small increase sample pH from
6.41 to 6.51 during the titration was also observed, as evidenced by the small changes in the signal
from inorganic phosphate. Control pH titrations confirmed that the perturbations of the
phosphoserine signals were due to primarily to protein binding, with only minor contributions
from the change in sample pH (not shown).

Thus pSer282 and pSer285 indeed interact with the ETS domain. The observed
chemical shift changes could arise directly from changes in the magnetic environments of
the

31P

nuclei due, for example, to hydrogen bonding or salt bridge formation with the

protein. However, based on coarse reference 31P NMR spectra of the WT2P peptide recorded
as a function of pH, under the experimental conditions of pH ~ 6.5 the phosphoserines exist
in an acid-base equilibria with roughly equal populations of mono- and di-anionic species.
Furthermore, the downfield shifts in their

31P

signals induced by protein binding suggest

changes in these populations to favor the fully deprotonated species [224].
Collectively, these results show that the interaction between the SRR and the ETS
domain of Ets1 occurs in a well-defined and specific region of the protein encompassing the
DNA-recognition helix and nearby regions. In addition, the SRR uses a combination of
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electrostatic and hydrophobic-driven effects to associate with the DNA-binding interface of
the ETS domain.
The SRR remains disordered upon binding the ETS domain
In previous studies of several Ets1 fragments, the NMR signals from the SRR region
were assigned [72, 217]. Using CSPs and paramagnetic relaxation enhancement data, the
intramolecular interaction interface with the ETS domain was coarsely mapped. However,
no unambiguous 1H-1H NOE interactions between nuclei in the SRR and the ETS domain
were detected. Along with additional data, including

15N

relaxation measurements, this

indicated that the SRR only transiently bound the ETS domain to mediate autoinhibition.
However, over the course of this current study, it became apparent that under conditions of
low ionic strength, the WT2P peptide bound Ets1301-440 with low M affinity (Table 3.2).
Such conditions were not used with the above mentioned Ets1 fragments as they tended to
aggregate over the extended time periods needed for detailed NMR studies. The tighter
binding of the current peptide models provided the opportunity to pursue more detailed
structural studies.
Using double-filtered 1H-1H NOESY and TOCSY experiments, I assigned the majority
of proton chemical shifts of the unlabeled WT2P peptide bound to invisible 15N/13C-labeled
Ets1301-440. Overall, the 1H chemical shifts of the peptide in its free and bound forms were
similar, indicating that it does not stably fold upon binding to adopt a well-defined
conformation (Figure 3.8).
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Figure 3.8: The SRR peptide does not undergo large changes in backbone chemical shifts
upon binding. Shown are the 1HN/1Hα regions of (a) 1H-1H TOCSY and (b) 1H-1H NOESY spectra
(150 ms mixing time) of the WT2P peptide in its free and Ets1301-440 bound states (1:1 molar ratio
WT2P:Ets1301-440, 100 mM NaCl, 28 °C, ~ 85% saturation). For the bound forms, the signals from the
13C/15N-labeled protein were suppressed by filtering in both dimensions. These spectra allowed
nearly complete assignment of all 1H signals arising from the peptide. Overall, the small changes in
backbone chemical shifts upon addition of protein demonstrate that the peptide does not fold into
any persistent conformation upon binding. In the bound state, the NOESY crosspeaks are stronger
due to slower tumbling of the peptide-protein complex. Note that signals from residues at the Nterminus of the peptide, such as R279 and pS282, remain relatively sharp in the bound state and
exhibit small CSPs (see also Figure 3.9). In contrast, residues near the center of the peptide, such as
pS285 and F286, become noticeably broader and undergo larger CSPs.
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More quantitatively, I compared the 1Hα chemical shifts of the free and bound WT2P
peptides versus the random coil chemical shifts predicted for this peptide sequence with
the Camcoil program [225], corrected for phosphorylation effects (see Methods) [224]
(Figure 3.9a). Differences between observed and expected random coil chemical shifts are
called secondary shifts and are very sensitive indicators of secondary structure
propensities [226, 227]. Overall, both the free and bound peptides had small secondary 1Hα
chemical shifts, which were mostly less than a +/- 0.1 ppm range cutoff used by Wishart et
al. for defining secondary structures via the chemical shift index (CSI) analysis [226]. This
confirms the above mentioned observations that the peptide is disordered and does not
stably fold upon association. A more detailed analysis of the conformational features of the
SRR peptides will be presented in section 3.3.3, below.
In addition, I calculated the 1Hα and 1HN chemical shift changes for the WT2P peptide
upon binding the ETS domain. Residues ~ 283 - 291, and pS285 and F286 in particular,
exhibited the largest CSPs (Figure 3.9b). Such CSPs may arise from conformational
changes or from other factors, such as altered electric field effects or solvation. Regardless,
this indicates that residues in the center of the peptide are the most perturbed upon
contacting Ets1301-440. On the other hand, residues at the N-terminus (279-282) and Cterminus (293-294) had relatively smaller changes in their backbone chemical shifts. This
is consistent with previous results implicating the central aromatic and negatively charged
residues in binding the ETS domain [72].
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Figure 3.9: Changes in the WT2P peptide upon binding the ETS domain The backbone chemical
shifts (1HN, 1Hα) of the WT2P in its free and Ets1301-440-bound state were assigned and used to
determine chemical shift changes. (a) Secondary structure shifts of 1Hα atoms relative to random
coil chemical shifts determined using Camcoil [225], and corrected for phosphorylation effects (see
Methods) of the free and bound WT2P peptide. Bound refers to a complex comprised of a 1:1 molar
ratio of Ets1301-440/WT2P peptide at 100 mM NaCl. Under these conditions, the complex is ~ 85%
saturated. Most residues do not deviate greatly from random coil chemical shifts, even in the bound
state, indicating that the peptide does not fold upon binding. The dashed lines correspond to the
empirical cutoff value of +/- 0.1 ppm used by Wishart et al. [226] for CSI analysis. (b) The
differences between the free and bound states were plotted as a function of residue number for 1HN
(white) and 1Hα (black) atoms. Residues 283-291 undergo the largest chemical shift changes upon
association and define the interaction interface. The peptide sequence found in the WT2P peptide is
shown above in red, with phosphorylation sites marked with a “P”.
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The SRR does not associate with the DNA-bound ETS domain
To test whether the WT2P peptide could compete for binding with DNA in trans, I
carried out titration studies using the WT2P peptide and a previously-described highaffinity Ets1/DNA complex [39]. No changes in the

15N-HSQC

spectrum of the labeled

protein were observed upon addition of 3-fold molar excess WT2P peptide to a pre-formed
1:1 15N-labeled Ets1301-440/DNA complex (Figure 3.10a). Thus, under these conditions, the
SRR peptide is unable to compete with DNA for ETS domain binding. Upon addition of
cognate DNA to the preformed Ets1301-440/WT2P complex, amide 1H-15N signals moved in
slow exchange to the corresponding chemical shifts of the DNA-bound state (Figure
3.10b). Thus, the WT2P peptide does not associate with other parts of the ETS domain in
the DNA-bound state, and DNA-binding precludes interaction with the WT2P peptide. These
results are consistent with the fact that the DNA duplex binds with nM affinity to Ets1 301-440
[39], whereas the measured interaction strength between the WT2P peptide and Ets1301-440
is ~ 130 µM under these conditions. In addition, the data support a steric mechanism of
autoinhibition, in which association of the SRR and DNA by the ETS domain are mutually
exclusive events. To be an effective steric regulator for DNA specific sequences that have
high affinity for the ETS domain, the SRR likely needs to be in cis (connected to the protein),
thereby allowing an increase in the effective concentration of the disordered region on the
ETS domain, and reinforcing the autoinhibitory effect of the helical IM composed of HI-1,
HI-2, H4, and H5 [219].
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Figure 3.10: Cognate DNA competes with the WT2P peptide for binding to Ets1301-440. The
WT2P peptide and cognate DNA duplex were added to 15N-labeled Ets1301-440 and the changes were
tracked with 15N-HSQC spectra. (a) Right: Starting with free Ets1301-440 (blue), cognate DNA was
added in small increments to make a 1:1 protein: DNA complex (yellow). The Trp 15Nε1 indole
signals shifted in slow exchange from the free to the DNA-bound state. Left: Excess WT2P peptide
was then added (red). No further changes were observed indicating that, under these conditions
and concentrations, the WT2P peptide cannot displace bound DNA. (b) Right: The reverse
experiment. The WT2P peptide was added in molar excess (red). The peaks shifted in fast exchange
from the free (blue) to the peptide-bound state (red). Left: Subsequently, the DNA duplex was
added in small increments (yellow). The amide peaks moved in slow exchange from the peptidebound to the DNA-bound state, indicating displacement of the peptide by the DNA. Under these
conditions (300 mM NaCl), the KD of the WT2P peptide for Ets1 is ~ 140 µM, whereas DNA binds
with nM affinity [39]. The molar ratios of each macromolecule present in the sample are indicated
below the legend. The 1Hε1-15Nε1 signals of W375 and W338 are labeled in each spectrum. For
clarity, intermediate spectra along the titration series are not shown, and hence fast and slow
exchange behavior are indicated by the straight and curved arrows, respectively.
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3.3.2

Structural models of steric inhibition by the SRR

NMR-based models of the Ets1301-440/WT2P complex
Three-dimensional filtered-edited NOESY experiments were used to selectively
observe intermolecular 1H-1H NOEs between the

15N/13C-labeled

Ets1301-440 and the

unlabeled WT2P peptide. These experiments detect NOEs between a 1H nucleus directly
bonded to a

12C/14N

(present in the unlabeled WT2P peptide) and a 1H nucleus directly

bonded to a 13C/15N, with the latter resolved by the shift of the bonded 13C/15N nucleus. The
signals obtained were weak due to the dynamic nature of the complex and relatively low
sample concentrations (200 - 300 µM) required to maintain solubility (Figure 3.11).
However, with long collection times (~ 3 days), I detected ~ 60 intermolecular NOE
crosspeaks between the peptide and the protein. Intramolecular 1H-1H NOE, such as those
arising from buried sulfur-bonded 1H of Cys350 and neighboring labeled atoms, were
excluded by collecting control experiments in the absence of WT2P peptide. To assign the
intermolecular protein-peptide NOEs, I used

13C-HSQC

and

15N-HSQC

titrations to extend

the previously reported chemical shifts of free Ets1301-440 to those of the bound protein
[215]. In parallel, the chemical shifts of the bound peptide were obtained from doublefiltered 1H-1H TOCSY and NOESY spectra (Figure 3.8). Due to the relatively large number
of aromatic residues present in both the protein and the peptide (14 and 4, respectively)
along with spectral overlap, some NOE signals were either not assigned or assigned
ambiguously. In total, I obtained 15 unambiguous and 17 ambiguous intermolecular 1H-1H
NOEs to use as restraints for building a model of the WT2P/Ets1301-440 complex (Table 3.3).
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Table 3.3: Intermolecular NOE crosspeaks used as CYANA distance restraints for
NMR structure calculations.
Unambiguous

Ambiguous

No.

Protein

Peptide

No.

Protein

Peptide

1
2
3
4
5
6
7
8
9
10
11
12
13
14
15

L337 Hδ2
R391 HN
G392 HN
Y395 Hε
Y395 HN
I401 Hδ1
I401 Hδ1
I401 Hδ1
I401 Hδ1
I401 Hγ2
L418 Hδ2
L421 Hδ1
L421 Hδ2
L421 Hδ2
L421 Hδ2

F286 Hζ
F286 Hζ
F286 Hζ
F286 Hβ
F286 Hβ
F286 Hβ
Y291 Hδ
Y291 Hε
L295 Hδ
L295 Hδ
L295 Hδ
L295 Hδ
Y291 Hε
A293 Hβ
L295 Hδ

1
2
3
4
5
6
7
8
9
10
11
12
13
14
15
16
17

T330 Hγ
L337 Hδ2
M384 Hε
K388 HN
L389 HN
G392 HN
Y395 HN
Y395 HN
Y395 Hε
Y396 HN
I401 Hδ1
I401 Hδ1
L421 Hδ1
L421 Hδ1
L421 Hδ1
L421 Hδ1
L421 Hδ2

P281 Hβ/ P292 Hβ
Y283 Hε/ Y288 Hε
Y283 Hδ/ Y288 Hδ
F286 Hζ/ F286 Hδ
Y283 Hδ/ Y288 Hδ
Y283 Hε/ Y288 Hε
Y283 Hδ/ F286 Hζ/
Y283 Hε/ Y288 Hε/
Hδ H δ
Y283Y288
Hδ/ Y288
Hε H δ
Y283Y291
Hδ/ Y288
P281 Hβ/ P292 Hβ
R279’ Hγ/ L295 Hβ
P281 Hβ/ P292 Hβ
A294 Hα/ R279’ Hα
R279’ Hγ/ L295 Hβ
A294 Hβ/ A293’ Hβ
P281 Hβ/ P292 Hβ
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Figure 3.11: Filtered-edited 3D 1H-15N/13C-1H NOESY spectrum of 15N/13C-labeled Ets1301-440
with bound unlabeled WT2P peptide. Shown are selected regions of the spectrum containing
intermolecular NOE crosspeaks between 1H on the peptide and (a) 13C-bonded or (b) 15N-bonded
1H on the protein. Overall, the signals tended to be weak. However, multiple consistent NOEs
between the peptide and the protein were detected, including those involving the sidechains of
Ile401 and Leu421 as well as amides in the recognition helix H3. These intermolecular NOEs have
been assigned and are listed in Table 3.3.
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Ile401 in Ets1301-440 exhibited the largest 1H-15N CSPs upon binding the WT2P
peptide (Figure 3.1c) and also gave rise to the most intermolecular crosspeaks between
the peptide and the protein (Figure 3.11, Table 3.3). Other hydrophobic residues near
Ile401, including Leu418, and in particular Leu421, also gave rise to unambiguous
intermolecular NOEs to residues at the C-terminus of the WT2P peptide including Ala293
and Leu295. Overall, this is consistent with the CSP analysis discussed above (Figure 3.1),
and implicates helix H4 of the IM in also mediating favorable hydrophobic-driven contacts
with the SRR. It is important to note that this positions the peptide with its C-terminus near
the N-terminus of Ets1301-440, as required when the two molecules form a continuous
polypeptide in the context of the native protein.
Residues in the DNA recognition helix H3, such as Leu389, Arg391, Gly392, Tyr395,
and Tyr396 also exhibited ambiguous and unambiguous NOE crosspeaks to aromatic
residues in the peptide (Figure 3.11, Table 3.3), supporting the steric model of
autoinhibition. Tyr291 showed the most line broadening and distinct chemical shifts upon
binding the ETS domain. NOEs between Tyr291 and Ile401/Leu421 positions this side
chain in the hydrophobic pocket of the ETS domain found between Trp338 and Ile401. This
is consistent with the particularly high CSPs of these residues upon peptide binding, as well
as the presence of a

5fPhe

side chain at this site in a crystal structure (see below).

Unambiguous NOEs also place Phe286 of the SRR peptide near the DNA-binding residues
Leu393 and Tyr395. Finally, Tyr283 and Tyr288 gave rise to about half of all ambiguous
NOEs detected. This ambiguity is due to degeneracy in the 1Hδ and 1Hε chemical shifts of
these residues.
To obtain structural models of the interaction between Ets1301-440 and the WT2P
peptide, I combined published upper distance restraints of the free Ets1301-440 ensemble
[213] (PDB: 1R36), along with restraints described above for CYANA structural calculations
(see Methods). The resulting ensemble is shown in Figure 3.12. These models show that
the SRR peptide adopts a loosely-defined S-shaped conformation, with turns of the peptide
backbone driven by a relatively large number of NOEs between the aromatic residues on
the peptide (Y283, F286, Y288, Y291) and the aromatic residues in H3 (Table 3.3, Figure
3.11, 3.12). In addition, residues pSer282 and pSer285 were found to be involved in a turn
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of the peptide backbone that results from a relatively large number of NOEs between the
adjacent aromatic residues on the peptide (e.g. Y283, F286, and Y288) and the aromatic
residues in H3. This places several negatively charged residues (pS282, D284, pS285, D287,
E289, D290) facing the outside of the DNA-binding helix H3 (Figure 3.12b). In addition,
the models positioned the C-terminal L295 of the SRR peptide in close proximity to the Nterminal K301 of the ETS domain, as would occur in the context of the native protein
(dashed lines in Figure 3.12).
Analysis of the biophysical properties of the amino acids on the molecules showed
good surface complementarity between the molecules (Figure 3.12c). Although the exact
positioning of the side chains is variable, hydrophobic/aromatic residues on the WT2P
peptide occupy a hydrophobic patch of ETS1 proximal to H3 composed of residues I401,
W338, L418, L421, Y395, Y396, and W375. In addition, the negatively charged residues on
the peptide are localized along a positively charged region of H3 composed of residues
K379, K381, K388, R391 and R394.
Overall, this is consistent with the observations that the hydrophobic character of
the peptide is important in increasing affinity for the ETS domain and that electrostatic
interactions, including those with the phosphoserines, are also involved in binding. It is
worth stressing that, despite my best efforts to obtain higher resolution NMR models of the
complex, the NOE restraints were sparse and consistent with a dynamic (fuzzy) complex.
Thus, I cannot rule out the possibility that the peptide is binding in multiple orientations
and conformations. To gain further structural insight into this interaction, we conducted
complementary X-ray crystallographic studies.
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Figure 3.12: NMR-derived models of the Ets1301-440/WT2P complex. (a) Shown is the CYANA
calculated structural ensemble obtained from experimental NOE restraints. The WT 2P peptide (red)
is bound along a surface extending from the IM to the recognition helix H3. The dashed lines
represent the connection between the SRR and the ED/IM as would be expected in the cis context of
the native protein. (b) The top-ranked structural model calculated by CYANA is shown in more
detail, with residues that are hydrophobic/aromatic highlighted in lime green. (c) Analysis of the
surface complementarity between the ETS domain and the CYANA-derived structural ensemble.
Hydrophobic residues (A, V, I, L, P, C, M, Y, W, F) on the peptide (top) and ETS domain (bottom) are
colored in lime green; negatively charged residues (D, E, pS) in red, and positively charged (R, K, H)
residues in blue. The dynamic N-terminal residues of the peptide Arg279, Val280, and Pro281 have
been excluded from the analysis. The same view is shown in both cases, and highlights the
complementarity in the positions of hydrophobic and charged residues on the molecules.
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Crystal structure of Ets1301-440 in complex with the high-affinity 5fPhe2P* peptide
In collaboration with Ms. Chang Sheng-Huei Lin in the Murphy group, I cocrystallized Ets1301-440 in complex with the peptide mimic

5fPhe2P*.

This doubly-

phosphorylated peptide, with penta-fluorophenylalanines at the four aromatic positions
and a non-native C-terminal tryptophan for quantification has the highest affinity for the
ETS domain (9 µM at 300 mM NaCl). The crystallization drops were prepared at low ionic
strength (75 - 100 mM NaCl) to favor binding. Although this caused protein aggregation,
diffraction-quality crystals were obtained and the structure of the complex was solved at
2.00 Å resolution by molecular replacement. The data collection parameters and
refinement statistics are provided in Table 3.4.
Within the peptide-protein complex, the Ets1301-440 molecules formed domain
swapped dimers (Figure 3.13a). As observed in previous crystals of Ets1 (e.g. PDB: 1MD0
[78]), this domain swapping occurs as helix HI-1 of one monomer aligns with helix H4 of a
second Ets1 monomer to effectively form an extended helix. Residues 281-296 of the
peptide were clearly defined in the electron density map (Figure 3.13b). I also found the
N-terminus of the peptide to be near HI-1, in contrast to the NMR-derived models, which
clearly position the C-terminal L295 in the WT2P peptide at this position. This result may be
due to the inherent symmetry of the peptide sequence, which has a pseudo-palindromic
repeating pattern of aromatic and negatively-charged residues in the center of the
sequence (Table 3.1). The peptide variant may bind in two energetically-similar
orientations, and the crystallization conditions may favor one over the other.
Nevertheless, the crystal structure recapitulated the interaction features observed
in solution for the ETS1301-440/WT2P complex by NMR spectroscopy and provided
additional insight (Figure 3.13c). The aromatic 5fPhe residues mediate close contacts to
aromatic residues in H3 in the ETS domain. For instance, Trp338, Tyr395, and Tyr396 in
the ETS domain stack with residues 5fPhe 283, 286, and 288 in the peptide, respectively,
with distances ~ 4 Å between the planar ring faces (Figure 3.13c). These residues of the
ETS domain also gave rise to particularly high CSPs upon addition of the WT2P peptide, and
a number of intermolecular NOEs involving the aromatic residues (Figure 3.1c, Table 3.3).
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In addition, the negatively charged residues Glu289 and Asp290 observed in the crystal
structure are involved in a turn of the peptide backbone that places the adjacent
hydrophobic residues 5fPhe288 and 291 in close proximity and facing the protein (Figure
3.13c). In the NMR-derived models, the negatively charged Asp284 and pSer285 residues
are also involved in a turn of the peptide backbone, with the adjacent Tyr283 and Phe286
facing the protein.
Comparison of structures of Ets1 in its free versus DNA- and peptide-bound states
revealed that the rotamer conformations of Tyr395 differ between these (Figure 3.13d). In
both the DNA- and peptide-bound states, Tyr395 faces the same direction away from the
protein core, while in its free form, Tyr395 is found in an alternative conformation closer
to the protein interface. Therefore, Tyr395 is important in mediating both DNA-binding
and inhibitory functions through a change in conformation relative to its free protein state.
Overall, the crystallographic analysis demonstrates that hydrophobic/aromatic
clustering of aromatic residues in the SRR peptide variants, aided by a turn involving
negatively-charged residues, promotes association with the DNA recognition interface of
the ETS domain.
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Table 3.4: Data collection and refinement statistics for the Ets1301-440/5fPhe2P*
complex.
Data collection
Wavelength (Å)

0.9795

Space group

P3221

Cell dimensions
a, b, c (Å)

75.33, 75.33, 115.33

α, β, γ (°)

90, 90, 120

Resolution (Å)

65.23-2.03 (2.03-2.00)

Rmerge

0.090 (1.174)

I/σI

12.7 (1.8)

Completeness (%)

100 (100)

Multiplicity

11.1 (11.2)

CC1/2

0.998 (0.762)

Refinement
Resolution (Å)

56.78-2.00 (2.03-2.00)

No. of reflections
Rwork/Rfree

26,181
0.2194/0.2631

Ramachandran
Favored (%)

99.26

Allowed (%)

0.74

Outliers (%)
Average B-factor

0
(Å2)

Macromolecules

52.05

Water

53.90

RMSDs
Bond lengths (Å)

0.004

Bond angles (°)

0.66

No. of atoms
Protein+peptide

4570

Water

174

Ions (SO4-2)

3

*Values in parenthesis correspond to the highest resolution shell.
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Figure 3.13: Crystal structure of the Ets1301-440/5fPhe2P* complex. (a) Shown are two
asymmetric units related by a two-fold axis rotation, represented by the central black circle. The
ETS domain crystallized as a domain swapped dimer in which helix H4 of one monomer is aligned
with helix HI-1 of a second monomer. Two peptide molecules (red) are sandwiched between four
ETS1301-440 monomers (cyan and grey) for a net 1:2 stoichiometry. (b) The peptide residues 281296 are clearly defined in the crystal structure. The electron density map of the peptide (Fo-Fc) is
shown in dark blue, contoured at 1σ. The N-terminal Arg279 and Val280 were not observed. These
residues are also very dynamic in solution as observed by NMR spectroscopy. (c) Close-up of the
peptide-protein interface. Residues W338, Y396, and Y395 in the ETS domain associate with 5fF283,
5fF286, and 5fF288 in the peptide, respectively. Although not labeled, the Hα protons of Gly392 are
also in close proximity to the ring of 5fF291, consistent with NMR observations that this residue
directly contacts the SRR. The negatively charged residues face the outside of the protein, and
Glu289/Asp 290 are involved in a turn of the peptide backbone that cluster adjacent aromatic
residues in close proximity towards the protein interface. (d) The DNA-binding residue Tyr395
seems to exist in two conformations depending on whether the ETS domain is in isolation (lime,
PDB: 3WTZ and 1MD0), or bound to DNA (grey, PDB: 2NNY) and the 5fPhe2P peptide (cyan). The
DNA strands are shown in cartoon form in grey. Residue 5fPhe288 that stacks with Tyr395 is shown
in red.
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3.3.3

Intrinsic properties of the SRR peptide and the effects of phosphorylation
Depending on the amino acid composition, intrinsically disordered regions may

sample preferred conformations that are important for function. These preferences may
also be altered by PTMs. Earlier in this Chapter, I presented an analysis of the 1Hα shifts of
the WT2P peptide, and concluded that it is predominantly disordered and does not stably
fold upon association with Ets1301-440. To better understand the sequence dependence of
the interactions of the SRR with the ETS domain, I assigned at natural abundance the
backbone chemical shifts (1HN, 1Hα, 13Cα, 13Cβ, 13CO) of the WT2P, WT0P*, and Ala2P* peptides
in the absence of protein. These were used to predict the secondary structure populations
using the δ2D algorithm [228]. Since phosphoserines have not been parameterized for δ2D,
I corrected the chemical shifts of pSer282 and pSer285 by assuming a simple additive
offset due to phosphorylation of serine (see Methods). As expected from previous studies
of similar peptide models [72], WT2P, WT0P*, and Ala2P* all were be disordered with random
coil and polyproline type II (PPII) population values of ~ 70 % and ~ 25 %, respectively
(Figure 3.14a), and very little contributions from α-helix or β-strand secondary structures
(not shown). Thus, these SRR peptides are intrinsically disordered and neither
phosphorylation nor alanine substitutions of the aromatic residues induces any significant
conformational changes detectable by chemical shift measurements.
As an alternative method of assessing secondary structure propensities, I also
analyzed the patterns of NOESY crosspeaks between main chain protons in neighboring
residues of the three peptides. In α-helices, sequential residues i-1 and i have strong 1HN(i-1)
-1HN(i) NOE correlations, and weak 1Hα(i-1)-1HN(i) correlations relative to the intra-residue
1Hα(i)-1HN(i)

correlations [229]. In extended conformations, such as β-strands, 1Hα(i-1)-1HN(i)

crosspeaks are stronger than 1Hα(i)-1HN(i), and 1HN(i-1) -1HN(i) are not observed. I found that in
all three peptides, the NOE intensities were strongest for adjacent

1Hα(i-1)-1HN(i)

correlations, with approximately twice the intensity as 1HN(i)-1Hα(i) correlations (Figure
3.14b). The 1HN(i-1)-1HN(i) correlations were very weak in all three peptides, having on
average ~ 10% of the peak intensity as 1Hα(i-1)-1HN(i) correlations (not shown). This result is
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consistent with the chemical shift analysis above, confirming the unstructured nature of the
peptides.
Although disordered, the WT2P peptide exhibited stronger backbone NOE
correlations of all three types in regions surrounding the modifications sites (residues
~281-287), than both the Ala2P* and WT0P* peptides (Figures 3.14b, c, 3.15, and 3.16).
This was not due to differences in experimental conditions, as the C-terminal residues
exhibited similar NOE intensity patterns in all three peptides. Because all three types of
NOE correlations were stronger in the WT2P peptide relative to the WT0P peptide, I
concluded that the overall secondary structure propensities did not change upon
phosphorylation. However, the distinct pattern surrounding the modification sites suggests
that the WT2P peptide may have more restricted motions than if it lacked either the
phosphate groups or the aromatic residues. This is consistent with previous findings that
phosphorylation decreases the sub-nanosecond timescale motions of the SRR [72, 217].
Also of note, residues ~287-291 consisting of the sequence DYEDY had detectable 1HN(i-1)1HN(i)

and large 1Hα(i-1)-1HN(i) correlations in all versions of the peptides (Figures 3.14-

3.16). Therefore, the combination of aromatic and negatively-charged residues may
generally restrict torsion angle rotations. As a brief background explanation for this
conclusion, the interproton NOE depends on both the separation (1/r6) of the nuclei and
the correlation time for their relative tumbling within the magnetic field. In the fast
tumbling limit, the NOE is positive, whereas in the slow tumbling limit, it is negative. For
the SRR peptides, the NOEs are negative (e.g. having the same phase as the diagonal in a
NOESY spectrum). In this slow tumbling limit, the intensity of the NOE crosspeak will
decrease/increase with faster/slower motions.
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Figure 3.14: The unbound SRR peptide is predominantly unstructured and exhibits modest
changes in NOE patterns upon phosphorylation (a) The normalized secondary structure
populations of the WT2P (red), Ala2P* (cyan), and WT0P* (grey) peptides (major population) were
predicted from main chain chemical shifts (1HN, 1Hα, 13Cα, 13Cβ, 13CO) using the δ2D algorithm [228].
The populations for PPII (top panel) and random coil (bottom) conformations are plotted; the helix and β-strand values were very small and are not shown. All three peptides exhibited similar
coil and PPII propensities, indicating they are disordered and that no predominant conformational
changes result from phosphorylation or alanine substitutions. (b) The integrated peak volumes
resulting from 1Hα(i)-1HN(i) (top) and 1Hα(i-1)-1HN(i) (bottom) NOE correlations are plotted as a
function of the residue number for the three peptides, and were normalized to 1 (see Methods). The
1Hα(i)-1HN(i) correlation intensities were ~ 40 - 50 % as strong as 1Hα(i-1)-1HN(i) correlations, consistent
with the presence of disordered peptides. The color code is the same as in (a). The data were
obtained from 2D 1H-1H NOESY spectra recorded with 250 msec mixing times at 28 °C (see Figure
3.15). NOE intensities of geminal Hβ nuclei in residues P281 and P292 were within 5% across the
three peptide spectra, and thus integrated volumes were not corrected to account for differences
between spectra. Gaps in the plot correspond to prolines, which lack an 1Hα(i), and residues with
highly overlapping crosspeaks. Stronger correlations observed for residues ~ 281-287 in the WT2P
peptide relative to both the Ala2P* and WT0P* peptides indicate that phosphorylation may restrict
backbone motions. (c) Although very weak, 1HN(i-1)-1HN(i) correlations between sequential amides
were also detected in all three peptides. This is indicated diagrammatically as rectangles (see also
Figure 3.16). More sequential 1HN(i)-1HN(i) NOEs were found in regions with aromatic and negatively
charged residues, indicating restricted backbone motions around these amino acids. The dashed
outline in the case of the D284 and pS285 residues of the Ala2P* peptide indicates ambiguity in
assignments.
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Together, these data indicate that phosphorylation has a small effect in altering the
conformational ensemble of the SRR peptide in its free state. Chemical shift analysis
indicated that all three peptides were mostly unstructured, exhibiting similar coil and PPII
populations. NOE correlation analysis was consistent with these results, and also suggested
that serine phosphorylation in combination with the aromatic residues may promote
restriction of torsional angle rotations. Whether this bias affects binding energy or kinetics
upon association with Ets1 is unknown, and difficult to examine experimentally. However,
it is conceivable that a more dynamically restricted SRR ensemble reduces the entropic
penalty of binding to the ETS domain.
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Figure 3.15: The unbound SRR peptides are predominantly disordered Shown are the 1Hα/1HN
regions of NOESY spectra (250 msec mixing time, 28 °C) of the WT 2P (red), Ala2P* (cyan), and WT0P*
(grey) peptides. The 1Hα(i)-1HN(i) NOE correlation peaks of residues pS285 and E289 are indicated,
as well as the 1Hα(i-1)-1HN(i) correlations of A288/F288 and D284. The peaks intensities
corresponding to 1Hα(i-1)-1HN(i) correlations are approximately twice as large as those corresponding
to 1Hα(i)-1HN(i) correlations (see Figure 3.15b for quantification). Although E289 exhibited similar
NOE intensity patterns in all three peptides, pS285 had significantly smaller correlation peaks in
the WT0P* peptide variant. This suggests that phosphorylation has a small effect on the
conformations and/or dynamics of the peptides near residue 285.
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Figure 3.16: Distinct 1HN(i-1)-1HN(i) NOE correlation patterns among the SRR peptide variants
Shown are the amide (1HN/1HN) regions of NOESY spectra of the WT2P (red), Ala2P* (cyan), and WT0P*
(grey) peptide variants. The 1HN(i-1)-1HN(i) correlation peaks are very weak relative to 1Hα(i-1)-1HN(i)
correlations (not shown). However, correlation peaks detected follow the same pattern as 1Hα(i)1HN(i) and 1Hα(i-1)-1HN(i) correlations. That is, residues surrounding the phosphorylation sites have
stronger crosspeak intensities. Residues with detectable 1HN(i-1)-1HN(i) correlations are labeled, and
are shown diagrammatically in Figure 3.15c. Assignments in parenthesis are ambiguous due to
close overlap in chemical shifts of D284 1HN and A286 1HN in the Ala2P* peptide.
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3.3.4

The SRR peptide can associate with distantly-related PU.1
PU.1 is a member of the ETS family of transcription factors involved in myeloid and

B-cell development [230]. Relative to Ets1, PU.1 is the most evolutionarily-distant member
of the ETS proteins by sequence phylogeny, and has not been reported to exhibit DNAbinding autoinhibition [212]. I used NMR-monitored titrations to test whether the Ets1
WT2P peptide could also bind the ETS domain of PU.1. Indeed, addition of this peptide
caused changes in the amide chemical shifts of PU.1 in the fast exchange regime, indicating
that the Ets1 SRR is able to associate weakly with PU.1 (Figure 3.17a). A smaller number
of residues were perturbed relative to

15N-labeled

Ets1301-440, and the extent of the

perturbations was less (compare with Figure 3.1c).
This result was somewhat unexpected as PU.1 lacks many of the residues that
mediate the Ets1-SRR interaction. PU.1 residues with the highest chemical shift
perturbations upon addition of the WT2P peptide were clustered around the loop between
S3 and S4 (the wing) (Figure 3.17b, c). This region of PU.1 contains the sequence
246VKKKL250,

which is very positively charged, and involved in DNA binding [231].

Therefore, the interaction between the negatively charged WT2P and PU.1167-272 may be
mediated by electrostatic contacts at this site. A second non-contiguous site of PU.1 was
also perturbed upon addition of the WT2P peptide, as shown by the large CSP exhibited by
residue Tyr175, and to a lesser extent Glu242. The equivalent residues in Ets1301-440 are
Trp338 and Ile401, respectively, which exhibit the highest CSPs upon association with the
peptide (Figure 3.1c). This indicates the presence of a second binding mode more akin to
the one found in Ets1. Also of note, Tyr175 in PU.1 and the equivalent in Ets1, Trp338, are
found at the N-terminus of H1, a helix that links DNA binding and autoinhibition in Ets1 by
contacting both the DNA phosphate backbone and the helical IM [232].
The presence of more than one binding site precluded a reliable determination of K D
between the WT2P peptide and PU.1. However, CSP analysis indicates that residues in the
“wing” of PU.1 bind to the SRR more weakly than residues Y175 and E242 in the second
binding site, as shown by the extent of CSP saturation in the presence of > 4-fold excess
WT2P peptide (Figure 3.17d). Therefore, the SRR peptide of Ets1 seems to contact PU.1 at
134

two sites: a lower affinity site, bound via electrostatic contacts, and a higher affinity site
resembling that described in detail for Ets1. These results indicate that features enabling
the association of the phosphorylated Ets1 SRR with the ETS domain, although weaker in
PU.1, is conserved among distantly-related family members.
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Figure 3.17: The Ets1 WT2P peptide binds to the ETS domain of PU.1 at two distinct sites. (a)
Addition of the Ets1 WT2P peptide to 15N-labeled PU.1167-272, encompassing the ETS domain, caused
changes in amide chemical shifts in fast exchange in the NMR timescale, indicating relatively weak
binding under conditions of moderate ionic strength (300 mM NaCl). Selected residues are labeled
with arrows showing the direction of chemical shift changes upon addition of > 4-fold excess WT2P
peptide to PU.1. (b) 1H-15N CSPs upon addition of 4.4-fold excess WT2P peptide are plotted as a
function of residue number in PU.1167-272. The top cartoon shows the secondary structural elements
found in PU.1. Residues with CSP > 0.05 include those in the “wing” between S3 and S4, as well as
the N-terminus of H1 and H3. Gaps in the graph correspond to residues that could not be
unambiguously assigned. (c) Residues with CSP > 0.05 are mapped onto the NMR-derived structure
of PU.1 (Desmond Lau, PhD thesis) and highlighted in red. Two non-contiguous interfaces contact
the WT2P peptide, exemplified by Y175/E242 on one surface, and M230/K248/L250 on the other.
(d) Amides in these two binding interfaces report different titration curves, indicative of different
affinities for the peptide. For example, Y175 and E242 show CSP values close to saturation upon
addition of > 4-fold excess of WT2P, whereas K248 and L250 do not. Thus, the peptide appears to
bind with higher affinity to the former interface spanning helices H1 and H3.

3.4 Discussion
3.4.1

Hydrophobic amino acids promote intermolecular interactions
Previously, autoinhibition of ETS domain by the SRR was found to be dependent on

the presence of aromatic residues near the phosphorylation sites. However, the roles of the
aromatic residues in contributing to association of the SRR to the ETS domain were not
fully established. Using a series of SRR peptide variants, I found that the strength of the
interaction correlated with the hydrophobic character of the residues at positions
283/286/288/291, but not necessarily their aromatic character. In addition, the NMRbased models and the crystal structure place the Tyr/Phe/5fPhe residues facing towards
the hydrophobic patch surrounding helix H3 and away from solvent. Therefore, the
aromatic residues in the SRR are contributing to autoinhibition by clustering favorably on a
complementary hydrophobic surface of the ETS domain.
These results also suggest that the interaction of the SRR with the ETS domain is
relatively resistant to mutations at these four aromatic positions, since replacement with
other hydrophobic residues does not negatively impair binding. For example, an SRR
peptide containing a combination of leucine and valine residues at these positions is
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predicted to have a similar KD as seen in the wild-type peptide. Why then, is there an
apparent repeating pattern of S--D/E residues ( = aromatic) in the SRR of all known Ets1
and Ets2 homologs [72]? One possibility is that these regions are important for the
specificity and affinity of interactions involving regulatory kinases, phosphatases, and/or
other binding partners. Although only one of the five mapped CaMKII phosphorylation sites
on the SRR actually has the consensus sequence for this kinase (R-X-X-S/T), there could be
other proteins recognizing these motifs currently uncharacterized, thereby explaining the
sequence conservation. For example, phosphorylation of Ser282 has been reported to
provide a binding site for COP-1, a ubiquitin ligase component, whereas phosphorylation of
Tyr283 by Src family tyrosine kinases, decreases COP-1 binding to prevent the ubiquitinmediated degradation of phosphorylated Ets1 [233]. Finally, it is possible that the
electronic properties of tyrosine residues are useful in keeping the SRR more solvated
through favorable water contacts, and reduce the likelihood of protein aggregation [234].
These reasons may explain the unusual enrichment of aromatic residues in this
intrinsically disordered region.
3.4.2

The role of phosphorylation
We and others have found that phosphorylation of the SRR greatly enhances

autoinhibition by promoting association of the SRR to the ETS domain [212]. In this
chapter, this is confirmed by a ~10-fold decrease in the binding affinity of the SRR peptide
and the ETS domain upon removal of the phosphate groups on S282 and S285.
Furthermore, 31P-monitored titrations showed that the 31P nuclei of pS282, and even more
so pS285, are perturbed in the presence of Ets1301-440 Also, consistent with electrostatic
interactions, increasing ionic strength weakened binding of the SRR peptide to the ETS
domain.
In the NMR-derived model of the Ets1301-440/WT2P complex, the phosphoserines,
aspartates, and glutamates of the SRR are in the general proximity of a continuous
positively charged surface on Ets1 composed of K379, K381, K388, R391, and R394. This is
consistent with an electrostatic role of the phosphoserines in promoting binding. However,
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it must be noted that no intermolecular NOE restraints involving these negatively charged
residues were confidently detected, and thus their positions in the calculated ensembles
are a consequence of satisfying the observed restraints to adjacent aromatic chains. In
addition, the domain swapped dimers present in the crystallographic structure of the
Ets1301-440/5fPhe2P* complex exhibited a 2:1 stoichiometry and alternative binding
orientation relative to the NMR-derived ensemble. Nevertheless, the phosphoserines were
positioned near complementary charged regions of the proteins in the crystallographic
structure.
In this chapter, as well as in previous studies, it is seen that both aromatic (or
hydrophobic) residues and phosphoserines contribute to the SRR/ETS domain interaction.
What is the basis for this apparent synergy? A simple explanation is that complex
formation results from the cooperative reinforcement of many individually weak
interactions. Structurally, clustering of aromatic residues on a hydrophobic surface of the
ETS domain requires that the phosphoserines, asparates, and glutamates to be positioned
along an S-shaped turn in the SRR and thus adjacent to a positively charged surface of ETS
domain. Conversely, positioning of these negatively charged residues requires that the
intervening aromatic groups are clustered on the ETS domain. Furthermore, I found that
although phosphorylation did not alter the secondary structure propensities of the free
SRR peptide variants, it increased the intensity of NOE correlation peaks between adjacent
residues near the modification sites, but only in the presence of aromatic residues. This
suggests that the combination of aromatic and negatively charged residues may restrict
backbone torsional rotation to some extent, and also promote ETS domain binding.
Collectively, the NMR and crystallographic data suggest that the negative charges on
the peptide resulting from phosphorylation contribute to the hydrophobic clustering of the
aromatic residues by promoting structurally and thermodynamically coupled turns
necessary for electrostatic interactions with the ETS domain and by restricting SRR
mobility. This positioning of the negatively charged phosphoserine residues on the outside
of the protein along the DNA-recognition helix sterically and electrostatically blocks DNA
binding and thus leads to autoinhibition.
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3.4.3

The “fuzzy” nature of the interaction
In this study, I found that substitution of the aromatic side chains to other

hydrophobic groups did not dramatically impact the association between the SRR peptide
and the ETS domain (Table 3.1, Figure 3.5). From a biophysical point of view, this
indicates that the interaction does not depend greatly on the precise geometry of the side
chains at these positions, but instead, on hydrophobic-driven contacts between aliphatic
side chains. This supports the idea that the interaction is “loose”, and that specific distances
and angles between atoms are not required for the association. In addition, the peptide
does not undergo large changes in chemical shifts upon binding. For instance, the chemical
shifts of the aromatic residues Y283 and Y288 were indistinguishable, even at high
magnetic field strength (850 MHz). The most distinct aromatic chemical shifts arose from
residue Y291, which is located in a hydrophobic binding pocket near I401. The chemical
shifts of the aspartates and prolines (e.g. D284/D287/D290 and P281/P292) were also
highly degenerate in the bound state. This could be due to weak binding, the dynamic
nature of the complex, and fast exchange between multiple energetically-similar
conformations. Finally, weak and sparse NOE crosspeaks, in spite of great efforts to
promote the interaction, also suggests a highly dynamic system. Collectively, these
observations support the notion that the interaction is fuzzy and that multiple transiently
populated conformations are possible. Of course, the use of a trans system, in which the
SRR region and ETS domain of Ets1 are not continuous, partly contributes to the observed
conformational heterogeneity, by making the interaction effectively weaker, and allowing
more binding modes. However, previous studies on the cis system also did not observe
folding upon binding, and also reported highly dynamic properties of the SRR region [215].
3.4.4

The mechanisms of DNA-binding regulation in Ets1
The DNA-binding function of Ets1 is regulated by regions adjacent to the ETS

domain. Previous work by our group and others showed that an increasing number of
phosphorylation events in the SRR results in both increased binding to the ETS domain
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recognition helix and progressive dampening of protein motions [216]. This is
accompanied by stabilization of the helical IM (composed of HI-1, HI-2, H4, and H5),
thereby favoring “closed” rigid conformations of the ETS domain with relatively weak
affinity for DNA [219]. Based on this collective evidence, a coupled steric and allosteric
mechanism of DNA-binding autoinhibition in Ets1 has emerged. Comparison of Ets1
complexes bound to DNA and the SRR peptide reveals extensive overlap of the two
interaction interfaces (Figure 3.18). The DNA and SRR peptide molecules interact with
similar key residues in the ETS domain mediating both types of association, including those
in the loop leading to H1 (e.g. T330), the N-terminus of H1 (e.g. W338), and the DNAbinding helix H3 (e.g. Y395). These findings are supported by CSP analysis, direct NOE
contacts, and the crystal structure, which place aromatic/hydrophobic residues in the SRR
peptides in close proximity to a hydrophobic patch along the ETS domain. Competition
studies of binding to the ETS domain by the WT2P peptide and DNA further support that
these molecules cannot associate simultaneously. Therefore, binding of the ETS domain to
the SRR peptide and DNA are mutually exclusive events. In addition, I found that the SRR
peptide makes contacts with residues in the helical IM of Ets1. NOEs detected between the
C-terminal A293/A294/L295 in the SRR peptide and L418/L421 in the ETS domain, place
the peptide in close proximity to helix H4. As well, L421 has one NOE correlation peak to a
proline residue, ambiguously assigned as P281 or P292 in the SRR. In the crystal structure,
P281 present in the 5fPhe2P* peptide is in close proximity to L418 and L421. Therefore,
aliphatic/hydrophobic residues in the SRR seem to be mediating favorable contacts with
the leucine residues in H4, and may contribute to the stability of the helical IM. This is
consistent with findings that the SRR-driven autoinhibition is dependent on a well-formed
IM [219], and that phosphorylation of the SRR increases the energy required to unfold the
ETS domain [217].
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Figure 3.18: Ets1 DNA-binding regulation through inhibitory and activating protein
sequences. Shown are aligned NMR and X-ray crystallography derived structures of Ets1 in
different states. (a) In the absence of DNA, the IM of Ets1, comprised of helices HI-1, HI-2, H4 and
H5 is well folded [39, 215] (PDB: 1R36). In its unphosphorylated state, the SRR does not associate
with the ETS domain strongly (this study and [72, 216, 217, 219]). (b) Upon phosphorylation, the
SRR (red) binds the ETS domain at the DNA-interacting interface. This results in a decrease in DNAbinding affinity via combined steric and allosteric mechanisms of inhibition (this study and [72,
216, 217]). Shown is the NMR-derived ensemble of the interaction between Ets1301-440 and the WT2P
peptide, with the phosphoserine side chains in stick form. Five residues connecting the SRR peptide
(Ets1279-295) to the ETS domain (Ets1301-440) are shown as red dashes to represent the natural
protein context. (c) Ets1 exists in a conformational equilibrium between the free (a) and DNAbound states (c). Association with DNA is accompanied by unfolding of helices HI-1 and HI-2 (PDB:
1MDM). In this crystal structure, HI-2 appears folded; however, in solution, this is not the case. (d)
Activating protein sequences such as those found in Runx1 (shown in green) shift the equilibrium
by stabilizing the Ets1 DNA-bound state (PDB: 4L0Z)[235].
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Because I did not observe large changes in

13C-HSQC

spectra of Ets1 upon complex

formation with the SRR, I also concluded that the overall fold in the presence of the SRR is
not significantly altered, and the helical module comprised of HI-1, HI-2, H4, and H5
remains intact. These findings are supported by comparison of the crystal structures of
Ets1 determined in its free (PDB: 1MD0) [78] and peptide-bound forms (not shown). In
summary, my models of the interaction of the SRR peptide with the ETS domain help
explain the dual roles of the SRR in masking the DNA binding helix H3 through a steric
mechanism and stabilizing the helical IM.
Under the experimental conditions used, the WT2P peptide was not able to displace a
high-affinity DNA duplex for binding to the ETS domain. This is consistent with their
differing affinities (nM versus µM) for the ETS domain. The use of a trans system results in
reduced effective local concentration of the SRR and uncoupling the steric and allosteric
mechanisms of autoinhibition. Nevertheless, these results show that the SRR does not
contact the DNA-bound ETS domain. Therefore, the SRR likely inhibits DNA binding by
slowing the rate of association of DNA on the ETS domain, rather than by disrupting the
DNA-bound state, consistent with kinetics studies of inhibited and uninhibited Ets1 [236].
Finally, it is worth noting that the interaction between the Ets1-interacting domain
(EID) found in Runx1 and Ets1 also involves favorable aliphatic-mediated contacts with
helix H4 in the inhibitory module (Figure 3.18). In the presence of Runx1, DNA-binding
affinity and transcriptional activation by Ets1 increases [235]. Runx1 residues F194, L198,
and L201 in the EID form a hydrophobic interface that mediates association with Ets1
residues L421 and L422 in helix H4. In the crystal structure, the marginally stable
inhibitory helices HI-1 and HI-2 are not present, consistent with their unfolding upon
binding DNA [214, 235]. This shows that helix H4 can be involved in both inhibitory and
activating mechanisms by the SRR and EID, respectively.
Overall, these data point to a model of Ets1 regulation in which inhibitory and
activating sequences change the conformational equilibrium between the free and DNAbound states (Figure 3.18). The phosphorylated SRR promotes closed conformations
incompatible with association with DNA, via steric and allosteric mechanisms. On the other
hand, the EID activates Ets1 by stabilizing its association to DNA through a tethering
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mechanism. This is supported by previous studies demonstrating that the combined action
of the EID and the SRR have an intermediate effect on DNA binding by Ets1, relative to the
presence of the EID or phosphorylated SRR alone [235].

3.5 Materials and methods
3.5.1

Expression and purification of Ets1301-440
Expression and purification of Ets1301-440 was performed as previously described

[72]. The gene encoding Ets1301-440 was cloned into the pET28a expression vector using
BamHI and NcoI restriction sites. Protein was produced by heterologous expression in
freshly transformed E. coli HMS174 cells. The cells were grown with shaking at 37 °C to
OD600 ~ 0.6, then cooled to 30 °C, and induced at OD600 ~ 0.9 with a final concentration of
0.4 mM IPTG. Unlabeled protein was grown in LB media, whereas isotopically-labeled
protein was produced using M9 minimal media supplemented with 3 g/L
and/or 1 g/L

15NH4Cl

13C6-glucose

as the sole carbon and nitrogen sources, respectively. The cell

cultures were supplemented with 35 mg/L of kanamycin and 1 x trace metal mix [237]. The
cells were harvested 2 hours (LB) or 4 hours (M9 minimal) post-induction, and frozen at 80 °C prior to lysis. The cells were thawed and resuspended in 40 mL of binding buffer (50
mM sodium citrate, 50 mM NaCl, 1 mM TCEP, pH 5.4) per liter of culture, supplemented
with 0.5 x protease inhibitor cocktail (Roche). The cell mixture was lysed at 4 °C by 4 - 5
passages through an EmulsiFlex-C5 homogenizer (Avestin). The lysate was cleared by
centrifugation, filtered to remove cellular debris, and applied to tandem Fast-Flow Qsepharose and Fast-Flow SP-sepharose (GE Healthcare) ion exchange columns. After
extensive washing of both columns with binding buffer, the anion exchange column was
disconnected, and the cation exchange column was eluted with 50 mM sodium citrate, 1 M
NaCl, 1 mM TCEP, pH 5.4, over a gradient of 5 column volumes (~ 150 mL). The purest
fractions containing Ets1301-440 were combined, and run through a Superdex-75 gel
filtration column (GE Healthcare) for buffer exchange and increased purity. For production
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of protein crystals, Ets1301-440 was further purified using an analytical mono-S cation
exchange column (GE Healtchare) equilibrated with 20 mM MES, 50 mM NaCl, pH 6.0 and
eluted over 10 column volumes with a gradient to 20 mM MES and 1 M NaCl, pH 6.0. For
NMR studies, the final Ets1301-440 buffer consisted of 20 mM MES, 50 - 300 mM NaCl, 5 mM
DTT, and 0.5 mM EDTA at pH 6.50. For X-ray crystallography, the final sample buffer
consisted of 10 mM MES, 50 - 100 mM NaCl, and 1 mM TCEP at pH 6.50.
3.5.2

Expression and purification of PU.1167-272
The cDNA encoding PU.1167-272, containing the core ETS domain and an appended C-

terminal helix H4 of PU.1, was cloned into pET28-MHL (Desmond Lau, PhD thesis). This
vector includes an N-terminal His6 affinity tag followed by a TEV cleavage site. Protein was
produced by heterologous expression in freshly transformed E. coli BL21 (λDE3) cells
grown at 37 °C in minimal M9 media supplemented with 1g/L of

15NH4Cl,

1 x trace metal

mix [237], and 35 mg/L kanamycin. At OD600 ~ 0.4, the cells were cooled to 30 °C and
expression was induced at OD600 ~ 0.6 using a final concentration of 1 mM IPTG. The cells
were harvested ~ 16 hours post-induction, and the pellet was frozen at -80 °C until
required. The pellet was resuspended in 40 mL of denaturing binding buffer (20 mM
sodium phosphate, 500 mM NaCl, 40 mM imidazole, 4 M guanidinium hydrochloride, pH
7.4) per liter of culture. The cell suspension was lysed by sonication with cooling in an icewater bath. The lysate was cleared by centrifugation and filtering, then applied to a NTANi+2 HisTrap HP column (GE Healthcare). His-tagged PU.1167-272 was eluted in one step with
100 % elution buffer (20 mM sodium phosphate, 500 mM NaCl, 1 M imidazole, 4 M
guanidinium hydrochloride, pH 7.4). The resulting protein sample was dialyzed against 2 L
of refolding buffer (50 mM sodium phosphate, 500 mM NaCl, 0.5 mM EDTA, pH 6.5).
Soluble protein was separated by centrifugation and natively-folded PU.1167-272 was further
purified using a Superdex-75 gel filtration chromatography column as described above. The
final NMR sample buffer consisted of 20 mM MES, 300 mM NaCl, 5 mM DTT, 0.5 mM EDTA
at pH 6.50.
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3.5.3

Serine-rich-region (SRR) peptides
Peptides corresponding to the SRR region of Ets1 (residues 279 to 295, see Table

3.1), were purchased from ABI scientific at 95% purity. The peptides were modified with
N-terminal acetylation and C-terminal amidation to avoid charged termini. The majority of
the peptides contained a C-terminal non-native tryptophan residue to facilitate
quantification by uv-absorbance spectroscopy using predicted molar absorptivities [169].
The presence of this residue did not significantly change the dissociation constant relative
to the strictly wild-type sequence (Table 3.1), although it slightly increased the CSPs
observed in NMR-monitored titrations (not shown). For these titrations, the lyophilized
peptides were resuspended in NMR buffer (20 mM MES, 50 mM NaCl, 5 mM DTT, 0.5 mM
EDTA, pH 6.50). The pH was adjusted to ~ 6.5 with NaOH, and the samples were dialyzed
against 2 L of NMR buffer at the desired NaCl concentrations (Tables 3.1 and 3.2) using
Float-A-Lyzer (Spectrum Labs) dialysis devices with MWCO of 100-500 Da. To ensure
buffer matching, both the peptide and the protein used for titration studies were dialyzed
for 48 hours at 4 °C in the same container. For studies on the free SRR peptides, the
samples were dialyzed against 2 L of 20 mM of sodium phosphate, 50 mM NaCl, pH 6.5 at 4
°C. For crystallography, the 5fPhe2P* peptide was dialyzed against 2 L of 10 mM MES, 100
mM NaCl, 1 mM TCEP at pH 6.50.
3.5.4

DNA oligonucleotides
The complementary oligonucleotides corresponding to a specific Ets1 binding site

[39] spanning 12 base pairs, 5’-CAGCCGGAAGTG-3’ and 5’-CACTTCCGGCTG-3’, were
purchased from Integrated DNA Technologies. The oligonucleotides were resuspended in
NMR sample buffer (20 mM MES, 300 mM NaCl, 5 mM DTT, 0.5 mM EDTA, pH 6.50), mixed
in a 1:1 molar ratio based on quantitation by uv-absorbance spectroscopy with predicted
molar absorptivities (http://biophysics.idtdna.com/UVSpectrum.html), heated to 95 °C,
and slowly cooled to allow duplex DNA annealing. The sample was then run through a
Superdex-75 gel filtration column (GE Healthcare) to remove impurities and single
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stranded DNA, as well as for improved buffer matching. The purest fractions were
concentrated to ~ 1.3 mM, and mixed with

15N-labeled

Ets1301-440 in the presence or

absence of the WT2P peptide during NMR-monitored titrations.
3.5.5

NMR spectroscopy
NMR experiments were performed at 28 °C using cryoprobe-equipped Bruker

Avance III 600 or 850 MHz spectrometers. The spectra were processed using NMRPipe
[181] and NMRFAM-Sparky [238].

3.5.5.1

Ets1301-440/WT2P complex assignments
The chemical shifts of Ets1301-440 were previously published and were used to assign

the protein in its free state [215]. The shifts of the peptides were assigned using a
combination of double filtered 2D 1H-1H NOESY (150 msec mixing time) and 2D 1H-1H
TOCSY spectra. To detect intramolecular NOEs between the unlabeled WT2P peptide and
15N/13C-labeled

Ets1301-440, a filtered-edited three dimensional (3D) 1H-15N/13C NOESY

spectrum was recorded. This filtered-edited experiment unambiguously detects NOEs
between a 1H nucleus directly bonded to a 12C/14N (present in the unlabeled WT2P peptide)
and a 1H nucleus directly bonded to a
bonded

13C/15N

13C/15N,

with the latter resolved by the shift of the

nucleus. The resulting NOE restraints were used as upper distance limits

for structure calculations using CYANA [239] (see below).

3.5.5.2

CYANA calculations
Intermolecular NOEs between

15N/13C-labeled

Ets1301-440 and the WT2P peptide

were assigned as described above and used for CYANA (v. 3.97) docking calculations [239].
The input files consisted of upper distance restraint (.upl) and sequence files. The .upl file
included 3382 upper distance limits to calculate the Ets1301-440 structure. These restraints
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have been published [215] and are available at the Biological Magnetic Resonance Data
Bank entry number 5991 [240]. In addition, 32 ambiguous and non-ambiguous
intermolecular NOE restraints were included as additional upper distance limits, set to 6 Å.
Although potentially useful, I did not consider the relative NOE intensities from the filterededited 1H-15N/13C NOESY spectrum because of degenerate chemical shifts present in the
WT2P peptide. Included were also intramolecular peptide-peptide NOE restraints derived
from the double filtered 1H-1H NOESY spectra described above, which were assigned
automatically with the CYANA noeassign function. Although mostly short range, this
resulted in an additional 114 intramolecular (peptide-peptide) restraints included in the
calculations. The sequence file contained 140 residues of the Ets1 IM/ED (301-440), a
linker of 13 dummy residues, and 17 residues corresponding to the SRR (279-295). This
allowed unbiased positioning of the peptide on the ETS domain. In addition, the CYANA
library was modified to include phosphoserine residues, which were obtained from the
DYANA library [241]. Water refinement was not included in this particular protocol;
however, previous ensembles refined using NMRe [242] did not change the structure
significantly. The resulting ensemble of 20 structures outputted by CYANA was visually
examined using PyMol [27] and 18 of these models with consistent backbone positions are
shown in Figure 3.12.

3.5.5.3 Assignments of the free SRR peptide variants and secondary structure
analysis
The chemical shifts of the SRR peptide variants were assigned using a combination
of two-dimensional (2D) natural abundance 13C-HSQC, 13C-HMBC, 1H-1H NOESY, and 1H-1H
TOCSY experiments.

This allowed unambiguous chemical shifts assignments of all

available 1Hα, 1HN, 13Cα, 13Cβ, and 13CO in the peptide residues, with the exception of Tyr291,
for which only the 1HN, 13Cβ, and 13CO chemical shifts were assigned due to ambiguity. The
13CO

of Leu295 was excluded from secondary structure analysis because of unusual shifts

resulting from C-terminal amidation in the WT2P peptide. Chemical shifts for the non-native
tryptophan residue present in the WT0P*, and Ala2P* peptides were also excluded for ease of
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comparison. The same type and number of chemical shifts determined for all three
peptides were used for secondary structure population analysis with the program δ2D
version 2.0.0 [228]. The chemical shifts of phosphorylated serine residues were corrected
to account for expected effects of the phosphate group. To do this, I compared the random
coil chemical shifts of serine to those of phosphoserine at pH 6.50 [224, 227], and applied
the following corrections to the experimentally determined chemical shifts: 13Cα +0.1 ppm,
13Cβ

-2.15 ppm,

13CO

-1.06 ppm, and 1HN -0.82 ppm. The -helix and β-strand population

values resulting from the δ2D were negligible and are not shown in Figure 3.14. 1H-1H
NOESY experiments of the free peptides were recorded on an 850 MHz spectrometer (250
msec mixing time). The peak intensities of 1Hα(i-1)-1HN(i) and 1Hα(i)-1HN(i) NOE correlations
resulting from these experiments were determined with the integrate (it) function in
NMRFAM-Sparky [238]. The resulting values were divided by the strongest NOE intensity
value corresponding to the 1Hα(F286)-1HN(D287) correlation in order to normalize to 1, and
were plotted on the same vertical scale in Figure 3.14.

3.5.5.4 Chemical shift perturbation analysis and dissociation constant
determinations
15N/13C-labled

Ets1301-440 and unlabeled SRR peptide samples were prepared in 20

mM MES, 50-300 mM NaCl, 5 mM DTT, and 0.5 mM EDTA at pH 6.50. The protein and
peptide samples were typically concentrated to ~250 µM and ~2 mM, respectively. For
NMR-monitored titrations, the peptide was added in small increments to Ets1301-440 and
13C-HSQC

and/or

15N-HSQC

spectra were recorded at each point in the titration. Amide

chemical shifts changed co-linearly with increasing peptide concentration and for the most
part, this occurred in fast exchange in the NMR timescale. The 1H-15N and 1H-13C CSPs were
calculated according to equations (1) and (2), respectively.
1H-15N

CSP = [(0.14ΔδN)2 + (ΔδH)2]1/2

(1)

1H-13C

CSP = [(0.3ΔδC)2 + (ΔδH)2]1/2

(2)
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ΔδN, ΔδC, and ΔδH are the changes in chemical shift for

15N, 13C,

and 1H, respectively. Ten

residues exhibiting the largest 1H-15N CSPs and in fast exchange for each titration were
used to fit a 1:1 binding isotherm using GraphPad Prism and obtain KD values according to
equation (3).
2

Δδi = Δδsat (([P] 𝑇,i + [p]T,i + K D ) − √([P]T,i + [p]T,i + K D ) − 4[P]T,i [p]T,i ) /(2[P]T,i ) (3)
[P]T,i and [p]T,i are the total concentrations of labeled protein and unlabeled SRR peptides
adjusted for dilution effects, respectively, at each point i. Δδsat is the CSP at saturation. The
protein and peptide concentrations were calculated by measuring UV absorbance at 280
nm under native conditions and using the following extinction coefficients: ε= 35410 M -1
cm-1 (Ets1301-440), ε= 4470 M-1 cm-1 (WT2P), ε = 9970 (WT2P*, WT0P*), and ε= 5500 M-1 cm-1
(5fPhe2P*, Val2P*, Leu2P*, Ala2P*, and Phe2P*). Ten fit KD values for each titration were averaged
and the mean value and standard deviation are reported in Table 3.1.

3.5.5.5

Phosphate NMR and 31P-monitored titrations
The protein and peptide samples were concentrated to 480 µM. One-dimensional

(31P and 1H), and 2D

31P-HSQC

spectra were collected of the free WT2P peptide to allow

assignments of the pSer282 and pSer285 signals. Unlabeled Ets1301-440 was then added in
small increments, and a 1D

31P

spectrum collected at each point. The signals shifted

downfield in fast exchange (Figure 3.7). A small change in pH (from 6.41 to 6.51) was
measured, and is consistent with the slight downfield shift of the phosphate buffer signal
over the course of the titration. Control pH titrations showed that chemical shift changes in
the

31P

signals of pSer282 and pSer285 due to pH were smaller than those due to the

protein binding (not shown).
3.5.6

Hydrophobicity scale determination
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The relative hydrophobic character of each peptide was calculated by considering
the additive effect at the four substituted sites based on reported literature values for the
twenty standard amino acids at pH 7.0 [221]. These values were: 41 for Ala, 63 for Tyr, 76.4
for Val, 97 for Trp and Leu, and 100 for Phe. This led to combined hydrophobicity values of
164, 290, 306, 388, and 400, respectively, by adding the contributions of each amino acid.
These were normalized to 1 relative to the hydrophobicity of pentafluorophenylalanine.
The predicted partition coefficients for N-Fmoc-L-phenylalanine and N-Fmoc-pentalfuoroL-phenylalanine were used to obtain a relative value of 0.9 of hydrophobicity of the
phenylalanine residue relative to the pentafluorophenylalanine residue [222, 223]. The
final relative values obtained for the peptide variants were 0.37 (Ala2P*), 0.65 (WT2P*), 0.69
(Val2P*), 0.88 (Leu2P*, Trp2P*), 0.90 (Phe2P*), and 1 (5fPhe2P*).
3.5.7

Crystallization and structure determination
Purified Ets1301-440 was mixed with the 5fPhe2P* peptide at a 1:1.2 ratio to form the

complex in 10 mM MES, 75-100 mM NaCl, and 1 mM TCEP, at pH 6.50. As a negative
control, replicate crystallization drops were set up with Ets1301-440 solely. Crystals of the
complex grew within 3 days with reservoir solutions containing 100 mM HEPES, 0.16-0.2
M Li2SO4, and 16-26% PEG 3350 at pH 7.1-8.9 by sitting drop vapor diffusion. Two distinct
crystal morphologies were observed, rhomboid (space group P3221 at pH 7.1-8.5) and
needle-like (tetragonal crystal system at pH 8.5-8.9), see also Appendix C. Optimization of
the rhomboid morphology growth conditions by inclusion of 4.5 % ethylene glycol led to
diffraction-quality crystals. Cryo-protection was achieved by soaking the crystal with 35 %
PEG 3350, while maintaining the concentrations of the remaining components constant.
Subsequently, the crystals were flash frozen in liquid nitrogen and stored for ~ 5 days prior
to data collection. A native data set was collected to 2.00 Å resolution at the Canadian
Macromolecular Crystallography Facility 08B1-1 beamline, using a wavelength of 0.98-1.00
Å. The data was processed using the iMosflm [243] and CCP4 Aimless [244] programs. The
structure of the complex was solved by molecular replacement (MR) with Phaser-MR [245]
using the structure of Ets1 in a domain-swapped dimer (PDB: 1MD0). The initial MR
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solution model was used as a starting point for direct refinement using phenix.refine [246,
247] and manual rebuilding with Coot [248].
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Chapter 4: Concluding remarks
Regulatory transcription factors fine-tune the gene expression patterns required for
cell differentiation, development, and homeostasis. Many disease processes result from
even small changes in these factors due to genetic mutations or chemical modifications.
The overarching goal of this thesis was to understand the regulatory and DNA-binding
mechanisms of two model systems, Pax5 and Ets1, and thereby contribute to our current
understanding of their transcriptional roles. Implicit in my studies is that the in vivo
functions of these proteins are intricately connected to their in vitro biophysical properties.

4.1 The dual roles of the DNA-binding subdomains of Pax5
4.1.1

Summary, significance, and potential applications
Pax5 drives the differentiation of uncommitted, pluripotent cells of the lymphoid

lineage into fully mature B-cells (reviewed in [109]). This process is accomplished by the
activation of genes that are tissue specific, such as those involved in forming the B-cell
receptor, concomitantly with the repression of lineage inappropriate targets. Around onethird of oncogenic mutations implicated in B-cell acute lymphoblastic leukemia (B-ALL)
involve the Pax5 gene [110], highlighting its role in restricting cellular proliferation. In
addition, the activity of Pax5 is dependent on its bipartite PD, which is retained in the vast
majority of Pax5-derived fusion oncoproteins [249]. Therefore, the PD is involved in both
normal and oncogenic processes, and understanding the biophysical basis of its DNA
binding will enhance our comprehension of Pax5 function.
One of the goals of my studies on Pax5 was to understand the changes that occur
upon DNA binding by the PD. Using NMR spectroscopy and complementary biophysical
methods, I quantified the dynamic and structural rearrangements that take place upon
association of the PD with a high-affinity DNA binding site. In addition, I teased apart the
relative contributions of different regions of the PD to DNA binding affinity and specificity.
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One of the key findings of these studies was that the two subdomains have distinct
behaviours. Specifically, the NTD is highly dynamic in the absence of DNA and only
recognizes a relatively small subset of sequences tested. Upon binding, however, the NTD
undergoes the largest change in conformational dynamics, as evidenced most clearly by MD
simulations, and supported by NMR and ITC experiments. These observations point to a
model of DNA recognition by the NTD in which favorable contacts to specific DNA bases
require changes in conformation and dynamics. In contrast, the more rigid CTD is able to
associate promiscuously with a less stringent range of DNA sequence. Consistent with nonspecific recognition of the negatively-charged DNA backbone, binding by the CTD depends
more exclusively on electrostatic effects than does the NTD.
These results led me to a model of DNA association by the PD of Pax5 in which the
CTD provides low affinity non-specific contacts with available sites that serve to generally
localize the protein to DNA. The NTD sets the specificity required to recognize cognate
target sites in a stable manner (i.e. with high affinity). Therefore, the findings in Chapter 2
shed light into how the distinct roles of the PD subdomains form a functional unit that
enables Pax5 to search genomic DNA efficiently, while retaining specificity for regulatory
sites. In addition, these results will prove useful in understanding disease mutations
involving the PD of Pax5, and the role of protein isoforms in transcriptional activation.
Given the high degree of conservation in the PD of Pax genes across the animal kingdom,
these features likely hold true for other members of this transcription factor family. Finally,
from a broader perspective, my findings add to a growing body of evidence indicating that
greater conformational changes accompanying DNA binding are associated with a higher
degree of binding specificity [171].
One potential longer term application of our current knowledge of this system is the
specific modulation of Pax5 transcriptional activity, for example by using small molecules
that target either subdomain, as has been accomplished in Pax2 [250]. As discussed in
Chapter 2, protein isoforms of Pax5 can vary according to the presence or absence of the
NTD region. More strikingly, these isoforms have opposite effects in transcriptional activity
[177, 178]. My results suggest that small molecules that could block DNA binding by
associating to the NTD or CTD would have dramatically different effects on the activity of
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Pax5. Specifically, impairing DNA binding by the NTD should affect gene-specific
recognition, but is not expected to change the general association of Pax5 on available
chromatin. In contrast, I predict that a reduction in the function of the CTD would
dramatically slow down localization of Pax5 on regulatory promoters, and weaken its
transactivation potential.
4.1.2

Limitations, outstanding questions, and future studies
My research focused on the changes that occur with the Pax5 protein upon binding

DNA. However, I did not determine a detailed three-dimensional structure of the unbound
PD as required to more fully understand how its conformational dynamics link to DNA
binding. Also, I did not directly examine the DNA molecule to which Pax5 bound. Some TFs,
such as TBP, cause large structural changes on the standard B-form DNA structure [25].
Similarly, specific binding of the CD19-N half site by the NTD may be accompanied by
distinct conformations of the DNA molecule. One simple approach to gain complementary
insights into base-specific contacts by the NTD and CTD would be to use 1D 1H-NMR
spectra to monitor changes in the imino proton signals of the DNA upon titration with
Pax5. These nuclei have very distinct downfield chemical shifts (~ 12 - 15 ppm) that are
sensitive to hydrogen bonding between complementary base pairs and with protein
sidechains. Thus, the imino protons should serve as sensitive reporters of changes induced
in DNA upon binding by the NTD and CTD of Pax5. In addition, one could determine the
structures of the DNA molecules in their free and Pax5-bound state by NMR, or use residual
dipolar couplings (RDCs) to gain insight into conformational changes that occur upon
binding [251].
In addition, although my observations in Chapter 2 suggest the NTD may associate
and dissociate from DNA more slowly than the CTD, I did not directly measure DNAbinding kinetics. NMR approaches including paramagnetic relaxation enhancement (PREs),
combined with single molecule fluorescence and surface plasmon resonance (SPR)
measurements, would be very useful in understanding the DNA search process by Pax5.
Such studies would establish whether the CTD indeed allows rapid “scanning” of available
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sites on chromatin. By way of example, NMR studies conducted on Oct1, a TF containing a
bipartite DNA-binding domain architecture, showed that the distinct rates of association by
its two subdomains facilitate the search process through a “monkey-bar” mechanism of
intersegmental transfer [54].
Finally, the structural basis for transcriptional activation by Pax5 and the
mechanisms of recruitment of members of the basal transcriptional machinery are
currently unknown. Preliminary NMR experiments on the TAD of Pax5 are useful starting
points to identify how it may interact with chromatin remodeling proteins such as
CBP/p300, known to be recruited by Pax5 [154].

4.2 Regulation of Ets1 function by an intrinsically-disordered region
4.2.1

Summary, significance, and potential applications
The transcriptional activity of Ets1 is sensitive to several cellular inputs, including

calcium signalling [218, 219]. Upon T-cell stimulation, for example, intracellular calcium
concentration rises, resulting in activation of CaMKII [252-254]. This leads to CaMKIIdependent phosphorylation of up to five mapped serine residues in the intrinsicallydisordered SRR of Ets1 [219, 255]. Increasing number of these PTMs in the SRR
progressively weaken the association of the ETS domain to DNA via the autoinhibitory
mechanisms described in Chapter 3 [72, 215-217, 219]. The decrease in the DNA-binding
activity of Ets1 significantly changes the expression profile of genes that are under its
control. For example, certain pro-inflammatory genes expressed in T-helper cells, such as
the IL-17 cytokine, are negatively-regulated by Ets1 [256]. The decrease in DNA binding by
Ets1 and the clearing of Ets1 mRNA accompanying T-cell activation [257] is predicted to
unleash pro-inflammatory events leading to increased immune activity [256]. Thus,
understanding the biophysical mechanisms connecting calcium signalling to changes in the
DNA-binding activity of Ets1 will help our understanding of the molecular basis for gene
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expression changes following T-cell activation. The same argument applies to any of the
numerous transcriptional networks involving Ets1.
The findings presented in Chapter 3 provide structural and biophysical insight into
how the SRR promotes DNA-binding autoinhibition, and how this is increased by
phosphorylation of two key CaMKII serine targets. I found that the role of the four aromatic
residues in the SRR is, at least partially, due to their hydrophobic nature. Hydrophobicity
promotes association of the SRR and the IM/ETS domain through favorable contacts
between aromatic and aliphatic side chains in these regions. The observation that the
aromatic residues could be substituted with different types of aliphatic amino acids
without loss in binding affinity, supports previous observations that the interaction is
transient, dynamic, and “fuzzy” [72, 217]. These type of interactions are commonly
observed in proteins that require rapid, reversible regulation of protein activity [258], as
would be expected in transcription factors like Ets1 upon T-cell activation. In addition, I
found that the phosphoserine residues tend to remain solvent exposed and, although not
involved in any persistent salt-bridges, generally occupy a positively charged surface on
Ets1 rich in arginines and lysines. This electrostatic contribution to binding is supported by
the dependency of the interaction on ionic strength. Together, these results also hint at a
“salting-out” mechanism of association of the SRR and IM/ETS domain, whereby the
phosphate groups promote the hydrophobic clustering of adjacent aromatic residues. This
facilitates binding to a hydrophobic surface of the ETS domain surrounded by positively
charged residues.
In collaboration with colleagues at UBC, I used NMR spectroscopy and X-ray
crystallography to determine the first detailed structural models of the SRR bound to the
IM/ETS domain. These ensembles conclusively show that the SRR both acts as a steric
modulator of Est1 by blocking the DNA-binding interface, and as an allosteric effector that
stabilizes the IM against DNA-induced unfolding. Therefore, we can now explain how the
action of the SRR and the IM are connected as one, combining the steric and allosteric
mechanisms of autoinhibition to repress DNA-binding by Ets1.
From a broader biophysical perspective, the studies described in Chapter 3 add to
our current understanding of “fuzzy” interactions involving IDRs, a relatively new field in
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“un” structural biology. Specifically, my results provide insight into how the combination of
charged and aromatic/hydrophobic residues may promote transient association of IDRs
with protein surfaces having complementary physicochemical features.
The results presented in Chapter 3 have potential applications in efforts aimed at
targeting Ets1 therapeutically. Ets1 is a proto-oncogene involved in many different types of
carcinomas [83]. In some cellular contexts, a reduction of its transcriptional activity could
prove useful in treating cancers characterized by an overexpression of Ets1 [83].
Complementary NMR spectroscopy and X-ray crystallography approaches provide lower
and higher resolution information about the IM/ETS domain-SRR peptide interaction in
different physical contexts (i.e. in solution and in a crystal). This information is invaluable
in the use of in-silico screening approaches to find small molecule compounds that
reinforce the SRR-mediated autoinhibition. Because SRR-mediated autoinhibition is only
found in the Ets1 and Ets2 members, it is an attractive target for specifically regulating
these two proteins, while avoiding all other family members sharing the conserved DNAbinding ETS domain. In addition, this approach would specifically alter the regulatory
mechanism mediated by the SRR, thereby eluding some of the common pitfalls in choosing
a therapeutic target (e.g. lack of specificity or completely abolishing protein function).
4.2.2

Limitations, outstanding questions, and future studies
Previous work in our lab was unable to confidently detect NOE contacts between

SRR and the IM/ETS domain in Ets1279-440, and thus their interaction interface was only
coarsely mapped via CSP and PRE measurements [217]. These studies were carried out
under conditions of moderate ionic strength, which was necessary to maintain protein
solubility yet weakened the intramolecular association. Along with the relatively large
number of tyrosine and phenylalanine residues in the IM/ETS domain and the SRR (a total
of 18), this made structural characterization of SRR-mediated autoinhibition system very
challenging. The trans system described in Chapter 3 had the advantages of allowing
selective NMR experiments that specifically detect contacts between the unlabeled SRR and
the

15N/13C-labeled

IM/ETS domain. However, only a portion of the SRR was studied and
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the effective interaction strength was much weaker than in the natural protein context.
This resulted in a potential increase in the heterogeneity of conformations sampled by the
SRR, as well as a loss in the coupling of the steric and allosteric mechanisms of DNAbinding autoinhibition.
One way to characterize the cis-interaction of the full SRR with the ETS domain
involves use of relatively newer methods in protein chemistry that allow the efficient
covalent linkage of protein segments into a continuous polypeptide chain. In particular,
proximity-based Sortase A-mediated ligation seems well-suited for this system [259, 260].
Sortase A could be used to fuse

13C/15N-labeled

SRR (residues 248-295) to the unlabeled

ETS domain or vice versa. Such selective labeling would lead to spectral simplification and
enable filtered-edited approaches to confidently define how the SRR impinges upon the IM
and ETS domain in an intramolecular manner. This would help address questions of the
following nature. How do the additional phosphorylation modifications of the native SRR
contribute to autoinhibition? Do the remaining residues associate with the same surface
region of Ets1, or are there additional surfaces of the ETS domain mediating interactions
with the SRR? How dynamic is the association of the SRR under conditions that promote
the interaction (i.e. lower ionic strength). A small disadvantage is that the trans-peptidation
reaction would result in the addition of 5 non-native residues, LPXTG (where X is any
residue) between the SRR and the IM/ETS domain. However, this is the same number of
residues (PNHKP) missing in the trans system described in Chapter 3, in which the SRR
peptide spans Ets1 residues 279 - 295, and the IM/ETS domain corresponds to residues
301 - 440.
In parallel to structural characterization, I used the CABS-DOCK modelling tool to
predict how the truncated SRR peptide (residues 279-295) might localize on the IM/ETS
domain. Out of the 10 models provided by this predictor, 7 were consistent with the
general interface defined by my experimental observations (not shown). This gave me
confidence in using this approach to gain insight into how the full sized SRR might
associate with the IM/ETS domain. I therefore used CABS-DOCK to predict the binding site
of residues 248-278, which can also be phosphorylated and increase autoinhibition [216].
Out of the ten models predicted by the program, five were consistent with a location that
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naturally extends the SRR interaction interface, determined experimentally in Chapter 3
(Figure 4.1).

Figure 4.1: The full-length SRR region may extend the ETS domain binding interface. The
complete SRR region includes an additional ~35 residues with CaMKII phospho-acceptor serines
(Ets1244-278, light violet). Although the truncated SRR used in my studies (Ets1279-295, red)
recapitulates DNA-binding autoinhibition [217], Sortase-mediated protein ligation may allow
studies involving the full-length region. The bottom model shows 4 of the 10 predicted binding sites
for a peptide corresponding to Ets1 residues 248-278 (light violet). The remaining 6 models
overlapped the region shown experimentally to be occupied by Ets1279-295, and were therefore
excluded. The CABS-DOCK software only allows a maximum of 30 residues and so residues 244-248
were not included. Also shown are 5 of the 20 CYANA-derived models (see Figure 3.12) which
place the N-terminus of Ets1279-295 in close proximity to the modeled residues Ets1248-278, as would
be expected in the native context. Overall, this analysis suggests that the full-length SRR may
further “wrap around” the core ETS domain to yield increased autoinhibition.

Another puzzling question I was not able to fully address, is why there is a striking
pattern of conserved aromatic residues adjacent to serine and aspartate/glutamate
residues in the SRR regions of Ets1 and Ets2 homologs [72], given that my studies predict
aliphatic residues such as leucine could fulfill the same “hydrophobic” role. A few possible
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explanations were offered in section 3.4.1. One is that the specific electronic and
biophysical properties of tyrosine and phenylalanine amino acids are ideal for the SRR
function and stability of the protein. For example, I found that certain SRR peptide variants
promoted protein aggregation more than others, in particular the Trp2P* and 5fF2P* versions.
The combination of tyrosine and phenylalanine residues may be “just hydrophobic enough”
to maintain function without promoting protein misfolding. Of note, the SRR of Ets2
contains a mapped CaMKII phosphoacceptor site consisting of the sequence S-L-L/V-D. The
leucine and valine residues at this site are expected to have a similar role as the tyrosine
and phenylalanine residues found in the Ets1 SRR. However, the majority of the mapped
phosphorylation sites across Ets1 and Ets2 homologs contain aromatic residues [72].
Another possibility is that the SRR residues have additional roles beyond serving as
CaMKII phosphoacceptor sites and inhibiting DNA-binding by the ETS domain. For
example, the SRR could provide recognition sites for important protein-protein
interactions and post-translational modifications that also regulate Ets1 function. The SRR
residues Val280 and Pro281, for instance, are part of a COP1 degron that allows
polyubiquitination of Ets1 and its subsequent degradation [233]. Phosphorylation of
Tyr283 in the SRR by the tyrosine kinase Src disrupts the interaction between this degron
and COP1, thereby stabilizing Ets1 [233]. In contrast, phosphorylation at pSer282 increases
COP1 binding. The negative charge afforded by phosphorylation likely mimics the
canonical COP1 recognition sequence involving aspartates or glutamates at the
phosphoserine site, thereby promoting binding of COP1 and polyubiquitination [233]. A
few studies indicate that upon T-cell activation, Ets1 function may be reduced in parallel at
the mRNA and protein levels [233, 257], and in addition, have its DNA-binding function
impaired [219]. Modifications of serine and tyrosine residues in the SRR likely serve to
fine-tune these mechanisms that integrate multiple regulatory signaling pathways.
Finally, the Ets1 SRR is able to associate weakly with the DNA-binding domain of
PU.1, a distantly-related ETS transcription factor. This finding may not be biologically
relevant, and only a product of conserved surface features of the ETS domains. However,
the full-length SRR is ~ 50 residues. Conceivably, the SRR could function to inhibit cofactors in trans, which possess positively-charged side chains in the vicinity of hydrophobic
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patches. This would require multiple ETS domains (or other partner) to be in close
proximity, for example in the context of a homo- or heterodimers. If the SRR associates
with multiple proteins in this way, it could also help explain the preservation of aromatic
residues at these positions.
In summary, future studies are still needed to fully understand the biological roles
of the SRR, how they are linked to the biophysical properties of this IDR, and the cellular
signals that are integrated in this region.
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Appendices
Appendix A : Assigned 15N-HSQC spectra of 15N-labeled Pax5 fragments.
A.1

Pax51-92. Spectrum collected at pH 6.5 and 25 °C in NMR sample buffer (see Methods).

Regions within dashed boxes are expanded for clarity.
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A.2

Pax576-149. Spectrum collected at pH 6.5 and 25 °C in NMR sample buffer.
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A.3
Pax51-149 The spectrum was collected at pH 6.5 and 25 °C in NMR sample buffer. Regions
within dashed boxes are expanded for clarity.
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A.4
Pax51-149/DNA. A TROSY-based HSQC pulse sequence was used for the DNA complex,
which contained a high affinity DNA sequence of 25 bp (CD19-2_Ains, as described in Methods). The
spectrum was collected at pH 6.5 and 25 °C in NMR sample buffer using deuterated Pax5.
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Appendix B : The subdomains remain folded under conditions of high ionic strength.
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Appendix C : Crystal morphologies of the Ets1301-440/5fPhe2P* complex.
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